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Abstract

Imaging the Assembly of the Staphylococcal Pore-Forming Toxin α-Hemolysin

James R. Thompson - Wadham College - University of Oxford

Submitted for the degree of Doctor of Philosophy in Hilary Term 2009

α-Hemolysin is a pore-forming toxin secreted by pathogenic Staphylococcus aureus. Its
spontaneous oligomerization and assembly into a trans-bilayer β-barrel pore is a model
for the assembly of many other pore-forming toxins. It is studied here in vitro as a
means to probe general membrane protein oligomerization and lipid bilayer insertion. This
thesis details the results of experiments to develop and implement a novel in vitro lipid
bilayer system, Droplet-on-Hydrogel Bilayers (DHBs) for the single-molecule imaging of
α-hemolysin assembly.

Chapter 2 describes the development of DHBs and their electrical characterization.
Experiments show the detection of membrane channels in SDS-PAGE gels post-
electrophoresis and DHBs use as a platform for nanopore stochastic sensing.

Chapter 3 describes the engineering and characterization of fluorescently-labelled
monomeric α-hemolysin for use in protein assembly imaging experiments described
in chapter 6.

Chapter 4 describes the characterization of DHB lipid fluidity and suitability for single-
molecule studies of membrane protein diffusion. In addition, a novel single-particle
tracking algorithm is described.

Chapter 5 describes experiments demonstrating simultaneous electrical and fluorescence
measurements of α-hemolysin pores embedded within DHBs. The first multiple-pore
stochastic sensing in a single-lipid bilayer is also described.

Chapter 6 describes experiments studying the assembly of α-hemolysin monomers in
DHBs. Results show that α-hemolysin assembles rapidly into its oligomeric state,
with no detection of long-lived intermediate states.
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Chapter 1

General Introduction

Membrane proteins are responsible for some of the most fundamental biological processes.

Such processes include chemotaxis [251], ATP generation [18], nervous signal transduction

[197] and intercellular signalling [221]. They are ubiquitous in all kingdoms of life, and are

found in viruses [81, 215]. This ubiquity combined with involvement in varied biological

processes has made them the source of much research worldwide. They are also industrial

targets of research, where membrane proteins represent a large proportion of pharmaceutical

targets [205].

Many membrane proteins exist as obligate oligomers. Therefore, they may only function

as a complex or remain in a natured state as a complex. These oligomers are either

homomeric or heteromeric, and in the majority of cases must be directly inserted into the

lipid bilayer by cellular machinery, evolutionarily conserved in nature [173]. Often signal

sequences cotranslated with the functional protein direct the nascent polypeptide chain to

the Sec translocon. The translocon exists in the innermost membrane of bacteria [89], or the

endoplasmic reticulum in eukaryotes. It forms a conduit channel through which the protein

is inserted laterally into the lipid bilayer. This process has been shown to require energy

input in bacteria and plants [271]. When a protein is inserted into the lipid bilayer, its

subsequent folding to form the correct conformation is presumably driven by minimisation

of the free energy in the polypeptide chain [63], as is the case for other water-soluble proteins.

The study of membrane proteins in vitro requires that the protein is reconstituted from

its native folded state in a lipid bilayer and manipulated in aqueous solution. Thereafter, the

protein must be reconstituted into an artificial lipid bilayer. The overexpression, recovery
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1.1. α-Hemolysin (α-Toxin)

and reconstitution of natured intrinsic membrane proteins from an expressing organism is

usually very difficult [12, 83]. This is one reason for the comparatively small amount of high-

resolution X-ray crystallographic information for membrane proteins versus water-soluble

proteins. To date (January 2009), there are in existence only 179 unique membrane proteins

with known three-dimensional structure [293], in comparison to 44015 separate structures

in total stored in the RCSB Protein Data Bank (PDB) [223].

Experiments with membrane proteins able to catalyse their own insertion into the lipid

bilayer provide a more straightforward means to not only overexpress and reconstitute the

protein into a lipid bilayer in vitro, but also to perform downstream functional experiments.

It is for this reason that experiments studying the model pore-forming toxin α-hemolysin

of Staphylococcus aureus are of particular value to the study of membrane proteins in

general. This project aimed to understand in greater detail the means by which a membrane

protein can oligomerize and insert a transmembrane domain into the lipid bilayer. The work

describes efforts to develop, characterize and use a novel artificial lipid bilayer system for

the imaging of the assembly pathway of α-hemolysin at the single-molecule level.

1.1 α-Hemolysin (α-Toxin)

As part of the human nasopharyngeal flora Staphylococcus aureus is a commensal, but can

become pathogenic. It is responsible for a large proportion of nosocomial infections, and now

certain strains are classed as ‘superbugs’ due to their increasing antibiotic resistance [174].

Upon adherence of the Gram-positive bacterium to extracellular matrix surface proteins, it

can begin to colonise tissues [72, 187].

Toxins secreted by the bacterium upon infection, of which α-hemolysin is one, are

responsible for a range of tissue damage and elicit a varied immune response [174]. In

certain instances α-hemolysin sepsis can be lethal [174]. In human erythrocytes, α-hemolysin

induces cell lysis due to osmotic imbalance [22], and on T-lymphocytes it induces necrosis or

apoptosis [68]. It is however inactive against granulocytes [275]. Low titres of α-hemolysin

are also tolerable by lymophocytes [127]. Certain lymphocytes are able to internalize α-

hemolysin pores through endocytosis, thought to prevent cell lysis by minimising the osmotic

imbalance [127]. Thereafter, the toxin is exocytosed in exosomal-like particles, which are

extremely resistant to degradation [127].
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1.1. α-Hemolysin (α-Toxin)

α-Hemolysin has been adopted as the archetypal pore-forming toxin, not least due to the

long history of study in a purified form, but also because of its relatively straightforward

handling in the laboratory and relatively weak toxicity to humans [113]. It belongs to a

fold of proteins termed β-pore-forming toxins (βPFTs) (SCOP - 56958), and to the protein

superfamily of leukocidins. These proteins all form β-barrel transmembrane pores on lipid

bilayers of target cells through the oligomerization of protomeric subunits secreted into

solution by the bacterium. These membranes generally contain phosphatidylcholine lipids

[23]. This process forms pores allowing the cellular contents to diffuse through into the

bacterial milieu. It also often leads to lysis of the target cells through the disruption of

the cellular osmotic balance with its environment. This causes the release of cellular cargo,

which can be taken up by the pathogen for its own survival.

Curiously, rabbit erythrocytes show greatly enhanced susceptibility to lysis by α-

hemolysin compared to human erythrocytes [113]. This is thought to be due to the presence

of a specific receptor which the monomer can bind to preferentially, enhancing the rate of

oligomerization. However, to date no such receptor has been isolated.

1.1.1 α-Hemolysin Pore-Formation

The general topology of the β-PFTs can be described as being ‘Ig-like’, a typical greek-key

fold. The oligomer protomers have a β-sandwich core, with a β-barrel formed from a β-

hairpin contributed from each protomer of the oligomer. The leukocidins are often said to

have the general form of a mushroom, with a large water-soluble cap domain protruding

from the lipid bilayer on the extracellular side.

Given the large quantity of β-sheet in the protein, it is highly thermodynamically

stable and extremely soluble in aqueous solution (∼0.3 mM) [249]. Circular dichroism

shows that the core protomer undergoes no significant diversion from its β-structure

during oligomerization and conformational change to form the mature pore in deoxycholate

[249, 268]. Indeed, so stable is the structure that it can form oligomers when N- and

C- terminal halves are co-translated as separate fragments, or if they are mixed post-

translationally [287]. As a membrane-embedded oligomer the structure is extremely stable,

remaining unaffected by high salt concentrations (1 M monovalent salt), basic pH (pH

12) and chaotropic agents (SDS) [21, 77]. Only through heating the oligomer in SDS

at concentrations higher than the CMC above ∼65◦C will it dissociate into monomer
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1.1. α-Hemolysin (α-Toxin)

[180, 285]. Indeed, this stability has enabled the exploitation of the pores for biotechnological

applications at high-temperatures [146]. The general structural features of the pore and its

protomer subunits are now reviewed (Figures 1.1 and 1.2).

a b
100 Å

100 Å

70
 Å

52
 Å 28 Å

C-terminus

N-terminal
latch

Central-loop
Stem-domain
(β-hairpin)

Figure 1.1: α-Hemolysin representations illustrating the domain architecture and dimensions of
the complex (PDB code 7ahl). (A) A protomer subunit from the α-hemolysin heptamer rendered as
a cartoon. Here the cap domain is illustrated in blue, the rim-domain in red, the triangle region in
yellow, the central loop stem-domain in green and the N-terminal latch in purple. Each protomer
subunit in the pore is equivalent. (B) The α-hemolysin heptamer rendered as a cartoon. Here the
seven protomer subunits comprising the α-hemolysin pore are illustrated as separate colours. The
dimensions of the pore are illustrated by the arrows. The figures were created using PyMol, Delano
Scientific, USA.

The oligomeric state of the mature pore was thought to be a hexamer for the majority

of 20th century [23, 249]. However, current evidence suggests the oligomer consists of seven

subunits. Key to this shift in thinking was the successful crystallization and elucidation of the

pore structure in 1996 [249]. Since the advent of single-channel electrical recording, capable

of measuring the conductance of individual pores, the electrical properties of α-hemolysin

have been examined in detail [17, 66, 146, 156, 182]. Over 90% of pores belong to a well-

defined single conductance distribution [182]. Recently, the heptameric state of the protein

has been attributed to this high conductance value through computational simulations of

ion conductance [3, 50, 201]. The large percentage of pore conductances in this category,

coupled with crystal structures [79, 90, 249], subsequent imaging of oligomers by atomic force

microscopy (AFM) [41, 70], biochemical evidence of the oligomeric state [156, 285] and single-

molecule counting of subunits through photobleaching [57] indicate that the predominant
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1.1. α-Hemolysin (α-Toxin)

oligomeric state is heptameric.

Lower conductance values than the peak value described by Menestrina have been

observed [182]. Whilst these lower conductance states are observed less frequently (.

10% of pores), they have been attributed to a possible hexamer. Since the publication

of the crystal structure, a low-resolution AFM study of oligomers in lipid bilayers reported

a preponderance for densely hexagonally packed α-hemolysin oligomers with roughly six-

fold symmetry [55]. This study avoided the use of any detergent during the oligomerization

process, dissimilar to the other stoichiometric measurements except for that of Krasilnikov

et al. [156]. Other work has gone on to predict the hexameric state of the oligomer by

computational means, justified by a theoretical appraisal of the feasibility of the α-hemolysin

protomer β-hairpins being able to form a 12-stranded barrel [76]. Given the contradictory

evidence for the viability of a hexameric state of α-hemolysin in lipid bilayers, its existence

cannot be ruled out.

The crystal structure of the pore illustrates the five key domains of the protein responsible

for its binding to lipid bilayers, oligomerization and pore insertion [79, 249] (Figure 1.1A).

The cap domain forms the water-facing peak of the protein, which is the region of the protein

exposed to the extracellular side of the target cell. The rim-domain forms the portion of

the protein in contact with the lipid bilayer, containing a large number of aromatic residues

[79, 249]. The triangle region forms the link between the β-sandwich core of the protomers

and the central loop stem-domain. The mutation of particular residues in this link between

the protein’s β-sandwich core and the central loop stem-domain has been shown to abolish

pore forming ability entirely [249, 283]. The central loop stem-domain is a β-hairpin which

comprises two of the β-strands of the 14-stranded β-barrel. The β-hairpins predominantly

form hydrogen bonds with their neighbouring strands, creating the β-barrel. The N-terminal

latch attaches to the lumen of the vestibule cavity of the corresponding protomer subunit,

clockwise from its position. The C-terminus faces the bulk solvent on the outside of the cap

domain.

The heptameric pore measures roughly ∼100 Å in length in all three dimensions. The

β-barrel penetrates directly through the two leaflets of a lipid bilayer to make a water-filled

pore, 14 Å wide at its narrowest constriction in the vicinity of the top of the β-barrel (Figure

1.2). Each protomer subunit buries approximately a third of its solvent-accessible surface

in contacting the other protomers in the structure. Residues critical for pore formation and
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1.1. α-Hemolysin (α-Toxin)

hemolytic activity such as His35, His48, Asp24 and Asp100 are all present at the interprotomer

contacts [157, 183, 249, 283]. This illustrates the key role of the contact between protomers

in the assembly process of the pore.

a

b

c

d

vestibule

phosphocholine
present in rim domain crevice 

Figure 1.2: Simulated atomistic trajectories of α-hemolysin in a DMPC lipid bilayer (courtesy
of Dr. Syma Khalid, University of Southampton). α-hemolysin (PDB code 7ahl) was placed in a
simulated DMPC lipid bilayer and allowed to relax for 10 ns with no restraints on any species inside
the established lateral boundary for the lipid bilayer. (A) A slice through half of the lipid bilayer
illustrates the depth of the rim-domain into the lipid bilayer. (B) A slice through the heptameric
pore and lipid bilayer. The vestibule cavity is illustrated, as well as the head-group of a DMPC
lipid resident in the rim-domain crevice. (C) The entire pore visualised from the top, showing the
entrance to the pore from the cap domain. (D) The β-barrel exit underneath the lipid bilayer showing
the water-filled pore penetrating the entire lipid bilayer. Figures were rendered using the Tachyon
ray tracing engine by John Edward Stone, in VMD [125].

The oligomerization of the monomer is inhibited if it is incubated with phos-

phatidylethanolamine, phosphatidylserine, phosphatidylglycerol or phosphatidylinositol

liposomes [291]. The strict requirement for phosphatidylcholine to catalyse oligomerization

to form a heptameric pore has been demonstrated through the co-crystallization of the
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1.1. α-Hemolysin (α-Toxin)

protein with phosphatidylcholine lipids [79]. Cation-π interactions and water-mediated

hydrogen bonding with phosphatidylcholine are shown in a crevice situated in rim-domain

formed by Tyr182, Arg200 and Trp179. A representation of the protein embedded in a

dimyristoyl phosphatidylcholine (DMPC) lipid bilayer is shown (Figure 1.2).

To date, no X-ray crystal structure exists for the water-soluble monomeric precursor of

α-hemolysin secreted by Staphylococcus aureus. An analogous structure for the close genetic

relative bi-component leukocidin pore F-class subunit (LukF) is however available [204].

The only major differences in the two structures are the relative locations of the central

loop stem-domain and the N-terminal latch domain (Figure 1.3). These domains are folded

back into the core β-sandwich structure of the LukF protein. The α-hemolysin water-soluble

monomer is thought to be almost identical in structure, given the very similar physiological

properties of the two proteins [16, 138, 204]. A detailed comparison of the two structures is

made in Chapter 3 in the context of the fluorescent-labelling of α-hemolysin monomers.

αHL amino latch

LukF pre-stem

LukF rim

Triangle region

C-terminus

C-terminus

LukF amino latch

Triangle region

αHL stem

αHL rim

a b

Figure 1.3: (A) The LukF monomer crystal structure (PDB code 1lkf) [204]. (B) A protomer
subunit of the heptameric α-hemolysin crystal structure (PDB code 7ahl) [249]. Here, the key
domain rearrangements of the central loop stem-domain and the amino latch are clear. The figure
was created using PyMol, Delano Scientific, USA.
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1.1. α-Hemolysin (α-Toxin)

1.1.2 α-Hemolysin Evolution

The α-hemolysin gene (hly, NCBI Entrez Gene ID = 5776959) is found on the Staphylococcus

aureus chromosome [210]. It is expressed following bacterial colonisation of the host in

response to growth with a wide range of other toxins [23]. The other major class of

βPFT secreted in concert with α-hemolysin are the bi-component leukocidins, which are

the Panton-Valentine leukocidin (PVL) and leukocidin (Luk) proteins [192]. Both PVL

and Luk differ from α-hemolysin in that they require two different types of subunit to form.

Subunits must both come from the so-called F class, and the S class. As their name suggests,

they are hemolytic towards leukocytes but not erythrocytes in humans [253]. In terms of

functionality and sequence, leukocidin and α-hemolysin are the most similar toxins.

Hemolysin II C-terminal
Bacillus anthracis

Hemolysin II
Bacillus thuringiensis

Hemolysin II 
Bacillus cereus

Cytotoxin K
Bacillus cereus

Putative leukocidin S subunit
Staphylococcus aureus

LukM Precursor
Staphylococcus aureus Leukocidin

Staphylococcus pseudintermedius
LukE

Staphylococcus aureus

 LukR S component
Staphylococcus aureus

Panton-Valentine Leukocidin S Component
Staphylococcus aureus

γ-hemolysin component B
Staphylococcus aureus

γ-hemolysin component B
Staphylococcus aureus

LukF subunit
Staphylococcus aureus

Synergohymenotropic toxin
Staphylococcus intermedius

Necrotic enteritis toxin B
Clostridium perfringens

β-toxin
Clostridium perfringens

0.1

α-Hemolysin 
Staphylococcus aureus aureus Wood Strain 46

Figure 1.4: A phylogenetic tree illustrating the evolutionary similarity of many closely related
homologous toxic agents to α-hemolysin. Units in evolutionary distance terms, between 0 and 1.
The phylogenetic tree is rooted by α-hemolysin’s primary amino acid sequence derived from the
Wood Strain 46 strain of Staphylococcus aureus (Red). Blue indicates F-class subunits and relatives,
green indicates S-class subunits and relatives. Tree derived from NCBI BLAST search of all known
bacterial genomes and their phage (phage hits not shown). Dendrogram generated using Dendroscope
1.4 by Daniel H. Huson, University of Tübingen, Germany from an NCBI BLASTp Newick tree.

α-hemolysin has evolved divergently from a common ancestor shared with many other

βPFTs, leading to high primary amino acid sequence homology with many other toxins

from closely-related pathogens and commensals. This class of toxin can be found in

Gram-positive bacteria including Bacillus cereus, Bacillus anthracis, Bacillus thuringiensis,

Clostridrium perfringens and Staphylococci including Staphylococcus intermedius and the
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origin of the protein of interest in this work, Staphylococcus aureus. A simple BLASTp

(Basic Local Alignment and Search Tool - Proteins) search yields many tens of proteins

already in sequence databases hosted by the National Institutes of Health (NIH, USA). The

closest primary sequence analogues are displayed in a radial phylogenetic tree, rooted by

Staphylococcus aureas Wood Strain 46 α-hemolysin (Figure 1.4).

α-hemolysin’s evolutionary heritage places it in close proximity to a number of key

toxins from major human pathogens. Information regarding its assembly should therefore

be applicable to other βPFTs in general.

1.1.3 The Postulated Mechanism of Assembly

A conserved mode of assembly has been suggested to be shared for both α-hemolysin and

leukocidin [139]. (i.) The water-soluble α-hemolysin monomer is secreted by the bacterium

into the host. (ii.) The monomeric protein binds to a target membrane [23]. (iii.) The

monomers diffuse whilst adsorbed to the cell membrane and interact to assemble into a

ring-shaped complex termed a prepore. (vi.) Upon prepore formation, a spontaneous

conformational change is triggered, causing each protomer to insert its central loop stem-

domain into the lipid bilayer forming a trans-bilayer β-barrel.

The sensitivity of a cell to the action of the toxin is thought to be governed by an as yet

unknown receptor [16]. However, caveolin has been implicated in certain cell types [278].

Nevertheless, the α-hemolysin monomer is able to bind to artificial lipid bilayers and vesicles

in vitro [6, 70, 73, 156] as well as lipid monolayers [33].

The interaction of the monomers on the lipid bilayer is the least well characterized process

in the assembly pathway [16]. The presence of an abundance of information suggesting

there may be a kinetically competent prepore intermediate existing between the membrane-

adsorbed monomer and the heptameric pore states, has led to the convergence of theories

on the assembly pathway [16, 70, 151, 282, 285, 286, 288]. The evidence for a prepore

intermediate has also been studied by similar experiments in other pore-forming toxins,

such as pneumolysin [267], perfringolysin O [56, 111, 120, 121], streptolysin [112], anthrax

protective antigen [150, 185, 248] and the leukocidins of Staphylococcus aureus [199]. These

experiments all indicated that the protomeric monomers, which make up the mature pores,

come into contact to form a ring-shaped structure prior to penetration of the transmembrane

domain.
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1.2. Lipid Bilayer Membranes

The nature of the prepore to pore conversion in wild-type α-hemolysin, or a variant

which is not conformationally constrained, has yet to be studied. This process is examined

in depth in Chapter 6.

1.2 Lipid Bilayer Membranes

1.2.1 General Overview

Lipid bilayer membranes are conserved in all domains of nature. They are non-covalent

supramolecular assemblies of amphiphilic lipid molecules which serve to compartmentalise

the cell or intracellular organelles. Through envelopment of an entire cell (plasma membrane)

or organelle, they serve as a mediator of the control of selective transfer of molecules across

the membrane. They are comprised of two asymmetric leaflets, with phospholipids being

the most abundant lipids. Phospholipids are not used for the direct storage of energy as

in the case of triglycerides. Instead, their assembly as a bilayer allows a barrier to form

between the inside and outside of a cell or compartment. This facilitates the establishment

of gradients of ions and protons, and hence electrical charge. This electrical charge can be

used for important processes in energy generation, intercellular signal transduction and hence

nervous communication. Plasma membranes also serve as a host for multiple recognition

molecules (peripheral membrane proteins) and anchors for extracellular matrices. Along

with hosting important enzymes for cellular metabolism (integral membrane proteins), they

serve as a conduit for the import and export of molecular species with the cell.

Phospholipids in bacterial and eukaryotic membranes are derived from one of two core

components linking the head-group to the fatty acyl-chains. These cores are either glycerol or

sphingosine. Phosphoglycerides, which are the lipids used in the experiments in this thesis,

are linked to the fatty acyl chains and phosphoric acid by ester bonds. The phosphate moiety

is then linked through another ester bond to an alcohol, commonly serine, ethanolamine,

choline, glycerol or inositol.

The most common lipid used in this thesis is 1,2–diphytanoyl–sn–glycero–3–

phosphocholine (DPhPC). This lipid resembles the lipids of archaea in that it has methyl

groups decorating the saturated acyl chains. However, unlike archaeal lipids, the acyl chains

are esterified to the head-group instead of having an ether linkage. The structures of lipids

used in experiments in this thesis are shown (Figure 1.5).
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Figure 1.5: Structures of phosphocholine lipids mentioned in this thesis. (A) The structure of 1,2–
diphytanoyl–sn–glycero–3–phosphocholine (DPhPC). (B) The structure of 1,2–Dioleoyl–sn–glycero–
3–phosphocholine (DOPC). (C) The structure of 1,2–dimyristoyl–sn–glycero–3–phosphocholine. (D)
The structure of dipropanoyl–sn–glycero–3–phospocholine (DiC3PC).

1.2.2 Lipid Bilayers

The structure of lipid bilayers in vivo is asymmetric. On the extracellular leaflet of a

plasma membrane, many other features are present. In particular, glycolipids derived

from sphingosine, which separate roughly into two types: the simple cerebroside containing

either glucose or galactose, and the more complicated branched polysaccharides termed

gangliosides. Such glycolipids make up the matrix of the glycocalyx surrounding many

plasma membranes. Eukaryotic lipid bilayers also contain a large quantity of the steroid

lipid cholesterol, which is thought to play a role in the stabilisation of lipid domains in the

plasma membrane [64].

The key difference between any in vivo lipid bilayer and an in vitro lipid bilayer is the

abundance of protein. Natural lipid bilayer membranes are swelled with a large quantity

of protein embedded and anchored to the surface, whereas in typical in vitro lipid bilayer

experiments, the levels of proteins used are far reduced. In addition, in lipid bilayers used
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in the experiments described in this thesis hydrocarbon solvent is able to partition into

the hydrophobic core inter-leaflet space. This can cause the thickness of the lipid bilayer

to change, depending on the properties of the lipid tails and the hydrocarbons used as a

solvent (see Section 1.6 and Subsection 2.2.1).

In vitro, a phospholipid bilayer will form as a self-assembled structure, either as a

curved vesicle (liposome) or flat sheet (Figure 1.6). The driving force for this process is

the exclusion of fatty-acyl chains from the aqueous solvent [260]. Typically, phospholipids

will self-assemble into a lamellar bilayer mesophase at hydration levels greater than only

approximately 20% [119], demonstrating the high-propensity for lamellar bilayer phase

formation in solution.

The lipid bilayer exists as a liquid crystalline phase under physiological conditions. This

is as opposed to an ordered gel-like phase at lower temperatures. The phase transition

temperature between the two states is typically lower for unsaturated lipids versus saturated

lipids (as is the case for DPhPC) [36]. Lipid molecules are free to diffuse in the plane of the

lipid bilayer in the liquid crystalline state.

Descriptions of the properties of different in vitro artificial or synthetic lipid bilayers are

now reviewed, with particular emphasis on methods used or mentioned in this thesis.

1.2.2.1 Supported Lipid Bilayers

Supported lipid bilayers (SLBs) represent one of the most widely used in vitro lipid bilayer

technologies [38], not least due to the fact that a solid support can often render the bilayers

straightforward to image. They are typically derived from either vesicle fusion to a flat

surface (such as a coverslip or mica) or from a Langmuir-Blodgett film balance [225].

Vesicle-fused SLBs are usually prepared by sonication or extrusion of lipids in a buffered

aqueous solution, followed by pipetting of the suspension onto a flat hydrophilic surface [167,

220]. Thereafter, vesicles have been shown to either rupture immediately upon contact with

the surface, or alternatively remain intact for an extended period of time prior to rupture

and deposition [225, 226]. This gradually forms a flat planar unilamellar lipid bilayer patch

upon the surface. The driving force for this process is thought to be molecular crowding

of intact vesicles upon the surface [225]. The exposure of a lipid bilayer patch edge upon

rupture is thermodynamically unfavourable [149]. These free edges are thought to promote

the rupture of other vesicles or the joining of nearby patches to create large homogeneous

12



1.2. Lipid Bilayer Membranes

Ac
yl

 c
ha

in

Ac
yl

 c
ha

in

Glycerol

ph
os

ph
at

e
al

co
ho

l

a b

c d

e

Figure 1.6: Phosphoglycerides, their molecular architecture and structures in aqueous solution. (A)
A diagram of the core components of a phosphoglyceride. (B) A schematic diagram of a unilamellar
lipid bilayer (circles are the head-groups, zig-zagged lines are the two acyl chains). (C) Lipid micelles
are the simplest structures that are able to form, comprising only a single leaflet of lipids. (D) A
unilamellar lipid vesicle (also termed a liposome) is a spheroid lipid bilayer structure comprising two
leaflets of lipids forming a bilayer. (E) An atomistic molecular dynamics simulation trajectory of a
liquid crystalline state DOPC lipid bilayer following a 200 ns simulation in low hydration conditions
showing interdigitating lipid bilayer leaflets. Reproduced from the results of simulations performed
by the Scott Feller Laboratory at Wabash College, USA [71].
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zones of lipid bilayer. The process of SLB formation is affected by pH, temperature and the

presence of divalent metal cations [225].

Defects in vesicle-fused SLBs are often reported in the literature [158, 224, 226]. If the

coalescence of lipid bilayer patches is not complete, large areas of the surface may be open

to the subphase. The lateral mobility of lipids in SLBs has been revealed to be considerably

lower than for lipids in unsupported lipid bilayers [250]. The cause of the reduced fluidity

is thought to be frictional coupling between the lipids in the lower leaflet and the substrate

[158]. SLBs often form within 1-2 nm of the solid-support. This short space means it is

often difficult to incorporate membrane proteins, which often have significant water-soluble

globular domains protruding into the bulk water [87].

It is also possible to create SLBs on intermediate substrates between the solid support

and lipid bilayer, such as gels [88, 158, 167, 237, 257–259, 295], as well as to tether a

leaflet of the lipids directly onto the solid substrate [279]. This approach sometimes allows

the incorporation of certain functional membrane proteins into the lipid bilayers [88, 259].

Analogous to this method of creating a wetted spacer between the solid substrate and lipid

bilayer is the use of tethered lipids to facilitate the formation of lipid bilayers at a controlled

distance from the solid substrate. Such tethers are usually attached to either gold or silica

through thiols or silanes respectively [38]. This approach has begun to show promise for

the functional incorporation of more complicated multimeric membrane protein complexes

[152, 280].

The Langmuir-Blodgett film transfer technique has been used to measure phase transition

temperatures of lipids, as well as to observe dynamic defect formation upon cooling of

previously homogeneous lipid bilayers [258]. More recently, the same approach has been

used for functional incorporation of t-SNARE complexes and to image their diffusion and

interaction with lipids [281]. The approach has even shown promise in the area of asymmetric

lipid bilayer creation, where the two leaflets can be created with different constituents [51,

154].

A diagrammatic summary of the different supported lipid bilayer techniques is given

(Figure 1.7). All such techniques suffer from one major flaw; namely that the lipid bilayers

created by these techniques contain defects and therefore are leaky to ions. Electrically, this

means the lipid bilayers have poor resistivities. In the context of electrical measurements of

ion channels, this means that electrical recording of single ion channel currents is impossible.
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Figure 1.7: Supported Lipid Bilayers. (A) A lipid bilayer may be created by vesicle-deposition and
fusion, or using a Langmuir trough, onto a flat solid substrate. (B) A lipid bilayer may be created
on a micro- or nano-patterned solid substrate. (C) A cushion of a polymer may be prepared on a
flat solid substrate upon which a lipid bilayer may be created. (D) Tethered polymer chains may be
attached to a reactive surface (e.g. gold) using silane or thiol chemistry, upon which a lipid bilayer
may be formed on top.
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1.2. Lipid Bilayer Membranes

The ability to layer a lipid bilayer through tethering onto a gold or semiconducting surface

is useful, as the surface can used as an electrode [259]. However, to date a gigaohm lipid

bilayer seal has remained impossible to achieve with SLBs.

1.2.2.2 Langmuir-Blodgett Technique Lipid Bilayer Derivatives

Unsupported lipid bilayers derived from the Langmuir-Blodgett technique have been used

since the 1970s for electrical measurements of lipid bilayers and embedded molecules [191].

Langmuir-Blodgett troughs create a monolayer of lipids at an interface between water and

air. Building on this simple system, Montal and Müller adapted it for the reproducible

generation of high-resistance lipid bilayers. Essentially, a small aperture in a hydrophobic

film passivated with an alkane is raised and lowered between two separated Langmuir-

Blodgett troughs. They termed the resulting lipid bilayer that forms between the separate

water-filled chambers a black lipid membrane (BLM) [191, 193]. The fundamentals of such

lipid bilayers are reviewed in a diagram (Figure 1.8).

Montal-Müller lipid bilayers are metastable. The presence of a limited hydrocarbon

annulus phase results in eventual lipid bilayer failure over the course of at most a few hours.

In addition, lipid bilayers formed by this technique are susceptible to mechanical vibrations,

osmotic pressure and changes in hydrostatic pressure.

These lipid bilayers constitute a form of so-called unsupported lipid bilayer as both lipid

leaflet head-groups face into bulk water. Their lipid phase fluidities have been characterized

at the single-molecule level, revealing greatly enhanced fluidity versus solid substrate SLBs

[250]. In addition, their electrical and mechanical properties allow for high-resolution ion

channel electrical recording, due to high lipid bilayer resistivities [191, 269, 294]. Due to

the separation of the aqueous phases on either side of the lipid bilayer, control of individual

chamber buffer constituents is straightforward.

Unsupported lipid bilayers can also be formed by direct painting of lipids across an

aperture in a hydrophobic septum. This method has been used to attempt to recreate

unsupported lipid bilayers in platforms for microscopic visualisation [133, 203, 250].

Membrane protein complexes can be routinely reconstituted into unsupported lipid

bilayers such as Montal-Müller bilayers. To date, α-helical bundle-type channels, such as ion

channels, as well as porins and other β-barrel proteins have been incorporated for functional

electrical assays [14, 117, 294]. Montal-Müller lipid bilayers are often thought of as the de
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Figure 1.8: The Montal-Müller lipid bilayer. (A) Two compartments are separated by a thin
hydrophobic film (∼ 50 µm thick, n.b. aspect ratio in image not drawn to scale), typically
polytetrafluoroethylene (PTFE - Teflon), with a centrally placed aperture of a diameter on the order
of ∼100 µm. The aperture is pretreated by pipetting a small volume of a hydrophobic liquid, e.g.
an n-alkane such as decane or hexadecane. The two separated compartments are filled with aqueous
buffer, upon which a lipid solution in a volatile organic solvent (e.g. pentane) is pipetted. As the
solvent evaporates the lipids will create a Langmuir monolayer at the air water interface. These
monolayers can be brought into contact with the pretreated aperture in the dividing space by raising
and lowering the levels of the air-lipid-water surfaces through pipetting or dipping the aperture
into the troughs. (B) The resultant lipid bilayer that can form is suspended by an annulus of the
pretreatment alkane. The lipid bilayer forms in the centre of the trough and consists of permeating
alkane in the inter-leaflet space. The thickness of which reduces with time.
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1.2. Lipid Bilayer Membranes

facto standard in vitro planar lipid bilayer for single-channel electrical recording [14, 116–

118, 228].

1.2.2.3 New Methods

Recently, a number of methods have been reported in the literature which try to marry the

excellent electrical properties of Montal-Müller lipid bilayers with techniques which facilitate

other biophysical measurements. For example, the goal of many groups has been to adapt

high-resistance lipid bilayer membranes for imaging on microscopes [29, 132–134], as well

as to automate lipid bilayer formation [131, 229]. All of such methods require complicated

micro-machined apparatus, and generally show relatively poor levels of reproducibility.

Recently, emulsion based techniques have alleviated some of these difficulties mentioned,

enabling high-resolution and reproducible single-channel electrical measurements. These

techniques are reviewed in depth in the following chapter.

1.2.2.4 Protein Incorporation into In Vitro Lipid Bilayers.

A major obstacle in the use of in vitro lipid bilayers is the means to incorporate the protein

of interest for biophysical measurements [116]. If integral membrane proteins are harvested

from an overexpression system, for example E. coli, it is always the case that the protein

of interest must be either solubilised in a detergent, or refolded using detergents. Such

detergents usually interfere with lipid bilayer stability. Indeed, in order for the integral

membrane protein of interest to be soluble in water, its membrane-spanning hydrophobic

domains must be encapsulated in a detergent micelle. The dilemma is therefore that

detergent is required for protein purification and handling, but its prescence is usually a

trigger for lipid bilayer instability.

In recent years work has shown that it is possible to mechanically introduce integral

membrane proteins by direct contact of a detergent-solubilised sample of protein at low

concentration with a lipid bilayer [116]. This probe-based technology has also been adapted

to allow for direct membrane protein transfer using a capillary. The capillary is touched

to a bacterial colony expressing the integral membrane protein of interest, which is then

used to penetrate the lipid bilayer, transferring the protein [117]. Other techniques have

developed microfluidic pumping of high-concentration detergent-solubilised protein samples

past a lipid bilayer, whereupon channel or pore insertion, the concentration of detergent can
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1.3. Introduction to Single-Molecule Biological Measurements

be reduced [229].

One of the most commonly used methods for circumventing the high-concentration

detergent problem is to exchange the detergent by dialysis with unilamellar lipid vesicles

[108, 140]. Lipid vesicles can then fuse to the lipid bilayer and transfer the already lipid-

bilayer integrated protein into the system, without having troublesome levels of detergent

present.

Recently, fluorinated and hemi-fluorinated surfactants have been shown in the literature

to demonstrate exceptional transfer abilities from solution to planar lipid bilayers, without

greatly affecting lipid bilayer stability [32, 206, 209, 227]. This novel surfactant chemistry

holds great promise for the facile reconstitution of fragile multimeric channels [118, 256].

1.3 Introduction to Single-Molecule Biological Mea-

surements

For the majority of the 20th century biochemical experiments were limited to those on

ensembles of molecules. Kinetic measurements of this kind usually entail the synchronisation

of a population of molecules followed by subsequent perturbation of an equilibrium, yielding

an observable and measurable change. It is usually the case that the behaviour of the

molecule of interest is not directly observable whilst at equilibrium. Single-molecule

approaches have gone someway to alleviate this hindrance, and allow the direct observation

of biomolecular behaviours and structures at equilibria, with far greater resolution than

ensemble measurements [142, 222].

Single-molecule measurements are capable of measuring individual molecular dynamics,

versus an averaged value in an ensemble measurement. Sub-populations of behaviours,

structures and interactions are discretized and analysed statistically in single-molecule

measurements, allowing insights into previously hidden ‘averaged’ situations. In addition,

extremely rare events can be observed which are often invisible in ensemble measurements,

or were potentially classified as noise, and which could have been of great importance in a

biochemical context.

Fluorescence microscopy is one such means to observe single-molecule behaviour at

room temperature [297]. The technique is now well established and has produced many

breakthroughs in many different areas of biology and chemistry over the past decade. Below,

19



1.4. Fluorescence

a brief overview of the principles of fluorescence relative to the technique and to this work

is given.

1.4 Fluorescence

The process of fluorescence occurs as a molecule in an excited state relaxes through

vibrational interactions, rotation and translation in its medium followed by a spontaneous

return of the excited electron back to the ground state. The prior energy loss from molecular

interactions results in a shift in the emitted photon’s wavelength. The process of absorption

of a photon is rapid and occurs in approximately 10−15 s. The lifetime of the excited state

thereafter is dependent on the fluorophore and its environment, but generally ranges between

10−10 to 10−7 s [163, 273].

De-excitation back to the ground state by emission of a fluorescent photon is only one

of the processes which can evolve following excitation. A useful parameter to describe this

is the fluorescence quantum yield (φ)

φ =
Γ

Γ + knr
(1.1)

where Γ is the rate constant for radiative processes and knr is the rate constant describing the

non-radiative decay processes. This parameter is of particular importance in single-molecule

fluorescence imaging.

The excited state of a molecule is able to undergo multiple independent de-excitation

routes summarised here (Figure 1.9).

Internal conversion (IC) occurs as an excited electron relaxes through vibrational

relaxation and crossing into a lower electronic state of the same spin multiplicity. This

process occurs on the timescale of approximately 10−13 to 10−11 s. The spontaneous emission

of a photon upon an electron dropping from the S1 → S0 state is termed fluorescence and

occurs on the order of 10−15 s, approximately the same rate as stimulated absorption.

However, vibrational motion during this time will transfer some energy to the molecular

surroundings causing a bathochromic shift (red-shift) of the emitted photon wavelength.

Another major pathway of de-excitation is termed intersystem crossing (ISC). This process

is a non-radiative transition from a singlet-electronic state to a triplet electronic state.
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Figure 1.9: A generalised Jablonski diagram depicting possible electronic processes undergone by
an excited fluorophore. Solid lines indicate electronic transitions. Curved lines indicate vibrational
transitions. IC = internal conversion, ISC = intersystem crossing, RISC = reverse intersystem
crossing.S0 is the ground singlet state, S1 is the lowest energy excited singlet state, S2 is a higher
energy excited singlet state, T1 is the lowest energy excited triplet state, and T2 represents a higher
energy triplet state, not ordinarily populated unless another photon is absorbed upon ISC from an
excited singlet state.

Conversion between a triplet state and singlet state is denoted here as reverse intersystem

crossing (RISC). However, the causes of the two processes are identical. Upon crossing,

vibrational relaxation and internal conversion will bring the molecule back to the lowest

energy level. The process of intersystem crossing is in principle forbidden, however due to

spin-orbit coupling (orbital magnetic moment and spin magnetic moment coupling), there is

a finite probability of it occuring. This process occurs on the order of 10−9 to 10−7 s, and is

therefore fast enough to compete with the singlet state de-excitation pathways. Reverse

intersystem crossing may occur, enabling the delayed emission of a fluorescent photon.

Alternatively radiative de-excitation from the triplet state by emission of a photon may

occur, termed phosphorescence. At room temperature reverse intersystem crossing is more

probable, followed by vibrational relaxation back to the S0 state.

Of critical importance for single-molecule fluorescence studies is the phenomenon of

triplet-triplet annihilation and excited-state reaction with another molecule, leading to an

irreversible chemical alteration of the molecule termed photobleaching. The ground state

of molecular oxygen (O2) is a triplet state. Through direct interaction of molecular oxygen
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1.5. Single-Molecule Fluorescence Microscopy at Room Temperature

with a fluorophore in a dark-triplet state, it may trigger de-excitation through so-called

triplet-triplet annihilation. However, concomitant oxidation due to excited singlet-state

molecular oxygen then reacting with the fluorophore leads to irreversible photobleaching,

rendering that molecule unable to turnover fluorescently [297]. As a result, it is often the

case that oxygen-scavenging molecules, for example reducing agents, are added to a specimen

for observation, enhancing the fluorophore lifetime [222]. The interconversion between a

fluorophore singlet-state and long-lived dark state is termed photoblinking. The affect this

process has on experiments is mentioned in more detail with respect to this work throughout

the thesis.

1.5 Single-Molecule Fluorescence Microscopy at Room

Temperature

In fluorescence microscopy, the key factor in resolution of single-molecules is a sufficiently

high signal-to-noise ratio (SNR) for a fluorophore under observation. The primary sources

of noise in a typical experiment are Raman scattered photons from water molecules in the

specimen, and background fluorescent species in the sample [163]. The amount of scattered

light is typically minimised in single-molecule fluorescence experiments by reducing the

volume of detection. By minimising the illumination volume, a dramatic reduction in the

background noise is facilitated, yielding a sufficient signal-to-noise ratio for the detection of

light emitted light from a single fluorophore.

The rate of photon emission from a single-molecule, which is dependent upon illumination

intensity, absorption cross-section [297] and its relative quantum yield, must also be

sufficiently high to register above the detector’s noise threshold to give an appreciable

SNR. Therefore, detector efficiency is also critical to single-molecule fluorescence detection.

Recently, ultra-sensitive high acquisition rate detectors have been developed enabling

resolution of single-molecules whilst they are diffusing in two and three dimensions. Whilst

confocal volumes, typically analysed using avalanche photodiodes are able to be rasterised

across a surface or 3D volume, for the imaging of a surface such as a lipid bilayer, it is far

simpler to use a wide-field imaging technique such as total internal reflection fluorescence

microscopy (TIRFm). The commonly used means to detect single-molecules using a TIRFm

geometry is with a charge-coupled detector (CCD). Of interest in this work is the back-
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1.5. Single-Molecule Fluorescence Microscopy at Room Temperature

illuminated electron-multiplying CCD, which is capable of detecting single-molecules at

millisecond time resolutions.

The diffraction limit of the light microscope is given by the Rayleigh criterion thus,

dR = 0.61λ/N.A. (1.2)

where λ is the wavelength of the emitted photons and N.A. is the numerical aperture of the

microscope objective lens. This relationship describes the fundamental limit in resolution for

a visible light observation in a microscope, which is approximately half that of the wavelength

of the light under observation. Light from a stationary single-molecule on a surface, will be

represented in an image as an Airy disk. This feature is termed the Point-Spread Function

(PSF). It can be rudimentarily approximated as a 2-dimensional Gaussian-function.

Fitting the PSF in order to localize its centroid enables fluorophores to be localized at

a resolution lower than the diffraction limit [202]. In recent years, this has been achieved

with near nanometre precision [300]. The accuracy of all localization techniques is mainly

limited by photon noise. However, detector noise and pixelation also influence the accuracy.

The accuracy of a such a PSF localization has been treated theoretically previously, yielding

the hypothetical resolution in one dimension < (∆x)2 > given by

< (∆x)2 > =
s2

N
+
a2/12
N

+
4
√
πs3b2

aN2
(1.3)

where s is the width of the PSF (defined as a Gaussian function), N is the number of

collected photons, a is the size of the pixel in dimension x and b is the background noise.

For experiments described in this thesis, the wide-field imaging technique TIRFm is used

throughout for single-molecule imaging.

1.5.1 TIRF microscopy

When a plane light wave travelling through a transparent medium of refractive index n1 is

incident upon a dielectric interface with another medium of lower refractive index n2 at an

angle θi greater than the critical angle θc (measured from the interface normal) where,

θc = arcsin
(n2

n1

)
(1.4)
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1.5. Single-Molecule Fluorescence Microscopy at Room Temperature

it will undergo total internal reflection at the interface back into the first medium. If

there were no transmittance into the lower refractive index medium, it is impossible to

solve the boundary conditions for the electric and magnetic fields in Maxwell’s equations.

Hence, mathematically some of the light must propagate into the second medium, termed

an evanescent wave [10, 107].

The evanescent wave penetrates only a small distance into the second medium,

propagating parallel to the plane of incidence [10]. Fluorophores at or in close proximity

to the interfacial region in the second medium, defined by the depth of the evanescent

field, will be illuminated by the evanescent wave. However, fluorophores above the effective

illuminated space ∼100 nm will not be excited. This restriction of illumination volume

serves as a means to be able to identify the fluorescence from single-molecules at dilute

concentrations. The background noise associated with illuminating the entire volume under

study, for example by epifluorescence microscope geometries, often renders it more difficult

to resolve single-molecule fluorescence.

The intensity of the evanescent wave in the z dimension I(z) decays exponentially with

increasing distance d from the surface thus,

I(z) = I0 exp−(z/d) (1.5)

where I0 is the intensity of the field at the interface. The distance the wave penetrates is

given by

d =
λ0

4π
[
n2

1 sin2 θ − n2
2

]1/2 (1.6)

for θi > θc for light of wavelength λ0 in a vacuum. The depth of the penetration is dependent

on the magnitude of the incident angle, decreasing with increasing angle of incidence. The

light intensity at the interface at z = 0, Io depends on the polarisation of the incident

light beam and the angle of incidence. For electric field intensities F incident upon the

interface for s-polarised light (parallel to the plane of incidence, ‖) and p-polarised light

(perpendicular to the plane of incidence, ⊥), the intensities of the evanescent waves for I‖0 ,

and I⊥0 are given by:

I
‖
0 = F ‖ · 4 cos2 θ(2 sin2 θ − n2)

n4 cos2 θ + sin2 θ − n2
(1.7)
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and

I⊥0 = F⊥ · 4 cos2 θ
1− n2

(1.8)

where the refractive index ratio n2/n1 < 1. I0 is also proportional to the square of the

amplitude of the evanescent wave electric field E at z = 0.

back 
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Figure 1.10: Objective-type TIRF microscopy. A Gaussian-shaped collimated cw laser beam is
focussed at the back aperture of an objective lens. The beam propagates through the objective
lens incident upon an interface between a higher refractive index medium and a lower refractive
index medium at an angle greater than the critical angle, according to Snell’s law. The light is
totally internally reflected at this interface, where it returns through the objective lens. At the
interface an evanescent wave is generated which propagates in parallel with the plane of incidence
and penetrates to a depth of approximately ∼100 nm. Fluorophores at the interface are illuminated,
and their emitted fluorescent photons are collected through the same objective lens for imaging. In
circumstances described in this thesis, this is achieved using a dichroic lens before the objective in
the optical path, the emitted light is then imaged onto a detector for data capture.

In reality, a Gaussian-shaped laser-beam is used for excitation of single-molecules in

TIRF microscopy [34, 264]. The degree of penetration of the evanescent wave does not

differ from Equation 1.6.

There are two means to perform TIRFm: objective-type TIRF microscopy requires a

high N.A. objective lens to illuminate the sample, which is also used to collect emitted

photons for imaging. Alternatively, a prism may be used to illuminate the sample, whilst

detecting the emitted light through a separate objective lens. Prism-TIRFm facilitates a

slight enhancement in SNR, but is cumbersome to use for biological measurements as it is

difficult to implement into a standard inverted microscope. Objective TIRF, with lenses of
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N.A. = 1.4 or higher were used in this work, which are capable of totally internally reflecting

a laser beam at a standard coverslip surface. This scheme of imaging is illustrated (Figure

1.10).

1.5.1.1 Cyanine Dye Photophysics

Cyanine is a name attributed to dye molecules derived from a polymethine manifold, i.e.

a polymer of an odd number of methine (C-H) groups. Of interest in this thesis is the

chemistry of the closed-chain cyanines with the general formula Aryl=N+=CH[CH=CH]n–

N=Aryl (Figure 1.11A) [195].

Different substitutions are often made at the 5 and 5’ positions of the indole rings,

affecting the photophysical properties of the dye, in general leaving the spectral shape

unaltered but shifting the maxima [194]. Subtituents affect the excited singlet-state lifetime

(τs) and the quantum yield (Φ). Singlet state lifetime is principally affected by the rotational

rate constant about the carbon-carbon double bonds in the link between the heterocycles,

dependent upon steric effects of the substituents. In this thesis, the indole-substituents at the

5 and 5’ positions are sulphone (SO3), which enhances solubility in water. This substituent

is also electron withdrawing in character, which therefore slightly alters the carbon-carbon

double bond character in the centre of the molecule, partially hindering the isomerisation of

the chromophore. A diagram illustrating the various resonance forms and rotational isomers

is shown (Figure 1.11C).

The ability to isomerise in aqueous solution is the principle de-excitation pathway in

cyanine dyes, such as the Cy3 illustrated here (Figure 1.11C) [194, 231]. The isomerisation

of the excited fluorophore from all-trans to mono-cis leads to the establishment of much

greater rotational freedom of the two heterocyclic termini of the molecule. This establishes

what is termed a twisted intramolecular charge transfer state (TICT) [273], resulting in an

alteration of the potential energy surface of the molecule. Many more internal rotational

energy levels exist in both the ground and excited states in this conformation, and hence

a greater degree of overlap between the ground and excited states increases the probability

of non-radiative internal conversion back to the ground state. A summary of the main

photophysical processes occuring upon excitation of the molecule for a generalised cyanine

is shown(Figure 1.12). At the single-molecule level, the high-propensity for photoblinking of

Cy3 and other cyanines is attributed to long-lived cis-isomers of the chromophores, twisting
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Figure 1.11: (A) Generalised structure of closed-chain cyanines. In Cy3 dyes used in this work, the
heteroaromatic base substituent is an indole derivative where X= SO3 in this work. Nomenclature
derives from the number of methine groups appending the two heteroaromatic base substituents
together, i.e. Cy3 = 3. [65]. The dyes have delocalized positive charge, illustrated as two resonance
forms. (B) The base structure of Cy3 dyes. Numbers indicate the non-standard numbering of the
methine substituent groups as first used by Ernst et al. [65]. (C) Rotation about the central carbon-
carbon single bonds gives cis-Cy3. This process accounts for ∼90% of excited state relaxations at
room temperature [194, 231].

the molecule from planarity and therefore decoupling the conjugated state, inhibiting

spontaneous absorption of a photon.

1.5.1.2 Cation-Chelating Fluorophores

Fluorescence can be enhanced in certain fluorophores through interaction with a metal

cation. One particular mode of enhancement is termed photoinduced charge transfer (PCT).

If a fluorophore comprises an electron-donating group covalently attached to an electron-

withdrawing group, upon excitation with a photon, the charge distribution in the molecule
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Figure 1.12: Cyanine photophysical states. Upon absorption of a photon a cyanine molecule may
rotate around one of its central bonds creating the cis isomer. This results in the creation of a
TICT state (ROT). A higher degree of rotational motion here creates a large probability internal
conversion and vibrational relaxation back to the ground state, whereafter rotation may occur to
bring the molecule back to the trans conformation. If a photon is absorbed and intersystem crossing
ensues, it may be the case that it is either quenched by triplet-triplet annihilation with ground-state
molecular oxygen, or that this process triggers subsequent photobleaching (PB) by the reaction with
the excited singlet-state oxygen molecule. Regular fluorescence and RISC may also occur.

will be greatly affected. This results in a large instantaneous change in the dipole moment

of the molecule. In the presence of a cationic species, such as for example calcium ions, the

efficiency of such charge transfer upon excitation is altered. The strength of the interaction

with either the electron-donating or -withdrawing groups as a result affects the fluorescence

quantum yield [273].

The chemical structure of the calcium-indicator probe Fluo-4 is shown [82], illustrating

the xanthene and BAPTA moieties and their conjugation (Figure 1.13).

O O-O

F F

N(CH2CO-)2

OCH2CH2O

O

N(CH2CO2)-2

Figure 1.13: The chemical structure of the calcium-indicator probe Fluo-4, showing the planar
xanthene with a centrally-appended BAPTA moiety.

In the case of the calcium-chelating fluorophores described in this thesis based upon

xanthenes, the absorbance and emission maxima remain largely unaffected by the presence of

a chelated metal cation. If the 1,2–bis(O–aminophenoxy)ethane–N,N,N’,N’–tetraacetic acid

(BAPTA) moiety is free to rotate because of lack of calcium, the excited state is postulated

to involve a resonance form driving electron density to the xanthene moiety, causing steric
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demand of co-planarity between the BAPTA and xanthene, thereby enhancing non-radiative

decay probability [186]. The calcium binding to the BAPTA amino nitrogen (an electron-

donating group) is expected to withhold electron density from the conjugated xanthene,

increasing the quantum efficiency, and hence brightness of the dye. This straightforward

chemical principle enables brightness enhancements from pure form to calcium-chelating

form on the order of 40-fold.

1.5.2 Single-Particle Tracking

The point spread functions of single-molecules in TIRFm images described in this thesis are

generally sufficiently resolved to enable tracking during two-dimensional diffusion at the lipid

bilayer. Linking particles between one frame and the next, so-called single-particle tracking

(SPT), has been used successfully to study diffusion of various different biomolecules in vitro

and in vivo. Single-particle tracking (SPT) is a powerful technique for measuring dynamics

and heterogeneity in biological systems [233]. In particular, the ability to observe single

fluorescently-labeled molecules diffusing in and upon lipid bilayers has greatly improved our

understanding of membrane biology [160, 169, 214].

The underlying basics of the technique involve two main processes [39]. The first is

the definition of PSFs in a stack of images through a detection algorithm and fitting their

location. The following step takes the PSF position information in all frames and derives

trajectories for all PSFs in time. The means to do this are varied, however the majority of

algorithms take the minimum displacement PSF in the nth+ 1 image as the link to the next

frame.

In order to fit the location of a fluorophore, direct fitting through localization with centre-

of-mass [86], centroid [234], Gaussian [238] or direct PSF maximum likelihood fitting [202]

is often performed. Alternatively, image cross-correlation may be performed to determine a

fluorophore locale by direct comparison of subsequent frames [84, 160]. The discrimination

of detected PSFs in an image is usually performed post-trajectory calculation, and involves

mathematical appreciation of the expected PSF functions in the linked trajectories [53].
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1.6 Single-Channel Electrical Recording

To a good approximation the lipid bilayer acts as a capacitor, where for a lipid bilayer the

relationship between capacitance and voltage [269] is given by

∆C = αC0(V app + ∆ψ)2 (1.9)

where C0 is the minimum bilayer capacitance for no potential difference, ∆C is the change

in capacitance, V app is the externally applied voltage, α is the membrane elasticity and ∆ψ

represents the difference between the boundary potentials due to surface charge and dipoles

at either side of the lipid bilayer’s interface with bulk water [236].

In practice, by measuring the current response to an applied triangular waveform

potential, it is straightforward to calculate the capacitance of the lipid bilayer during

experimentation as

I = C
dV

dt
(1.10)

where I is measured current and t is time. This process is simplified by measuring the

magnitude of the square-wave response of a 100 pF capacitor (acting as an electrical

calibration artificial lipid bilayer), to then evaluate the capacitance of the real lipid bilayer

by comparison with its response.

The capacitance of the bilayer is primarily dependent on two parameters. Firstly, the

thickness of the lipid bilayer, which is affected by the amount of partitioning solvent in the

inter-leaflet space. Secondly, it is affected by the total area of the lipid bilayer [4, 189].

Lipid bilayer capacitances are often reported in terms of their specific capacitance per unit

area, for example a typical lipid bilayer in a patch-clamp experiment would have a specific

capacitance of 1 µF cm−2 (n.b. this value is larger than a pure lipid bilayer, free from

protein, due to the large degree of protein embedded within it). Capacitance measurements

are used as a means to quantify the size and thickness of a bilayer, and to monitor its

stability during experiments.

1.6.1 Stochastic Sensing

Nanopore stochastic sensing is the process of observation of ion current through a single

protein pore as it is stochastically transiently blocked by molecules in solution. The lengths
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1.6. Single-Channel Electrical Recording

of blocks (τoff ) and residual ion currents upon blocking are analysed statistically to yield

rate constants for the blocks and average residual current values. This enables the specific

identification of the blocking molecules and in some cases their orientation, redox states and

isomers [14, 31, 96, 171, 172, 243]. A diagram showing a hypothetical stochastic sensing

experimental electrical recording is shown (Figure 1.14).

C
ur

re
nt

Time
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Channel

Closed / No
Channel

blockage event

residual current

Figure 1.14: The principles of stochastic sensing with a nanopore. The blocking at positive
potential is manifested as a stepwise reduction in ion current. The lengths of such blocks are recorded
along with the inter-block openings, and the residual ion current amplitudes for the blockage events.
The statistical analysis of such blocks enables the identification of the blocking molecules.

31



Chapter 2

Droplet-on-Hydrogel Bilayers

Abstract

The development of Droplet-on-Hydrogel Lipid Bilayers (DHBs) is described. Their use

as a model synthetic in vitro lipid bilayer for the study of membrane protein’s electrical

activity is demonstrated. In order to detect the membrane channels present in cell extracts,

DHBs are scanned across SDS-PAGE gels following electrophoretic separation of membrane

channels. DHBs are also employed as a system for stochastic sensing using α-hemolysin.

2.1 Droplet Bilayers Introduction

2.1.1 Historical Background

32
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2.1. Droplet Bilayers Introduction

2.1.2 The Droplet-on-Hydrogel Bilayer
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Figure 2.1: (A) A diagram showing the general principle outlined by Tsofina et al. in their original
paper in Nature in 1966 [270]. A pipette blows out a small volume of water into a bath which contains
a bulk water volume supporting a hydrocarbon phase above it containing lipids. (B) An outline of
the microfluidic principle devised by Malmstadt et al. at UCLA [178]. Here, two aqueous volumes
are pumped in a channel towards one another in a channel filled with a hydrocarbon phase with
lipids dissolved in it. (C) A demonstration of how the bulk hydrocarbon phase can be extracted in a
microfluidic device, devised by Funakoshi et al. in Tokyo [75]. (D) The Holden approach to Droplet
Interface Bilayer formation [118]. Two aqueous droplets are submerged under a solution of lipid
in an n-alkane. When the two droplets are brought into contact through micromanipulation with
agarose anchored electrodes, they spontaneously form a lipid bilayer at the contact interface.
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2.1. Droplet Bilayers Introduction

2.1.3 Physical Characteristics of DHBs

2.1.3.1 Lipid Bilayer Longevity
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Figure 2.2: (A) A diagram illustrating the principles of DHB formation. An aqueous droplet
(approximately 100 nL in volume) is pipetted onto a hydrogel submerged underneath a volume of lipid
dissolved in an n-alkane. Upon contact of the two aqueous volumes, a lipid bilayer will spontaneously
form at the interface. It can then be electrically probed using a micromanipulated thin Ag/AgCl
electrode with a corresponding ground electrode present in the hydrogel substrate. (B) Capacitance
of the lipid bilayer is monitored through the application of a triangular sweep alternating potential
and measuring the peak-to-peak current response with a patch clamp amplifier. Amplifier circuitry
is described in the appendix [189]. (C) A 10 × magnified image of a droplet contacting a substrate
hydrogel prior to bilayer formation, (D) and after lipid bilayer formation.

2.1.3.2 Interfacial Chemistry in DHBs
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2.2 Results

2.2.1 Lipid Bilayer Capacitance
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2.2.2 DHB Manipulation
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Figure 2.3: A 72 hr test of DHB stability under operating conditions. A single 100 nL droplet was
probed with a 100 µm thick Ag/AgCl electrode for electrical measurements, with a similar ground
electrode present in the gel. Using a function generator and patch-clamp amplifier, a triangular
sweep alternating potential (2.5 Hz, ±100 mV) was applied to the droplet to measure the current
response for capacitance derivation. After the initial formation of the bilayer it expanded rapidly,
yielding a rapid rise in capacitance to ∼500 pF as indicated. Immediately after this the bilayer
was translated across the gel for imaging through the use of the anchored electrode inserted in the
droplet. The bilayer size was slightly reduced to start the experiment (a), as the droplet and its
bilayer relaxed on the electrode, the size of the bilayer increases with time yielding an increase in
capacitance. At positions marked (b), the bilayer was manually adjusted to assist in imaging. After
72 hr the experiment was manually terminated with the DHB remaining intact.
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Figure 2.4: A series of images demonstrating rapid DHB translation across a surface and dynamic
lipid bilayer area alteration upon a 2% agarose gel buffered with PBS. Each frame is separated by 2
s. The scale is the same for all images as indicated at the bottom left. (A) Lipid bilayer translation.
(B) Lipid bilayer size control.
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2.2.3 SDS Electrophoresis of Membrane Channel Proteins

2.2.4 α-Hemolysin Gel Scanning
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Figure 2.5: Scanning DHBs across an SDS-PAGE gel following electrophoresis. (A) A composite
image of a dried gel (with prestained marker band (M), with overlaid autoradiogram denoting
the positions of two α-hemolysin variants, (WT) α-hemolysin wild-type and (113F) α-hemolysin
M113F-D8. Marker bands correspond to approximate molecular weights of 210, 111 and 71 kDa.
After gel dialysis in electrolyte solution (10 mM NaiPO4, pH 7.0, 1 M KCl) and immersion in
DPhPC/C16 solution, the gels were scanned with 200 nL droplets containing the same buffer plus
10 µM β-cyclodextrin (βCD). (B) Protein insertion and blocking was observed by application of
a voltage-clamp (+10 mV) and monitoring the ionic current across the bilayer using a patch-
clamp amplifier. M113F α-hemolysin displays characteristic long-lived blocks by βCD enabling
its identification versus WT α-hemolysin. (C) Protein insertion was localized around the bands
illustrated in the gel. WT α-hemolysin was scanned across a 12 mm region indicated by the dotted
line across the band in the gel image (A) from the top to the bottom. Protein insertion rate across
this scanned region is plotted as a function of distance from the top of the dotted line indicated on
the gel image.
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Figure 2.6: An example of the rapid reformation of DHBs on a polyacrylamide gel with doped
IVTT purified protein. DHBs are formed (green arrows)and removed in rapid succession over a
period of minutes illustrating the stability of the droplets. Also, as the DHB is removed from the
surface (red arrows), the proteins embedded in the bilayer are removed or denatured and are not
present upon re-establishment of the bilayer. Asterisks mark manual manipulation of the droplet,
causing electrical noise.

2.2.5 Detection of Low Concentration Membrane Channels in Gels
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2.2.6 Stochastic Sensing and Analyte Detection with DHBs
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Figure 2.7: Scanning E. coli extracts in gels using DHBs. (A) A Coomassie-stained gel after
DHB scanning, showing SDS-PAGE separated E. coli cell extracts from JM109(DE3) E. coli. The
E. coli transformants harbour plasmids coding separately for αHL-WT and αHL-M113F-D8. No
overexpression was performed, instead the protein is produced through leaky expression. After gel
dialysis in electrolyte solution (10 mM NaiPO4, pH 7.0, 1 M KCl) and immersion in DPhPC/C16

solution, the gels were scanned with 200 nL droplets containing the same buffer with 10 µM βCD.
Protein insertion, blocking and gating was observed by application of a various clamped voltages
and monitoring the ionic current across the bilayer using a patch-clamp amplifier. (B) At the
top the clear presence of αHL-WT is observed. In the centre αHL-M113F-D8 is observed. At
the bottom small numbers of porin-like channels were found in the lower region of the gel. (C) A
Coomassie-stained gel after DHB scanning, showing SDS-PAGE separated E. coli cell extracts from
JM109(DE3) E. coli and PC2889(DE3) E. coli. (D) Various unidentified channels can be found
in the JM109(DE3) (+P) lane, but not in the porin-free PC2889(DE3) lane (−P), (genotype =
∆LamB -ompR). The figure shows some example traces acquired at −20 mV (top two) and −100
mV (bottom).
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Figure 2.8: Stochastic sensing of cyclodextrins using α-hemolysin embedded in DHBs. (A) A
schematic diagram of the experiment employed to scan for gel-embedded analytes in a polyacrylamide
(PA) gel. γ-Cyclodextrin (γCD) and heptakis(2,3,6-tri-O-methyl)-β-cyclodextrin (hβCD) were
doped at the underside of the polyacrylamide gel 10 mm apart. After gel immersion and stabilisation
in the DPhPC/C16 solution, the gel was scanned with droplets containing αHL-WT pores. Under
a voltage-clamp the ionic current was measured using a patch-clamp amplifier whilst monitoring
the bilayer position on a microscope. (B) The binding characteristics of γCD (top, 68% block) and
hβCD (bottom, 95% block) to αHL-WT are clearly distinguishable in electrical recordings (−50 mV,
1 M KCl, 10 mM NaiPO4, pH 7.0). (C) A plot of the binding frequency of γCD (solid circles) and
hβCD (hollow circles) as a function of distance in a linear scan between the two doping locations.
The lines indicate Gaussian fits to the measured binding frequencies.
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2.2.7 Electrical Recording of Other Membrane Channels
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Figure 2.9: Electrical traces showing characteristic behaviour for gramicidin and alamethicin
channels in DHBs. (A) The trace shows an example of Gramicidin D (Sigma-Aldrich) channels in
a DHB (−100 mV, 10 mM NaiPO4 buffer, pH 7.0, 1 M KCl) formed on a 2% agarose gel (10 mM
NaiPO4 buffer, pH 7.0, 1 M KCl). The channels were introduced to the bilayer from the droplet side
by means of vesicle fusion from gramicidin-containing DOPC vesicles (0.1 mg mL−1 1,2-dioleoyl-sn-
glycero-3-phosphocholine, 5 µg mL−1). The characteristic transient appearance and disappearance
of channels is manifested as a step-wise increase and decrease in membrane conductance. (B) The
trace shows an example of alamethicin (Sigma-Aldrich) channels in a DHB (+100 mV, 1 M KCl in
water) formed on a 2% agarose gel (1 M KCl in water). The alamethicin was incorporated into the
droplet in solution at a concentration of 500 nM from a methanol stock. The characteristic transient
appearance and disappearance of channels is manifested as a step-wise increase and decrease in
membrane conductance.

2.3 Discussion
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2.4 Conclusions
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2.5. Materials and Methods

2.5 Materials and Methods

2.5.1 General Methods

2.5.2 In vitro Transcription and Translation of Proteins

2.5.3 Electrophoresis of IVTT Proteins
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2.5. Materials and Methods

2.5.4 Extraction and Electrophoresis of Crude Membrane Prepa-

rations from E. coli

2.5.5 Porin-expressing and Porin-free E. coli Gel Scanning
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2.5. Materials and Methods

2.5.6 DHB Gel Scanning

2.5.7 Electrical Measurements and DHB Imaging

52



Chapter 3

Engineering α-Hemolysin for

Single-Molecule Fluorescence

Imaging

Abstract

This chapter describes the design, production and characterization of a singly-labelled α-hemolysin

monomer and multiply-labelled α-hemolysin heptamer with the rigidified cyanine dye Cy3B. The α-

hemolysin labelling product is characterized in bulk to verify the desired 1:1 labelling stoichiometry.

The labelled protein described in this chapter is used in subsequent single-molecule fluorescence

studies of α-hemolysin assembly.

3.1 Introduction

The obvious requirement for any fluorescence experiment is the presence of a fluorophore.

Selecting the most appropriate fluorophores for biological experiments is almost always one

of the most critical decisions to be made. In recent years the arsenal of available fluorescent

molecules has increased dramatically [62]. However, of note is the fact that the number of

available of fluorescent small organic molecules has not been expanded greatly.

For single-molecule fluorescence experiments it is important to select a fluorophore based
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3.1. Introduction

upon the following criteria, in no particular order of preference:

1. Brightness. A large absorption cross section and high quantum yield is required, as

signal-to-noise is key to single-molecule observation.

2. The means to incorporate the fluorophore into the experiment, i.e. conjugation

chemistry.

3. The projected expected relative risk of perturbation of the process under observation

upon modification of a biomolecule with a fluorophore.

4. Fluorescence emission spectral characteristics.

5. Photophysical characteristics, such as propensity for photoblinking and relative

photostability.

The criteria enumerated above are all relatively easily overcome with available dyes

today, however the photoblinking and photobleaching characteristics of dyes remains a great

problem [147]. The risk of perturbation of the α-hemolysin heptameric complex is the

principal concern in the appending of an extrinsic fluorophore to the protein. Fortunately,

the presence of high-resolution X-ray crystal structures [204, 249] enables rational decisions

to be made about the placement of the dye. In addition, α-hemolysin has been extensively

functionally studied by traditional molecular biological techniques. This has yielded a wealth

of details surrounding the behaviour of separate domains and single amino acids in the

processes of oligomerization and pore formation, enabling a highly rational and targeted

approach to protein labelling.

3.1.1 Experimental Design and Theoretical Considerations

3.1.1.1 Fluorophore Selection Rationale

A review of available alternative labelling technologies separate to organic molecules is now

considered.

Colloidal semiconductor nanocrystals (Quantum dots) are becoming increasingly popular

in fluorescence experiments. Upon excitation of these nanocrystals with UV light, because

of the confinement of the resulting electron-hole pair, they are able to fluoresce with a

characteristic spectrum. The band gap energy is inversely proportional to the square of
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3.1. Introduction

the diameter of the nanocrystal, and hence the resulting fluorescence emission wavelength.

The semiconductor cores of quantum dots are approximately 1.75 to 6.5 nm in diameter for

visible wavelength emission applications. With their required passivating shells to enhance

their water solubility, they are even larger, often approaching a diameter >10 nm [176],

which is larger than the α-hemolysin mature pore [249]. Whilst they exhibit much greater

brightness than organic fluorophores (∼10 ×) and much improved photostability (∼100

×); several features render them undesirable for all applications but the tracking of dilute

isolated molecules. Their large size, difficulties with photoblinking [176], stoichiometric

labelling [123] and general handling made their use in this project unreasonable. Recent

work has gone some way to alleviate the problems with 1:1 stoichiometric labelling using

biotin ligase-based strategies with ketone isostere biotin mimics [42, 124], and through the

generation of a tight-binding univalent streptavidin for biotin-streptavidin-biotin sandwich

formation [122]. However only recently have successful steps been made to address the issue

of QD multivalency [123]. The large surface area of passivated quantum dots usually contain

multiple reactive groups for biomolecule modification. This leads to quantum dot-linked

biomolecular aggregates, and also difficulty with the evaluation of labelling stoichiometry.

Fusion of the α-hemolysin gene to that of an intrinsically fluorescent protein, such as

Green Fluorescent Protein (GFP) [37, 242] or other proteinaceous fluorophore derivatives has

the principle advantage that 1:1 stoichiometry is guaranteed. However, as is a worry in the

case of QDs, proteinaceous fluorophores are large in comparison to α-hemolysin protomers.

For example, GFP and its various derivatives have molecular masses of ∼30 kDa, roughly

the same as an α-hemolysin monomer (33 kDa).

Given the size of proteinaceous fluorophores and quantum dots, it can be argued

that their appending to α-hemolysin monomers at any position would yield significant

perturbations in the interaction of monomers on a membrane and their oligomerization [62].

For that reason alone, it is incumbent to chose a smaller organic molecule as the fluorescent

probe, whose dimensions are comparative with a string of two or three bulky amino acids.

Many rhodamine and cyanine dyes are suitable for single-molecule fluorescence

experiments. In recent years they have been incrementally improved to exhibit superior

photophysical properties for single-molecule experiments. Chemical techniques have also

been developed to quench the dark triplet state, hence minimising blinking [222], along with

direct modifications of dyes, such as the encapsulation of both rhodamines and carbocyanines
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in supramolecular assemblies [188, 299].

One particular next-generation cyanine dye (Cy3B) has been rigidified by direct

chemical modification to the standard polymethine manifold [49], preventing its cis–trans

isomerisation, as described in the general introduction (Chapter 1) [194]. The rigidification

of Cy3 as Cy3B (Figure 3.1) yields a significant 7.9 × brightness improvement [49, 292].

This particular advance is appealing, as in these experiments studying α-hemolysin assembly,

tracking of the fluorescent species is required over long time periods in crowded environments,

where the fluorescence SNR is critical.

N N
N

O

N

a b

Figure 3.1: A structural comparison of Cy3 polymethine carbocyanine dye with its next-generation
derivative Cy3B.(A) The core structure of Cy3. (B) The core structure of Cy3B which is planar.
The heterocycles terminating the traditional cyanine polymethine linkage are unable to rotate.

Cy3B was hence chosen as the dye with which to label α-hemolysin. Its spectral

properties allow for excitation with a standard 532 nm frequency-doubled Nd:YAG laser.

A large stokes shift, large extinction coefficient of 118,000 M−1 cm−1 and a high quantum

yield of 0.67, makes it particularly attractive.

3.1.1.2 Structural and Functional Considerations in Labelling

Cy3B is commercially available as a maleimide derivative. Maleimides have been shown to

be highly selective and reactive with cysteine residues [91, 155]. As a result, the site-directed

mutagenesis of a residue to cysteine for labelling is a sensible strategy for the conjugation

of the dye with the α-hemolysin monomer.

α-Hemolysin has been shown to be exceptionally tolerant to mutations in all domains

[283], with only few positions indicating significantly reduced activity upon mutation

to cysteine [283]. The cavity of the pore is also able to accommodate approximately

175 exogenous amino acids ligated into the sequence genetically [143]. The lack of any

endogenous cysteine residues in the wild-type sequence also widens the available positions

in which a cysteine could be genetically engineered, with no concern for aberrant folding
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caused by intramolecular disulphide bridge formation. In order to assist with purification,

an affinity tag was introduced to enhance the ease with which the protein could be produced

in large quantities and rapidly. A terminal hexahistidine motif (H6) is short and forms little

secondary structure. It is also known to produce excellent purification results in a single

immobilised metal-affinity chromatography (IMAC) purification step [217].

The crystal structure of the mature α-hemolysin heptamer, solved to 1.9 Å resolution

[249], shows in detail the interactions between the monomeric protomers in the mature

oligomer (Figure 3.2B). However to date, no crystal structure exists of the water-soluble

monomer precursor of α-hemolysin, which is the labelling target. Crystal structures do

however exist for the close genetic homologue F-class protomeric subunit from the bi-

component leukocidin toxin from Staphylococcus aureus [204], as well as of both S- and

F-class monomeric subunits of the staphylococcal Panton-Valentine leukocidin (PVL) (LukS-

PV and LukF-PV) [97, 212, 213]. A direct comparison of the structure in F-class monomeric

subunits to the α-hemolysin monomer has been made previously [138, 204]. Despite amino

acid sequence similarity of only just greater than 30%, the core of the LukF monomer

structure superimposes exceptionally well onto the protomeric subunits of the α-hemolysin

heptamer structure (Figure 3.2A), with the principle divergences arising from the N-terminal

latch domain and the glycine-rich stem domain [48, 204]. Both domains are susceptible to

proteolysis in the monomeric state, but not in the mature pore state [249, 288], indicating

their presence in bulk water accessible regions of the protein. Given this information,

it is reasonable to assume that if an extrinsic probe were appended to the N-terminus,

conformational rearrangement upon conversion from water-soluble monomer to mature

heptamer in the full length protein would be disrupted.

Genetic truncation of the N-terminal latch domain has been shown to reduce hemolytic

activity on rabbit erythrocytes, although not entirely. In addition, the N-terminal latch

has been shown to prevent premature oligomerization of monomers whilst diffusing freely

in solution [139]. This adds to the evidence that appending Cy3B to the N-terminus could

potentially be deleterious to the protein’s activity. The N-terminus has also been shown

to be labile in laboratory preparations, as the lysine residue at position 8 is particularly

susceptible to proteolysis during expression and protein recovery in E. coli [41, 282].

C-terminal mutations to cysteine and their modification with 4–acetimido–4’–

((iodoacetyl)amino) stilbene–2,2’–disulphonate (IASD) have been shown to affect the
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Figure 3.2: Structural considerations in labelling the α-hemolysin monomer. (A) Superposition of
the LukF crystal structure (PDB code 1lkf) with a protomer subunit of the heptameric α-hemolysin
crystal structure (PDB code 7ahl). The brighter colours represent the α-hemolysin structure, the
dimmer colours that of LukF. (B) Two representations of the α-hemolysin heptamer (pdb code =
7AHL). (Left = side-view) Here the amino latch from the red-coloured protomer can be seen making
an interaction with the clockwise adjacent subunit inside the vestibule of the pore. The C-terminus
is indicated in green protruding into the bulk water. (Right = top-view) Here the same interactions
are visualised from the above the pore, showing the C-terminus facing the bulk water. The figures
were created using PyMol, Delano Scientific, USA.

hemolytic activity to a lesser extent than modifications at the N-terminus [283]. Hence,

for the structural and functional reasons described above, it was decided to modify the

C-terminus through a mutant cysteine with maleimido-Cy3B along with appending a

hexahistidine-tag to the C-terminus.
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3.1.1.3 Labelling Chemistry

Maleimides couple to thiols via a standard Michael addition yielding two diastereomers.

Cysteine is a soft-nucleophile and does not require acidic or basic catalysis to enable

conjugation to the maleimide carbon-carbon double bond. Under neutral to mildly basic

conditions the reaction proceeds rapidly, yielding a succinimidyl thioether. This reaction is

illustrated (Figure 3.3).
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Figure 3.3: The reaction of a thiolate anion with N-ethylmaleimido-Cy3B.

The success of the reaction of a maleimide with the thiol in the protein depends primarily

on the oxidation state of the cysteine residue, and the pH of the reaction buffer. As

the reactive nucleophile is the anionic thiolate species, oxidised thiol (i.e. sulphonate) is

unreactive, and hence it must be protected prior to conjugation. The reaction pH must also

be around the pKa of the thiol to be sufficiently reactive.

The imido linkage of the maleimide to dyes has been shown to be susceptible to hydrolysis

over a period of hours at pH 8.0 in TRIS buffer [91], as such it must be handled in

dry conditions prior to addition to the aqueous reaction mixture containing the protein

for labelling. Following labelling, the imido group of the succinimidyl moiety remains

susceptible to hydrolysis under basic conditions [153]. This is however true for the majority

of bioconjugations [145]. Therefore it is preferable to drop the pH of the buffering solution

upon chemical attachment of the dye, in order to prevent unwanted cleavage of the dye from

the protein-conjugate.
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3.2 Results

3.2.1 Engineering of a Suitable Protein Construct

Two C-terminal mutants were considered for labelling-efficiency assays. The first a mutation

of the threonine at position 292 to cysteine (T292→C), demonstrated previously [283]. The

second an addition of a cysteine after the end of the protein at position 293+1 (294C). A

hexahistidine amino acid affinity tag could be engineered after the C-terminal end of the α-

hemolysin gene, enabling straightforward high-stringency purification and protein handling

during labelling.

Secondary structure occuring at modified protein-termini can lead to difficult purification

with affinity tags. As a result it was decided that two separate constructs would be trialled.

One containing a long flexible linker between the end of the protein chain and the start of

the affinity tag, the other containing a shorter two-amino acid linker before the tag, the

engineering of which is described below.

3.2.1.1 PCR

The T292C-long linker-H6 construct was engineered by PCR from a template α-hemolysin

wild-type gene, containing a long-linker and hexahistidine tag1. The 294C-short linker-H6

construct, albeit with a non-silent mutation, had already been prepared previously in the

laboratory of Prof. Hagan Bayley and was offered as a gift.

The gene-encoding pT7-SC1 [41] vectors were linearised by restriction digestion. The use

of a double digest, excising a fragment of the plasmid prior to PCR, improves the probability

of recovering the mutant plasmid and not the template from transformed bacteria. This

negates the requirement for the destruction of the template, through for example a DpnI

endonuclease digestion. For each nicked vector, two primers were designed (one with a

mutation inducing mismatch) and one as the opposing opposite strand primer. Two separate

PCR reactions were performed, one for each construct to mutate the desired residues as

illustrated (Figure 3.4). The procedure was identical for both constructs.

Following PCR and in vivo recombination of the plasmids, the products were mini-

prepped and sequenced by dideoxy sequencing to verify the results of the mutagenesis.
1gift from Dr. Stephen Cheley
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Figure 3.4: (A) A schematic diagram of the double restriction digest pairs in the pT7-SC1 vector
encoding the αHL WT-R(GS)2S2G2S2H6 gene. (B) A schematic diagram of the two sets of PCR
reactions performed on the two restriction fragments. Primers 1 and 2 are used to generate one
half of the vector and gene (primer 1 contains the mismatch, primer 2 is perfectly complementary),
primers 3 and 4 are used in a separate reaction to generate the other half of the gene and vector.
Primers 1 and 3, and primers 2 and 4 are perfectly cognate. Following PCR, in vivo recombination
of the two halves of the vector was performed through equimolar cotransformation of E. coli with
both products to generate the final product vector encoding the (T292C-long linker-H6) αHL T292C-
R(GS)2S2G2S2H6 gene. The process to correct the mutation in the (294C-short linker-H6) αHL
294C-S2H6 construct was identical, using alternative primers to 1 and 3.

3.2.1.2 Protein Activity Verification

The measurement of the activity of any protein modified with a biophysical probe versus its

wild-type counterpart is an important control. Fortunately, α-hemolysin is straightforward

to assay for its activity, being highly hemolytic against intact rabbit erythrocytes [113].

If rabbit erythrocytes are incubated with α-hemolysin monomers, the erythrocytes will be

spontaneously lysed at a concentration-dependent rate due to pore formation and hence

induced osmotic-stress. This lysis leads to a decrease in light scattering if the turbidity
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is monitored in a spectrophotometer. Hemolytic assays in microtitre plates therefore

allow for the direct comparison of activity between different protein constructs at a fixed

concentration.

In vitro production of the α-hemolysin protomer is possible using a pT7 vector-encoded

gene using E. coli extracts, as described in the previous chapter. This so-called coupled in

vitro transcription and translation (IVTT) is capable of producing nanomolar concentrations

of radiolabelled protein in small volumes suitable for gel-extraction and reconstitution

into lipid bilayers, or assaying the activity of a particular mutant versus others. It is

assumed that the IVTT expression levels of α-hemolysin protomers is equivalent for all

mutants under the control of the same promoter in the same vector. Hence, hemolysis

assays were performed to compare the activity of the αHL T292C-R(GS)2S2G2S2H6 with

respect to the αHL 294C-S2H6 construct (Figure 3.5). The most active mutant would be

selected for subsequent labelling assays in preference of the mutant with diminished activity.

Comparison of the labelled mutants with respect to the wild-type protein is discussed in

Section 3.2.4. Here IVTT provides a straightforward means of protein production with

calibrated quantities, enabling a simple direct comparison of the protein activities. During

the comparison of activity of labelled and unlabelled protein, IVTT production was not

possible as spectroscopic calibrations of protein quantity are required (Section 3.2.4).

1 2 3 4 5 6 7 8 9 10 11 12

T292C

294C

OD 0.5
2 hr

Dilution Factor 0 2 4 8 16 32 64 128 256 512 1024 2048

Figure 3.5: A hemolytic assay comparing the activities of the αHL T292C-R(GS)2S2G2S2H6 and
αHL 294C-S2H6 mutants against intact rabbit erythrocytes. Each box represents a light-scatter
vs. time plot (therefore monitoring the hemolysis process for a given concentration) with each box
being a serial two-fold dilution going from left to right. The box axes correspond to the illustrated
magnitudes at the bottom left.

No difference in activity is observed from IVTT-produced protein between the two

mutants. Both mutant constructs were as a result assayed for expression levels in bacteria.
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3.2.1.3 Overexpression Trials

Overexpressed protein is a necessary requirement when high-stringency purification will

be performed, resulting from the fact that large proportions of the protein will be lost as

multiple purification procedures are performed in serial. Wild-type α-hemolysin is relatively

straightforwardly produced from Staphylococcus aureus Wood Strain 46. However, mutant

forms of the protein are more difficult to express. This process involves multiple cloning

steps from different shuttle vectors between E. coli DNAs and Staphylococcus aureus for

expression. As the protein is secreted from the cells, the purification of the protein then

involves the handling of large volumes of liquid broth which must be filtered of all bacteria

prior to ammonium sulphate precipitation, dialysis and ion exchange chromatography. This

process is tedious, but is capable of yielding large quantities of protein.

Another critical consideration in the handling of a cysteine mutant protein is speed

of preparation. Particularly when a maximal amount of reduced cysteine is required. A

lengthy ammonium sulphate precipitation will require difficult cysteine protection and may

hinder the chromatography processes downstream. As a result, it is incumbent to choose a

strategy for overexpression which is fast, produces large yields in small culture volumes and

is compatible with a straightforward rapid purification procedure.

Heptameric α-hemolysin can be prepared using IVTT protein and rabbit erythrocyte

membranes (rRBCMs) for oligomerization [289]. Autoradiography is used to image gels,

whereafter the appropriate band corresponding to heptamer can be excised and filtered to

remove the gel matrix. An advantage of this procedure is the ability to generate thiol-

containing protein rapidly and label it in one reaction mixture. However, the stringent

purification of such small quantities of protein is practically impossible. In addition,

monomeric α-hemolysin is intolerant to SDS in solution, which renders this means of protein

production unsuitable.

Therefore, overexpression trials in standard E. coli strains were performed. These

strains were all of the DE3 genotype (bacterial chromosomal DNA-encoded T7 polymerase),

optimised for highly-regulated overexpression of pT7 vector-encoded genes with isopropyl

β-D-thiogalactopyranoside (IPTG) induction. E. coli strains were transformed with the

plasmids generated by PCR, encoding the αHL T292C-R(GS)2S2G2S2H6 and αHL 294C-

S2H6 constructs.

Results demonstrated excellent yields of both protein constructs in all three bacterial
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Figure 3.6: E. coli overexpression trials results. (A) An image of a Coomassie-stained
12% BIS-TRIS SDS-PAGE gel following electrophoresis showing the relative yields of αHL
T292C-R(GS)2S2G2S2H6 (1,3) and αHL 294C-S2H6 (2,4) in JM109(DE3)(1,2) E. coli and
BL21(DE3)pLysS (3,4) E. coli. (B) A composite image of a Coomassie-stained 12% BIS-TRIS SDS-
PAGE gel following electrophoresis (separate lanes composited as single block from different positions
on a single gel, boxes show lane edges) showing αHL T292C-R(GS)2S2G2S2H6 overexpression in
the cytosolic fraction of an IPTG induced BL21(DE3)pLysS E. coli culture(1), the product of a
crude Ni2+-NTA IMAC purification is also shown (2). The total yield from a 1 L culture equalled
approximately 10 mg. (C) An image of a Coomassie-stained 4-12% Gradient TRIS-TRICINE SDS-
PAGE gel following electrophoresis showing the relative yields of αHL T292C-R(GS)2S2G2S2H6 in
BL21(DE3)pLysS and BL21(Rosetta)pLysS strains. Lanes 1 and 2 show the uninduced and induced
crude cell extracts from BL21(DE3)pLysS, lanes 3 and 4 show the uninduced and induced crude cell
extracts from BL21(Rosetta)pLysS. Lanes in all gels are normalised for total protein concentration
according to absorbance at 280 nm.

strains (Figure 3.6A). The only difference in the different mutant’s expression in JM109

and BL21 strains is the apparent growth rate of the bacteria. JM109(DE3) bacterial

cultures reach log-phase growth considerably slower than BL21(DE3)pLysS cultures (data

not shown). BL21(DE3)pLysS bacteria also harbour the pLysS plasmid encoding T7

lysozyme. Lysozyme controls the expression more tightly, down-regulating the expression of

the target gene under the control of the T7 promoter without interfering with its expression

post-induction with IPTG. Its presence in the cytosol of the bacteria also facilitates a

more straightforward recovery of bacterial cytosolic components, easing cell lysis after

overexpression.

For these reasons, the BL21 strain was chosen as the overexpression strain for subsequent
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experiments. A crude Ni2+-NTA IMAC purification is shown (Figure 3.6B). The total yield

of αHL T292C-R(GS)2S2G2S2H6 from a 1 L culture is approximately 10 mg. As there was

no appreciable difference between the expression levels of αHL T292C-R(GS)2S2G2S2H6 and

αHL 294C-S2H6, the longer-linker αHL T292C-R(GS)2S2G2S2H6 was chosen in preference

due to its expected increased hexahistidine-tag flexibility. A direct comparison of two

different strains of BL21-derived bacteria is shown (Figure 3.6C). The Rosetta strain of

BL21 is optimised for expression of mammalian genes, however it is clear that the total cell

content of α-hemolysin following induction is improved versus that of BL21(DE3)pLysS.

This expression system was used in preference for the α-hemolysin production described

below.

3.2.2 Cysteine Reactivity Assay

In order to design a suitable and efficient cysteine labelling strategy, a range of

conditions were assayed using SDS-PAGE as a means to visualise protein modification,

an electrophoretic mobility shift assay (EMSA). Appending a large moiety to a protein,

such as a polymer, can result in a change in its electrophoretic mobility. A polyethylene

glycol compound (MW ≈ 5000 Da) with a terminal maleimide moiety (PEGm) was used in

these experiments to label the mutant cysteine residue in the αHL T292C-R(GS)2S2G2S2H6

protein under a range of different conditions.

Conditions testing the required molar ratios of PEGm versus protein were assayed

between 1:1 molar equivalence of PEGm and 50:1. Disulphide bond reducing agents were

also assayed for their relative efficacies. The length of time of reactions was varied between

15 minutes and 16 hours. And the solution pH was found to not have a significant effect on

the rate of reaction between the values of 7.0 and 8.0. Tests were also performed to deduce

the preferred method for terminating the reaction, including dropping the pH of the solution

dramatically and addition of a large excess of β-mercaptoethanol to quench the maleimide.

These experiments enabled the design of a reliable labelling procedure which could yield

in excess of 50% of total overexpressed protein being labelled. The following reaction

parameters were chosen as being optimal following multiple trial reactions. The preferred

solvent for dye solubilisation is dimethylformamide (DMF), as dimethylsulphoxide (DMSO),

the manufacturer’s suggested solvent was found to promote thiol oxidation. A divalent

metal cation scavenger, such as EDTA, or a solid-state divalent cation binding resin such
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Figure 3.7: Electrophoretic mobility shift assays for labelling efficiency. An image of a Coomassie-
stained SDS-PAGE gel following electrophoresis of pure αHL T292C-R(GS)2S2G2S2H6 protein and
protein following labelling with PEGm. The protein prepared as described in methods and following
gel filtration was incubated with TCEP for 1 hour. Lane 1 illustrates protein without any added
PEGm and Lane 2 illustrates reduced protein following an hour long reaction with PEGm. The gel on
the right illustrates the effectiveness of labelling if no TCEP is added. Lane 1 shows control protein
with no added PEGm, Lane 2 illustrates protein following a 1 hour incubation with PEGm. In
both gels reactions were performed at room temperature with degassed buffers. PEGm was dissolved
in dry DMSO in both experiments and added to the protein in 10:1 molar excess. In the first
gel a clear band is visible approximately 5000 Da heavier than the unreacted protein in lane 2.
All experiments were terminated by addition of a large excess of β-mercaptoethanol containing gel
loading buffer prior to immediate electrophoresis. All cysteine reactivity experiments were carried
out in this manner, by monitoring the relative amounts and positions of molecular-weight shifted
products following different reaction condition trials.

as CHELEX can protect thiols from oxidation. Degassed reaction buffers greatly enhance

the stability of the reduced state of the thiol. Reduction of disulphide bonds (cystines) was

most efficient using dithiothreitol (DTT), as this reagent will always yield reduced thiol and

avoids potential covalent attachment as is the case with β-mercaptoethanol or β-cysteamine.

It was also found that phosphine-based disulphide reducing agents are highly reactive with

the maleimide, expected given phosphine’s high nucleophilicity. This was in contrast to the

manufacturer’s literature, however in keeping with reports which have shown this reactivity

with maleimides [85, 240]. As all tested reducing agents were found to detrimentally reduce

the labelling efficiency if present during the labelling reaction, their removal was of great

importance before the addition of the dye to the protein solution for labelling [85].

Maleimide is susceptible to hydrolysis under basic conditions, hence an intermediate pH

of 8.0 was found to be optimal for labelling the cysteine in αHL T292C-R(GS)2S2G2S2H6.

At a pH slightly lower than the predicted pKa of 8.3, the reaction was found to progress

to completion within 15 minutes at room temperature, where the molar excess of dye to

protein was 10:1. These conditions were then translated into a larger scale purification and

labelling strategy.
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3.2.3 Large-Scale Purification and Labelling

A sufficient quantity of protein for labelling stoichiometry assays in bulk, as well as sufficient

quantities for single-molecule experiments was required from a scaled-up preparation of

α-hemolysin. Following Ni2+-NTA IMAC, the disulphide bonds would be reduced by

immediate addition of β-cysteamine or DTT following column elution.
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Figure 3.8: Removal of disulphide bond reducing agents using solid-state resins. (A)
A chromatogram showing unsuccessful removal of β-Cysteamine from a pure αHL T292C-
R(GS)2S2G2S2H6 protein sample following reduction. The small column did not enable a complete
separation of reducing agent as illustrated by the overlap of the protein sample (blue trace) with the
salt-peak (red trace). (B) A chromatogram showing multiple successful removals of DTT from a
pure αHL T292C-R(GS)2S2G2S2H6 protein sample following reduction. Here, four separate plugs
of 1 mL protein were loaded onto the column at roughly 20 mL flow intervals. Efficient desalting,
and therefore removal of reducing agent is evidenced by the clear separation of protein (blue trace)
and salt-peak (red-trace). The columns used were as follows A = GE Healthcare HiTrap Desalting
column (containing Sephadex G-25 superfine gel filtration medium), pumped at 1 mL min−1 flow
rate, 1 mL protein plug loaded, B = GE Healthcare Tricorn Superdex 200 10/300 GL Gel Filtration
column, pumped at 1 mL min−1 flow rate, 1 mL protein plugs loaded. Both experiments used 10
mM TRIS-HCl buffered 150 mM NaCl at pH 8.0 as the mobile phase.

A means to remove the reducing agent from solution is required prior to the addition of

the dye to protect it from quenching. The use of β-cysteamine and DTT enables efficient

removal using a variety of standard lab techniques. The most straightforward means to do

this is through the use of a solid-state resin in a column. Two types of column were trialled.

The first, a specialised desalting column, showed poor removal of the reducing agent from

solution (Figure 3.8A), whereas a larger gel filtration size-exclusion column demonstrated

excellent removal (Figure 3.8B). This procedure was carried out in buffer containing no

additional salt. Low ionic strength is a necessary requirement for good binding to the cation

exchange resin in the next step.

Thereafter dye can be added to the solution, having been solubilised in DMF, with a final
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Figure 3.9: The complete process of labelling α-hemolysin. (A) A chromatogram showing
the separation of Cy3B-labelled and unlabelled αHL T292C-R(GS)2S2G2S2H6 protein following
reduction with β-cysteamine. The blue trace corresponds to absorbance in the UV at 280 nm (protein
and dye combined), the pink trace corresponds to the absorbance of the dye at 560 nm. Band 1
shows the first eluate, labelled protein absorbing in the green/yellow and UV. Band 2 shows the
secondary eluate, unlabelled protein absorbing in the UV. (B) The entire process of cation exchange
chromatography for the removal of free dye from DTT-reduced and Cy3B-labelled protein. Band 1
shows the free dye eluting from the column during protein binding. Band 2 shows the elution of weekly
bound labelled protein, whereas band 3 shows the elution of pure Cy3B-labelled protein. The image of
a Coomassie-stained gel shows the entire process of purification and labelling from overexpression to
post-cation exchange pure labelled protein. Lane 1 shows crude supernatant following resuspension
of bacterial cytosol following overexpression. Lane 2 shows the principle eluate from the Ni2+-
NTA IMAC purification. The protein is then gel filtered using a GE Healthcare Tricorn Superdex
200 10/300 GL column following DTT reduction, lane 3. Lane 4 illustrates the protein sample
after labelling but prior to cation exchange. Lane 5 corresponds to the dye flow-through band 1 in
chromatogram B. Lane 6 corresponds to the final product Cy3B-labelled protein eluate band 3 in
chromatogram B. All lanes were normalised by absorbance in the UV, factoring in absorbance of the
dye (∼12% of 560 nm absorbance).
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concentration of DMF no greater than 1% (v:v) to avoid damaging the protein. The time the

protein can persist in solution without reforming a significant quantity of disulphide bonds

is not characterized, however this length of time prior to addition of dye was kept as short as

possible after elution from the column. After 15 minutes at room temperature, the reaction

was quenched by addition of a large excess of MES buffer at pH 5.5. The ionic strength

therefore being sufficiently low, and the protein being sufficiently protonated (approximately

3 pH units lower than the pI at pH 5.5) for strong binding to the sulphonyl-propyl cation

exchange resin. Elution was performed using a gradient of MES buffered 1 M NaCl at pH

5.5 (Figure 3.9B).

3.2.4 Bulk Characterization of Labelled Monomeric α-Hemolysin

Labelled protein stored in MES buffer at pH 5.5 was hemolytically assayed against intact

rabbit erythrocytes, versus wild-type protein produced from Staphylococcus aureus Wood

Strain 462 and hexahistidine-tagged α-hemolysin overexpressed in E. coli (IMAC and gel

filtration purified), as described previously. Protein concentrations were normalised by

Bradford assay. The results show roughly equal activities between the three proteins (Figure

3.10). This result demonstrates that the separate addition of a hexahistidine-tag and an

extrinsic fluorophore to the α-hemolysin monomer has no deleterious effect upon the activity

of the protein against rabbit erythrocytes.

Page 1 of 1
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Figure 3.10: A hemolytic assay comparing the activities of the wild-type α-hemolysin (WT)
from Staphylococcus aureus Wood Strain 46 with hexahistidine-tagged wild-type α-hemolysin αHL-
R(GS)2S2G2S2H6 (WT-H6) and Cy3B-labelled αHL T292C-R(GS)2S2G2S2H6 (T292C-Cy3B)
against intact rabbit erythrocytes. Numbers indicate a serial two-fold dilution going from left to
right. The box axes correspond to the illustrated magnitudes at the bottom left.

2gift from Qiuhong Li
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In order to quantify the stoichiometry of appended Cy3B dye to protein, the absorbance

of the dye in the visible spectrum was compared to that of the protein and dye in

the UV (Figure 3.11B). This pure labelled protein eluate from cation exchange was

separated by reverse-phase high-performance liquid chromatography (RP-HPLC), yielding

a single symmetrical peak (Figure 3.11A). Briefly, the protein was injected and bound to

a hydrophobic interaction C:18 column in 0.1% (v:v) formic acid, 10% (v:v) acetonitrile

(AcN) and 99.9% (v:v) MQ water. The protein was then eluted by increasing the acetonitrile

concentration. The Cy3B-labelled protein’s absorbance spectrum was analysed as it eluted

from the column by in-line UV-Vis spectrophotometry using a photo-diode array (PDA).

The relative absorbance of the dye at 280 nm versus that at its absorbance maximum at

560 nm are known from spectra taken of pure dye to be 12%. Hence, the stoichiometry of

the dye molecules in the sample versus protein molecules could be directly calculated from

the absorbance spectrum.
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Figure 3.11: Stoichiometric analysis of Cy3B-labelled αHL T292C-R(GS)2S2G2S2H6 by UV-Vis
Spectrophotometry. (A) A RP-HPLC chromatogram showing the separation of the dye-labelled
protein from salt by adsorption to and elution from a hydrophobic interaction C:18 matrix. (B)
The PDA-captured spectrum of the eluate shown in the chromatogram. The Cy3B dye absorbs in
the UV and visible regimes, however the protein absorbs only in the UV (i.e. intrinsic aromatic
residue absorbance e.g. Trp).

The absorbance values are: 560 nm = 287.4, 280 nm = (190.6∗0.88) = 167.7. Therefore

according to the Beer-Lambert relationship,

A = ξCD (3.1)

where A is absorbance, ξ is the molar absorption coefficient, C is the concentration and D
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is the path length. The concentration of the dye is 2.6 µM, and the concentration of protein

is 2.4 µM giving a labelling ratio of dye to protein of 1.08:1. This ratio is indicative of a

highly efficient labelling procedure where on average one dye molecule is appended to every

protein molecule. The single peak eluting from the hydrophobic interaction chromatography

is indicative of the sample following labelling and cation exchange being extremely pure, and

also therefore containing no free dye.

Further analysis was performed by mass spectrometry in order to verify the state of

the Cy3B-labelled protein. Protein mass spectrometry is easily capable of resolving single

amino acid substitutions, for example by mutation, and even oxidation states of amino acids

or modifications such as dye molecules. An electrospray (ESI) spectrum by time-of-flight

(TOF) detection was acquired for the eluate of the RP-HPLC procedure (Figure 3.12A). The

spectrum was deconvolved by a maximum-entropy method to give a mass equal to 35,558.05

± 3.61 Da, whereas the predicted mass equals 35,556.35 Da. This mass is within error of

the calculated predicted mass of the protein plus the Cy3B appendage covalently attached

to the engineered cysteine residue at position 292.

3.2.4.1 Labelling α-Hemolysin Heptamers during IMAC

Further work pursued the labelling and purification of preformed heptameric α-hemolysin. A

method was developed to label the protein whilst immobilised on a metal affinity column. α-

Hemolysin when expressed in the manner described above for monomeric labelling also exists

as heptamers in the overexpressing bacteria and the heptamer is known to be stable in SDS.

It can therefore be extracted from a crude suspension of bacteria following overexpression

by solubilisation with SDS-containing buffer. Most of the cytosolic and membrane resident

proteins will precipitate under these conditions, including the large majority of monomeric

α-hemolysin molecules present.

Due to the presence of seven hexahistidine tags in the heptameric α-hemolysin complex,

it is possible to bind the protein, even in the prescence of a strong denaturant such as SDS, to

a Ni2+-NTA column. Elution of non-hexahistidine-tagged proteins and residual monomeric

α-hemolysin can be performed by increasing the concentration of imidazole in the eluent to

below the critical concentration for heptamer elution. Thereafter dye can be injected into

the column to react with cysteines on the matrix-adsorbed proteins. The free unreacted

dye can be washed off the column with buffer as it is not adsorbed strongly to the column.

71



3.2. Results

50
0

10
00

15
00

20
00

m
/z

05010
0

% Intensity

59
3.

76
[M

+
60

H
]+

60
3.

64
[M

+
59

H
]+

61
4.

11
[M

+
58

H
]+

62
4.

68
[M

+
57

H
]+

63
6.

04
[M

+
56

H
]+

64
7.

59
[M

+
55

H
]+

65
9.

55
[M

+
54

H
]+

67
1.

96
[M

+
53

H
]+

68
4.

70
[M

+
52

H
]+

69
8.

13
[M

+
51

H
]+

71
2.

28
[M

+
50

H
]+

72
6.

76
[M

+
49

H
]+

74
1.

73
[M

+
48

H
]+

75
7.

49
[M

+
47

H
]+77

3.
98

[M
+

46
H

]+

79
1.

32
[M

+
45

H
]+

80
9.

23
[M

+
44

H
]+

82
7.

93
[M

+
43

H
]+

84
7.

60
[M

+
42

H
]+

86
8.

20
[M

+
41

H
]+88
9.

80
[M

+
40

H
]+

91
2.

72
[M

+
39

H
]+

93
6.

80
[M

+
38

H
]+ 96
2.

12
[M

+
37

H
]+98
8.

88
[M

+
36

H
]+ 10

16
.9

3
[M

+
35

H
]+10

46
.7

6
[M

+
34

H
]+ 10

78
.5

0
[M

+
33

H
]+ 11

12
.0

9
[M

+
32

H
]+

11
48

.0
4

[M
+

31
H

]+
11

86
.1

5
[M

+
30

H
]+

12
27

.2
5

[M
+

29
H

]+
12

70
.8

7
[M

+
28

H
]+

13
17

.8
8

[M
+

27
H

]+

13
68

.5
3

[M
+

26
H

]+

18
72

.5
3

[M
+

19
H

]+

14
23

.3
3

[M
+

25
H

]+

14
82

.6
3

[M
+

24
H

]+
15

46
.8

9
[M

+
23

H
]+

16
17

.4
2

[M
+

22
H

]+
16

94
.3

6
[M

+
21

H
]+

17
79

.0
3

[M
+

20
H

]+

Figure 3.12: Positive-mode ESI-TOF mass spectrum for pure Cy3B-labelled αHL T292C-
R(GS)2S2G2S2H6. The spectrum is deconvoluted to give a mass equal to 35,558.05 ± 3.61 Da.
Peaks assigned in the deconvolution are assigned (black peaks) with their masses and proton-adduct
stoichiometric classifications given.

72



3.3. Discussion

A standard gradient elution with imidazole can then be performed to elute the remaining

dye-labelled heptameric complexes. This procedure is shown (Figure 3.13A). SDS-PAGE

analysis following labelling shows that the labelled heptamer is highly pure and stable, with

no monomeric α-hemolysin present in the heptamer eluate fraction(Figure 3.13B).
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Figure 3.13: Heptamer labelling with Cy3B during immobilisation on a Ni2+-NTA column. (A)
A chromatogram showing the immobilisation injection and binding of α-hemolysin heptamers in
1% (w:v) SDS solubilised heptamers to a 1 mL Ni2+-NTA resin in 0.1% (w:v) SDS buffered with
TRIS-HCl at pH 8.0 containing 0.5 M NaCl. Band 1 shows the elution of unbound proteins from
the column. Band 2 shows the elution of weakly-bound proteins from the column using a gradient of
imidazole up to 150 mM concentration. Band 3 shows the injection and elution of Cy3B-maleimide
dissolved in binding buffer. The dye was left on the column for 30 minutes to react prior to elution.
Band 4 shows the fraction containing heptameric α-hemolysin being eluted from the column using
an imidazole gradient. (B) A composite image of a gel imaged by Coomassie staining and UV
illuminated fluorescence imaging. Lane 1 shows the fraction from the chromatogram corresponding
to band 2. Lane 2 shows the fraction from the chromatogram corresponding to band 4 by Coomassie
staining. Lane 3 shows the same as lane 2 imaged by UV-illuminated fluorescence imaging.

3.3 Discussion

The production of pure singly-labelled α-hemolysin is of paramount importance for single-

molecule measurements of its assembly pathway using fluorescence microscopy. Any free

dye or multiply-labelled monomeric α-hemolysin species could prevent accurate designation

of complex stoichiometry in imaging.

Overexpression of monomeric and heptameric α-hemolysin is shown in bacteria yielding

as much protein as 10 mg L−1 following the first stage of purification. The protection of an

engineered cysteine residue at the protein’s carboxyl terminus is achieved using DTT. DTT
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3.4. Conclusions

has a high-propensity to cyclise to release itself from the protein [46], therefore yielding more

reactive cysteines versus other reducing agents tested here [85]. The use of degassed buffers,

DMF to solubilise the dye, EDTA to prevent oxidation of the thiol and cold-temperatures

also enable a better labelling yield.

Labelling the protein construct at pH 8.0, in an excess of primary-amine containing buffer

(TRIS), gives highly directed modification of the protein at the cysteine residue specifically.

The pH of the reaction is too low to label any intrinsic primary amines of the protein, such

as those at the amino terminus or of lysine side-chains, however it is close enough to the pKa

of cysteine to ensure the cysteine is significantly anionic to be reactive towards a maleimide

carbon-carbon double bond. Stoichiometric analysis following labelling and purification by

cation exchange and RP-HPLC shows close to 1:1 labelling of protein molecules with the

rigidified cyanine dye, Cy3B. Mass spectrometry confirms the analysis by spectrophotometry,

showing a labelling product within error of the mass of the predicted labelled protein species.

Final quantities of pure labelled product using this protocol from a litre culture of bacteria

are approximately 1-2 mg.

Further efforts to label the preformed heptameric mature form of α-hemolysin show

effective labelling of the pore and its straightforward purification in a single chromatographic

step, yielding large quantities. The principle of labelling a detergent-solubilised membrane

protein complex shown here could assist in the labelling of other obligate membrane protein

complexes in the future for single-molecule fluorescence experiments. For example, this

technique could be used with other milder detergents to fluorescently label ion channels

expressed in any expression system. Whilst the stoichiometry of labelling is harder to

quantify versus a monomeric water-soluble globular protein, this technique could yield

significant time and effort advantages over other current techniques.

3.4 Conclusions

The selective labelling of α-hemolysin monomers for single-molecule fluorescence microscopy

analysis of its assembly pathway is demonstrated. Yields are high, enabling rigorous

quantification of labelling success and stoichiometry. The products shown in this chapter

were used for the single-molecule imaging of the assembly pathway of α-hemolysin described

in Chapter 6.
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3.5 Materials and Methods

3.5.1 Materials

Unless otherwise stated, all chemicals were from Sigma (Sigma-Aldrich Ltd, Gillingham,

U.K.). Triton X–100 detergent, acrylamide, β-mercaptoethanol (2–ME) and nucleic acid gel

loading buffer were from Bio-Rad (Bio-Rad Laboratories, Hercules, CA). E. coli bacteria

stocks were from Promega (Promega, Madison, WI) apart from Rosetta cells which were

from Novagen (EMDBiosciences, U.K.). Doubly-deionised 18 MΩ cm−1 water (Millipore

Corporation, Billerica, MA) was used throughout unless otherwise stated. Dioxane-free

isopropyl–β–D–thiogalactopyranoside (IPTG) was from Calbiochem (EMD Biosciences Inc,

San Diego, CA). All chromatography equipment and Cy-dyes were from GE Healthcare

(GE Healthcare Life Sciences, Amersham, U.K.). Restriction enzymes, their buffers and

additives and Phusion (Finnzymes) DNA polymerase for PCR were from New England

Biolabs (Ipswich, MA).

3.5.2 Cloning and Overexpression

The pT7-SC1 vector was used throughout the cloning procedures [41]. Restriction digests

were performed as per the manufacturer’s instructions, briefly, 1 µg of purified recombinant

plasmid (prepared by Qiagen Maxi-prep) containing the template DNA sequences were

digested in two separate reactions. The first with EcoNI and SapI, the second with BlpI and

HindIII overnight at 37◦C. 20 µL PCR reactions were set up containing 4 µL (5×) Phusion

High-Fidelity buffer, 0.4 µL 10 mM dNTPs, 2× 5 µL 1 µM sense and antisense primers, 5 µL

of the digested template, 0.4 µL DMSO and 0.2 µL Phusion polymerase. PCR conditions

for both mutants were identical and were as follows:

98◦C 1 min
Melt 98◦C 30 s
Anneal 57◦C 30 s × 30 cycles
Extend 72◦C 2 min

72◦C 10 min
4◦C ∞

Table 3.1: PCR reaction parameters

PCR products were verified by 0.8 % agarose gel electrophoresis prior to transformation

of ultra-competent XL10g E. coli for plasmid amplification. Plasmids were purified (Qiagen
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3.5. Materials and Methods

Mini-prep) and sequenced by dideoxy chain-termination Sanger sequencing. Following

selection of successfully mutated genes, the plasmids were Maxi-prepped and resequenced

prior to overexpression experiments.

E. coli strains used in the overexpression trials and their respective genotypes are given

below:

JM109(DE3) : endA1, recA1, gyrA96, thi, hsdR17 (rk-, mk+), relA1, supE44, λ-, ∆(lac-

proAB), [F’, traD36, proAB, lacIqZ∆M15], lDE3

BL21(DE3)pLysS : F-, ompT, hsdSB (rB-, mB-), dcm, gal, λ(DE3), pLysS, Camr

BL21 Rosetta(DE3)pLysS : F-, ompT, hsdSB (rB-, mB-), dcm, gal, λ(DE3), pLysSRARE,

Camr

All three strains are lysogenic for λ-DE3 [252], which contains the T7 bacteriophage gene

I, encoding T7 RNA polymerase [58] under the control of the lac UV5 promoter.

Overexpression was performed in LB in 500 mL volumes. Bacterial culture growth was

monitored at all times by optical density measurement at 600 nm (OD600). Induction with

IPTG was performed by addition of 1 mM [final] to the cultures during log-phase growth

between the OD600 values of 0.5-0.8. After induction cultures were continued for another 3

hours. Cultures were pelleted at 3500 × g and the supernatents were discarded. Cell pellets

were resuspended on ice in the following buffer, 1.0% (v:v) Triton X-100, 50 mM TRIS-HCl,

150 mM NaCl, 1 unit Protease Inhibitor Cocktail I (Novagen) at pH 8.0. Thereafter the

sample was sonicated on ice six times for 30 s. The cell debris was pelleted at 3500 × g and

the supernatents were filtered through 0.2 µm cellulose acetate filters (Nalgene) and kept

for no longer than 1 hour prior to purification at 4◦C.

3.5.3 IMAC

The recovered cytosolic constituents from the bacterial resuspension and lysis were purified

by immobilised metal-affinity chromatography using a Ni2+:NTA column (HiTrap Chelating

HP, GE) with an Äkta Purifier FPLC system (GE). Briefly, the samples would be loaded onto

the column using a Superloop. The binding buffer consisted of degassed 50 mM TRIS-HCl,

0.5 M NaCl and 10 mM imidazole at pH 8.0. The elution buffer (mixed in a constant-

gradient elution) contained degassed 50 mM TRIS-HCl, 0.5 M NaCl and 0.5 M imidazole at
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pH 8.0. The hemolytic fraction was selected for the next stage of the procedures as described

below.

3.5.4 Hemolytic Assays

Hemolytic assays were performed as described previously [139]. Briefly, a microtitre plate

had all wells filled with 50 µL of buffer, 10 mM MOPS, 150 mM NaCl, 1 mg mL−1 BSA

titrated to pH 7.4 with NaOH (MBSA), apart from the first well where 5 µL of protein sample

was diluted into 95 µL of buffer and the final well which was left empty. The proteins were

then serially 2-fold diluted across the plate in each consecutive well. Whole rabbit blood in

EDTA (mixed sex, Harlon Scientific, U.K.) was washed repeatedly with MBSA resulting in

a 1% suspension. This was rapidly pipetted into the wells starting from the most dilute side

to begin hemolysis. The progress of hemolysis was followed every 30 s by a measurement

of the optical density (light scattering) at 595 nm using a Bio-Rad microtitre plate read

(Model 3550-UV) [40].

3.5.5 Disulphide Bond Reduction and Gel Filtration

Following IMAC the protein is present in TRIS buffer and approximately 0.5 M imidazole,

0.5 M NaCl as judged by the elution peak position versus elution buffer concentration

gradient. The protein must be desalted prior to separation from dye on a cation exchange

resin, hence the most logical time to do this is immediately after IMAC and disulphide bond

reduction. The reducing agents β-ME, β-cysteamine, TCEP and DTT were all trialled.

Protein samples from IMAC were incubated on ice with 1 mM reducing agents for 1 hour

prior to gel filtration/desalting. Desalting the samples was performed in degassed 20 mM

TRIS-HCl buffer containing 1 mM EDTA at pH 8.0 at a flow rate of 0.5 mL min−1 on

a Tricorn Superdex 200 10/300 GL column (GE) in batches. Batches were immediately

labelled following elution from the column.

3.5.6 Labelling and Cation Exchange

Labelling was carried out by addition of 10× molar excess of Cy3B-maleimide dye (GE)

dissolved in DMF, followed by mixing in darkness and reaction at room temperature for

15 minutes. Thereafter 50-fold excess (v:v) cation exchange resin binding buffer was added
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to quench the reaction. Cation exchange binding buffer, 10 mM MES at pH 5.5 was used

during binding and washing, free dye did not bind to the column under these conditions

(HiTrap SPFF, GE). Protein was eluted using a NaCl gradient up to 1 M in 10 mM MES

at pH 5.5.

3.5.7 Bulk Characterization

Labelled protein was characterized by hemolytic assay versus an equivalent amount of

unlabelled wild-type protein produced from the supernatant of a Staphylococcus aureus

Wood Strain 46 culture. Protein purity was verified by SDS-PAGE prior to quantitation by

UV-Vis and Bradford assay, using BSA for calibration as described previously [30].

RP-HPLC was performed using a Prostar LC system (Varian, U.K.) using a µRPC

C2:C18 ST 4.6/100 reverse-phase column. Protein was bound to the hydrophobic interaction

matrix using 99.9% (v:v) MQ water and 0.1% (v:v) formic acid, and eluted using a gradient

(as shown in text) of 90% (v:v) AcN, 9.9% (v:v) MQ water and 0.1% (v:v) formic acid. The

instantaneous spectrum taken by a PDA detector upon elution of the protein peak was used

for quantitation of stoichiometry of labelling, as described in the text.

Mass spectrometry was performed using a Synapt ESI–Q-TOF (Waters) mass

spectrometer using a Nanomate ESI chip system (Advion) for positive-mode ionisation.

The system was calibrated using a horse-heart myoglobin standard. The recovered protein

mass spectrum was deconvoluted using a maximum entropy method using Waters’ software,

yielding a single principal peak as stated in the text.

3.5.8 Heptamer Labelling

As is the case with overexpressed monomer recovery from bacterial cytosol, the same buffer

is used for bacterial resuspension with 1% SDS (w:v) added to 1.0% (v:v) Triton X-100, 50

mM TRIS-HCl, 150 mM NaCl, 1 unit Protease Inhibitor Cocktail I (Novagen) at pH 8.0. The

majority of protein precipitates and was removed by repeated centrifugation and retention

of supernatant at 20,000 × g. The sample was filtered through a 0.2 µm cellulose acetate

filter (Nalgene) and kept for no longer than 1 hour prior to purification at 4◦C. Purification

and labelling were carried out as described in the text using an identical buffer to that

described for monomer IMAC however also containing 0.1% (w:v) SDS. Cy3B-maleimide

dye was added to the column for labelling at 1 µM concentration in binding buffer diluted
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from a stock in DMF. Protein labelling was analysed by SDS-PAGE as described in the text.

Protein was frozen at -80◦C for storage.

3.5.9 Protein Storage

Following labelling and bulk characterization, the labelled α-hemolysin monomer was stored

in the cation exchange elution buffer at +4◦C.
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Chapter 4

Protein and Lipid Diffusion in

Droplet-on-Hydrogel Bilayers

Abstract

The fluid properties of Droplet-on-Hydrogel Bilayers are investigated by single-particle

tracking. Fluorescently labelled lipids and protein are incorporated into DHBs and imaged

using TIRF microscopy. The diffusion of individual lipids and the pore-forming toxin α-

hemolysin in DHBs is studied using a novel single-particle tracking algorithm derived from

an astronomical point-spread function detection process.

4.1 Introduction
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Figure 4.1: A schematic diagram of TIRF microscopy on DHBs: (A) A supporting substrate
comprised of a thin layer of agarose is formed on a glass coverslip. This thin substrate film is
rehydrated by filling a PMMA micro-channel device (B) with aqueous agarose. The device wells are
filled with a solution of lipid in oil. An aqueous droplet (approximately 50 nL in volume) is placed
on top of the hydrogel underneath the oil. A lipid bilayer (approximately 200 µm in diameter) forms
at the interface between the two aqueous phases. The evanescent wave propagates through the thin
hydrogel supporting substrate into the DHB illuminating the lipid bilayer and fluorophore-tagged
proteins in the droplet.

4.2 Results

4.2.1 Droplet-on-Hydrogel Bilayer Characterization
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Figure 4.2: Mean MSD versus time-lag for all experimental data for each diffusing species studied.
SLB lipid (black squares) with corresponding weighted linear fit (black solid line) show the slowest
lateral diffusion coefficient (Dlat = 1.5 ± 0.8 µm2 s−1). DHB lipid (red circles) with corresponding
weighted linear fit (red solid line) show the fastest lateral diffusion coefficient (Dlat = 32.2 ± 18.7
µm2 s−1). α-hemolysin monomers (blue triangles) with corresponding weighted linear fit (blue solid
line) show the fastest lateral diffusion coefficient of the two proteins (Dlat = 28.5 ± 6.9 µm2 s−1).
Finally, α-hemolysin heptamers (green diamonds) with corresponding weighted linear fit (green solid
line) show the slowest lateral diffusion coefficient of the two proteins (Dlat = 16.0 ± 6.5 µm2 s−1).
Error is indicated by the corresponding coloured dashed lines indicating the positive and negative
magnitude of the reciprocal of the square of the number of independent MSD pairs for each time-lag
(1/N−0.5).
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Figure 4.3: Histograms of individual track lateral diffusion coefficients with fitted probability density
functions of the gamma distribution. (Black) SLB lipid < Dlat > = 0.9 µm2 s−1, χ2

r = 2.2. (Red)
DHB lipid < Dlat > = 26.26 µm2 s−1, χ2

r = 2.8. (Blue) α-hemolysin monomers < Dlat > = 21.5
µm2 s−1, χ2

r = 1.49. (Green) α-hemolysin heptamers < Dlat > = 10.8 µm2 s−1, χ2
r = 4.4.
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4.2. Results

Species Trajectory No. α1 r21/µm2 r22/µm2

SLB Lipid 1050 0.94 ±0.02 0.11 ±0.02 1.78 ±0.65
DHB Lipid 844 0.08 ±0.04 0.94 ±0.65 7.25 ±0.19
αHL1 894 0.17 ±0.07 1.64 ±1.05 7.15 ±0.3
αHL7 909 0.78 ±0.16 3.21 ±0.46 8.44 ±2.53

Table 4.1: Fitting results for probability distributions plotted in Figure 4.4.
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Figure 4.4: Graphs showing 1 - P vs. r2, where P is the probability that a particle will be found at
a position within an area defined by the radius squared r2 after 20 ms of diffusion. Only 200 data
points over the time course (linear interpolation) are shown for clarity, see Table 4.1 for information
on data set sizes. (Black) SLB lipids, (Red) DHB lipids, (Blue) α-hemolysin monomers and (Green)
α-hemolysin heptamers.
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4.2.2 α-Hemolysin Analysis

4.3 Discussion
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4.4 Conclusions
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4.5. Materials and Methods

4.5 Materials and Methods

4.5.1 Materials

4.5.2 Supported Lipid Bilayers
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4.5. Materials and Methods

4.5.3 Droplet-on-Hydrogel Bilayers

4.5.4 Protein Preparation
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Figure 4.5: (A) Cation exchange chromatogram showing the elution profile of labelled and
unlabelled monomeric α-hemolysin. Absorbance at 280 nm (dotted line), absorbance at 560 nm
(dashed line) and the concentration of the eluent NaCl (solid line) are shown on the y axes. The
0.5 mL fraction used in subsequent experiments is shown between as a gray band. (B) Fluorescence
image of the SDS-PAGE gel used to separate labelled heptameric α-hemolysin, free dye and non-
oligomerized monomeric α-hemolysin.

4.6 Tracking experiments
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4.6. Tracking experiments

5.3 μm

Figure 4.6: A representative image of fluorescently labelled heptameric α-hemolysin diffusing in
a DHB. This raw 128 × 128 pixel image was acquired from a 2.5 ms exposure time and is shown
without any filtering or adjustment.

4.6.1 Fluorophore Tracking Algorithm

4.6.1.1 Initial Image Analysis
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4.6. Tracking experiments

4.6.1.2 Spot Detection

[ (( ) ( ) )]

4.6.1.3 Track Reconstruction
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Figure 4.7: A diagram showing the principles of the CLEAN algorithm.
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4.7. Data Analysis

4.7 Data Analysis

4.7.1 Lateral Diffusion Coefficient Calculations

4.7.2 Population Multi-Component Analysis
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4.7. Data Analysis
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Chapter 5

Simultaneous Fluorescence and

Electrical Recording in

Droplet-on-Hydrogel Bilayers

Abstract

This chapter describes the imaging of ion current through individual protein pores in DHBs using a

calcium-chelating fluorophore. In parallel, simultaneous electrical recording is performed, enabling a

simultaneous measurement of ion current through α-hemolysin. The approach is used to deconvolute

the electrical measurement of stochastic blocking of multiple α-hemolysin pores in a single lipid

bilayer. These experiments demonstrate that DHBs are a suitable platform for simultaneous

fluorescence and electrical recording of ion channels in vitro.

5.1 Introduction
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5.1.1 Optical Patch-Clamping and In Vitro Measurements
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5.1.2 Experimental Introduction
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Figure 5.1: Schematic diagrams of the experiment. (A) A DHB is formed between a 50 nL
aqueous droplet and a thin agarose hydrogel containing CaCl2. A totally internally reflected laser
beam is used to illuminate the region of bilayer by the evanescent wave propagating through the lower
refractive index medium, the hydrogel. (B) Detergent solubilised α-hemolysin inserts spontaneously
from the aqueous droplet solution into the lipid bilayer. Ca2+ flux through the pore is monitored
using the fluorescence from the Ca2+ indicator dye Fluo-4 and the current due to the overall ion
flux is recorded at the same time under a negative applied potential.
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5.1. Introduction

5.1.3 Calcium Indicator Dyes
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5.2. α-Hemolysin Tracking Experiments
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Figure 5.2: Spectra of Fluo4 after buffer CHELEX (Bio-Rad) treatment. 25 µM Fluo-4 was
prepared in 10 mM HEPES buffer, 0.5 M KCl (TraceSelect, Fluka) and 1.5 µM EGTA titrated
with KOH to pH 7.0. Spectra were recorded with and without CaCl2 at 1 mM concentration by
titration. The fluorescence change upon titration of CaCl2 measured at the fluorescence maximum
(517 nm) corresponds to a 45.27-fold increase. Spectra were recorded using an Eclipse Fluorescence
Spectrophotometer (Varian), using 10 nm excitation and emission slit widths at a rate of 200 nm
scanned per minute at room temperature in a quartz cuvette.
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Figure 5.3: An image of a Fluo-4 and detergent solubilised α-hemolysin-containing DHB. Here
two α-hemolysin pores are visualised through the enhanced fluorescence emanating from the vicinity
of the pores by Fluo-4 chelation of the Ca2+. Fluo-4 is being electrophoretically driven through the
pores under the influence of the applied electric field. The bilayer edge is clearly visible as a ring
around the edge of the image, and is optically flat allowing even illumination across its entirety.

5.2 α-Hemolysin Tracking Experiments
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Figure 5.4: The tracking of α-hemolysin pores in a DHB using Fluo-4 fluorescence. (A) A
representative image of Fluo-4 fluorescence emanating from DHB-embedded α-hemolysin pores used
in tracking. Pores were tracked using the ETH Single-Particle Tracker, as described in Methods.
(B) A histogram showing the individual lateral diffusion coefficients of 766 α-hemolysin heptamer
tracks. The mean value of the gamma distribution is 2.4 µm2 s−1 with χ2

r = 2.1. (C) The average
mean squared displacement versus time of all tracks. The gradient of the linear fit is used to calculate
the Dlat , yielding a value of 2.6 ± 2.2 µm2 s−1.
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Figure 5.5: The fluorescence and current response of α-hemolysin to an applied voltage. (A) A
voltage sweep response of α-hemolysin pores. The average of five voltage sweeps are shown, between
+50 mV and −150 mV (each lasting for 3 seconds) applied to a DHB containing a single α-hemolysin
pore. The droplet contained, 10 mM HEPES, 1.5 M KCl, 25 µM Fluo-4, 50 µM EGTA at pH 7.0.
The substrate hydrogel contained 10 mM HEPES, 750 mM CaCl2 at pH 7.0. The fluorescence
movie was acquired at a rate of 200 Hz. (B) An alternating potential is used to control α-hemolysin
pore fluorescence in a DHB. Measured electrical current (I) and fluorescence intensity (F) from
α-hemolysin pores in a DHB as a function of an applied voltage (V) across the bilayer is plotted,
using the configuration shown in Figure 5.1B. A square-wave alternating voltage (±100 mV, 14 Hz)
was applied to a DHB containing 5 pores (10 mM HEPES pH 7.0, 1.5 M KCl, 25 µM Fluo-4, and
50 µM EGTA in droplet; 10 mM HEPES pH 7.0, 750 mM CaCl2 in hydrogel), resulting in a peak to
peak current change through all the pores of approximately 450 pA. The fluorescence intensity trace
(F) shows the fluorescence of one of the diffusing α-hemolysin pores. Under negative voltage, Ca2+

driven through the pore results in an enhanced fluorescence spot. Under positive voltage, Ca2+ flux
through the pore is reduced, and fluorescence drops to background levels.
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Figure 5.6: Simultaneous stochastic detection of cyclodextrin blocking α-hemolysin pores (from
gel encapsulation). (A) A schematic diagram of the experiment. (B) An image showing Fluo-4
fluorescence from the three α-hemolysin pores in the bilayer (−50 mV; 10 mM HEPES pH 7.0,
1.5 M KCl, 25 µM Fluo-4, 50 µM EGTA and 10 µM hβCD in droplet; 10 mM HEPES pH 7.0,
750 mM CaCl2 in hydrogel). (C) The fluorescence from each pore (F1, F2, F3), the summed
fluorescence (FSUM ), and the measured ionic current across the bilayer (I) plotted versus time.
The individual fluorescence traces show stepwise current changes resulting from hβCD blocks. The
summed fluorescence for all three spots (FSUM ) correlates with the electrical current (I) through all
three α-hemolysin pores, (n.b. the electrical trace is inverted to aid comparison with the fluorescence
data).

5.4 Membrane Protein Concentration in DHBs
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1 2 3 4 5 6

Figure 5.7: Dynamic manipulation of DHB size affects embedded membrane protein position in
the lipid bilayer. A DHB containing many calcium-conducting α-hemolysin pores is manipulated to
control the position of the embedded pores. Protein was inserted into the lipid bilayer from the droplet
in this experiment. (1) Diffusing α-hemolysin pores are seen roughly centrally in the image. (2) The
lipid bilayer size is reduced by raising the height of the embedded electrode. (3) As the lipid bilayer
retreats past the position of the embedded pores, they are concentrated along the edge of the lipid
bilayer and dragged into the centre. (4) If the lipid bilayer size is expanded again, the protein pores
remain conductive in the centre. (5) The process is repeated, however showing a greater degree of
concentration. (6) The lipid bilayer is again enlarged, demonstrating concentration of the embedded
proteins has ensued. In time the protein pores diffuse away from their concentrated zone.
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5.7 Materials and Methods
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Figure 5.8: Plots of the experimentally determined mean activity coefficients, reproduced from
Atkins and de Paula [9], derived solute activities and solution osmotic pressures of pure KCl and
CaCl2 in water at 298 K. The mean activity coefficient (γ±) of solute (B) for given molalities
(equivalent to molarity in water) is shown in the left-hand plot [9]. The calculated solute activities
(aB) and osmotic pressures (Π) are shown versus molality in the right-hand plot.

5.7.4 Electrical Recording

5.7.5 Fluorescence Imaging
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Chapter 6

Imaging α-Hemolysin Assembly

Abstract

This chapter describes single-molecule fluorescence measurements of the assembly pathway of

the staphylococcal pore-forming toxin α-hemolysin in DHBs. Fluorescently-labelled monomeric

α-hemolysin is injected into droplets and tracked during assembly at the lipid bilayer. Also,

single-molecule fluorescence and electrical currents are measured simultaneously, allowing for

separate measurements of oligomerization and pore insertion. Experiments show that α-hemolysin

spontaneously forms long-lived complexes on the lipid bilayer, with intensity many multiples brighter

than the monomeric precursor. Through the analysis of the number of photobleaching steps in these

complexes it is shown that on average they contain approximately seven subunits. Intermediates

are not observed in these experiments, suggesting that the oligomerization of protomers is rapid,

and does not proceed by long-lived intermediate encounter complex growth steps.

6.1 Introduction

The heptameric mature state of the staphylococcal pore-forming toxin α-hemolysin was

confirmed through a high-resolution X-ray crystal structure in 1996 [249]. This structure

was the culmination of a large body of literature published on experiments using purified

α-hemolysin reaching back over 30 years [159]. However, the viability of a hexameric state

of α-hemolysin in lipid bilayers has been demonstrated and as such its existence cannot be

ruled out [55, 57, 70, 76, 177]. In order to study the stoichiometry of the mature pore,
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6.1. Introduction

a single-molecule measurement of pores oligomerized in the lipid bilayer is preferable, as

opposed to those oligomerized using a detergent. It is feasible that strong detergents, such

as SDS or deoxycholate, could catalyse the dispersion of a hexameric complex due to its

weaker thermodynamic stability [55, 268]. A single-molecule fluorescence measurement in

parallel to lipid bilayer electrical recording may be capable of resolving not only the subunit

stoichiometry of functional pores, but also how they assemble. Single-molecule resolution of

the assembly pathway is the goal of the experiments described in this chapter. α-Hemolysin

monomers bind to natural and artificial lipid bilayers to self-assemble into eventual water-

filled trans-membrane β-barrel pores [249]. It is this spontaneous insertion into the lipid

bilayer from a water-soluble form that makes α-hemolysin an excellent target for the study

of the folding of β-barrels in lipid bilayers. Information garnered from these experiments,

and the techniques developed to facilitate them, may enable a greater understanding of

multimeric membrane protein assembly and general membrane protein folding.

6.1.1 A Summary of Hypothetical Models of Assembly

Biochemical experiments since the advent of molecular cloning have yielded a wealth of

information regarding the apparent redundancy of much of α-hemolysin’s primary sequence.

It has been shown that the majority of the protein is able to tolerate severe mutations, in

addition to significant domain alterations [11, 15, 40, 41, 143, 283, 288]. Fortuitously, this has

enabled many powerful reverse genetics experiments to be performed, probing the nature of

the interactions between the monomeric protomer subunits during oligomerization. A brief

review of the overall process of assembly is now made, prior to an in depth discussion of the

published experimental information regarding the separate stages of the assembly pathway.

Currently, the assembly pathway is thought to consist of several sequential stages [16].

The binding of α-hemolysin to lipid bilayers can be considered as being resolutely proven.

The relative rates of binding and dissociation of monomeric protomers from lipid bilayers

has however not been addressed previously. The eventual spontaneous conversion of the

membrane-bound monomeric protomers into ring-shaped multimeric oligomers (number of

subunits >6), termed a prepore, which then create a β-barrel pore that traverses the lipid

bilayer is also well demonstrated in the literature. However, the intermediate processes of

protomer interaction and oligomerization on the lipid bilayer are the worst characterized

sections of the pathway. To summarise these processes a diagrammatic representation of the
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assembly pathway is shown (Figure 6.1).

a

b c d
kon

koff ? kins

Figure 6.1: The current interpretation of the assembly pathway of α-hemolysin. Dark blue
domain = N-terminus, Red domain = central loop stem-domain. (A) The water-soluble α-
hemolysin monomeric protomer (illustrated by the LukF structural analogue (PDB code 1lkf)) binds
to phosphocholine-containing lipid bilayers with as yet uncharacterized binding (kon) and dissociation
(koff ) rate constants. (B) Once the monomer is bound, it diffuses in the plane of the bilayer at
roughly the rate of the characteristic lipid lateral diffusion coefficient (in artificial lipid bilayers).
Whilst adsorbed to the lipid bilayer the monomers do not penetrate their central loop stem-domain
into the lipid bilayer, but are protected from proteolysis. If the solution concentration of monomer
is sufficiently high, membrane inter-monomer contacts occur and oligomerization ensues. The
nature and kinetics of diffusing inter-monomer contacts is not understood. (C) If seven or greater
monomers are in contact an intermediate termed a prepore is thought to exist. The structure of
the prepore is unknown, here it is represented by a simulation trajectory derived from the alignment
of 7× LukF monomers (PDB code lkf1) with the α-hemolysin heptamer structure (PDB code 7ahl)
as a template. (D) Upon establishment of the prepore, the irreversible spontaneous insertion of the
β-hairpin glycine-rich central loop stem-domain from each protomeric subunit occurs across the lipid
bilayer to form an amphipathic β-barrel. The rate of conversion between prepore and pore (kins) is
not characterized in the wild-type protein.

Little is known about the concentration dependence of the water-soluble monomeric

protomer on oligomerization and actual pore-formation rates. It has proven difficult to

assess pore-formation rates in vitro by electrical recording due to difficulties in calibrating

lipid bilayer sizes. Menestrina and co-workers have attempted to address this problem, and

reported a power dependence on the monomer concentration in solution on the maximum

pore insertion rate. However, these experiments were unable to deduce the molecularity of

the process [17].

The nature of the interactions of the monomers whilst membrane-adsorbed has been

considered theoretically previously [16]. Several possible mechanisms for pore formation

have been suggested in the literature, some of which are summarised here (Figure 6.2).

Potentially, the diffusing monomeric protomers could add together step-wise to form long-

lived complexes which persist until 7 or more subunits are appended. Alternatively long-lived
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dimer or trimer complexes could interact with one another randomly to form sufficiently

large complexes for cyclisation and prepore formation. Also, it is possible that no long-lived

complexes form at all. Spontaneous prepore formation may perhaps only occur if there

is a sufficient quantity of monomers in contact within a short space in time. This is by

no means an exhaustive list of potential mechanisms. Upon formation of the prepore, the

insertion of the β-barrel must involve the dispersal of lipids, however this action is entirely

uncharacterized.

+

+

+

+

+

+

+

+
n steps

a b c

or

Figure 6.2: Hypothetical modes of assembly of α-hemolysin. Monomeric α-hemolysin protomers
bind to and diffuse upon a lipid bilayer. (A) Upon contact between two membrane-adsorbed
monomers, they bind to one another in an unknown fashion. Correspondingly, other monomers
bind to the nascent chain, which persists, repeatedly until 7 or more protomers are in contact,
resulting in cyclisation to form a prepore. (B) Short chains of monomers could form which could
comprise of 2 or 3 monomers, which then interact with other short chains to form complexes large
enough to form a prepore. Monomers could also attach to short chains. Critically these short
chains would not persist for a great length of time. (C) Hypothetically, it is possible that no long-
lived chains of any length form. Seven or more protomers must be present in close proximity for
a rapid oligomerization process to ensue, resulting in an encounter complex with enough protomers
present to form a prepore.
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The only feasible means to study these interactions is through a single-molecule approach,

capable of unequivocal resolution of the stoichiometry of encounter complexes. To date the

only studies on a similar process have been performed using the α-hemolysin analogue γ-

hemolysin. Higuchi and coworkers used tethered erythrocyte ghosts to attempt to probe

the nature of the interprotomer interactions along the γ-hemolysin assembly pathway,

using single-molecule fluorescence resonance energy transfer (smFRET) [200]. The bi-

component pore forms on human erythrocytes through the oligomerization of the LukF

and HS protomers, with an unknown stoichiometry. Separate side-directed mutations to

introduce reactive cysteines on the top of the cap domains were made on each protomer

gene. Thereafter, selective labelling with a FRET-donor on LukF and a FRET-acceptor

on HS was performed, resulting in no measurable alteration in hemolytic activity against

human erythrocytes. Dual-colour TIRFm imaging experiments were performed; monitoring

both the donor fluorescence and acceptor fluorescence using tethered erythrocyte ghosts.

Higuchi and coworkers interpret results as showing punctate spots when both labelled LukF

and HS are incubated with the erythrocyte ghosts at picomolar concentrations. However,

in my opinion histograms showing a wide range of energy transfer efficiencies in multiple

spots are potentially misinterpreted as corresponding to various dimer, trimer, tetramer and

mature pore states of the toxin. At higher protein concentrations, a well-sampled roughly

log-normal distribution for complex intensities is observed. The authors attribute this as

being separated mature pores and clusters of pores. Sample images from this set of data

show clearly punctate fluorescence spots well-resolved above the background, however no

lower intensity spots are seen as would be expected from dimers, trimers or tetramers. The

authors propose an assembly pathway consisting of dimerisation of LukF and HS monomers.

These dimers are then interpreted as going on to encounter others, forming tetramers,

eventually producing hexameric pores. Whilst the interpretation of the data by Higuchi and

coworkers is poorly corroborated, their results do show that interactions occur forming long-

lived bi-component γ-hemolysin complexes on human erythrocyte ghosts, paving the way for

similar single-molecule experiments to be performed on analogous systems. Direct functional

measurements whilst monitoring the assembly of such pores would enable unequivocal

designation of complexes as either intermediates or mature pores.

Evidence in the literature for the separate stages of the assembly pathway is now reviewed

in detail, preceding introductory details of the experiments performed in this work.
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6.1.2 α-Hemolysin Protomers Bind to Phosphocholine Lipid

Monolayers and Diffuse Laterally

Biochemical and biophysical evidence for α-hemolysin binding to phosphocholine-containing

lipid bilayers dates back to the late 1960s. High-quality electron micrographs clearly

demonstrate α-hemolysin oligomers forming on artificial phosphocholine lipid membranes

as early as 1968 [73]. Whilst at this time in the literature, it had been shown that it

was possible to isolate and purify the α-hemolysin monomer and oligomer, there was little

consensus as to the mode of action of the toxin [5, 73]. Further compelling evidence that

the protein would oligomerize in the presence of lipid was published in the following years

[6, 33, 35, 47, 78, 135–137]. Whilst it was known that lesions would form roughly 10 nm

in diameter and with vaguely six-fold symmetry in lipid films from electron microscopic

(EM) evidence as early as 1968 [73], evidence that the monomeric protein would oligomerize

to form an irreversibly open ion channel was not definitively acquired until 1986 [182].

These early Montal-Müller bilayer electrical recordings paved the way for the modern day

understanding of the mode of action of α-hemolysin [17, 182, 261, 268].

Biochemical evidence has shown that at this stage the membrane-diffusing monomer

central loop stem-domain becomes proteolytically insensitive prior to oligomerization [288].

Comparisons of the rate of diffusion of monomeric and heptameric α-hemolysin allowed

for a crude estimation of the level of penetration of the monomer into the lipid bilayer

in Chapter 4. The characteristic diffusional rate was found to be similar to that of the

lipids in the bilayer, indicating that the degree of lipid bilayer penetration of the monomer

was minimal, reinforcing the idea that the monomer diffuses on top of a lipid leaflet prior

to oligomerization. The amphipathic central loop stem-domains of individual monomeric

protomers can form hydrogen bonds between backbone amides and water molecules along

their edges in solution [16]. Burying the central loop stem-domain into the lipid bilayer

interior would not be favourable thermodynamically. This information goes some way to

adding to the huge body of evidence dismissing hypotheses where the monomer itself is lytic

[23, 24, 67, 106]. Little however, is known of the relative orientation of membrane-bound

monomers diffusing on the lipid bilayer. It is possible that the preferred orientation is for

the phosphocholine binding pocket to be making a direct contact with the lipid bilayer-

solvent interface. This hydrophobic interaction between the exposed aromatic residues and
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the hydrophobic lipid environment might be responsible for driving the monomer binding

to the lipid bilayer.

In both the α-hemolysin heptamer crystal structure [249] and the leukocidin component

LukF monomer structure, the rim domain consists of a number of exposed aromatic residues

(Figure 6.3A and Figures 1.1 and 3.2). This preponderance for exposed aromatic residues

is characteristic of membrane protein domains found around the interface between lipid

head-groups and bulk solvent [272]. A phosphocholine lipid was co-crystallized with the

LukF monomer and is clearly resolved in the electron density map residing in a rim-domain

crevice [190, 204](Figure 6.3). A similar crevice is observed in the analogous position in

the α-hemolysin heptamer, which has also been shown to co-crystallise with phosphocholine

bound inside [79]1. The arginine residue forming part of the binding-crevice has been shown

to be critical for rabbit erythrocyte binding, oligomerization and hemolysis in experiments

which predate the heptamer crystal structure [283].

Trp177

Arg198

PC phosphocholine
binding in crevice

a b

Figure 6.3: (A) A molecular representation of the phosphocholine moiety of co-crystallized
dipropanoyl glycerophosphocholine (DiC3PC) bound within a cleft in LukF monomer crystal
structure (PDB code lkf3). A cleft with edges defined by Trp177 and Arg198 encapsulates
phosphocholine in the rim domain of the LukF monomer, analogous with α-hemolysin monomer
protomer. The Arg198 interacts through water hydrogen-bonding with the phosphate, whereas the
phosphocholine orders the Trp177 residue through cation-π interaction between the indole-ring and
quaternary ammonium of choline (by comparison with the absence of lipid (pdb code = lkf1)). (B)
Simulated atomistic trajectory of α-hemolysin in a DMPC lipid bilayer (courtesy of Dr. Syma
Khalid, University of Southampton). α-hemolysin (pdb code = 7ahl) was placed in a simulated
DMPC lipid bilayer and allowed to relax for 10 ns with no restraints on any species inside the
established lateral boundary conditions for the lipid bilayer. Figures were rendered using the Tachyon
ray tracing engine by John Edward Stone, in VMD [125].

1Structure is not available in the PDB. Resolution is higher than the original oligomer structure (1.75 Å
vs. 1.9 Å) [249]
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6.1.3 The Evidence for a Prepore Intermediate

A model of the conversion between the membrane-bound diffusing monomeric form of α-

hemolysin and the oligomer was first described in 1992 [288]. Biochemical evidence based

upon truncating the two protein termini and observing the resulting oligomeric states of the

protein by gel electrophoresis compared to their hemolytic ability, indicated the presence of a

non-lytic oligomer with similar molecular mass to the lytic oligomer [288]. Whilst these data

were later found to be in error due to an activity-affecting mutation, which at the time was

difficult to detect, the model was put forward for an intermediate oligomeric state existing

in the assembly pathway between membrane bound protomer and membrane-penetrating

pore. This remains the current interpretation of a range of biochemical evidence. A diagram

of the monomeric precursor and mature heptamer is included below to assist the reader in

understanding the following experimental evidence 6.4.

a b
100 Å

100 Å

70
 Å

52
 Å 28 Å

C-terminus

N-terminal
latch

Central-loop
Stem-domain
(β-hairpin)

Figure 6.4: α-Hemolysin representations illustrating the domain architecture and dimensions of
the complex (PDB code 7ahl). (A) A protomer subunit from the α-hemolysin heptamer rendered as
a cartoon. Here the cap domain is illustrated in blue, the rim-domain in red, the triangle region in
yellow, the central loop stem-domain in green and the N-terminal latch in purple. Each protomer
subunit in the pore is equivalent. (B) The α-hemolysin heptamer rendered as a cartoon. Here the
seven protomer subunits comprising the α-hemolysin pore are illustrated as separate colours. The
dimensions of the pore are illustrated by the arrows. The figures were created using PyMol, Delano
Scientific, USA.

The first experiments designed to show the existence of the prepore intermediate used

genetic and chemical means to control a conformational rearrangement of the glycine-rich

central loop, now known to be the stem-domain [249, 282, 286]. α-Hemolysin mutants
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with extra amino acid runs genetically ligated into this central loop were found to have no

hemolytic capability, but did form SDS-stable heptamers. When the redundant additional

amino acids in the loop were proteolysed, the hemolytic activity is spontaneously regained,

in spite of there not being a covalent link between the two halves of the protein [286].

In another class of experiments, chemical control of the central loop stem-domain

conformational rearrangement is achieved through targeted protein engineering. A

pentahistidine run of amino acids was introduced in place of the wild-type residues at

positions 130–134. In the presence of Zn2+ in solution, tight oligomers formed exhibiting no

hemolytic activity. If EDTA was titrated into the sample to chelate Zn2+, hemolysis ensues

after a short lag time, i.e. the time required to insert the β-barrel. Further proteolytic

evidence from these experiments demonstrated that these oligomers contained occluded

central loops, as they were resistant to proteolysis, whereas in solution the monomers are

susceptible to proteolysis [268, 288]. These results were confirmed, along with the first

biochemical evidence of the heptameric state of the pore in the following year [285]. A

crude measurement of the preformed prepore to pore conversion rate was analysed showing

a t1/2 of ∼8 mins upon titration of excess EDTA into Zn2+ stalled prepores [285]. A more

recent analogous experiment, again pinning back the central loop stem-domain, has been

performed through the introduction of an intramolecular disulphide bridge. Upon addition

of DTT to reduce the disulphide bridge, oligomers again became hemolytic [151].

More recent experiments have since shown the heptameric state of the prepore through

molecular imaging by Atomic Force Microscopy (AFM) [41, 70]. Using both the stalled

prepore pentahistidine method [70] and separately using a truncated central loop stem-

domain [41].

Other genetic experiments designed to isolate the prepore have been performed without

restricting the conformational rearrangement of the central loop stem-domain. For example,

mutations including those at His35, located at a critical interprotomer contact in the crystal

structure of the heptamer [249] have been shown to be deleterious for pore-forming ability

[144, 157, 183, 284]. If this residue is mutated to cysteine, its pore forming ability is

severely reduced, whilst not affecting its ability to oligomerize greatly. If the cysteine is

subsequently alkylated using an iodoacetamide derivative to yield the unnatural histidine

analogue S–carboxamidomethylcysteine (S–CamCys), the non-lytic H35C mutant regains

its pore-forming ability. Further fluorescence experiments monitoring oligomerization using
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the hydrophobicity-senstive dye acrylodan showed that one such H35 (H35R) [208] mutant

undergoes oligomerization but is incapable of causing lysis [276]. Similar experiments using

the same acrylodan method have demonstrated oligomer formation without hemolytic ability

on resistant cells [275].

At the prepore stage, the N-terminus remains proteolytically-sensitive, whereas the

central loop stem-domain is no longer sensitive [285, 288], presumably due to its occlusion

from solvent and hence proteases. Pore insertion results in the central loop stem-domain

transfer across the lipid bilayer [274] and the subsequent protection of the N-terminus

to proteolysis [139, 285]. No prepore→pore intermediates have ever been biochemically

isolated, lending to the theory that the process of conversion is a cooperative one

[139, 275, 285].

6.1.3.1 Evidence for Prepores in other Pore-Forming Toxins

Hypothetical prepore oligomeric structures have also been observed in other membrane pore

proteins [16]. Single-particle EM tomography reconstructions of perfringolysin O, a larger

homomeric cholesterol-dependent pore-forming toxin, exhibit two distinct conformations as

large ring structures, thought to correspond to prepores and pores [56, 120, 121]. The means

to stall the assembly process in this study was similar to that applied for α-hemolysin [151],

using a disulphide bridge to pin back the stem domain. In addition, analogous experiments

have yielded similar results with βPFT analogues of α-hemolysin such as the staphylococcal

leukocidins [181, 199].

In 2005, Tilley et al. showed single-particle EM structures of a wild-type CDC

(pneumolysin from Streptococcus pneumoniae) as a prepore and as a pore [267]. Their

images show an intermediate with characteristics similar to that of the stalled prepore

mutants of α-hemolysin and leukocidin, such as stable oligomer formation without lytic

ability. However their reconstructions show a different number of subunits in the prepore

than the reconstructed pore image, leading to questions about their actual identity. It

can also therefore be argued that direct observation of a long-lived wild-type pneumolysin

prepore is not proven [16].

The only convincing evidence of a kinetically competent wild-type prepore from a βPFT

is that of the anthrax protective antigen [161]. The prepore was crystallized and its structure

was solved to a resolution of 3.6 Å[161]. Its mode of action differs from that of the leukocidins
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in that it is internalized into its target cells whereupon it undergoes a series of concerted

events with partner enzymes in order to lyse the cell. Unlike the leukocidins, anthrax

protective antigen must bind to receptors on the cellular surface [230]. It is then activated

through proteolysis [301]. The protomers can then oligomerize to form a heptameric oligomer

which is attributed to be the prepore intermediate [161, 185]. Upon oligomerization, the

heptamer can bind to its toxic counterparts, either singly, or both at once [301]. These

complexes, containing prepore protective antigen with either lethal factor (protease) or

oedema factor (adenylyl cyclase), are then transported to the acidic endosomal compartment.

This environment is then responsible for catalysis of pore insertion through the endosomal

membrane, whereupon the toxic enzymes are transported through the pore eliciting their

toxic activity in the cytosol [301].

This process of acid catalysed pore insertion can be reproduced in vitro in model lipid

bilayers (painted BLMs) from recovered trypsin-activated protective antigen prepores [150].

In a study by Katayama et al., the chaperonin GroEL was used as a solubility-enhancing

molecular scaffold for the protective antigen prepore, circumventing previous handling

difficulties with insoluble aggregate formation. This allowed for monitoring of urea catalysed

prepore to pore conversion at pH 8.5 through planar lipid bilayer electrical recording. This

method of oligomer stabilisation using the chaperonin enabled high-resolution single-particle

EM reconstructions of prepores and pores in parallel. This information represents the best

evidence for prepore intermediates and their kinetic competence in βPFTs. However, due to

the large difference in biological mechanism, its direct comparison with α-hemolysin prepore

to pore conversion is restricted.

6.2 Experimental Objectives

Our principal objective is to understand how α-hemolysin monomers interact whilst adsorbed

to the lipid bilayer. Through monitoring of the interactions by single-particle tracking, it

should be possible to derive the kinetics and pathways of assembly. Specifically, we would like

to attempt to identify and characterize any long-lived chains or encounter complexes diffusing

on the lipid bilayer. Using DHBs, we are able to make correlated single-molecule fluorescence

and single-channel resolution electrical measurements [109]. The subunit stoichiometry of

stable complexes can be elucidated through the analysis of fluorophore stoichiometry [57,
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165]. If stable complexes are visualised, a simultaneous electrical measurement will enable

a temporal comparison of complex formation processes and pore insertion.

Critical to the definite resolution of single-molecules in lipid bilayers both in vivo and

in vitro is the reduction of background noise. Observing homomeric interactions at the

single-molecule level at high concentrations with rapidly diffusing fluorescent species is

difficult. However, through the application of in vitro experimental techniques, signal-

to-noise is improved due to lack of an auto-fluorescing background. Planar lipid bilayers

can be created in close proximity to a glass coverslip for illumination by a high-intensity

evanescent wave. Higher levels of reproducibility of experimental conditions are possible

versus in vivo experiments. However, at surface concentrations above approximately 1

nM, resolution of single-molecules becomes difficult. Techniques such as photoactivatable

localization microscopy (PALM), allow the use of higher concentrations of the molecule under

study, alleviating some of the issues surrounding molecular crowding causing difficulties in

single-molecule resolution [19, 26]. However, PALM allows for the probing of only a small

subset of molecules at any one point in time, and is therefore not suitable for studying

processes occuring over an entire lipid bilayer.

As mentioned previously in Chapter 4, monomer lateral diffusion was found to be roughly

similar to that of the lipids in DHBs. It is far more difficult to maintain coherent tracks

of rapidly diffusing objects at high surface concentrations. However, the main issue is

the required illumination intensity being sufficiently high enough, enabling a SNR good

enough for single-molecule detection. This in turn increases the photobleaching rate of

organic fluorophores employed for imaging. Experimental goals were geared around these

considerations.

Droplet injection was used as the principal means of delivering protein to the lipid bilayer;

circumventing unwanted oligomerization during the required droplet pre-equilibration time

on the lipid monolayer of the droplet, as is known to occur [33]. Typically, a droplet would

be pipetted into the TIRFm device, thereafter upon bilayer formation, the required protein

stored in a borosilicate capillary would be injected by a piezo-controlled nano-injector (Figure

6.5B and Appendix Figure 8.1), with the injection time recorded. Usually, the volume of

injection would be no greater than approximately 10% of that of the droplet. Injection was

confirmed by a concurrent swelling of the lipid bilayer area. Upon successful injection, the

capillary was carefully removed and replaced by a Ag/AgCl electrode mounted on a micro-
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Figure 6.5: Experimental Introduction. (A) A diagrammatic representation of the simultaneous
fluorescence and electrical measurement apparatus around DHBs, as described previously in Chapter
5. (B) A bright-field image of a droplet forming a lipid bilayer (10 × magnification). The shadow
from a top-illuminated nano-injection capillary can be seen cast across the droplet, prior to protein
injection into the droplet. (C) A typical TIRF image (60 × magnification), showing single Cy3B-
labelled α-hemolysin monomers adsorbed to a DHB, frame-rate 10 ms.

manipulator, as described previously in Chapters 2 and 5. In the monomer binding and

dissociation experiments, droplets were created containing the protein at low concentrations

and pre-equilibrated for no longer than 15 minutes prior to bilayer formation.
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6.3 Results

6.3.1 Initial α-Hemolysin Observations

Low-concentrations of protein were incubated inside the droplets in order to image α-

hemolysin binding to the lipid bilayer. The main advantage of using low concentrations

is the ability to clearly resolve protomers on the surface of the lipid bilayer, despite their

rapid diffusion. However, at concentrations of protein ranging between 50 pM and 1 nM,

no oligomerization was observed by single-molecule tracking. In parallel, no concomitant

pore formation was observed by electrical recording. At concentrations higher than 1 nM,

stable oligomeric α-hemolysin complexes are resolved at the lipid bilayer within a period

of a few minutes of injection into a droplet (<20 mins). The EC60 (α-hemolysin monomer

concentration causing 60% hemolysis) for rabbit erythrocytes at room temperature is 40 pM,

a 16,000-fold lower concentration than is required for human erythrocyte lysis [113]. This

is postulated to be due to the presence of a specific receptor in rabbit erythrocyte plasma

membranes, which is not present in human erythrocytes [278]. With this result in mind, it

is reasonable to assume that in a protein-free artificial lipid bilayer the critical concentration

for pore formation is likely to be considerably higher than 40 pM.

6.3.1.1 Lipid Bilayer Binding and Dissociation

The process of α-hemolysin binding to the lipid bilayer is treated as a bimolecular process.

However, we make the assumption that there are infinite binding sites per unit area of lipid

bilayer at low monomer concentrations. The pseudo-first order rate constant for binding (kb)

was calculated through the analysis of the concentration-dependence of the rate of arrival

of monomers for a given area of lipid bilayer. Due to the mode of imaging used in these

experiments, TIRFm; only fluorescent species at the lipid bilayer will be illuminated, hence

monomers out of the bilayer field are not susceptible to photobleaching prior to binding.

Observation of the binding rates was carried out at three different concentrations. The

number of binding events per frame throughout the 30 seconds of imaging are shown (Figure

6.6A). The binding rate for the different concentrations is calculated by fitting histograms

representing the number of binding events per recorded frame to Gamma-distributions

(Figure 6.6B). The mean values of such fits are then plotted versus the concentration of

monomeric protomer in solution in the droplet (Figure 6.6C). The binding rate constant
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(kb) is then equal to the gradient of the straight line fit of these rates. This yields a value of

0.36±0.17 nM−1 µm−2 ms−1. The trend does not go through zero at the axes, probably due

to experimental errors, including non-specific adsorption of the protein to the droplet inner

interface with the lipid in oil solution, affecting the actual concentration in the droplets. In

addition, proteins at such low concentrations are also known to physisorb to microcentrifuge

tubes, perhaps altering the concentration present in the droplets after pipetting.

Bound-monomer dissociation kinetics are slightly more complicated to study at the

single-molecule level. Because of the use of an organic fluorophore which is susceptible

to photobleaching, a direct measurement of the dissociation rate of monomers from the

membrane is not possible. Instead, the characteristic rate of disappearance (koff ) of a

population of tracks on the lipid bilayer is assumed to be the sum of two principal rates:

the rate of photobleaching, dependent on illumination intensity (kpb), and the rate of actual

monomer dissociation from the lipid bilayer (kd).

koff = kpb + kd (6.1)

If the rate of disappearance of spots in the image is derived for different laser intensities at

a fixed concentration of monomers (Figure 6.7A); the first-order rate constant kd is equal to

the extrapolated fit at zero laser intensity, where the rate of photobleaching is nil (Figure

6.7C) [179].

Due to rapid α-hemolysin diffusion in this system and the small imaging area, spots can

diffuse out of the field of view without dissociating. However, in single-particle tracking this

is manifested as the termination of a track. Therefore in the analysis of this data, a buffer

zone was established around the rim of the images (Figure 6.7B). This rim corresponded

to 3× the maximum allowed linkage distance between a tracked position in frame n and

n+ 1. Within this buffer zone, if a track appeared or disappeared it was discarded from the

analysis population, ensuring that the entire lifetime of the monomers on the lipid bilayer

is imaged. The data plotted give a linear fit intercept at the origin yielding the kd = 0.053

ms−1, where the corresponding average lifetime for the monomers on the lipid bilayer is

0.188 ± 0.01 s.
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Figure 6.6: The analysis of monomer binding to the lipid bilayer. (A) A plot showing the number
of new fluorescence spots detected for each frame (bin width = 5 ms). The rate of binding is constant
for all concentrations throughout the recording due to the excess availability of binding sites for this
concentration range of monomer. Red = 1.03 nM, Green = 512 pM, Blue = 256 pM. (B) Histograms
of the number of arrivals per frame fitted with gamma distributions. The goodness of fits for the
different concentrations are as follows: 1.03 nM χ2

r = 5.8, 512 pM χ2
r = 4.77 and 256 pM χ2

r =
5.61. (C) A plot of the mean values of the gamma distributions as a function of concentration fitted
with a linear function. Errors = gamma distribution fitting errors. The gradient of the fit yields a
binding rate constant equal to 0.36± 0.17 nM−1 µm−2 ms−1 or 5.39± 2.56× 1025 M−1 m−2 s−1.
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Figure 6.7: The analysis of monomer dissociation from the lipid bilayer. (A) Histograms showing
the acquired track-lengths for the different laser intensities. All samples were fit best with single-
exponential functions weighted by the square-root of the data, whose goodness of fits are: 13.8 mW
χ2

r = 0.25, 8.2 mW χ2
r = 0.17, 4.6 mW χ2

r = 0.19 and 2.9 mW χ2
r = 0.36. (B) A 2D plot of 1000

randomly selected track positions from the 13.8 mW population. The rim buffer is indicated as a
dotted line surrounding the tracks in the centre of the plot. (C) The extrapolation of the kd through
plotting the dissociation rate for given laser powers. Errors = exponential fitting errors. A linear
fit’s intercept at the origin yields the kd = 5.3 ± 0.33 s−1.

6.3.2 Elucidation of Complex Stiochiometry through Photobleach-

ing and Spot-Intensity Analysis

It was found that at higher concentrations, typically where monomers could still be resolved

but not tracked for greater than a single-frame (>5 nM in solution), after a short period

of imaging, brighter spots spontaneously appeared at the lipid bilayer. These spots were

many multiples higher intensity than the diffusing monomers. A plot of the intensity of an

example spot with time showing its spontaneous appearance above the background monomer

intensity is given (Figure 6.8). It is likely that these brighter spots are resolvable above the
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dense monomer coverage of the lipid bilayer due to increased photon ouput per unit time

due to effective ’immobilisation’ versus the rapidly diffusing monomers. If a point emitter,

such as for example a 7 × -labelled α-hemolysin heptamer, were inserted into the lipid

bilayer its lateral diffusivity is decreased versus that of the monomer, hence per unit time

an enhancement in the brightness of the emitter is detected at that point in the image

enabling its clear resolution [298]. Whereas monomeric rapidly diffusing α-hemolysin can’t

be detected, the brighter more slowly diffusing α-hemolysin species, such as perhaps inserted

oligomers, could be resolvable above the background intensity.
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Figure 6.8: Instantaneous appearance of bright spots in images. (A) A re-sliced projection of
the appearance of a spot with time. A 3 pixel ROI over the spot landing zone is projected in time
(x-axis). The spot is seen appearing spontaneously, then undergoing subunit-photobleaching. (B)
The average intensity of a 3 × 3 pixel ROI over the spot plotted versus time. The time dimension
indicated is equivalent for both A and B. Image frame-rate is 50 ms, 1 pixel is equal to 260 nm in
size in both x and y dimensions.

Whilst imaging the appearance of spots in time under constant illumination gives good

resolution of the appearance times, photobleaching during constant illumination means that

inferences about the fluorophore stoichiometry in the complexes are hard to make. Bright

complexes that appear at the membrane could comprise already photobleached subunits.

To illustrate the process of spot-appearance, a montage is shown (Figure 6.9). Here, spots

are seen appearing over the course of only a few minutes.

An experiment was conceived where the monomer would be incubated with the DHB in

darkness prior to illumination. Here, labelled-α-hemolysin could oligomerize without any

subunit fluorophores being photobleached. It was apparent that after this incubation, upon
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Figure 6.9: A montage showing the appearance of bright spots with time. A time-lapsed set of
images were acquired spread by 15 s. Each frame represents a single 50 ms acquisition.

illumination there were a number of more slowly diffusing spots, whose intensity was far

higher than the monomers. The use of a fast acquisition time in the imaging enabled the

resolution of the rapidly-diffusing monomers in the background. A high laser-intensity was

required to capture enough photons to resolve the monomers at the fast frame rate. Prior

calibration experiments were performed to guage the correct camera gain settings to ensure
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a sufficient dynamic range for relative intensity analyses. Using these data, two separate

forms of oligomer stoichiometry analysis were performed. The first uses a straightforward fit

of the intensity of all resolved PSFs in the image. The second analysis measures individual

photobleaching steps in resolved complexes.

The rate of photobleaching in the complexes was rapid, hence only the first 2 frames from

5 separate image stacks was used for the spot intensity analysis (Figure 6.10). The use of

multiple images for the intensity analysis was unavoidable, as the number of oligomers in the

field of view at this concentration is relatively low. In order to achieve normalisation across

the multiple images, a quantile-based normalisation algorithm was employed, originally

derived for use when comparing oligonucleotide microarray data [28]. Essentially, this

transformation finds the maximum and minimum values across all of the images and assigns

all pixels into 256 linearly-distributed bins ranging from the minimum to the maximum

intensity. The images are then reconstructed with each pixel taking the mean value of the

bin it was assigned to. Each PSF is detected in the image using CLEAN and is fitted with

a 2D-Gaussian function as described previously in Chapter 4 [54]. The peak intensities are

plotted as a histogram with a bin width equal to 3.49 ∗ σ ∗ N1/3, where σ is the standard

deviation, and N is the number of PSFs fitted [239].

Through this analysis, two well separated distributions of intensities are clearly resolved.

These were fitted with a log-normal function to describe the lower-intensity distribution,

and a Gaussian function to describe the higher-intensity distribution. The presumption is

made that the low intensity fluorophores correspond to freely diffusing membrane-adsorbed

α-hemolysin monomers. This is based upon the fact that in these images, acquired for a total

of 30 s, if all monomer tracks are analysed, no multistep photobleaching is observed outside

of the bright complexes. The ratio between the mean values of these two distributions gives

an indication of the stoichiometric arrangement in the imaged complexes, 254.55/44.85 =

5.68. The deconvolution of single-molecule intensity distributions for complex stoichiometry

analysis has been addressed previously [196]. Numerical simulations by Mutch et al. have

demonstrated that if the ratio of the standard deviation to the mean of a fit of calibrating

single fluorophores (assumed to be the lowest intensity peak) is larger than that for the

multimer, a straightforward Gaussian approximation of the multimeric spot intensities is

valid [196]. The reduced χ2 value (χ2
r = 1.21) is close to one, indicating a good fit as is

theoretically expected.
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Figure 6.10: The analysis of spot intensities following monomer incubation with DHBs in darkness.
(A) A representative image of the bright spots detected after incubation of monomer with a DHB.
(B) A histogram showing the relative distribution of spot intensities corresponding to all detected
PSFs in the images analysed. Two peaks are clearly visible, the lowest intensity peak is fitted with
a log-normal distribution (blue) < x > = 44.85± 1.01, χ2

r = 4.23, whereas the higher intensity peak
is fitted with a Gaussian distribution (red) < x > = 254.55± 2.76, χ2

r = 1.21.

A superior method to calculate complex stoichiometry is through the counting of

photobleaching steps [43, 57, 165]. Difficulties do still exist however in its implementation

here. Because of the rapid lateral diffusion of α-hemolysin monomers on the DHB, a great

deal more noise is manifested in the tracks of complexes we image, versus for example, if

they were dried onto a coverslip and stationary. All the bright spots present at the start of

imaging were tracked throughout the course of photobleaching. An example photobleaching

trace from Das et al. [57] is shown for comparison with these data (Figure 6.11A). Through

the use of a non-linear edge-preserving filter (Chung-Kennedy) [44, 57, 165], the bulk of the

noise due to monomers diffusing across the photobleaching complex can be removed from
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the signals. A rudimentary step-detection algorithm [57] is employed to find steps, assigned

as jumps greater than a multiple of the noise in the signal (described in methods). The

number of steps in each trace is presented as a histogram (Figure 6.11C). The peak of the

photobleaching step distribution is fitted to a Gaussian distribution with a peak centered at

7.77± 0.02.
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Figure 6.11: Stoichiometric analysis of complexes through the counting of subunit photobleaching
steps. (A) A reproduction of a figure from Das et al. [57], with kind permission of the author.
A characteristic 7-step photobleaching from a purified labelled α-hemolysin heptamer dried onto a
coverslip. (B) Five representative photobleaching traces from DHB oligomerization experiments.
Raw intensity data = grey, Chung-Kennedy filtered data = black, assigned photobleaching steps =
red. (C) A histogram showing the numbers of photobleaching steps in all traces analysed (n = 56).
Fit indicates a Gaussian distribution centered at 7.77±0.02 with a FWHM = 1.39±0.03, χ2

r = 0.915.
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6.3.3 Direct Observation of Insertion of α-Hemolysin Channels into

DHBs

In order to compare the temporal relationship between complex formation in the DHB and

actual pore insertion, a simultaneous fluorescence and electrical measurement was made in

an attempt to delineate the two processes. By counting the number of pores inserted into the

DHB electrically and imaging a region of DHB simultaneously to count the bright complexes

forming with time, it is possible to directly compare the rates of the two processes (Figure

6.12).
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Figure 6.12: Simultaneous single-molecule fluorescence imaging of complex formation and
electrical measurement of pore insertion in a DHB. Synchronised 1 minute after injection,
electrically measured pore insertion (blue line) is compared with a simultaneous time-lapsed
fluorescence acquisition (solid red line). The rate of appearance of spots in the images is from a
visualised area approximately 4.9× smaller than the bilayer area (from calibration). Multiplication
of the number of spots in the image areas actually recorded by this scale factor of 4.9 yields an
estimate of the number of spots which might be present in the entire bilayer (dotted red line, circular
points). The region of electrical trace is shorter than the fluorescence due to inadequate resolution
of the electrical signal at high currents (i.e. too much signal noise for pore insertion resolution).
Both traces are plotted from time = 0, showing a correlated starting number of channels, with the
y-axis scale normalised thereafter.

This experiment was technically very difficult. Simultaneously injecting protein at high

concentration, a requirement for complex formation on a time-scale that we can measure
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fluorescently (i.e. before significant photobleaching ensues), and measuring electrically is

technically cumbersome using the available equipment in our laboratory at this time. The

time-lag prior to data capture, approximately 1 min after injection, is enough time for

significant pore formation prior to imaging. However, this time-lag was unavoidable as the

nano-injector had to be removed from the micro-manipulation apparatus and replaced with

the Ag/AgCl electrode for electrical measurements. Whilst it is impossible to say if all the

bright complexes are in fact embedded pores, as the entire bilayer is not being imaged in

this example, the simultaneous data trends correlate very well.

In order to assess the functional status of the imaged fluorescent complexes directly, an

experiment was conceived to fluorescently image the insertion of β-barrels into the lipid

bilayer, using a similar approach to that described in the previous chapter.

6.3.3.1 Calcium-Flux Imaging with Single-Molecule Fluorescence Localization

- Probing Prepore→Pore Conversion

Building on previous work, where it was shown that it is possible to make efficient

simultaneous fluorescence and electrical recordings in DHBs, described in Chapter 5, a

two-colour fluorescence experiment was designed around the calcium indicator dye Fluo-8

(analogous to Fluo-4) and Cy3B-labelled α-hemolysin monomers.
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Figure 6.13: The absorbance and emission spectra of Fluo-8 and Cy3B in water. Fluo-8:
absorbance = light red, emission = dark red, Cy3B: absorbance = light green, emission = dark
green. Fluo-8 and Cy3B are illuminated with 473 nm laser light. Emitted fluorescence is imaged in
one 80 nm band centered at 645 nm.
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It was reasoned that α-hemolysin complex formation could be observed using the

fluorescent signal from Cy3B-labelled α-hemolysin monomers, whilst also imaging for pore

insertion by using Fluo-8 calcium flux imaging. The spectral profiles of Cy3B and Fluo-8

are illustrated showing the fundamental principles of the experimental hypothesis (Figure

6.13). Fluo-8’s absorption cross-section is wide at 473 nm, whereas Cy3B excitation is less

efficient at this wavelength. The degree of overlap between the emission spectrum of Fluo-8

and absorbance spectrum of Cy3B is high. Therefore, upon pore formation, the Fluo-8

fluorescence should become locally enhanced around the pores due to calcium flux from the

gel into the droplet. The fluorescence of Cy3B can be used to track oligomerization events

and complex formation, thereafter it would be possible to probe the temporal relationship

between complex formation and the insertion of a pore. It might also serve to prove that the

complexes that are imaged in the Cy3B experiments described prior are in fact α-hemolysin

prepores or pores, and not other aggregates.

a
Fluo-8 Cy3B
b

Figure 6.14: Simultaneous Cy3B and Fluo-8 experiments. (A) A representative image from a Fluo-
8 / Cy3B experiment monitoring the channel as indicated in Figure 6.13. Fluo-8 fluorescence can be
observed emanating from inserted pores in the DHB, (3× green circles indicate examples) along with
bright spots also diffusing in the background (3× red circles indicate examples), however the smaller
bright spots photobleach rapidly and generally without multiple steps. (B) A representative dual-
colour image showing 128×64 pixels on the left corresponding to the Fluo-8 channel, and 128×64
pixels on the right corresponding to the Cy3B channel. Bright spots are observed in both channels,
however corresponding bright spots are not observed in the Cy3B channel where pores are known to
be due to Fluo-8 fluorescence.

A droplet loaded with Fluo-8 was used to preform a lipid bilayer, as in the previous

experiments protein was then injected into the droplets. After a lag period, channels could
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be observed by punctate Fluo-8 fluorescence enhancement as described previously in Chapter

5. Much dimmer spots could be seen diffusing on the DHB prior to channels appearing, which

could be attributed to Cy3B fluorescence, or aggregated Fluo-8 particles (Figure 6.14A). No

obvious conversion from a bright complex to a Fluo-8-resolved pore was observed in multiple

images.

A separate experiment was also conceived which could potentially decouple the two

fluorescence processes by imaging two separate emission channels. In one channel, Fluo-8

fluorescence could be imaged predominantly, whereas the other channel utilised a band-pass

emission filter to image Cy3B predominantly. The same process of protein injection and

oligomerization monitoring was performed. No clear localization of Cy3B fluorescence in

Fluo-8 spot localities was observed (Figure 6.14B). This result is likely due to the large

degree of spectral overlap of Fluo-8 and Cy3B emission. The high concentration of Fluo-8

probably inhibits the resolution of single and multiple (∼7) Cy3B molecules.

6.4 Discussion

The rate of binding of α-hemolysin monomers to a DHB lipid bilayer shows a linear

dependence on concentration. This demonstrates that there is no cooperativity in the

binding process at these low concentrations. The rate of dissociation is calculated from

analysing the dependence of the rate of spot disappearance on illuminating laser power.

The calculated average lifetime of a bound-monomer on the lipid bilayer is 0.188 s. If this

time is multiplied by the average diffusion rate of the monomers (Dlat = 23.4 ± 6.4 µm2s−1),

a value is yielded for the average distance a monomer will diffuse whilst membrane-adsorbed,

4.46 ± 0.06 µm2. The range of diffusion coefficients is much wider than the single mean value

stipulated here. However, this gives a crude idea of the area covered by a single α-hemolysin

monomer diffusing on a protein-free artificial lipid bilayer at low concentrations.

At picomolar concentrations used for the tracking of monomers binding and dissociating

from DHBs, the apparent rate of bright complex formation at the lipid bilayer was extremely

low. If the concentration is raised above 1 nM, the spontaneous appearance of bright

complexes is observed at the lipid bilayer within a few minutes. By counting the number of

monomers on the surface for a given concentration in solution, it was possible to evaluate

the steady-state surface concentration of the monomers. This taken with the knowledge
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of the rate of diffusion of α-hemolysin monomers allows for a calculation of the expected

rate of collision between two monomers whilst adsorbed to the lipid bilayer [98, 99, 102].

According to Hardt [102], the rate of collision φ between two particles A and B can be

calculated in two-dimensional structured media, where they both have defined steady-state

surface concentrations CA and CB and lateral diffusion coefficients DA and DB , using the

relationship

φ = 2πNCACB{DA/ ln[(πNCB)−1/2/a] +DB/ ln[(πNCA)−1/2/a]} (6.2)

where N is Avogadro’s constant. For homomeric interactions, such as those of α-hemolysin

monomers, A and B and equivalent and the equation simplifies to

φ = 4πNC2{D/ ln[(πNC)−1/2/a]} (6.3)

Using this approach it was possible to approximate the rate of monomer-monomer contacts

in DHBs for a range of concentrations. The results of this calculation over a range of

concentrations between 1 pM and 1 µM is illustrated (Figure 6.15).

This analysis corroborates the observed lack of complex formation at concentrations lower

than 1 nM. At concentrations higher than 10 nM the collisional rate is expected to increase

dramatically, in keeping with the observations made at these concentrations. The rate of

seven monomers colliding within a 1 nm space of one another at any point in time must be

considerably lower than this straightforward monomer-monomer collision rate. Presumably,

the rate of step-wise addition to a growing complex would be faster than 7 monomers having

to collide simultaneously. However, a detailed kinetic model of assembly is beyond the scope

of this thesis.

Whilst this diffusion analysis gives only a theoretical calculation of the rate of

collision between monomers, the underlying trend shows that it is much less probable to

observe monomer-monomer interactions at concentrations low enough to track α-hemolysin

monomers unequivocally binding, diffusing and dissociating from the lipid bilayer. At

concentrations higher than are possible to track at the single-molecule level (>10 nM),

the stochastic appearance of bright complexes at the lipid bilayer was observed within short

periods of time (1-2 mins). The fluorophore stoichiometry in these complexes is shown

through photobleaching and spot intensity analysis to range between ∼6 and 8 subunits.
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Figure 6.15: A graph showing the calculated collision frequency for α-hemolysin monomers over
a range of concentrations between 1 pM and 1 µM according to Equation 6.3. The boldline
demonstrates the calculated frequency of a collisions per imaging field of view using a 60 × objective
lens (∼ 2.5×10−9 m2). The right hand axis shows the estimated appearance rate of bright spots
at the bilayer for the given concentrations, from experimental estimates. The zone of the graph
indicated by (a) is the concentration range at which bright spots are never resolved during reasonable
illumination timescales (∼ 2-5 mins), however monomeric α-hemolysin is clearly resolved and can
be tracked. Zone (b) indicates the concentration range over which monomers can still be tracked, and
very infrequent bright spot appearance is observed. Zone (c) indicates the concentration range where
electrical measurements indicate pore insertions on the order of ∼1-10 s−1. In this range fluorescent
measurements can be made where bright spots are seen appearing at a comparable rate, and electrical
noise is low enough to permit resolution of pore insertions. Zone (d) is the concentration at which
electrical noise becomes too great to resolve pores inserting, and bright spots are no longer resolvable
above the background signal. The amber zone indicated by (1) is the concentration range at which
monomers can be resolved and occasional pores can be resolved inserting electrically with bright
spot appearance also clearly resolvable over the course of ∼ 2-5 mins. The green zone indicated
by (2) is the concentration range at which the appearance of multiple bright spots can be resolved
electrically and fluorescently within a typical 1 min acquisition. The red zone indicated by (3) is
the concentration at which pores can be resolved inserting initially, however after a short period of
time the total current across the bilayer is too great, resulting in too much signal noise to be able
to resolve further pore insertions. At these concentrations fluorescently, bright spot resolution is
practically impossible.

It may be possible to deduce the stoichiometry of the complexes through the kinetic

analysis of complex appearance rates versus concentration. The analysis of such data over a

wide range of concentrations may facilitate a deduction of the complex stoichiometry through

the evaluation of the Hill coefficient. At low concentrations complexes can be observed

appearing and these kinetics can be accurately measured. However, at high concentrations
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(such as is indicated by the red zone in Figure 6.15) the appearance rate will be difficult to

deduce. If the high-concentrations are supplemented by replacing fractions with unlabelled

protein, the range of concentrations is greatly enhanced.

These results might be interpreted as showing that prepore formation proceeds extremely

rapidly (i.e. faster than the frame rate <50 ms), as we are unable to detect intermediate

states. However, at higher concentrations of α-hemolysin, necessary to promote pore

formation, imaging lower intensity intermediates might be hindered by the dense surface

coverage of fluorophores leading to a high background signal. The high rates of

photobleaching and of diffusion on the lipid bilayer both compound the difficulty in resolving

single-complexes. Although we do not observe any clear evidence for intermediate assembly

states, as yet it is impossible to say from these results whether intermediates definitely do

not exist.

Experiments designed to delineate the process of oligomer appearance and pore insertion

using Fluo-8 fluorescence were less convincing. No clear correlation was observed between

punctate bright complexes and the positions of pores in the lipid bilayer. Further conclusions

and future experiments are discussed in the following brief chapter.

6.5 Materials and Methods

6.5.1 Materials

All chemicals were from Sigma unless otherwise stated. 1,2–Diphytanoyl–sn–glycero–3–

phosphocholine (DPhPC) (Avanti Polar Lipids) and Fluo–8H sodium salt (ABD Bioquest)

were used without further purification. Potassium chloride (TraceSelect, Fluka) buffered

with HEPES was first filtered (0.2 µm cellulose acetate, Nalgene) and then treated

with Chelex according to the manufacturer’s instructions (BioRad Chelex 100 Resin,

Biotechnology Grade, 100–200 mesh) to reduce the concentration of divalent metal cations

in solution.

6.5.2 Protein handling

Protein was prepared as described in Chapter 3. Protein from +4◦C storage in MES

buffer at pH 5.5 was diluted with sodium phosphate buffered 150 mM or 500 mM KCl

at pH 7.4 prior to reconcentration using a size-exclusion spin-column (Microcon - 10 kDa
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cutoff). Protein was diluted to the desired concentration (as stated in text) using the

phosphate buffer. Protein was loaded into a hexadecane-backfilled borosilicate capillary

modulated by a micromanipulated piezo-electric nano-injector (Nanoliter 2000, World

Precision Instruments) for injection into droplets. Injection was performed under bright-

field illumination, where injection was confirmed by swelling of the lipid bilayer area and

fluorescence increase at the lipid bilayer.

6.5.3 DHB Methods

DHBs were created on agarose-coated glass coverslips integrated into polymethylmethacry-

late (PMMA) devices suitable for TIRF illumination and electrical recording as described

in Chapters 4 and 5.

6.5.4 Imaging and Microscopy

For Cy3B imaging, a fibre-coupled 532 nm circularly polarised, continuous-wave laser beam

(Compass 215M, Coherent Inc, Santa Clara, CA) was focussed at the back aperture of an

oil immersion objective lens (60× Plan Apo N.A. 1.4, Nikon Instruments, UK) mounted on

an inverted microscope (Ti-Eclipse, Nikon Instruments UK), illuminating the DHB through

TIR at the device coverslip surface. The emitted fluorescence was collected through the

same objective and transmitted through dichroic (Q565LP) and band-pass (HQ580/60m)

filters (Chroma Technology Corp, Rockingham, VT).

For Fluo-8 and Cy3B imaging, a fibre-coupled 473 nm circularly polarised, continuous-

wave laser beam (SDL-473-100SFL, Shanghai Dream Lasers Co., China) was focussed at the

back aperture of an oil immersion objective lens (60× Plan Apo N.A. 1.4, Nikon Instruments,

UK) mounted on an inverted microscope (Ti-Eclipse, Nikon Instruments UK), illuminating

the DHB through TIR at the device coverslip surface. The emitted fluorescence was collected

through the same objective and transmitted through dichroic (Q488LP) and band-pass

(HQ645/60m) filters (Chroma Technology Corp, Rockingham, VT).

For simultaneous dual-channel Fluo-8 and Cy3B imaging, a fibre-coupled 473 nm

circularly polarised, continuous-wave laser beam (SDL-473-100SFL, Shanghai Dream Lasers

Co., China) was focussed at the back aperture of an oil immersion objective lens (60× Plan

Apo N.A. 1.4, Nikon Instruments, UK) mounted on an inverted microscope (Ti-Eclipse,

Nikon Instruments UK), illuminating the DHB through TIR at the device coverslip surface.
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The emitted fluorescence was collected through the same objective and directed to the

camera by a dichroic (Q488LP). Using an using an OptoSplit II Image Splitter (Cairn

Research Ltd., UK) the light was separated using onto two-halves of the camera using a

using a dichroic (Q560LP) and two emission filters: for the first channel a HQ525/50m

bandpass filter (for Fluo-8 imaging) (Chroma Technology Corp, Rockingham, VT), and for

the second channel a HQ580/60m bandpass filter (for Cy3B imaging) (Chroma Technology

Corp, Rockingham, VT). This effectively split the emitted light onto two halves ∼128 × 64

pixels in size, for simultaneous imaging.

Images were all acquired using a 128 × 128 pixel frame-transfer emCCD detector (iXon

DU-860, Andor Technology PLC, Belfast, UK). Image sequences were converted to stacked

16-bit Tagged Image File Format (TIFF) bitmaps prior to analysis.

6.5.5 Electrical Recording

Electrical recording was performed exactly as described in Chapter 5.

6.5.6 Single-Particle Tracking

Single-particle tracking for spot detection in binding, dissociation and intensity analysis

experiments was performed using the particle tracker plugin developed by the Computational

Biophysics Lab at ETH Zurich [234] for ImageJ [1]. Tracks were analysed using Igor Pro

(Wavemetrics).

6.5.7 Spot Intensity Analysis

For spot intensity analysis, the first pair of frames of five images were selected and normalised

using a quantile-based normalisation plugin for ImageJ [1], written by Mark Longair at the

University of Edinburgh, based upon work by Bolstad et al. [28]. Briefly, the algorithm

undertakes to normalise across multiple images by binning pixels based upon the maximum

and minimum values recorded across the images. Thereafter the mean of the quantile bins

is substituted for the original pixel value to create a normalised image.

Each PSF was then detected in the images using CLEAN as described previously [54,

263], however using an Igor Pro implementation of the algorithm. Each PSF was fitted

with a 2D-Gaussian using the CLEAN algorithm, as described in Chapter 4. The resulting
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Gaussian peak intensities of all detected PSFs are then used to create the histogram of

spot intensities. The distributions were fitted with log-normal and Gaussian distributions,

the log-normal distribution suiting the lower-intensity peak best, and the Gaussian for the

higher-intensity peak as judged by relative χ2
r.

The log-normal distribution was of the form,

f(x) = A ∗ 1
xσ
√

2π
exp(− lnx− µ2/2σ2) (6.4)

where A is the normalisation factor, σ is the standard deviation of the variable logarithm

and µ is the mean of the variable logarithm. The mean of the distribution is defined as:

< x > = exp(µ+ σ2/2) (6.5)

6.5.8 Photobleaching Analysis

Photobleaching analysis was performed exactly as reported by Das et al. [57]. Briefly,

photobleaching tracks were processed by a simplified forward-backward non-linear edge-

preserving algorithm Chung-Kennedy [44], however using a single edge-preservation

predictor, given by the standard deviation of our 2×2 analysis window. The algorithm

computes a mean and standard deviation in two adjacent windows centered between two

segments of 2 data points each. The algorithm then reconstitutes the signal using the mean

value of the filter segment with the lowest standard deviation. The reconstituted running

average maintains sharp changes in signal amplitude, preserving the underlying properties

of the signal [57, 101, 165, 166].

Using this filtered signal, photobleaching steps were defined as the point at which the

data exceeded a calibrated step size value (& 3× the signal noise) using a χ2-based analysis

of photobleaching step size. Briefly, a range of possible photobleaching step sizes in the

intensity dimension were fitted, ranging between 1 and approximately 10 × the signal noise,

with the relative χ2 in the fitted signal being recorded every iteration. The premier value

at which the χ2 was minimised after the first principal jump, according to a real step (by

visual inspection), was selected for fitting. No statistical measure of the accuracy was used

for the goodness-of-fit of the assigned photobleaching steps. It is important to point out

that potentially where few data points are sampled before an apparent step, the median
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may be a superior measure of the average value prior and post jump. Photobleaching steps

were counted automatically and subsequently verified manually, with the number of steps

plotted as a histogram (Figure 6.11C) and fitted to a normal distribution.

143



Chapter 7

Conclusions

Experiments described in this thesis detail the development of a stable and straightforward

to implement in vitro lipid bilayer, the Droplet-on-Hydrogel Bilayer. DHBs are shown

to be suitable for simultaneous single-molecule fluorescence and single-channel electrical

recording studies of embedded or adsorbed proteins. Characterization of membrane proteins

is performed in DHBs without the need to purify and reconstitute into detergents and vesicles

for in vitro study. SDS-PAGE extracts of cell membranes were used to detect detergent-

stable ion channels by scanning DHBs across the surface of gels post-electrophoresis. Both

α-helical bundle and β-barrel classes of membrane proteins are shown to insert into DHBs.

DHBs are also shown to be a suitable means to image the lipid bilayer at the single-

molecule level reproducibly. Imaging the lipid bilayer with the wide-field imaging technique

TIRF microscopy is straightforward. The fluidity of DHBs was analysed using single-particle

tracking, demonstrating that the lipid bilayers interact with the substrate to a far lesser

extent than traditional supported lipid bilayers. This renders DHBs a suitable platform for

diffusional measurements and observations of protein interaction at the lipid bilayer.

Simultaneous electrical and fluorescence measurements of ion current emanating from

individual α-hemolysin pores in the lipid bilayer has been demonstrated. This shows that

highly-correlated simultaneous measurements of fluorescence and electrical current in DHBs

is possible.

α-hemolysin monomers were labelled stoichiometrically with the rigidified cyanine dye

Cy3B. These proteins were used to image the assembly of the pore-forming toxin α-hemolysin

in DHBs. Results showed that assembly occurs on a rapid time-scale with the observation
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that oligomeric complexes of subunit stoichiometries of ∼6 to 8 suddenly appear at the lipid

bilayer, with no detection of any long-lived lower-intensity intermediate states. Simultaneous

electrical recording of pore insertion and fluorescence observation of complex appearance

showed similar trends. Work to probe the two processes independently using fluorescence

was less successful. No correlation was observed between Cy3B-resolved oligomer formation

and pore-formation by calcium-flux imaging.

7.1 Current Experiments

At present, work is continuing to address the issue of spontaneous formation of complexes

through high-speed imaging, whilst working to deduce whether these complexes are prepore

states or functional inserted pores. Due to the difficulty of injecting protein into the droplets

whilst simultaneously recording the electrical signal and maintaining a small enough bilayer

to image with a high-magnification objective lens, these experiments are cumbersome. A

redesign of apparatus to facilitate more straightforward simultaneous recording is currently

in progress.

7.2 Future Prospects

In the future, experiments using the calcium-indicator ion current method may be able to

prove if there is a correlation between the appearance of oligomers at the lipid bilayer, and

instantaneous pore insertion. If a more red-shifted fluorophore was used instead of Cy3B it

might be possible to separate the two fluorescence emission channels to a greater extent. This

could yield a direct measurement of prepore to pore conversion rate at the single-molecule

level without the need to image the entire bilayer.

Separately, an α-hemolysin monomer system might be generated with an

environmentally-sensitive dye modification, similar to experiments by Nguyen et al. with

γ-hemolysin [198]. This could enable another two-colour experiment where monomers are

observed forming oligomers, and in a separate fluorescence channel central loop stem-domain

insertion across the lipid bilayer could be directly imaged.

It might also be possible to raise the temperature of the system to closer to physiological

temperatures. This might change the lipid phase dynamics, and increase the rate of assembly
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at low concentrations. If this is achieved it may enable the tracking of monomers in order

to deduce if there are any intermediate states. The experiments might also be performed on

rabbit erythrocyte ghosts, or through the incorporation of their membrane components into

DHBs. Both procedures hold potential for increasing the rate of oligomerization at lower

protein concentrations, potentially allowing for direct tracking of all monomer interactions

on the lipid bilayer.

An alternative means to circumvent the requirement for high α-hemolysin concentrations

in experiments is to titrate unlabelled protein into the experiments. In doing so, the

overall concentration of α-hemolysin on the lipid bilayer can be kept high, whilst enabling

a reduction of the labelled-protein requirement. Again, this may facilitate single-particle

tracking of the assembly process.

In order to assess the viability of the prepore-state. It may be possible to reproduce

some of the earlier work on the prepore of α-hemolysin using stalled mutants with pinned

back stem-domains. For example, Zn2+-stalled histidine mutants could be triggered through

injection of EDTA into a droplet containing prepores.

With the present information, and these experimental ideas, it is foreseeable that in the

near future, the questions surrounding the mode of assembly of the staphylococcal pore-

forming toxin α-hemolysin will be answered. Analogous experiments might be performed

using close relatives of α-hemolysin such as other bi-component leukocidins. Larger pore-

forming toxins such as the cholesterol-dependent cytolysins might be analysed in a similar

manner. Such CDCs consist of many more subunits than the leukocidins [16]. It may be the

case that large complex intermediate states will be resolved above the background signal of

the diffusing monomeric protein.

In addition, DHBs are an ideal platform for the high-throughput screening of membrane

protein processes, such as for example, the binding of pharmaceutical targets to key

membrane proteins. Similar technologies are presently in use in the pharmaceutical

industry making use of frog oocytes and patch-clamping, which is a cumbersome process.

Heterogeneous levels of protein expression in oocytes in high-throughput multiplexed patch-

clamping systems greatly affects the quality of data recovered from assays. The reagent

control afforded in DHB experiments may represent a possible means to overcome this

hindrance. Whilst to date no eukaryotic complexes have been incorporated into DHBs,

their properties do suggest that this may be possible. For example, it might be possible to
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build an array of DHBs with key eukaryotic membrane proteins embedded, then assay the

proteins response to a massive library of drug targets in parallel.
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Chapter 8

Appendix

8.1 Gene Sequences

The sequences of the genes used in this work:

α-Hemolysin Wild-Type

A D S D I N I K T G T T D I G S N T T V K T G D L V T Y D K E N G M H

K K V F Y S F I D D K N H N K K L L V I R T K G T I A G Q Y R V Y S E E G A N

K S G L A W P S A F K V Q L Q L P D N E V A Q I S D Y Y P R N S I D T K E Y M

S T L T Y G F N G N V T G D D T G K I G G L I G A N V S I G H T L K Y V Q P D

F K T I L E S P T D K K V G W K V I F N N M V N Q N W G P Y D R D S W N P V

Y G N Q L F M K T R N G S M K A A D N F L D P N K A S S L L S S G F S P D F A

T V I T M D R K A S K Q Q T N I D V I Y E R V R D D Y Q L H W T S T N W K G

T N T K D K W T D R S S E R Y K I D W E K E E M T N

α-Hemolysin T292C-Long Linker-H6

A D S D I N I K T G T T D I G S N T T V K T G D L V T Y D K E N G M H

K K V F Y S F I D D K N H N K K L L V I R T K G T I A G Q Y R V Y S E E G A N

K S G L A W P S A F K V Q L Q L P D N E V A Q I S D Y Y P R N S I D T K E Y M

S T L T Y G F N G N V T G D D T G K I G G L I G A N V S I G H T L K Y V Q P D
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F K T I L E S P T D K K V G W K V I F N N M V N Q N W G P Y D R D S W N P V

Y G N Q L F M K T R N G S M K A A D N F L D P N K A S S L L S S G F S P D F A

T V I T M D R K A S K Q Q T N I D V I Y E R V R D D Y Q L H W T S T N W K G

T N T K D K W T D R S S E R Y K I D W E K E E M C N R G S G S S S G G S S H H

H H H H

α-Hemolysin 294C-Short Linker-H6

A D S D I N I K T G T T D I G S N T T V K T G D L V T Y D K E N G M H

K K V F Y S F I D D K N H N K K L L V I R T K G T I A G Q Y R V Y S E E G A N

K S G L A W P S A F K V Q L Q L P D N E V A Q I S D Y Y P R N S I D T K E Y M

S T L T Y G F N G N V T G D D T G K I G G L I G A N V S I G H T L K Y V Q P D

F K T I L E S P T D K K V G W K V I F N N M V N Q N W G P Y D R D S W N P V

Y G N Q L F M K T R N G S M K A A D N F L D P N K A S S L L S S G F S P D F A

T V I T M D R K A S K Q Q T N I D V I Y E R V R D D Y Q L H W T S T N W K G

T N T K D K W T D R S S E R Y K I D W E K E E M T N C S S H H H H H H

179



8.2. Apparatus Details

8.2 Apparatus Details
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Figure 8.1: Images showing DHB experimental apparatus. (A) 1 - A nanoinjection capillary in
the vicinity of the DHB device. 2 - The ground Ag/AgCl electrode connecting to the substrate gel.
3 - The DHB device attached to the bottom of the Faraday cage. (B) 1 - The nanoinjector attached
to a micro-manipulator attached within the faraday cage (2). 3 - The inverted microscope. 4 -
The emCCD detector attached to the microscope. (C) 1 - The ground Ag/AgCl electrode connecting
to the substrate gel. 2 - The 100 µm Ag/AgCl electrode used for electrical measurements inside
droplets. 3 - the DHB device attached to the bottom of the Faraday cage.
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8.3 Patch-Clamp Amplification Details

The patch-clamp amplifier used in these experiments is essentially a low-noise and high-

bandwidth current to voltage converter (I-V converter). The means to measure a picoampere

current, such as is yielded in these experiments, is to measure the voltage drop across a

large resistor. This is achieved through the use of a rapid and precise voltage-controlled

voltage source, an op-amp. The op-amp in the probe acts to keep the voltage at its two

inputs equalised, i.e. the probe electrode and the ground electrode. The limited bandwidth

afforded by the feedback-resistor element is overcome through the use of a boost circuit,

whose gain is proportional to the frequency. A diagram of such a circuit is shown 8.2.

Thereafter the signals are digitised before being recorded to a computer.

+

-

+

- Offset
and

Scaling

High
Frequency

Boost

Feedback
Resistor

Output
Current

V0

Electrode
Connection

Electrode
Potential

Probe

Boost Circuit

I

Figure 8.2: A diagram of the resistive mode of the head-stage (Molecular Devices - CV 203BU)
employed in the amplification of picoampere currents in single-channel resolution electrical recordings
in this work. The op-amp in the probe acts to keep the voltage at its two inputs equalised. Hence,
the voltage at its negative input equals the electrode potential, hence the feedback resistor voltage is
V0 minus the electrode potential, which is calculated by a differential amplifier maintained in the
control box sequence of amplifiers. Later amplifiers add signal gain for the A-D process and remove
voltage offsets. The circuit diagrams of the actual components used in this apparatus are proprietary
and were unavailable for publication within this work.
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