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Abstract 

Spatiotemporal Dynamics of Cytoskeletal and Chemosensory Proteins in 

the Bacterium Rhodobacter sphaeroides 
 

Sheng-Wen Chiu 

Linacre College, University of Oxford 

Submitted for the degree of Doctor of Philosophy, Hilary Term 2014 

 

The discovery of the prokaryotic cytoskeleton has revolutionized our thinking about 

spatial organisation in prokaryotes. However, the roles different bacterial cytoskeletal 

proteins play in the localisations of diverse biomolecules are controversial. Bacterial 

chemotaxis depends on signalling through large protein clusters and each cell must inherit 

a cluster on cytokinesis. In Escherichia coli the membrane chemosensory clusters are 

polar and new static clusters form at pre-cytokinetic sites, ensuring positioning at new 

poles after cytokinesis and suggesting a role for the bacterial FtsZ and MreB 

cytoskeletons. Rhodobacter sphaeroides has both polar, membrane-associated and 

cytoplasmic, chromosome-associated chemosensory clusters. This study sought to 

investigate the roles of FtsZ and MreB in the partitioning of the two chemosensory 

clusters in R. sphaeroides. The relative positioning between the two chemosensory 

systems, FtsZ and MreB in R. sphaeroides cells during the cell cycle was monitored using 

fluorescence microscopy. FtsZ forms polar spots after cytokinesis, which redistribute to 

the midcell forming nodes from which gradients of FtsZ extend circumferentially to form 

the Z-ring. The proposed node-precursor model might represent a common mechanism 

for the formation of cytokinetic rings. The MreB cytoskeleton continuously reorganizes 

between patchy and filamentous structures, and colocalises with FtsZ at midcell. 

Membrane chemosensory proteins form individual dynamic unit-clusters with mature 

clusters containing about 1000 CheW3 proteins. These unit-clusters diffuse randomly 

within the membrane but have a higher propensity for curved regions like cell poles. 

Membrane clusters do not colocalise with FtsZ and MreB and appear excluded from the 

Z-ring vicinity. The bipolar localisation of membrane clusters is established after cell 

division via random diffusion and polar trapping of clusters. The cytoplasmic 

chemosensory clusters colocalise with FtsZ at midcell in new-born cells. Before 

cytokinesis one cluster moves to a daughter cell, followed by the second moving to the 

other cell. FtsZ and MreB do not participate in the positioning of cytoplasmic clusters. 

Therefore the two homologous chemosensory clusters use different mechanisms to ensure 

partitioning, and neither system utilizes FtsZ or MreB for positioning. 
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“Nature composes some of her loveliest poems for the microscope 
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Chapter 1. Introduction 
                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                 

Many researchers presently studying our simpler organisms are deeply 

concerned about the future of prokaryote research… We believe that some 

journals no longer consider developments in prokaryotic biology worthy of 

reporting… 

 What will be the fate of research on prokaryotes? Charles Yanofsky 

 

 

1.1 Bacterial Cell Biology 

 

To see a world in a grain of a bug 

In 1991, Charles Yanofsky wrote an editorial in Cell to express his concern about 

the fate of research on prokaryotes (Yanofsky, 1991). At that moment, the joys in 

these prokaryotesamorphous bags containing homogeneous solution of 

biomolecules (Losick and Shapiro, 1999)seems to be exhausted. Just in the same 

year, Bi and Lutkenhaus (1991) published a landmark paper for the discovery 

that the bacterial cell division protein FtsZ assembles into a ring-like structure 

(the Z-ring) at cytokinetic sites. This paper demonstrated that a cytoplasmic 

protein can localise to a particular site in the bacterial cell and its location is 

pertinent to its role in cytokinesis. This finding, together with further studies, 

gave rise to the notion that FtsZ is a tubulin homologue (Bermudes et al., 1994; 

Erickson, 1995; Lowe and Amos, 1998). Shapiro and colleagues later showed that 

chemoreceptors in Caulobacter crescentus (Alley et al., 1992) and Escherichia coli 

(Maddock and Shapiro, 1993) localise to the cell poles as huge clusters. Their 

observations indicate that the bacterial cytoplasmic membrane is not uniform and 

protein complexes can localise to particular regions of the membrane. The 

underlying themes of these findingsbacterial cell division, chemotaxis, 
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cytoskeleton, and protein localisationare still the frontiers of microbiology. 

Moreover, even after two decades of fruitful studies, some essential puzzles 

remain unanswered for FtsZ and chemosensory clusters. 

It is now clear that the interior of a bacterium is not an amorphous, 

unstructured amalgamation containing a homogeneous solution of biomolecules, 

as had been the received until very recently (Errington, 2003; Losick and Shapiro, 

1999). We are now entering a new phase, where dramatic advances in bacterial 

cell biology continually increase our appreciation of how the whole bacterial cell 

has an exquisitely organized and dynamic subcellular architecture (Gitai, 2005; 

Goley, 2013). Work in multiple bacterial species has demonstrated that a whole 

set of biomolecules occupy specific subcellular locations and exhibit dynamic 

behaviours (Dworkin, 2009; Govindarajan et al., 2012; Morris and Jensen, 2008; 

Nevo-Dinur et al., 2012; Norris et al., 2007; Rudner and Losick, 2010; Shapiro et 

al., 2009; Vendeville et al., 2010). Therefore, characterising spatial dynamics is 

essential to clearly understand biological processes even in the “simple” bacteria. 

The power of direct visualization earns microscopy a special place in life 

sciences, and indeed the development of bacterial cell biology has greatly relied 

on microscopy (Chiu and Leake, 2011; Gitai, 2009; Kentner and Sourjik, 2010; 

Lewis, 2004; van Teeffelen et al., 2012). Owing to its relative ease of 

implementation and ability to image cells under native living conditions without 

the need for harsh treatments, fluorescence microscopy is among the most 

versatile and accessible methods for direct observation (Gitai, 2009). The 

development of fluorescent proteins as molecular tags over the past two decades 

has provided a revolutionary tool for cell biology by allowing several proteins to 

be simultaneously monitored in living cells (Chudakov et al., 2010; Hinner and 

Johnsson, 2010; Kremers et al., 2011; Shaner et al., 2005; Shaner et al., 2007; Snapp, 

2009). The concomitant progresses in small organic fluorescent dyes, nanocrystals 

(“quantum dots”), and small genetic encoded tags including fluorescent amino 

acids further expend the toolbox of biologists (Giepmans et al., 2006; Hinner and 

Johnsson, 2010). The application of these fluorescent probes in bacteria has made 

it routine to visualize the dynamic localisation of proteins, DNA, RNA, lipids, 

and peptidoglycans in living bacterial cells (Foss et al., 2011; Golding and Cox, 

2004; Southward and Surette, 2002; Wang et al., 2008b). In parallel to the 

developments in fluorescent labelling are the advances in digital photography 

(Eils and Athale, 2003), three-dimensional (3D) imaging (Gerlich and Ellenberg, 

2003), fluorescence recovery after photobleaching (FRAP) (Lippincott-Schwartz et 

al., 2003), Förster resonance energy transfer (FRET) (Padilla-Parra and Tramier, 

2012), and single-cell time-lapse imaging (Brehm-Stecher and Johnson, 2004), to 
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name just a few. These techniques have been proven invaluable to bacterial cell 

biology (Brehm-Stecher and Johnson, 2004; Chiu and Leake, 2011; Gitai, 2009; 

Kentner and Sourjik, 2010). In the past few years, large-scale, high-throughput 

imaging has been adapted for bacterial cell biology and yielded some exciting 

discoveries (Gerding et al., 2007; Goley et al., 2010; Kitagawa et al., 2006; Werner 

et al., 2009). Since most bacteria studied are just a few fold larger than the 

diffraction limit of conventional microscopy, it is no doubt that 

super-resolution/single-molecule fluorescence imaging (Biteen, 2012; Biteen and 

Moerner, 2010; Chiu and Leake, 2011; Coltharp and Xiao, 2012; Gahlmann and 

Moerner, 2014) and cryo-electron tomography (Milne and Subramaniam, 2009; 

Tocheva et al., 2010) have brought unprecedented insights to this field. 

 

Spatial organisation in bacteria 

After decades of dissecting bacterial cells into their molecular constituents, we 

are now trying to put them back together. How do genes and their products 

perform biological functions in space and time? How do bacteria generate, 

maintain, and reproduce their spatial organization? Advances in bacterial cell 

biology have expended the study of spatial organisation into diverse aspects and 

levels, from individual molecules to subcellular architecture, from cell 

differentiation to multicellularity. Bacterial cells have signature shapes (Young, 

2006), intrinsic polarity (Dworkin, 2009), and specifically positioned 

macromolecular assemblies (Govindarajan et al., 2012). Each cell division is a 

challenge: a newborn bacterial cell has to complete huge intersecting tasks to 

divide. Not only must it double in size, replicate and segregate its genome, and 

position its division machinery at the right place, a bacterial cell must also copy 

its structural framework. It is crucial that all these tasks are spatially and 

temporally coordinated. Indeed, bacterial spatial organisation is controlled by 

multi-component regulatory networks, involving localised protein complexes 

and dynamic cytoskeletal structures (Haeusser and Levin, 2008; Thanbichler, 

2010). 

 

Protein localisation in bacteria 

Who? 

Which proteins in bacteria have non-uniform localisation patterns? In C. 

crescentus, ~10% of its proteome exhibit non-uniform subcellular localisation 

(Werner et al., 2009). Proteins belonging to many diverse functional categories are 
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positioned specifically: cell motility, signal transduction, cell division and DNA 

partitioning, DNA replication/recombination/repair, cell envelope biogenesis, and 

intracellular trafficking and secretion (Govindarajan et al., 2012; Laloux and 

Jacobs-Wagner, 2014; Morris and Jensen, 2008; Rudner and Losick, 2010; Shapiro 

et al., 2009; Vendeville et al., 2010). It should be noted that localisation of proteins 

varies with growth conditions, cell cycle stages and differentiation (Morris and 

Jensen, 2008; Rudner and Losick, 2010; Shapiro et al., 2009; Vendeville et al., 2010). 

Typical localisation patterns observed are filamentous structures/extended 

arrangements (helices, rings, curved lines) (Cabeen and Jacobs-Wagner, 2010; 

Govindarajan et al., 2012; Pilhofer and Jensen, 2013) as well as foci with 

anterior/posterior or dorsal/ventral positioning (Shapiro et al., 2009). 

 

Why? 

Dynamic protein localisation facilitates bacterial behaviours as diverse as aging, 

cell division, chemotaxis and motility, differentiation, gene expression, genome 

maintenance, interactions with hosts, macromolecular partition and transport, 

metabolism, morphogenesis, and multicellular phenomenon (Garcia Vescovi et 

al., 2010; Govindarajan et al., 2012; Rudner and Losick, 2010; Shapiro et al., 2009; 

Thanbichler, 2010). To perform miscellaneous biological processes with small 

genomes, temporal and spatial regulations can provide economic solutions to 

bacteria. Besides, some “design principles” can be envisioned for spatial 

regulation in bacteria: 

1. Directions in space:  

Polarity/directionality is the most common spatial pattern in all living 

systems (Nelson, 2003). Polarity is the cornerstone of growth and division, even 

spherically symmetrical bacterial cells must break symmetry in order to divide 

(Dworkin, 2009; Margolin, 2009). By altering the direction of cell-wall growth, 

cells can differentiate into different progenies (e.g. spores and mycelia) or make 

cell extensions that possess specialized functions (e.g. stalks). Besides cell shape, 

directionality is apparent in the motion of bacteria, which depends on polarized 

organelles in many cases (Kirkpatrick and Viollier, 2010).  

2. Coordination:  

Spatial coupling enhances the efficiency and specificity of reaction pathways 

by (1) increasing local concentrations of all components that further improve 

substrate/intermediate channelling; (2) facilitating reaction flux control 

(Govindarajan et al., 2012; Morris and Jensen, 2008; Wilson and Gitai, 2013). 

Physically colocalised systems are expected to be more noise-free than systems 

composed of randomly diffusing components. Polar localisation of proteins can 
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produce a cellular gradient of activity (e.g. MinCDE) or confine an activity to a 

discrete cellular location (e.g. proteolytic control of DNA replication initiation 

inhibitor) (Shapiro et al., 2009). 

Scaffolding/clustering provides a means for fine control in cell signalling 

(Kholodenko et al., 2010). First, the generation of a cascade can be terminated by 

spontaneous disassembly of a protein cluster without requiring biochemical 

modification of many components. Second, proteins can be used for different 

functions in a context-dependent manner, offering a combinatorial repertoire for 

a huge diversity originated from a small pool of components. 

3. Geometric power－form and function:  

Many bacterial proteins adopt helical distributions (Govindarajan et al., 

2012). Why should nature chose a helix? Helices have a structure with a 

repetition along a screw axis. The repetition has constant radius and axial pitch. 

These characteristics give a helix some distinctive features: equivalence, 

symmetry, economy and stability (Galloway, 2010). Equivalence implies a 

symmetrical balance of forces (or any kind of effects). The equivalence of a helix 

results in a constant torsion at every point, and hence stability. The helical 

packing of molecules also has the advantage that it can accommodate any cell 

shape. The helix can compress or relax to adapt to the changes of cell geometry or 

alter its localisation. It is arguably a very efficient way to uniformly distribute 

molecules throughout the cell without having to produce an enormous total mass 

of biological material (Galloway, 2010). 

 

How? 

What mechanisms govern subcellular protein localisation? Three ultimate 

approaches seem to form the basis of all mechanisms. Self-assembly processes 

can create and maintain dynamic patterns from constituent components in a 

spontaneous manner, without external impetus (Rudner and Losick, 2010), 

exemplified by the oscillating MinCDE system and other bacterial cytoskeletons 

(Cabeen and Jacobs-Wagner, 2010; Rudner and Losick, 2010; Shapiro et al., 2009). 

This mechanism can work without positional cues (Rudner and Losick, 2010; 

Shapiro et al., 2009).  

Geometric cues largely depend on the geometric differences between the cell 

pole and the lateral site of a rod-shaped cell. Uneven distributions of membrane 

phospholipids with different curvatures in each region exhibit landmarks for the 

localisation of primary protein anchors (Dworkin, 2009; Govindarajan et al., 2012; 

Rudner and Losick, 2010; Shapiro et al., 2009). Using self-assembly and geometric 

cues, the Bacillus subtilis protein DivIVA can establish similar polar localisation 
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even in E. coli or the fission yeast Schizosaccharomyces pombe (Ramamurthi, 2010; 

Strahl and Hamoen, 2012).  

Bacterial cells tightly coordinate chromosome segregation and cytokinesis to 

ensure faithful transmission of genetic materials and spatial organisation to their 

daughter cells (Haeusser and Levin, 2008; Thanbichler, 2010). To this end, 

bacteria have developed mechanisms that monitor the cell-cycle-dependent 

spatial dynamics of chromosome to select the cell-division site and control the 

timing of divisome assembly (Haeusser and Levin, 2008; Thanbichler, 2010). Thus 

beyond a vehicle of genetic information, the chromosome/nucleoid also actively 

participates in the shaping of spatial organisation of the cell (Ptacin and Shapiro, 

2013). A well-known example is nucleoid occlusion, which prevents the assembly 

of divisome in the close vicinity of the nucleoid (Wu and Errington, 2011). 

Current studies also show a sophisticated communication between chromosome 

segregation and cell division: by coupling the spatial distribution of the 

FtsZ-modifier MipZ to chromosome organization, the divisome can form at the 

midcell at the right time (Kiekebusch et al., 2012; Thanbichler and Shapiro, 2006).  

Recent advances in imaging technologies have revealed that the nucleoid has 

specific and dynamic organizations within the cell (Berlatzky et al., 2008; Fisher 

et al., 2013; Toro and Shapiro, 2010; Wang et al., 2011). The self-replicating nature 

(Youngren et al., 2014) and robustness (Wiggins et al., 2010) of this organisation 

make it a good “template” for protein localisation (Campos and Jacobs-Wagner, 

2013; Ptacin and Shapiro, 2013). In brief, this could be via an interaction with a 

specific chromosomal locus (Campos and Jacobs-Wagner, 2013; Ptacin and 

Shapiro, 2013), or a passive steric hindrance/crowding effect (Laloux and 

Jacobs-Wagner, 2014). 

All other protein localisation approaches probably exert their functions 

based on the above three mechanisms. Diffusion-and-capture may be the most 

widely used secondary mechanism, in which proteins diffuse throughout the cell 

until encountering their anchors (Bardy and Maddock, 2007; Laloux and 

Jacobs-Wagner, 2014; Rudner and Losick, 2010; Shapiro et al., 2009). Hence, a 

localised anchor (e.g. DivIVA or lipid domains) can capture and localise other 

proteins. Bacterial cytoskeletons can serve as intracellular tracks or scaffolds for 

the localisation of a host of proteins (de Boer, 2010; Rudner and Losick, 2010; 

Shaevitz and Gitai, 2010). We can consider cytoskeletons-based localisation as a 

variation of diffusion-and-capture. Proteins can also be positioned at the 

cytokinetic site, so after cell division they are localised at the cell pole readily. 

This is illustrated by the association of the polar landmark TipN with the 

divisome in C. crescentus (Laloux and Jacobs-Wagner, 2014). Each round of 
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cytokinesis defines a new pole versus an old pole, each has a different age and 

developmental history (Bardy and Maddock, 2007; Dworkin, 2009; Macara and 

Mili, 2008). Besides, the polar and lateral cell envelopes have different 

compositions. Therefore, different affinities for pole- or lateral site-specific 

elements of the cell envelope could localise proteins to different regions (Laloux 

and Jacobs-Wagner, 2014). 
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1.2 Bacterial Chemotaxis 

Evolution is the best judge of biological importance. The importance of taxis is 

illustrated by the diverse mechanisms utilized by bacteria to perform tactic 

behaviours (Armitage and Scott, 2013; Krell et al., 2011). Among them, 

chemotaxis is the best studied example. In addition to moving to an optimum 

environment, bacterial chemotaxis is important for symbiosis, pathogenesis, and 

biofilm formation (Porter et al., 2011a; Wadhams and Armitage, 2004). The 

“wheel” in bacterial chemotaxis, the flagellum, is a large membrane-spanning 

nanomachine generated from choreographed expression and assembly of ~50 

genes/proteins (Erhardt et al., 2010; Sowa and Berry, 2008). The flagellar motor is 

powered by H+ or Na+ ion flux and can change its rotatory direction or frequency. 

This nanomachine is so exquisite that its existence was used to against the theory 

of evolution (Pallen and Matzke, 2006). If the “wheel” is so exquisite, no doubt 

that the “driver”, the chemosensory pathway, is very sophisticated (Hazelbauer 

et al., 2008; Sourjik and Armitage, 2010; Sourjik and Wingreen, 2012). The 

bacterial chemosensory pathway is one of the best-studied model systems of 

signal transduction (Sourjik and Wingreen, 2012) and a paradigm for systems 

biology (Baker et al., 2006; Tu, 2013). Researches on two bacterial models have 

greatly contributed to our understandings of chemotaxis: E. coli and Rhodobacter 

sphaeroides. 

 

The E. coli dogma  

The chemosensory signal transduction pathway 

The E. coli chemotactic machinery has been extensively characterised (Sourjik and 

Armitage, 2010; Sourjik and Wingreen, 2012). The chemosensory pathway (Fig. 

1.1) starts with transmembrane chemoreceptors, which detect chemoeffectors and 

transmit signals to regulate the autophosphorylation of the cytoplasmic histidine 

kinase, CheA. The adaptor CheW facilitates the interactions between CheA and 

receptors. CheA transfers phosphoryl groups to the response regulator CheY. 

CheY-P released from the receptor complex diffuses to the flagellar motor and 

promotes a switch in the rotational direction of flagella (Porter et al., 2011a; 

Sourjik and Armitage, 2010; Sourjik and Wingreen, 2012).  

E. coli has four chemoreceptors, methyl-accepting chemotaxis proteins 

(MCPs), which form homodimers that span the cytoplasmic membrane 

(Hazelbauer et al., 2008; Hazelbauer and Lai, 2010). MCPs dimers are long (~ 37 

nm) structures composed of α-helical coiled-coils (Hazelbauer et al., 2008; Liu et 
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al., 2012). The diverse periplasmic domain of MCPs is responsible for 

chemoeffector sensing. A change in ligand binding is transmitted from the 

periplasmic domain across the cell membrane to the cytoplasmic signaling 

domain. The cytoplasmic domain is conserved across all bacterial species. The 

chemoreceptor homodimers form trimers-of-dimers with other MCPs. The 

number of receptors differs, with Tsr (taxis to serine and repellents) and Tar 

(taxis to aspartate and repellents) being high-abundance and Trg (taxis to ribose 

and galactose) and Tap (taxis to dipeptides) being low-abundance receptors. 

CheA and CheW stabilize the trimers-of-dimers arrangement (Hazelbauer et al., 

2008; Wadhams and Armitage, 2004). Bacteria adapt to a background level of 

chemoeffectors by both rapid signal termination and by resetting the receptors to 

a non-signalling state. This adaptation depends on the degree of methylation of 

specific, conserved glutamate residues in the cytoplasmic signalling domain of an 

MCP. Methyl groups are transferred to MCPs by the constitutively active 

methyltransferase CheR, and they are removed by the methylesterase CheB (Fig. 

1.1) (Wadhams and Armitage, 2004). 

CheA functions as a dimer that phosphorylates two response regulator 

proteins, CheY and CheB. In response to decreased attractant binding, the E. coli 

MCPs promote tumbling by activating CheA autophosphorylation. 

Phosphorylated CheA transfers phosphate group to CheY and CheB. CheY-P is 

released from the chemosensory cluster and diffuses to the flagellar motor, where 

it binds to FliM and FliN of the switch complex and promotes a switch in the 

rotational direction (from anticlockwise to clockwise) (Porter et al., 2011a; 

Wadhams and Armitage, 2004). 

CheW is an 18 kDa protein composed of two SRC-homology-3 (SH3) like 

domains. In eukaryotes, SH3 domain mediates the assembly of specific protein 

complexes. It is found in many proteins that are involved in signal transduction 

(Mayer, 2001). CheW interacts with both CheA and MCPs, and is required for the 

formation of the quaternary MCP–CheW–CheA complex (Li et al., 2013a; Liu et 

al., 2012). CheW has no known catalytic activity and is therefore thought to be a 

scaffold protein that transduces the signals generated by the MCPs to CheA. 

However, the primary sequence of CheW is highly conserved, and in many 

species there are several homologues that are involved in chemotaxis, suggesting 

CheW may have other roles than a simple scaffold protein (Porter et al., 2011a; 

Wadhams and Armitage, 2004). 
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Figure 1.1. Schematics of the E. coli 

chemosensory pathway. Receptors sense 

and transmit signals to regulate the 

activity of the cytoplasmic histidine 

kinase CheA. Different types of receptor 

dimers (light or dark blue) form mixed 

trimers. The binding and regulation of 

CheA by receptors are aided by CheW. 

CheA transfers phosphate group to 

CheY (a response regulator controlling 

flagellar motor) and CheB (a 

methylesterase controlling the 

adaptation of receptors). Receptors are 

methylated on glutamate residues by 

the methyltransferase CheR. CheY is 

dephosphorylated by the phosphatase 

CheZ to allow rapid signal termination. 

Receptors, CheA, and CheW form a 

stable signalling core, to which CheB, CheR, CheY and CheZ dynamically localise. 

From Sourjik and Armitage (2010). 

 

Spatial organisation of the E. coli chemosensory system 

Clustering of chemosensory proteins  

Thousands of chemosensory proteins, including receptor trimers-of-dimers, 

CheA and CheW, form large membrane chemosensory clusters at the cell poles 

and smaller clusters along the cell body (Fig. 1.2) (Briegel et al., 2009; Hazelbauer 

et al., 2008; Sourjik and Armitage, 2010). The formation of membrane 

chemosensory clusters is universal in prokaryotes (Gestwicki et al., 2000). 

Fluorescence microscopy and cryo-electron tomography suggest a preferential 

polar/subpolar localisation of these clusters in bacterial species studied so far 

(Briegel et al., 2009; Porter et al., 2011a). 

Receptor trimers-of-dimers self-assemble into roughly hexagonal arrays in 

the membrane chemosensory clusters (Fig. 1.3). Clusters are further stabilized by 

the association of CheA and CheW. The chemosensory arrays are not perfectly 

regular structures and the hexagonal arrangement appears to be frequently 

distorted. All other chemosensory proteins localise to the clusters by interacting 

with either chemoreceptors or CheA. The core of the cluster (chemoreceptors, 
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CheA, and CheW) is stable, with no chemoreceptors exchange between clusters 

for >30 min (Sourjik and Armitage, 2010). 

 

Figure 1.2. Schematics of 

the membrane chemo- 

sensory cluster based on 

cryo-electron tomography 

images of E. coli. 

Chemoreceptors (red) and 

the CheA/CheW layer 

(blue) form clusters near 

the cell pole. These 

clusters occur in cells 

containing chemoreceptors, CheA and CheW, but not in cells lacking any one of 

these proteins. Adapted from Hazelbauer et al. (2008) and Zhang et al. (2007). 

 

Figure 1.3. A cryo-electron tomography image of the 

conserved hexagonal architecture in membrane 

chemosensory clusters. Cartoon illustrates fitting of 

trimers-of-dimers into the hexagonal lattice. One 

circle represents one receptor dimers. Six trimers- 

of-dimers enclose one hexagon (red). Adapted from 

Sourjik and Armitage (2010). 

 

The formation of chemosensory clusters is believed to possess two important 

functions based on cooperative interactions: (1) amplification and integration of 

chemotactic stimuli (2) scaffolding protein partners, thus enhancing the efficiency 

and specificity of the chemosensory pathway (Hazelbauer et al., 2008; Sourjik and 

Armitage, 2010). 

 

The Rhodobacter sphaeroides version of chemotaxis 

The α-proteobacterium R. sphaeroides is tactic towards a wide range of different 

stimuli, including oxygen, light, some amino acids, certain sugars, and organic 

acids (e.g. succinate and propionate). The chemotaxis of R. sphaeroides to most 

attractants depends on energy taxis/metabolic sensing, in which transport and 

metabolism of the attractants are required for sensing (Porter et al., 2011a). 

Energy taxis is used by diverse bacterial species and has the advantage of 
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allowing migration towards those environments that are optimal for metabolism 

rather than those merely having a high concentration of a particular attractant 

(Alexandre, 2010). In contrast to the E. coli bidirectional flagellar motor, R. 

sphaeroides has a single unidirectional stop–start motor (Pilizota et al., 2009). R. 

sphaeroides responses to a reduction in an attractant, and CheY-P binding causes 

the motor to stop. Upon ceasing to rotate, the flagellar filament changes its 

conformation from helical to coiled form, leading to cell reorientation (Armitage 

et al., 1999). 

The chemosensory systems in R. sphaeroides represent a higher level of 

complexity, reflecting its physiological versatility (Fig. 1.4) (Porter et al., 2008, 

2011a; Sourjik and Armitage, 2010). It is an emerging model organism for 

studying signal transduction complexity found in many bacteria and more 

complex cells (Porter et al., 2011a). R. sphaeroides has three major operons 

encoding chemosensory proteins, two of which (cheOp2 and cheOp3) are expressed 

under laboratory conditions. The chemosensory proteins in the two expressing 

operons including two CheA homologues, three CheW homologues, three CheY 

homologues, two CheB homologues, and two CheR homologues (Porter et al., 

2008, 2011a). The R. sphaeroides chemosensory proteins form an E. coli-like 

conventional membrane-associated pathway with nine membrane-spanning 

chemoreceptors (MCPs), and a second novel cytoplasmic pathway with four 

soluble chemoreceptors (transducer-like proteins, Tlps). R. sphaeroides requires 

both pathways for chemotaxis. Separation of chemosensory proteins may enable 

tuning of responses to independently sensed external and internal conditions 

(Porter et al., 2008, 2011a; Sourjik and Armitage, 2010).  

 

The membrane chemosensory system 

Previous studies have showed that membrane chemosensory clusters in R. 

sphaeroides have bipolar localisation similar to E. coli (Fig. 1.5) (Harrison et al., 

1999; Wadhams et al., 2000; Wadhams et al., 2003). These clusters are composed 

of the MCPs and the cheOp2-encoded proteins CheA2, CheW2, CheW3 and CheR2. 

Cluster formation depends on CheA2, CheW2, CheW3 and the MCPs (Martin et al., 

2001; Wadhams et al., 2005). CheA2-P can phosphorylate all of the R. sphaeroides 

response regulators, meaning that the membrane cluster can influence the 

cytoplasmic cluster (Fig. 1.4) (Porter and Armitage, 2002). 
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Figure 1.4. Schematics of the R. sphaeroides chemosensory pathways. Attractants 

are thought to be sensed by the transmembrane receptors, which regulate CheA2 

activity. Internal signals reflecting the metabolic state of the cell are thought to be 

sensed by the cytoplasmic receptors, regulating CheA3 and CheA4. CheY6 alone is 

capable of stopping the flagellar motor, but requires either CheY3 or CheY4 to 

support full chemotaxis. The reversible phosphotransfer between CheA2 and 

CheB2 is indicated by the bi-sided arrow. From Sourjik and Armitage (2010). 

 

 

 

Figure 1.5. Localisations of membrane 

(green) and cytoplasmic (blue) 

chemosensory clusters in R. sphaeroides. 

Dashed line: cell outline. Green: 

membrane clusters marked by YFP–

CheW3; blue: cytoplasmic clusters marked 

by TlpT–CFP; red: the cytokinetic site 

marked by FtsZ–RFP. Scale bar: 1 μm. 
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The membrane and cytoplasmic chemosensory clusters each contain 

dedicated chemoreceptors plus a set of CheW, CheA and CheR proteins. 

Strikingly, protein homologues are found in both types of cluster (Wadhams et al., 

2005; Wadhams et al., 2003). Therefore, the interactions between proteins within 

the same cluster type must be highly specific. For CheA homologues, the 

specificity is determined by contacts made between the CheA P5 domain and the 

other components of the cognate cluster. Intriguing, R. sphaeroides CheA 

homologues can complement equivalent deletions in E. coli, but they do not 

function when they are artificially targeted to the “wrong” clusters (Scott et al., 

2010). 

 

The cytoplasmic chemosensory system 

The cytoplasmic cluster localises at (pre)cytokinetic sites (Fig. 1.5) and comprises 

the cytoplasmic receptors (Tlps) lacking transmembrane regions and the cheOp3- 

encoded proteins CheA3, CheA4, CheW4 and CheR3 (Wadhams et al., 2005; 

Wadhams et al., 2003). Cluster formation requires the cytoplasmic 

chemoreceptors along with CheW4 and either CheA3 or CheA4 (Wadhams et al., 

2005). As the membrane chemosensory clusters, there are thousands of 

chemoreceptors and associated proteins in the cytoplasmic clusters. Intriguingly, 

cytoplasmic clusters contain trimers-of-receptor-dimers organised in hexagonal 

arrays similar to those of membrane clusters (Briegel et al., 2014). However, it is 

unclear how chemosensory proteins form a quaternary complex in the absence of 

a membrane scaffold. One possibility is that the cytoplasmic clusters can use the 

nucleoid as a supporting matrix, as proposed for other cytoplasmic 

macromolecular assemblies (Galán et al., 2011; Henry and Crosson, 2013). Any 

mutation that causes cytoplasmic cluster disassembling also impedes normal 

chemotaxis. Therefore, each cell must inherit both the membrane and 

cytoplasmic clusters for proper chemotaxis. 

The ligands of the cytoplasmic chemoreceptors are unknown. Nevertheless, 

chemotaxis towards many attractants (e.g. alanine, ammonia, glutamate and 

sugars) requires their transport and metabolism, suggesting common metabolites 

derived from these chemoeffectors could be the ligands (Porter et al., 2011a). 

Thus the cytoplasmic clusters might participate in energy taxis. 

The cytoplasmic chemosensory cluster regulates the activity of two unusual 

CheA homologues, CheA3 and CheA4. CheA4 is an N-terminally truncated CheA 

homologue, while CheA3 has the centre region replaced by a novel ~ 800-amino 

acid sequence possessing phosphatase activity (Porter and Armitage, 2002). 

CheA4 phosphorylates CheA3 and CheA3-P acts as a phosphodonor for CheY6 and 
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CheB2 (Porter and Armitage, 2004). Therefore, the cytoplasmic cluster can 

influence the phosphorylation state of only two response regulators, comparing 

to all for the membrane cluster. 

 

Positioning of chemosensory clusters 

The membrane chemosensory clusters 

The polar/subpolar localisation of membrane chemosensory clusters is universal 

in prokaryotes (Briegel et al., 2009; Gestwicki et al., 2000; Porter et al., 2011a). In 

addition to enhance chemosensory signalling (Ringgaard et al., 2011; Ringgaard 

et al., 2014; Sourjik and Armitage, 2010), the polar localisation of chemosensory 

proteins may facilitate communications between the chemosensory machinery 

and the general phosphotransferase system (PTS), thus coordinate their actions 

and generate an optimal metabolic response (Govindarajan et al., 2012).  

Three mechanisms have been proposed for the polar localisation of 

membrane chemosensory clusters mainly based on the studies of E. coli and 

vibrios. The stochastic self-assembly/cytokinetic site-anchoring (Fig. 1.6) 

mechanism suggests newly synthesized chemosensory proteins either join 

existing clusters or nucleate new ones (Greenfield et al., 2009; Thiem and Sourjik, 

2008; Wang et al., 2008a). In the stochastic self-assembly process, cluster 

nucleation is distance-dependent and away from existing clusters (Fig. 1.6 A). 

This results in a periodic distribution of clusters along the cell body, with the 

cluster size decreasing in the order of old-pole, new-pole, midcell, quarters and 

so on. This mechanism ensures an even positioning of membrane chemosensory 

clusters at (pre)cytokinetic sites, so they readily localise at the new poles after cell 

division (Fig. 1.6 B) (Greenfield et al., 2009; Thiem and Sourjik, 2008; Wang et al., 

2008a). However, the stochastic self-assembly process cannot explain why lateral 

clusters keep static at these sites (Fig. 1.6 B, arrowheads). An anchor, like a 

cytoskeletal structures, is proposed to attach lateral clusters at (pre)cytokinetic 

sites (Thiem et al., 2007; Thiem and Sourjik, 2008). The identity of this putative 

anchor is unknown, but Thiem et al. (2007) showed that it is not the E. coli MreB 

or MinCDE cytoskeletal systems. Movement of polar clusters is also restricted by 

unknown mechanisms, possibly the specific membrane curvature or lipid 

composition of the cell pole (Rudner and Losick, 2010). In this stochastic 

self-assembly/cytokinetic site-anchoring mechanism, the positioning and 

formation of new clusters is coupled.  
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Figure 1.6. The stochastic self-assembly/cytokinetic site-anchoring mechanism for 

membrane chemosensory clusters. (A) Schematics of the stochastic self-assembly 

by which cluster locations are maintained. Cluster nucleation is most likely to 

occur where the density of unclustered receptors is high, which occurs far from 

any existing cluster. So new clusters form primarily at locations that are furthest 

from large existing clusters. Therefore, a cell with one polar cluster will tend to 

form the next large cluster at the opposite pole, yielding a bipolar localisation. A 

cell with clusters at both poles will tend to form new clusters at the midcell (the 

location furthest from both poles). Adapted from Greenfield et al. (2009). (B) 

Time-lapse images of growing E. coli cells with membrane chemosensory clusters 

marked by YFPCheR. Grey arrows indicate a lateral cluster that is initially 

positioned at ~ 1/2 of the cell length and becomes polar after the next cell division 

(20 min, “new pole”). Black arrows indicate a lateral cluster that is initially 

positioned at ~ 1/4 of the cell length and becomes polar two generations later (not 

shown). It becomes a midcell cluster at 20 min. Scale bar: 1 m. Adapted from 

Thiem et al. (2007). 
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An alternative helical insertion diffusion–capture mechanism suggests that 

newly synthesized chemoreceptors are inserted in the membrane in a helical 

fashion via the general protein translocation machinery (Sec) (Shiomi et al., 2006). 

The chemoreceptors then migrate to and form large clusters at the cell poles. 

However, it is difficult to explain the observed localisation patterns (e.g. static 

lateral clusters in Fig. 1.6 B) by this mechanism. 

Waldor and colleagues showed in three reports that a third ParPC-mediated 

diffusion–capture mechanism occurs in some polar-flagellated bacteria (e.g. 

vibrios). In Vibrio cholerae and V. parahaemolyticus, the localisation of membrane 

chemosensory clusters shows a unipolar-to-bipolar transition during the cell 

cycle: newborn cells have chemosensory clusters locate at the old pole, and then 

new clusters appear at the new pole before cytokinesis (Ringgaard et al., 2011). A 

multidomain polar anchor, HubP (hub of the pole), anchors three ParA-like 

ATPases (section 1.5) to the cell poles and, through them, controls polar 

localisation of the chromosome origin, the chemosensory machinery, and the 

flagellum (Yamaichi et al., 2012). One of these ParA-like proteins, ParC 

(partitioning chemotaxis), is encoded within chemotaxis operons of many 

polar-flagellated γ-proteobacteria (Ringgaard et al., 2011). ParC interacts 

(probably indirectly) with HubP (Yamaichi et al., 2012). HubP partially relocalises 

from the poles to the midcell prior to cytokinesis, thereby enabling endurance of 

the polar anchorage in future daughter cells. Unknown mechanisms delay the 

recruitment of ParC by HubP, so ParC does not localise at the new poles in 

newborn cells (Yamaichi et al., 2012). ParC further recruits ParP to the “mature” 

new poles (Ringgaard et al., 2014). ParP sequesters chemosensory clusters at the 

cell poles via capturing and preventing the dissociation of CheA. ParP binds 

CheA via a CheW-like domain. Remarkably, a tripartite (ParC–ParP–CheA) 

interaction network coevolves in certain polar-flagellated γ-proteobacteria 

(Ringgaard et al., 2014). 

Waldor and colleagues suggested that in vibrios the ParPC anchor modifies 

the otherwise stochastic self-assembly process of chemosensory protein assembly 

and localisation (Ringgaard et al., 2014). However, membrane chemosensory 

proteins form randomly localised clusters in the absence of ParC and ParP, 

without any preference to the cell pole (Ringgaard et al., 2014). Although it is 

plausible to assume that the stochastic self-assembly process, which only 

depends on simple physicochemical principles, as the “default” mechanism for 

chemosensory cluster positioning in bacteria, the inconsistent localisation 

patterns of chemosensory clusters in vibrios challenge its universality. 

Nevertheless, the ParC–ParP–CheA module shows that by amending the 
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well-established CheA–CheW interaction, the formation and positioning of 

membrane chemosensory clusters can be tightly controlled according to the cell 

cycle stages. 

 

The R. sphaeroides cytoplasmic chemosensory clusters 

The R. sphaeroides cytoplasmic chemosensory clusters localise approximately at 

the midcell. After duplication, clusters appear equi-positioned at about the 

one-quarter and three-quarter cell positions (Thompson et al., 2006), a pattern 

reminiscent of that seen for certain plasmids (Gerdes et al., 2010; Lutkenhaus, 

2012). Partitioning of cytoplasmic chemosensory clusters requires homologues of 

plasmid and chromosome DNA partitioning proteins PpfA (ParA homologue) 

and TlpT (ParB analogue) (Roberts et al., 2012; Thompson et al., 2006). PpfA is 

encoded within cheOp3, immediately upstream of tlpT. PpfA controls both the 

number and positioning of cytoplasmic chemosensory clusters. Cells lacking ppfA 

or containing mutants with defects in dimerization, ATPase, or DNA-binding 

activities show aberrant positioning of the cytoplasmic cluster and rarely contain 

more than a single cluster. After cell division, the two daughter cells inherit either 

a single cytoplasmic cluster or no cluster at all (Roberts et al., 2012; Thompson et 

al., 2006). Although the daughter cell lacking a cytoplasmic cluster eventually 

synthesizes a new one, the delay could cause a reduction in chemotaxis, which is 

deleterious in the harsh natural environment (Porter et al., 2011a).  

There is growing evidence that ParA homologues are involved in the spatial 

regulation of several other protein complexes, including the carboxysomes 

(Savage et al., 2010), cellulose biosynthesis complex (Le Quéré and Ghigo, 2009), 

type IV secretion system components (Atmakuri et al., 2007), type IV pilus 

machinery (Perez-Cheeks et al., 2012), and the polar membrane chemosensory 

clusters in vibrios mentioned above. Strikingly, current studies demonstrate an 

important role of the nucleoid in ParA-mediated DNA and protein complex 

partitioning, probably via a cellular landmark or polymerisation matrix function 

of the nucleoid (Gerdes et al., 2010; Jain et al., 2012; Lutkenhaus, 2012; Roberts et 

al., 2012; Szardenings et al., 2011). It is therefore possible that the partitioning of 

cytoplasmic chemosensory clusters is co-ordinated with cell division via the 

nucleoid (Roberts et al., 2012). 

PpfA is distributed across the whole nucleoid in R. sphaeroides with bright 

foci coinciding with the cytoplasmic chemosensory clusters. These bright foci are 

not seen for the dimerisation, ATP-binding, and DNA-binding mutants of PpfA, 

as well as in a mutant lacking the N-terminal domain of TlpT. These data are 

consistent with the hypothesis that the N terminus of TlpT interacts with PpfA 
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and may act as a ParB analogue (Roberts et al., 2012). However, no filamentous 

structures or oscillations were seen for PpfA, leaving the mechanism by which 

PpfA partitions the cytoplasmic cluster unclear. 

Like R. sphaeroides, many other bacteria also have cytoplasmic 

chemoreceptors (Porter et al., 2011a). In Myxococcus xanthus, the cytoplasmic 

chemoreceptors FrzCD localise in a helical pattern that span the length of the cell 

(Mauriello et al., 2009), while in Pseudomonas aeruginosa and Sinorhizobium meliloti 

the cytoplasmic chemoreceptors colocalise with the membrane chemoreceptors at 

the cell poles (Porter et al., 2011a). The functions and mechanisms for these 

different localisation patterns of cytoplasmic chemoreceptors are unclear. 

Nevertheless, a recent comparative bioinformatics study has shown that 37% of 

bacterial species with sequenced genomes encode a PpfA homologue in one of 

their chemotaxis gene clusters, and 86% of these species also have putative 

cytoplasmic chemotaxis receptor homologues (Hamer et al., 2010). This 

observation suggests that a similar mechanism is used by other bacteria to 

partition their cytoplasmic chemosensory clusters. 
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1.3 Rhodobacter sphaeroides 

The purple non-sulfur photosynthetic bacterium R. sphaeroides is an emerging 

model organism for studying complex signal transduction pathways and other 

aspects of bacterial cell biology (Chiu et al., 2013; Mackenzie et al., 2007; Porter et 

al., 2008, 2011a). R. sphaeroides belongs to the α-3 subgroup of the Proteobacteria 

(Imhoff, 2006; Imhoff, 2008) and exhibits high physiological versatility (Imhoff, 

2006; Madigan and Jung, 2008; Overmann and Garcia-Pichel, 2006). Transitions 

between different growth modes are affected by diverse environmental factors, 

and oxygen tension is among the most influential ones (Imhoff, 2006; Overmann 

and Garcia-Pichel, 2006). In the presence of oxygen, R. sphaeroides grows by 

aerobic respiration. In the absence of oxygen, it preferably grows 

photoheterotrophically (in the presence of light), but can grow either using 

anaerobic respiration (in the dark and in the presence of appropriate electron 

acceptors), or fermentation (with appropriate substrates). Organic acids are the 

preferred carbon source and electron donor for aerobic and photoheterotrophic 

growth (Imhoff, 2006; Madigan and Jung, 2008; Overmann and Garcia-Pichel, 

2006). In general, R. sphaeroides lives in aqueous environments like eutrophic 

ponds, lakes, sewage, stagnant waters, and waste lagoons (Imhoff, 2006; Madigan 

and Jung, 2008; Overmann and Garcia-Pichel, 2006). There is a vertical 

stratification of oxygen concentrations, light availability, and variable sources and 

kinds of electron donors in these niches. Therefore, a great metabolic versatility is 

advantageous in such habitats. Intriguingly, circadian clock genes and 

rhythmicity of gene expression may exist in R. sphaeroides helping this bacterium 

to adjust to different environmental factors (Choudhary et al., 2008; Min et al., 

2005). 

 

Cellular and developmental biology of R. sphaeroides  

Signal transduction 

Bacterial chemotaxis is one of the most investigated signal transduction 

mechanisms. Studies focus on bacterial species other than the classic E. coli and 

Salmonella models have revealed a significant diversity in the chemotaxis 

mechanisms (Porter et al., 2008, 2011a). The physiological versatility of R. 

sphaeroides is reflected in the complexity of its chemosensory systems (see section 

1.2). For example, it was found that R. sphaeroides strain 2.4.1 contains 452 signal 

transduction domains in a total of 295 proteins, so ~7% of its proteins are 

dedicated to signal transduction (Mackenzie et al., 2007). Therefore, the diverse 
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tatic behaviours, and the complex, integrated and spatially regulated 

chemosensory pathways of R. sphaeroides make it a superior model for studying 

signal transduction. 

 

Differentiation according to metabolic states 

In addition to the complex chemosensory systems, the metabolic versatility of R. 

sphaeroides is achieved through a flexible gene expression network which is 

accompanied by differentiations of cellular morphologies and subcellular 

architecture (Arai et al., 2008; Chory et al., 1984; Kiley and Kaplan, 1988; 

Mackenzie et al., 2007; Pemberton et al., 1998; Slovak et al., 2005; Zeilstra-Ryalls et 

al., 1998). When growing photoheterotrophically, R. sphaeroides produces the 

photosystem (PS) and exhibits an increase in invaginations of the cytoplasmic 

membrane (Fig. 1.7). The formation of the intracytoplasmic membrane (ICM) 

provides a substantial propagation in the overall area of the cellular membranes 

that houses the PS photosynthetic apparatus (Kiley and Kaplan, 1988; Niederman, 

2006; Pemberton et al., 1998; Zeilstra-Ryalls et al., 1998). A reduction in oxygen 

tension is both necessary and sufficient to induce production of the ICM, as ICM 

is unnecessarily produced under anaerobic dark growth conditions (Kiley and 

Kaplan, 1988; Zeilstra-Ryalls et al., 1998). While oxygen availability is the major 

factor controlling PS induction, light intensity determines the extent of ICM 

formation and the abundance of different PS components (Kiley and Kaplan, 

1988; Pemberton et al., 1998; Zeilstra-Ryalls et al., 1998). Besides the profound 

alteration of the cytoplasmic membrane, photoheterotrophic cells change their 

morphology from rod-shape (aerobically grown cells) to coccobacillus (Chory et 

al., 1984; Slovak et al., 2005). The extents of morphological change and ICM 

formation are inversely related to the incident light intensity, with low light levels 

producing more spherical shape and ICM (Kiley and Kaplan, 1988; Pemberton et 

al., 1998; Slovak et al., 2005; Zeilstra-Ryalls et al., 1998). 

 

Figure 1.7. The transition of R. 

sphaeroides from an aerobic to 

photoheterotrophic environment 

triggers regulatory events that 

result in the formation of ICM 

(arrows). From O'Connell (2005) 

and image courtesy of Chris 

Mackenzie, The University of 

Texas Health Science Center, USA. 
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Electron microscopy has demonstrated that the ICM system in different 

bacteria can assume diverse ultrastructural morphologies, including tubules, 

lamellae (single, paired or stacked), radiation or interconnected vesicles 

(Overmann and Garcia-Pichel, 2006). Using cryo-electron tomography, Tucker et 

al. (2010) discovered a hereto unrecognized ultrastructural complexity within the 

R. sphaeroides ICM. The ICM does not consist entirely of a succession of vesicular 

structures connected at their necks as proposed before, but instead undergoes 

budding and becomes fully detached vesicular organelles. These vesicles are 

capable of carrying out the light-harvesting and light-driven energy transduction 

activities for anoxygenic photosynthesis, representing true bacterial membrane- 

bound organelles (Niederman, 2010; Tucker et al., 2010). It is calculated that 

approximately 15% of the cytoplasm of photoheterotrophic R. sphaeroides cells 

contains vesicles (~800 ICM vesicles per cell). 

The dramatic rearrangements of cytoplasmic membrane pose a great 

challenge to R. sphaeroides photoheterotrophic cells. How do cells maintain 

subcellular architecture under this circumstance? The flagellum always localises 

in the non-photosynthetic cytoplasmic membrane (Armitage and Schmitt, 1997). 

The localisation of the bacterial actin homologue MreB appears to be 

independent of the extensive cytoplasmic membrane rearrangements and 

consequent reorganisation of the cytoplasm that occurs in photoheterotrophic 

cells (Slovak et al., 2005). Moreover, the ICM has its own unique protein 

composition (Woronowicz and Niederman, 2010). These observations suggest 

that cytoplasmic membrane invaginations must be demarcated within specific 

regions to prevent interference in some housekeeping functions. The rich 

information obtained from the studies of R. sphaeroides ICM, including data from 

electron microscopy, atomic force microscopy, crystallography, spectroscopy and 

proteomics, lays a ground for the investigations of membrane invaginations and 

vesicle formation, as well as maintenance of subcellular architecture in 

differentiated cells. In addition to ICM, gas vesicle proteins are encoded in the 

genome of R. sphaeroides (Choudhary et al., 2008). Gas vesicles can play an 

important role in the flotation of R. sphaeroides according to light intensity 

(Choudhary et al., 2008). Therefore, R. sphaeroides may possess two organelle 

systems that cooperate. The eukaryote-like behaviour of ICM (Niederman, 2010) 

also makes R. sphaeroides a promising model to study spatial regulation of 

membrane proteins during membrane differentiation. 
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A tale of two chromosomes 

The first bacterium to be revealed as possessing multiple chromosomes was R. 

sphaeroides (Suwanto and Kaplan, 1989). All R. sphaeroides strains tested have two 

chromosomes, although the number of plasmids varied (Nereng and Kaplan, 

1999). There is also a wide divergence between the two chromosomes among 

different R. sphaeroides strains (Nereng and Kaplan, 1999). Among the five 

sequenced strains, the size of chromosome I ranges from 2.49 to 3.22 Mbp, while 

that of chromosome II from 0.88 to 1.30 Mbp (Choudhary et al., 2007; Lim et al., 

2009; Porter et al., 2011b). Genomic analyses have revealed an ancient association 

of the two chromosomes and significant dispersal of essential genes between 

them (Mackenzie et al., 2007). Chromosome II-specific DNA sequences have 

evolved rapidly, while chromosome I-specific DNA sequences have remained 

highly conserved (Choudhary et al., 2007). It has been suggested that 

chromosome II is mainly involved in the evolution of strain-specific genetic 

variants (Mackenzie et al., 2007). 

The discovery and subsequent studies of bacterial genomes consisting of 

multiple chromosomes raise many interesting questions of bacterial cell biology. 

For example, how are multiple chromosomes organized and segregated? It is 

suggested that distinct mechanisms capable of discriminating between and 

interacting with the two V. cholerae chromosomes exist. In E. coli the oriC is 

positioned at the midcell, while the oriC is localised at the old pole in C. crescentus 

(Reyes-Lamothe et al., 2012; Toro and Shapiro, 2010). Localisations of V. cholerae 

oriCI (polar) and oriCII (midcell) are reminiscent of C. crescentus and E. coli oriCs, 

respectively (Fiebig et al., 2006; Fogel and Waldor, 2005). Polar localisation of 

oriCs seems to be conserved in α-proteobacteria (Kahng and Shapiro, 2003). In R. 

sphaeroides, oriCI localises to the cell pole and has a cell cycle-dependent 

localisation pattern similar to C. crescentus, while oriCII is positioned at the 

midcell (Nelly Dubarry, personal communication). Therefore, the localisation 

patterns of oriCI and oriCII are reminiscent to those of V. cholerae (Fiebig et al., 

2006; Fogel and Waldor, 2005). The two R. sphaeroides chromosomes each encodes 

a parABS system, which is likely to participate in the segregation of the cognate 

chromosome (Nelly Dubarry, personal communication).  

Condensation of the nucleoid by the binding of nucleoid-associated proteins 

plays an important role in the spatial regulation of chromosomes in many 

bacterial models (Browning et al., 2010; Dillon and Dorman, 2010; Reyes-Lamothe 

et al., 2012). However, R. sphaeroides chromosomes do not condense (Thompson et 

al., 2006). Nucleoid-associated proteins involved in chromosome compaction like 
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MukBEF, Fis, and Lrp are absent in R. sphaeroides (Mackenzie et al., 2007), which 

may account for the absence of condensed nucleoid. 

 

To summarise, R. sphaeroides is among the best studied species of versatile 

metabolic capability and complex chemosensory systems. Combining the 

intricate multipartite genome and membrane differentiation it provides a unique 

model with accessible genetic tools for bacterial cell biology. By studying R. 

sphaeroides, we may not only discover some exclusive mechanisms, but also reveal 

certain universal insights in bacterial cell biology. 
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1.4 The Bacterial Cytoskeleton 

The cytoskeleton plays a central role in the spatiotemporal organisation of 

eukaryotic cells. The three major components of the eukaryotic cytoskeleton are 

actin filaments, microtubules, and intermediate filaments. This complex and 

dynamic filamentous network controls a multitude of processes, including cell 

division, morphogenesis, polarity, transcription, cell movement and intracellular 

transport (Alberts et al., 2007). The three eukaryotic cytoskeletal systems are 

assembled from monomer subunits, which are polymerised to form long linear 

polymers (protofilaments). Efficient polymerisation also requires nucleation. 

Because of the “head-to-tail” fashion of polymer assembly, actin filaments and 

microtubules are polar, with plus- and minus-ends differ topologically and 

kinetically. Subunit addition occurs much more rapidly at the plus-end than at 

the minus-end. Lateral interactions between protofilaments are important for the 

dynamic properties and formation of higher-order structures of the cytoskeleton. 

The dynamics of actin and tubulin polymerisation are also modulated by 

binding/hydrolysis of nucleotide triphosphates (NTPs): ATP for actin and GTP 

for tubulin. Dynamic polymerisation and polarity are the two key features that 

allow actin and tubulin to achieve their specific functions (Alberts et al., 2007).   

For decades, microscopic studies had failed to detect cytoskeletons in 

prokaryotes. The lack of a cytoskeleton in prokaryotes was once considered a 

major difference between prokaryotes and eukaryotes. This erroneous view has 

now been completely overthrown with the discoveries of bacterial homologues of 

the three major eukaryotic cytoskeletal proteins and the identifications of 

bacteria-specific cytoskeletal proteins (Cabeen and Jacobs-Wagner, 2010; Gitai, 

2005). Bacterial cytoskeletal proteins relevant to this study are reviewed below.  

 

FtsZ: a tubulin homologue 

Analyses of conditional mutants in E. coli have identified numerous proteins 

involved in bacterial cytokinesis. Many of these mutants are called fts 

(filamentous temperature-sensitive) since they form filaments at nonpermissive 

temperatures due to the inhibition of cell division. Among these genes, ftsZ, is 

present in nearly all bacteria, many archaea, and eukaryotic organelles like 

chloroplasts and mitochondria (Gilson and Beech, 2001). The smooth 

morphology (i.e. no signs of constriction) of ftsZ mutants suggests that FtsZ is 

required for the earliest step in septation (Begg and Donachie, 1985). It is now 

clear that FtsZ is a tubulin homologue. FtsZ is the most critical component of the 
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bacterial cytokinetic machinery (divisome), which forms a ring-like structure (the 

Z-ring) at cytokinetic sites to establish a scaffold that sequentially recruits other 

divisome members. The Z-ring then constricts to initiate cytokinesis (Adams and 

Errington, 2009; de Boer, 2010; Erickson et al., 2010).  

 

Biochemical properties of FtsZ  

Structures of FtsZ monomer and protofilament 

Despite a low level of sequence conservation, the tertiary structure of FtsZ is very 

similar to that of tubulin (Lowe and Amos, 1998). FtsZ subunits also assemble 

into tubulin-like protofilaments by stacking vertically (Oliva et al., 2004). The 

crystallographic structures of FtsZ show that it has two globular domains: an 

N-terminal GTPase domain and a C-terminal domain. The two domains are 

arranged around a central helix (Aylett et al., 2011; Lowe, 1998; Lowe and Amos, 

1998).  The C-terminal domain of FtsZ is more variable among different bacteria. 

Important features present in the C-terminal domain include highly conserved 

“synergy” residues believed to regulate GTP-hydrolysis upon FtsZ 

polymerisation and loop structures that are possibly involved in calcium binding 

(Lowe and Amos, 1998). Therefore, like tubulin, FtsZ is a self-activating GTPase. 

The regions required in E. coli FtsZ for direct interactions with FtsA and ZipA are 

also present in the C-terminal domain (Adams and Errington, 2009; Erickson et 

al., 2010). Tubulin’s C terminus, like that of FtsZ, is unstructured, charged, and 

the binding site for many microtubule-associated proteins (Nogales, 2000). 

In vitro, FtsZ self-assembles into single-stranded protofilaments that are 

straight, curved, or ring-shaped (Fig. 1.8). The protofilaments can be further 

bundled into higher-order structures like sheets, asters, or tubules by crowding 

agents or multivalent cations. Microtubule-like arrangements have not been 

observed for FtsZ protofilaments. The significances of these different FtsZ 

structures in vivo are unclear (Cabeen and Jacobs-Wagner, 2010; Michie and Löwe, 

2006).  

 

Figure 1.8. An atomic force microscopy image of 

in vitro FtsZ filaments formed in the presence of 

GMPCPP (a nucleotide analogue which 

hydrolyses more slowly than GTP). Scale bar: 100 

nm. From Mingorance et al. (2005). 
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Polymerisation and dynamics of FtsZ assemblies 

In vitro, FtsZ shows cooperative assembly into dynamic protofilaments and 

higher-order structures in the presence of GTP. There are at least two major 

transitions during the assembling process. The initial phase for protofilaments 

formation occurs at a critical concentration of ~0.5–1 μM (the intracellular 

concentration of FtsZ is 3–10 μM), and the second transition at ~3 μM, which 

might represent the formation of higher-order structures. Although lateral 

interactions between protofilaments have been proposed to participate in the 

formation of these higher-order structures, current studies argued that lateral 

bonds do not exist between FtsZ protofilaments. FtsZ polymerisation depends on 

GTP binding but not hydrolysis, and GTP hydrolysis is probably a rate-limiting 

step in the assembly/disassembly cycle. In vitro, GTP hydrolysis promotes the 

disassembly of protofilaments and thus limits the length of protofilaments 

(Adams and Errington, 2009; Erickson et al., 2010). 

In vivo FRAP studies have shown that the Z-ring is a very dynamic structure 

that constantly remodels, with an average half time of recovery of ~10 s in 

different bacteria (Adams et al., 2011; Anderson et al., 2004; Charbon et al., 2011; 

Geissler et al., 2007; Specht et al., 2013; Willemse et al., 2011). This dynamics is 

driven by the GTPase activity of FtsZ. Accordingly, GTP hydrolysis mutants of 

FtsZ stabilize polymers in vivo by reducing subunit turnover, while GTP binding 

mutants do not possess such effect (Adams and Errington, 2009; Erickson et al., 

2010). The polymerisation of FtsZ is also regulated by FtsZ-interacting proteins 

(see below). 

 

Functions of FtsZ 

Cytokinesis 

Bacterial cytokinesis is driven by a complex macromolecular machinery variously 

referred to as divisome, septasome, Z-ring, or septal ring (de Boer, 2010). At the 

end of cytokinesis, two new cell poles will be formed at each cytokinetic site, 

therefore all of the cell envelope layers must be remodeled during this process. 

Bacterial cytokinesis can be roughly split into three general steps (Adams and 

Errington, 2009; de Boer, 2010; Lutkenhaus et al., 2012; Rico et al., 2013). First step 

is the selection of the cytokinetic site and the concurrent assembly of the 

proto-Z-ring. In the second step, which usually occurs after a considerable lag, 

the remaining divisome proteins are added to the proto-Z-ring to form the 

mature divisome. Third, the divisome is activated to perform 

constriction/septation. In the case of constriction in Gram-negative bacteria, 

septal peptidoglycan synthesis/splitting, cytoplasmic membrane invagination/ 
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fission, and outer membrane invagination/fission must occur simultaneously in a 

coordinated manner (de Boer, 2010; Lutkenhaus et al., 2012). 

FtsZ forms the proto-Z-ring which serves as a scaffold to recruit and position 

other divisome components (de Boer, 2010; Lutkenhaus et al., 2012). One of the 

primary functions of these divisome proteins is to carry out septal-specific cell 

wall production. Among them, the transpeptidase FtsI/PBP3 is specifically 

required for septal peptidoglycan synthesis (de Boer, 2010; Egan and Vollmer, 

2013). Whether or not FtsZ actively exerts a constrictive force that directs cell 

invagination and inward peptidoglycan growth during cytokinesis has long been 

debated (Erickson et al., 2010). Strong evidence for FtsZ as a force generator has 

come from a series of in vitro reconstitution experiments. In their pioneering 

study, Osawa et al. (2008) reconstituted Z-rings inside multilamellar liposomes 

using purified FtsZ–YFP modified with a membrane tether. In the presence of 

GTP, the modified FtsZ assembles into rings that constrict liposomes, indicating 

that membrane-associated FtsZ can generate force by itself. Similar constriction 

could be seen when FtsZ was tethered to the liposome membrane via FtsA 

(Osawa and Erickson, 2013). Moreover, membrane-tethered FtsZ on the outside 

of liposomes produces concave depressions and tubules (Osawa et al., 2009). 

Although these observations are consistent with force generation by FtsZ, it is 

unclear how FtsZ does so.  

Two classes of models have emerged from in vitro and in vivo studies to 

describe how FtsZ can generate constrictive force (Fig. 1.9). The first class 

proposes that FtsZ protofilaments exert a bending force on the cytoplasmic 

membrane as they are undergoing a straight-to-curved conformational change 

(Erickson et al., 2010; Sun and Jiang, 2011). GTP hydrolysis is thought to drive 

this straight-to-curved conformational change of FtsZ protofilaments (Lu et al., 

2000). Mathematical modelling suggests that such a GTP hydrolysis-induced 

bending can generate a force ranging from 5.2 pN per protofilament to 30 pN per 

polymerised FtsZ monomer (Allard and Cytrynbaum, 2009; Erickson et al., 2010; 

Hsin et al., 2012; Li et al., 2013b). Although these estimated values of constrictive 

force are very different, they are all sufficient to direct inward peptidoglycan 

growth, considering the estimated force (1–8 pN) required (Drew et al., 2009; Lan 

et al., 2007). Based on the crystal structure of a GDP–bound Mycobacterium 

tuberculosis FtsZ protofilament, Li et al. (2013b) provides the structural basis for 

force generation by protofilament bending. However, a comparison of FtsZ 

structures from multiple species in different nucleotide-bound states argued 

against the existence of a hydrolysis-induced conformational change (Oliva et al., 

2007). Besides, an E. coli FtsZ mutant that displays minor GTPase activity can still 
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divide (Mukherjee et al., 2001).  

The second model proposes that condensation/sliding of FtsZ protofilaments 

would decrease the circumference and constrict the Z-ring (Erickson, 2009; Sun 

and Jiang, 2011). In this model, lateral interactions among protofilaments could 

be responsible for the variety of higher-order structures observed in vitro (Oliva 

et al., 2007). Additionally, lateral interactions can spontaneously condense FtsZ 

protofilaments into the Z-ring and generate constrictive force (Erickson, 2009; 

Lan et al., 2009; Sun and Jiang, 2011). The force is generated by relative sliding of 

pairs or small bundles of FtsZ protofilaments that interact transiently. 

Mathematical modelling suggests that 8–50 pN of force could be produced (Lan 

et al., 2009). This model is supported by electron cryo-tomography of in vivo and 

in vitro architecture of the Z-ring (Jan Löwe, personal communication). 

 

 

Figure 1.9. Schematics of the bending (left) and condensation/sliding (right) 

models of force generation by the Z-ring during constriction. FtsZ protofilaments 

are shown as long purple rods. See the text for more details. From Natale et al. 

(2013). 

 

Morphogenesis 

FtsZ is important for bacterial cell shape by coordinating cell growth, cell 

division, and cell size (Margolin, 2009). In addition to septum formation, FtsZ 

also participates in sidewall growth by recruiting the peptidoglycan-synthesis 

machinery, and facilitates its even distribution (Aaron et al., 2007; Varma et al., 

2007; Varma and Young, 2009; Vats and Rothfield, 2007). Under certain 

circumstances, improper FtsZ function destroys the structural integrity of the cell 

(Varma and Young, 2004). FtsZ also contributes to the shape of the cell poles 

(Margolin, 2009). 

Another means to affect cell shape is via the control of cell size. Regulation of 

Z-ring’s activity by nutritional inputs can determine the cell length, which 
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consequently modifies cell shape (Margolin, 2009). In B. subtilis, UgtP, a 

diacylglycerol glucosyltransferase that negatively regulates FtsZ assembly, delays 

Z-ring formation and thus produces larger cells in rich medium (Weart et al., 

2007). More extensive inhibition of cell division results in filamentous cells. 

Filamentation is a widespread morphological differentiation that is important for 

bacterial stress adaptation, multicellularity, and pathogenesis (Justice et al., 2008; 

Young, 2006). Upregulation of proteins preventing Z-ring formation (e.g. MinC 

and SulA) might be responsible for cell filamentation (Justice et al., 2008; Pearson 

et al., 2010; Young, 2006). Switching the positioning and formation of the Z-ring 

from midcell to asymmetric during sporulation can also result in morphological 

differentiation (Ben-Yehuda and Losick, 2002).  

 

Positioning and assembly of the Z-ring 

Protein modulators of FtsZ assembly 

The polymerisation of FtsZ is regulated by diverse FtsZ-interacting proteins 

(Adams and Errington, 2009; Huang et al., 2013; Kirkpatrick and Viollier, 2011). 

Stabilizers/scaffolders promote Z-ring formation and facilitate its maintenance 

during cytokinesis. Destabilizers prevent FtsZ assembly at inappropriate 

locations or stages and ensure that FtsZ assemblies are dynamic enough to 

respond to the signals governing cytokinesis. Shapers provide further control by 

modifying the conformations and higher-order structures of FtsZ protofilaments. 

Together they form a regulatory network that dictates the spatiotemporal 

regulation of cytokinesis. Some of these proteins are discussed below. 

 

Negative regulation in positioning 

Proto-Z-ring formation establishes the location of future cytokinetic sites and 

must be tightly controlled to prevent aberrant septation. Since the cellular 

concentration of FtsZ in bacteria is higher than the critical concentration for 

polymerisation (Erickson et al., 2010), it is essential to inhibit FtsZ polymerisation 

at undesired locations. In B. subtilis and E. coli, this is achieved by the combined 

action of the Min system that inhibits polar Z-ring formation and by the nucleoid 

occlusion system that prevents the formation of Z-rings over the nucleoid (Fig. 

1.10) (den Blaauwen, 2013; Monahan et al., 2014). But an unidentified positive 

signal that links the initiation of DNA replication to Z-ring formation has been 

proposed (Monahan et al., 2014; Wu and Errington, 2011). The Min system 

consists of the FtsZ polymerisation inhibitor MinC, which is localised to the 

cytoplasmic membrane via association with the ATPase MinD. In E. coli the third 

protein MinE actively displaces the MinCD complex from the cytoplasmic 
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membrane. The molecular interactions occurring between the three Min proteins 

on the membrane produces a dynamic pole-to-pole oscillation of MinCDE in a 

helical-like pattern, with a time-averaged polar distribution. This polar 

distribution prevents FtsZ to polymerise at the cell poles (Fig. 1.10) (Shih and 

Zheng, 2013). In B. subtilis DivIVA recruits MinCD to the cell poles via the 

bridging protein MinJ (Bramkamp and van Baarle, 2009; Monahan et al., 2014). 

 

 

 

Figure 1.10. Diverse mechanisms for the regulation of Z-ring positioning. In 

B. subtilis and E. coli, the Min system (blue) and nucleoid occlusion (NO; red) 

influence Z-ring positioning by inhibiting FtsZ (green) assembly. Chromosome 

segregation creates a nucleoid-free gap at the midcell. A putative positive signal 

(yellow), whose activation is linked to the initiation of DNA replication, may also 

play a role in positioning the Z-ring at the midcell. In newborn C. crescentus cells, 

the FtsZ inhibitor MipZ (purple) is recruited to the old pole by ParB and 

non-specifically binds to DNA, forming a polar gradient that constrains FtsZ to 

the new pole. Chromosome replication and segregation set up a bipolar MipZ 

gradient that displaces FtsZ from the new pole and directs Z-ring formation to 

the midcell. In sporulating hyphae of S. coelicolor, SsgB (dark blue) localises to 

cytokinetic sites and recruits FtsZ to form the Z-ring. In newborn M. xanthus cells, 

PomZ (magenta) exhibits a patchy localisation pattern over the nucleoid. After 

chromosome segregation, PomZ localises at the midcell and recruits FtsZ to form 

the Z-ring. See the text for more details. From Monahan and Harry (2013). 
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Thanedar and Margolin (2004) showed that in E. coli, FtsZ molecules outside 

of the Z-ring also localise in a helix-like pattern and oscillate rapidly within this 

pattern. The period of this oscillation is similar to that of the Min proteins. 

Strikingly, Bisicchia et al. (2013) show that MinCDE drive a counter-oscillation of 

early-cell-division proteins ZapA, ZapB, and ZipA, along with FtsZ. They 

propose that FtsZ forms protofilaments at the cell pole where the MinC 

concentration is the lowest and serves as a scaffold to recruit ZapA, ZapB, and 

ZipA. The resulting complexes are disassembled by MinC and reform within the 

MinCDE oscillation period before accumulating at the midcell to form the Z-ring. 

Cytokinesis is also inhibited in the vicinity of the nucleoid by the nucleoid 

occlusion system (Fig. 1.10) (Monahan et al., 2014; Wu and Errington, 2011). 

Nucleoid occlusion spatiotemporally couples cytokinesis with chromosome 

replication and segregation, thus prevents the chromosome from being bisected 

by the septum. In cells at earlier stages of the cell cycle, the nucleoid occupies the 

midcell region and inhibits Z-ring formation there. At later cell cycle stages, 

chromosome segregation results in a nucleoid occlusion‑free zone at the midcell 

and allows Z-ring formation.  

The nucleoid occlusion effectors are Noc in B. subtilis and SlmA in E. coli, and 

the two proteins have no sequence or structural similarity. Septa form over 

unsegregated nucleoids under certain conditions in noc and slmA cells, 

resulting in bisection of the chromosome, while overproduction of these proteins 

leads to longer cells (Bernhardt and de Boer, 2005; Wu and Errington, 2004). 

These genes are not essential in their respective hosts and show synthetic-lethal 

phenotypes in cells with defectives in the Min system. Interestingly, cytokinesis 

in noc min and slmA min double mutants is severely inhibited rather than 

uncontrolled septum formation along the length of the cell. This phenotype raises 

the possibility that the Min and nucleoid occlusion systems are required to 

sequester FtsZ to the midcell, so FtsZ can reach a sufficient concentration to 

perform its functions (Wu and Errington, 2011). 

Noc (Wu et al., 2009) and SlmA (Cho et al., 2011; Tonthat et al., 2011) 

associate with the nucleoid through their cognate DNA-binding domains that 

recognize specific chromosomal sequences. These specific DNA sequences are 

sparse or absent near the terminus region of the chromosome, which occupies a 

midcell position during the late stages of chromosome segregation in B. subtilis 

and E. coli, results in a temporal coupling of cytokinesis and DNA partitioning. 

SlmA affects Z-ring formation via a disruption in protofilament polymerisation 

or higher-order structure formation (Cho et al., 2011; Tonthat et al., 2011; Tonthat 

et al., 2013). How Noc influences Z-ring formation is still unclear (Wu and 
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Errington, 2011).  

In the -proteobacterium C. crescentus, chromosome replication/segregation 

and cytokinesis are coordinated via MipZ, a ParA-like ATPase that binds DNA 

nonspecifically (Fig. 1.10) (Kiekebusch et al., 2012; Thanbichler, 2010; Thanbichler 

and Shapiro, 2006). Shortly after the initiation of DNA replication, the duplicated 

oriC regions are rapidly partitioned to opposite cell poles (Thanbichler and 

Shapiro, 2006). The parS motifs cluster near the oriC region are recognized by 

ParB, and MipZ is recruited to ParB (Kiekebusch et al., 2012; Thanbichler and 

Shapiro, 2006). As a consequence, segregation and polar attachment of the ParB–

parS complexes produce a bipolar gradient of MipZ, with concentration higher at 

the two cell poles and lower at the midcell (Thanbichler and Shapiro, 2006). MipZ 

directly interacts with FtsZ and inhibits the GTP-dependent polymerisation of 

FtsZ (Thanbichler and Shapiro, 2006). In this way, Z-ring formation is positioned 

at the midcell. It should be noted that FtsZ remains at the new pole in newborn C. 

crescentus cells (Thanbichler and Shapiro, 2006). The duplication and segregation 

of the oriC regions, and thus the ParB–parS complexes, partition the MipZ 

gradient to the new pole which disassembles the polar FtsZ assemblies. The 

ATPase activity of MipZ acts as molecular switch, together with MipZ’s 

DNA-binding ability, establish an FtsZ-inhibiting gradient (Kiekebusch et al., 

2012). Intriguingly, the expression of ftsZ and mipZ might be coregulated by DNA 

methylation (Gonzalez and Collier, 2013). 

 

 

Positive regulation in positioning 

In sporulating Streptomyces coelicolor, FtsZ is recruited to the cytokinetic site via 

an interaction with the membrane-associated protein SsgB, which promotes FtsZ 

polymerisation in vitro (Fig. 1.10) (Willemse et al., 2011). The localisation of SsgB 

is further controlled by SsgA (Willemse et al., 2011). SsgA and SsgB are only 

present in Actinomycetes. Nevertheless, another positive regulation system was 

identified in M. xanthus (Fig. 1.10) (Treuner-Lange et al., 2013). Purified M. 

xanthus FtsZ has GTPase activity in vitro but does not form detectable 

protofilaments, suggesting a positive regulator might be required for Z-ring 

formation in M. xanthus. The ParA-like protein PomZ displays a cell 

cycle-regulated localisation: PomZ accumulates at the cytokinetic site after 

chromosome segregation, but prior to FtsZ. PomZ interacts with FtsZ in vitro. 

Therefore, PomZ might couple Z-ring formation to cell cycle progression. 
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Accessory proteins in Z-ring formation 

FtsZ does not show any direct affinity for the cytoplasmic membrane. Therefore, 

certain membrane anchors are required for Z-ring formation. FtsA is the most 

conserved FtsZ-interacting protein that belongs to the actin/Hsp70/sugar kinase 

superfamily. FtsA tethers FtsZ to the membrane via its C-terminal amphipathic 

helix. In both E. coli and B. subtilis the maintenance of a correct ratio of FtsZ to 

FtsA is crucial for cytokinesis. In addition to proto-Z-ring assembly, FtsA also 

promotes Z-ring integrity during cytokinesis and participates in the recruitment 

of downstream divisome proteins (Adams and Errington, 2009; Huang et al., 2013; 

Rico et al., 2013). Intriguingly, a current report showed that FtsA can cause 

fragmentation of FtsZ polymers which may facilitate the formation of highly 

dynamic Z-rings (Loose and Mitchison, 2014). ZapA is another highly conserved 

FtsZ-interacting protein that localises to the midcell dependent on a direct 

interaction with FtsZ and remains dynamically associated with the divisome. 

ZapA promotes Z-ring stability probably via aligning small FtsZ assemblies that 

consist of multiple FtsZ protofilaments. ZapB, a less conserved FtsZ-interacting 

protein, might function in a similar way (Buss et al., 2013). In E. coli FtsA and 

ZipA collaborate in anchoring FtsZ to the membrane. ZipA is a transmembrane 

protein found in γ-proteobacteria. ZipA is dispersed throughout the cytoplasmic 

membrane until it is recruited to the assembling Z-ring by a direct interaction 

with FtsZ. ZipA seems to be required to recruit an essential divisome protein 

FtsK that links cytokinesis and chromosome segregation. EzrA is a negative 

regulator of Z-ring assembly in Gram-positive bacteria with a low GC content. 

EzrA also participates in maintaining the dynamic nature of the Z-ring (Adams 

and Errington, 2009; Huang et al., 2013; Rico et al., 2013). 

SepF, a conserved protein in Gram-positive bacteria and cyanobacteria, 

participates in Z-ring formation and influences the structure of FtsZ 

protofilament bundles (Adams and Errington, 2009; Huang et al., 2013; 

Kirkpatrick and Viollier, 2011; Rico et al., 2013). In vitro, SepF forms ring-like 

structures with a consistent diameter, which are able to arrange FtsZ 

protofilaments into tubules of identical diameter. Mutations in SepF that abolish 

ring formation also disrupt cell division in vivo (Gündoğdu et al., 2011). This 

observation indicates the importance of higher-order structures of protofilaments 

in Z-ring formation. This idea was further reinforced by the discovery that a C. 

crescentus protein, FzlA, can influence the curvature of FtsZ protofilaments. FzlA 

is conserved in γ-proteobacteria. Overproduction of FzlA leads to the formation 

of hyperstable FtsZ foci and antagonizes the inhibitory effect of MipZ. FzlA is 

necessary for cell envelope invagination. Based on these observations, it is 
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proposed that FzlA-induced protofilament curvature might adjust the diameter 

of the Z-ring and generate a constriction force during cytokinesis (Goley et al., 

2010). Intriguingly, a current study found that the toxin YeeV (CbtA) encoded in a 

toxin–antitoxin system can bind to both FtsZ and MreB, leading to a 

morphological change and cell lysis in E. coli (Tan et al., 2011). 

 

In vivo structure of FtsZ assemblies 

Under conventional fluorescence microscopy, the Z-ring looks like a closed ring 

that has more or less even distribution of FtsZ (Erickson et al., 2010; Meier and 

Goley, 2014). Besides, FtsZ also forms arcs, helices, or spots in bacterial cells. The 

biological significances of these different structures are discussed in more details 

in Chapter 3. In brief, they may represent the dynamic behaviour of the Z-ring, or 

the precursors/remnants of the Z-ring. 

Li et al. (2007) employed electron cryo-tomography to obtain the first 

super-resolution image of in vivo FtsZ structures. They found that FtsZ 

protofilaments, each of 40–120 nm long, are loosely scattered around the midcell 

of C. crescentus. A set of studies utilising super-resolution fluorescence 

microscopy further allows the visualization of fluorescently labelled FtsZ in live 

bacteria (Chiu and Leake, 2011; Gahlmann and Moerner, 2014; Meier and Goley, 

2014). Fu et al. (2010) used photoactivated localisation microscopy (PALM) to 

characterise the in vivo structure of the Z-ring in E. coli. They found that in 

addition to the ring-like conformation, the Z-ring also adopts a novel compressed 

helical configuration with variable length and pitch. Besides, the conformation of 

the Z-ring is dependent on FtsZ expression level. The Z-ring is ~110 nm thick, 

and is composed of loose bundles of FtsZ protofilaments that randomly overlap 

with each other in both longitudinal and radial directions of the cell. These loose 

bundles can accommodate additional protofilaments. Similar observations were 

made by stimulated emission depletion (STED) microscopy (Jennings et al., 2011). 

PALM further showed that FtsZ protofilaments laterally associate to form “FtsZ 

clusters” (Buss et al., 2013). These FtsZ clusters are corralled at the midcell 

through the combined action of ZapA and ZapB, resulting in larger continuous 

structures (e.g. a ring).  

PALM was also used to observe different FtsZ assemblies in C. crescentus 

cells at different cell cycle stages (Biteen et al., 2012; Holden et al., 2014). 3D- 

PALM of hundreds of synchronized C. crescentus cells during different cell cycle 

stages suggests that Z-ring is a patchy band, and rarely as a continuous ring, 

supporting a model whereby FtsZ protofilaments are randomly distributed 

within the Z-ring and interact only weakly (Holden et al., 2014). Holden et al. 
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(2014) also found that Z-ring constriction can be divided into two phases: a first 

slower, linear phase and a second rapid phase. The radial and axial thicknesses of 

the Z-ring change little over the cell cycle, and are in the range of 50–100 nm 

(Holden et al., 2014). 

3D-structured illumination microscopy (SIM) of FtsZ in B. subtilis and 

Staphylococcus aureus provided the only super-resolution time-lapse analysis of 

the Z-ring so far (Strauss et al., 2012). Strauss et al. (2012) showed that the Z-ring 

is very dynamic and composed of a heterogeneous distribution of FtsZ in a 

bead-like arrangement. Other divisome components also adopt a bead-like 

localisation pattern at the cytokinetic site. 

Collectively, super-resolution imaging of FtsZ in different bacteria depict the 

Z-ring as a heterogeneous, frequently discontinuous structure composed of short 

protofilaments (Fig. 1.11). Improvement in the spatial and temporal resolution of 

microscopy, as well as a direct dissection of the effects of FtsZ-interacting 

proteins on Z-ring organisation in vivo via super-resolution imaging, may further 

provide exciting insights. 

 

 

Figure 1.11. Model for organisation of protofilaments in the Z-ring. Short (~100 

nm long) protofilaments (red) form loose clusters/bundles (~100 nm wide) that 

align at the midcell and frequently have gaps between them (left). The Z-ring 

might either comprise a single layer of protofilaments (middle) or multiple layers 

of several filaments deep in the radial direction (right). From Meier and Goley 

(2014). 

 

Chemical modulators of FtsZ 

FtsZ, being the most conserved prokaryotic cell division protein, is a promising 

target for new antibiotics (Foss et al., 2011; Sass and Brötz-Oesterhelt, 2013). 

Numerous inhibitors of tubulin are known, and since tubulin and FtsZ are 

homologues, it is possible that some of these inhibitors could affect FtsZ. To 

exploit this possibility, Yu and Margolin (1998) tested the effect of tubulin 

assembly inhibitors on FtsZ polymerisation. They found that tubulin inhibitors 
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like colchicine, colcemid, benomyl, and vinblastine, have no effect on the in vitro 

assembly of FtsZ into polymers. However, the hydrophobic fluorescent probe 

5,5’-bis-(8-anilino-1-naphthalenesulfonate) (bis-ANS) inhibited FtsZ assembly. 

Sarcina and Mullineaux (2000) latter showed that tubulin assembly inhibitors 

thiabendazole and 2-methyl-benzimidazole cause cell elongation in E. coli and 

cyanobacteria, presumably through the effect on FtsZ. White et al. (White et al., 

2002) screened synthetic inhibitors (2-alkoxycarbonylaminopyridines) of tubulin 

and two compounds were found to inhibit FtsZ polymerisation. Ruthenium red, 

which completely inhibits tubulin assembly, induces the bundling of FtsZ 

protofilaments (Santra et al., 2004). 

Chemicals outside the tubulin inhibitor repertoire are also tested for their 

FtsZ inhibitory effects. Wang et al. (2003) screened extracts of microbial 

fermentation broths and plants, leading to the identification of viriditoxin as a 

broad-spectrum antibacterial agent that block FtsZ polymerisation. More recently, 

Margalit et al. (2004) reported the identification of five structurally diverse 

compounds, together named Zantrins, which destabilize the FtsZ protofilaments 

or induce filament hyperstability through increased lateral association. These 

effects are reminiscent of that of the tubulin inhibitors colchicine and Taxol, 

respectively. To date, dozens of FtsZ inhibitors have been identified through 

different approaches, some of them are effective antibiotics in in vivo models of 

human infection (Foss et al., 2011; Sass and Brötz-Oesterhelt, 2013). Mechanisms 

of action of these FtsZ inhibitors can be categorized into three general groups: 

perturbing the assembly/disassembly dynamics of FtsZ, modulating the GTPase 

activity of FtsZ, and disrupting the structural integrity of FtsZ (Sass and 

Brötz-Oesterhelt, 2013).  

Various ligands that bind to tubulin have dramatic effects on the dynamics of 

microtubule (Downing, 2000). The interactions of tubulin with their ligands have 

made great interest in fields from basic cell biology to clinical application. 

Therefore, chemical inhibitors are promising tools for studying the functions of 

FtsZ, as illustrated in a current study (Adams et al., 2011). 

 

 

MreB: an actin homologue 

A multitude of cell shapes is encountered in the prokaryotic world. The 

shape of a bacterial cell is often a conserved trait and has been widely used as a 

taxonomic criterion (Young, 2006, 2010). This suggests that bacterial morphology 

is genetically determined, but how is DNA sequence information translated into 
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morphology? In most bacteria, cell shape maintenance requires the external cell 

wall whose rigidity and strength are primarily conferred by peptidoglycan 

(murein) (Nanninga, 1998; Vollmer and Holtje, 2001; Young, 2003). This is 

illustrated in the classical experiment in which the isolated murein sacculi reflect 

the specific shape of the cells from which they have been prepared, indicating 

that the sacculus itself contains information related to cell shape (Fig. 1.12) 

(Holtje, 1998; Weidel et al., 1960). Furthermore, the degradation of the 

peptidoglycan of normal rod-shaped E. coli cells with lysozyme results in a 

spherical morphology (Henning et al., 1972). Consistent with these, mutations in 

several genes involved in peptidoglycan metabolism and cell wall synthesis have 

been shown to alter the cell morphology of various bacteria (Carballido-López 

and Formstone, 2007; Osborn and Rothfield, 2007). The involvement of the cell 

wall in morphogenesis and the lack of obvious intracellular filaments led to the 

assumption that cell-walled bacteria are devoid of a cytoskeleton that supports 

cell shape. However, the machinery responsible for cell wall synthesis is highly 

conserved, and no apparent chemical difference has been identified in cell walls 

from bacteria with diverse shapes. It is difficult to explain how the murein 

sacculus by itself could generate so many different morphologies. 

 

 

Figure 1.12. Electron micrograph of an isolated E. coli murein sacculus. Scale bar: 

0.5 μm. From Holtje (1998). 

 

Recent studies on MreB have revolutionized this field. The mreB gene was 

first identified in E. coli (Wachi et al., 1987) as a target for mutations that confer 

resistance to mecillinam. It is located within the mre (murein formation gene 

cluster e) region that is associated with cell-shape determination (Doi et al., 1988; 

Wachi et al., 1989; Wachi et al., 1987; Wachi and Matsuhashi, 1989). B. subtilis has 

three mreB-like genes: mreB (Levin et al., 1992; Varley and Stewart, 1992), mreBH 
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(Winters et al., 1996) and mbl (mreB-like) (Abhayawardhane and Stewart, 1995). 

Disruptions of mreBH and mbl also have effects on cell shape (Abhayawardhane 

and Stewart, 1995; Defeu Soufo and Graumann, 2003; Jones et al., 2001). 

Errington and colleagues (Jones et al., 2001) later showed that MreB and Mbl 

form dynamic, helical filaments beneath the cytoplasmic membrane in B. subtilis. 

They recognized that MreB is conserved widely throughout the eubacterial 

lineage, and is exclusively found in noncocci bacteria (Daniel and Errington, 2003; 

Jones et al., 2001). In rod-shaped, curved, or spiral bacteria, there is usually at 

least one mreB gene. Exceptions are found in two distinct groups of rod-shaped 

bacteria: gram-negative bacteria of the Agrobacterium/Rhizobium group and 

gram-positive bacteria of the Mycobacterium/Corynebacterium group, are rod 

shaped but do not contain mreB homologues (Daniel and Errington, 2003). This 

striking correlation between nonspherical shape and the presence of mreB 

homologues points to an important role for MreB proteins in controlling bacterial 

cell shape. This insight that actin-like proteins are able to form filaments which 

are involved in determining bacterial cell shape provides a unifying view: actin 

cytoskeletons shape bacterial cells, just as in eukaryotic cells. Encouraged by the 

predicted structural similarity (Bork et al., 1992) and the clear functional parallels 

in shape-determination to actin, van den Ent et al. (2001) solved the crystal 

structure of MreB from Thermotoga maritima. They found that MreB polymerises 

easily under mild conditions with a strict requirement for ATP. Electron 

microscopy of the polymers revealed straight and curved filaments and small 

two-dimensional sheets. The atomic structures of MreB monomer and 

protofilament resemble those of actin (Fig. 1.13) (van den Ent et al., 2001). It is 

now widely accepted that MreB is a prokaryotic actin homologue. 

 

 

 

Figure 1.13. Superposition of monomeric 

actin and MreB. Despite their very low 

sequence identity (16%), the two proteins 

have essentially the same fold. PDB entry 

codes for the crystal structures are in 

parentheses. Arrow: the nucleotide-binding 

site. Adapted from Löwe et al. (2004). 
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Biochemical properties of MreB  

Structures of MreB monomer and protofilament 

van den Ent et al. (van den Ent et al., 2001) found that in the presence of ATP or 

GTP, purified T. maritima MreB assembles into linear protofilaments and bundles 

of protofilaments in vitro. The longitudinal spacing in the protofilaments is 51 Å , 

comparable to the 55 Å  spacing between polymerised actin subunits. MreB forms 

two-stranded thin filaments similar to filamentous actin (F-actin), but the strands 

do not twist around each other. MreB contains two domains (I and II), which are 

subdivided into two subdomains (A and B) (Fig. 1.13). The subdomains IA, IB, 

IIA and IIB are also in the same positions as the corresponding subdomains in 

actin (Fig. 1.13). The nucleotide-binding site is in the interdomain cleft (Fig. 1.13, 

arrow). MreB shows exactly the same topology (i.e. secondary structural 

elements) as actin in these domains in a structure-based sequence alignment of 

MreB and actin. Moreover, the 3D structure of MreB can be superimposed on the 

structure of actin (Fig. 1.13) (van den Ent et al., 2001). 

 

MreB polymerisation 

Esue et al. (2005) studied the in vitro assembly of His-tagged T. maritima 

MreB triggered by ATP and compared it to the well-studied assembly of actin. 

Their results showed that ultrastructure and polymerisation of MreB 

protofilaments depend critically on temperature and MreB only polymerises 

within the temperature range for optimal growth of T. maritime. MreB assembles 

without nucleation (or nucleation is highly favourable and fast) and with little or 

no contribution from filament end-to-end annealing (both are important for actin 

assembly). The rates of ATP hydrolysis and phosphate release of MreB are similar 

to that of F-actin. The critical concentration for MreB polymerisation is ~3 nM, 

which is ~100 times lower than the critical concentration for actin polymerisation. 

A lower critical concentration for MreB assembly suggests a higher affinity both 

between MreB monomers and between MreB monomer and protofilament than 

for actin, and this may explain the lack of a nucleation phase. This is also 

consistent with the smaller longitudinal spacing (51 Å ) between MreB monomers 

in a protofilament. The much lower intracellular concentration of MreB in 

bacteria (estimated ~5.6 μM) (Jones et al., 2001) compared with actin in 

eukaryotes (≤550 μM) (Pollard et al., 2000) may indeed require stronger 

interactions among MreB proteins. Without accessory proteins, polymerised 

MreB forms predominantly filamentous bundles. Besides filamentous bundles, 

MreB spontaneously forms ring-like structures with a relatively narrow 

distribution of diameters (~160 nm) (Esue et al., 2005), which are smaller than 
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observed in vivo (Carballido-López, 2006). Therefore, it is likely that bacteria use 

accessory proteins that cross-link MreB filamentous bundles to form larger 

spirals. Their findings suggest that despite high structural homology, MreB and 

actin display significantly different assembly properties. However, Bean and 

Amann (2008) used the native form of T. maritima MreB without a His-tag and 

found two phases of polymerisation, which might correspond to the nucleation 

and elongation phases of polymer growth. ATP hydrolysis of T. maritima MreB is 

fast, suggesting that in vivo most polymerised MreB proteins are in an 

ADP-bound state. Importantly, the critical concentrations for the polymerisation 

of ATP- and ADP-bound forms are close, indicating MreB might be able to 

display treadmilling (Bean and Amann, 2008). Nevertheless, new studies based 

on purified B. subtilis and E. coli MreBs showed significant interspecies 

differences in the in vitro behaviours of MreB homologues (Mayer and Amann, 

2009; Nurse and Marians, 2013), highlighting the importance of studying MreB 

from different species. 

Bean and Amann (2008) used fluorescence imaging to examine 

fluorescently-labelled MreB and observed thick, rigid bundles of ~3 m long in 

vitro. Bulk measurements of the rheological properties of MreB gels showed that 

MreB forms a very stiff gel in vitro (Esue et al., 2006). However, the relationship 

between in vitro gel stiffness and in vivo MreB function remains to be explored. 

Nevertheless, Wang et al. (2010) have shown that MreB filaments contribute 

significantly to the overall stiffness of E. coli cells. 

By quantitative immunoblotting, Jones et al. (2001) found that there are 

~8,000 molecules of MreB and ~12,000 to 14,000 molecules of Mbl per B. subtilis 

cell. In E. coli, the amount of MreB was estimated as ~17,000 molecules per cell in 

slowly growing cells and ~40,000 molecules per cell in rapidly growing cells 

(Kruse et al., 2003). Assuming a longitudinal monomer spacing of 51 Å  within 

both of MreB and Mbl protofilaments, this is enough to assemble 41 μm and 66 

μm of MreB and Mbl protofilaments, respectively (Erickson, 2001). Since the 

helical filaments seen by fluorescent microscopy would have a length of 3-6 μm, 

and most of the MreB and Mbl proteins are in a polymerised form 

(Carballido-Lopez and Errington, 2003), the helical filaments probably 

correspond to bundles of about 10 protofilaments, which could provide 

significant mechanical rigidity. These structures have been called “cables” by 

analogy to the actin cables of yeast cells. 
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Dynamics of MreB assembly 

The dynamic nature of MreB cytoskeleton is thought as a major feature of this 

system (Carballido-López, 2006; Pilhofer and Jensen, 2013). Indeed, an MreB 

mutant forming static filaments is not functional, showing that dynamics of MreB 

assemblies is essential for their function (Defeu Soufo and Graumann, 2006). 

Studies with the fluorescent protein-tagged versions of MreB, Mbl, and MreBH 

show that they form dynamic filamentous structures that are stable but not rigid. 

The filamentous structures elongate in parallel with cell growth and reconfigure 

continuously during the cell growth and division cycle (Carballido-Lopez and 

Errington, 2003; Defeu Soufo and Graumann, 2004). FRAP experiments also 

showed that Mbl “cables” continuously remodel, turning over in ~8 min, which is 

similar to the turnover rates measured for actin in various eukaryotic cells 

(Carballido-Lopez and Errington, 2003). The cables can be severed when the 

septum forms. Besides, a single Mbl cable is not a continuous structure, but most 

likely comprises a series of overlapping protofilaments. Although a single 

MreB/Mbl protofilaments would be expected to have a polarity, there is no 

overall polarity in the cables. Besides, most of the MreB/Mbl proteins are in a 

polymerised form at any one time (Carballido-Lopez and Errington, 2003). Taken 

together, these results indicate that the MreB/Mbl cables are composed of bundles, 

and turnover and growth occur by lateral association/dissociation of preformed 

protofilaments from a soluble pool. Consistently, Esue et al. (2005) have shown 

that MreB assembles with little or no contribution from filament end-to-end 

annealing in vitro. Strikingly, in vivo single-molecule imaging suggests that MreB 

molecules treadmill within short (∼300 nm) filamentous structures (Kim et al., 

2006). 

 

Cellular localisation and structure of MreB assemblies  

MreB homologues localise beneath the cytoplasmic membrane forming two 

major filamentous structures: helices along the cell length (Fig. 1.14 A) and 

midcell rings (Cabeen and Jacobs-Wagner, 2010; Carballido-López, 2006; Shaevitz 

and Gitai, 2010). In C. crescentus and E. coli, these two patterns interconvert 

according to the cell cycle stages, and this transition depends on the Z-ring (Figge 

et al., 2004; Gitai et al., 2004; Vats and Rothfield, 2007). However, helices are 

predominant for the three MreB isoforms in B. subtilis (Carballido-López, 2006; 

Defeu Soufo and Graumann, 2006), and a midcell MreB ring is dominant in R. 

sphaeroides (Slovak et al., 2005). These MreB structures are dynamic and flexible, 

and can grow with cell elongation, separate at cytokinetic sites, expand, compress, 

or rotate (Cabeen and Jacobs-Wagner, 2010; Carballido-López, 2006). 
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However, current high-resolution imaging studies have suggested a different 

view of the large-scale configurations of MreB structures (Fig. 1.14 B) 

(Domínguez-Escobar et al., 2011; Garner et al., 2011; van Teeffelen et al., 2011). 

Instead of continuous helical or circular filaments, recent discoveries indicate that 

MreB might form discrete “patches” that move perpendicular to the longitudinal 

axis. This discrepancy in the cellular structures of MreB is discussed in more 

details in Chapter 4. 

 

 

Figure 1.14. Schematics illustrating a simplified comparison of two models for in 

vivo MreB structure and movement. Both models depict MreB (brown) couples 

with the peptidoglycan (PG) elongation machinery (purple), which collectively 

represents the cylindrical wall synthesis machinery. (A) Filamentous MreB helix 

which is a scaffold for other cell-wall synthesis proteins. (B) Short MreB patches 

that move bidirectionally with PG elongation proteins. Adapted from White and 

Gober (2012). 

 

 

Functions of MreB  

Morphogenesis 

Although various shapes are encountered in bacteria, they can be simply 

classified as spherical (cocci), cylindrical (rod), curved (vibrioid), and helical 

(spiral). Since the coccus is the simplest of possible cell shapes, it can be viewed 

as the “default”. The vibrioid can be viewed as a curved rod, and a spiral is an 

elongated vibrioid (Margolin, 2004; Margolin, 2009; Young, 2010). Thus, the 

puzzle of bacterial morphogenesis can be first simplified as how a rod gets its 

shape. The morphological phenotypes of cells with defects in MreB functions 

(Cabeen and Jacobs-Wagner, 2010; Carballido-López, 2006; Shaevitz and Gitai, 

2010), as well as the phylogenetic distribution of MreB homologues in 
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nonspherical bacteria (Daniel and Errington, 2003), strongly argue that MreB 

plays a critical role in the establishment of a rod shape.  

Jones et al. (2001) first suggested that the MreB and Mbl cytoskeletal 

structures may act as a structural brace and control cell shape. Or alternatively, 

by analogy with the postulated role of actin in yeast (Pruyne and Bretscher, 2000), 

they may operate by exerting spatial control over the cell-wall-synthesizing 

machinery. Subsequent studies provided evidences supporting both mechanisms. 

By using a fluorescent derivative of the antibiotic vancomycin to detect the 

localisation of nascent cell-wall synthesis, Daniel and Errington (2003) 

demonstrated that synthesis of the sidewall in B. subtilis occurs in a helical 

manner which depends on Mbl helices, suggesting that MreB filaments might 

direct cell-wall synthesis activity to produce a rod-shape bacterium. Consistent 

with this, penicillin-binding protein 2 (PBP2), which has a critical role in 

synthesizing cylindrical peptidoglycan and maintaining a rod shape, locates in a 

spiral pattern that depends on MreB (den Blaauwen et al., 2003; Figge et al., 2004). 

It is proposed that MreB cytoskeleton serves as an organizer or tracking device 

for PBP2 (and thus the peptidoglycan synthesis activity). MreB has also been 

implicated in directing the localisation of many other components of the cell-wall 

synthesis machinery (Margolin, 2009; Shaevitz and Gitai, 2010; White and Gober, 

2012). Collectively, these results suggest that MreB exerts spatial and temporal 

control over peptidoglycan synthesis to affect bacterial morphogenesis.  

The dynamic helical or circular MreB structures were thought to form the 

track for the cell-wall synthesis machinery. Besides, treadmilling of MreB may 

contribute to the movement/redistribution of cell-wall synthesis machinery. 

However, recent studies have shown a different view. As mentioned above, 

high-resolution imaging shows that MreB might form short patches rather than 

long filamentous structures in bacteria (Fig. 1.14 B) (Domínguez-Escobar et al., 

2011; Garner et al., 2011; van Teeffelen et al., 2011). These MreB patches move 

circumferentially with other cell-wall synthesis proteins. Intriguingly, the 

movement of MreB patches is powered by peptidoglycan synthesis activity, not 

the opposite. It is suggested that short MreB patches might respond to the tracks 

made by the newly synthesized peptidoglycan strands and reinforce their 

circumferential directionality. MreB patches could also constrain the mobility of 

cell-wall synthesis machinery to achieve defined cell wall geometry 

(Domínguez-Escobar et al., 2011; Garner et al., 2011; van Teeffelen et al., 2011). A 

current study further shows that MreB assemblies preferentially localise to 

negatively curved regions of the cell envelope, which this localisation targets 

cell-wall growth in these regions (Ursell et al., 2014). Then, surface deformations 
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caused by new peptidoglycan insertion could direct circumferential movement of 

MreB. This feedback on the localisation of MreB and cell wall growth could result 

in MreB-mediated robust, uniform cell-wall synthesis at the cellular scale without 

requiring global organisation (Ursell et al., 2014). Another study shows that PBP2 

moves much faster and more erratically than MreB (Lee et al., 2014). PBP2 

interacts with the rest of the cell-wall synthesis machinery/MreB patches through 

a dynamic cycle of transient association. This dynamic association of PBP2 

buffers spatially distributed growth against fluctuations in component 

concentrations (Lee et al., 2014). 

MreB cytoskeleton may also fulfil its morphological function by applying a 

physical force to maintain cell width and reinforce the stability of the cell wall 

(Sun and Jiang, 2011; Typas et al., 2012). Indeed, micromanipulation of cells 

shows that MreB cytoskeleton contributes to the bending stiffness of E. coli (Wang 

et al., 2010). 

In addition to the overall cell shape, Wagner et al. (2005) demonstrated that 

MreB might coordinate with RodA and PBP2 to play a role in C. crescentus stalk 

formation. MreB may also participate in the morphological adaptations of V. 

parahaemolyticus under environmental stresses (Chiu et al., 2008). 

 

Chromosome segregation 

MreB might be involved in bacterial chromosome dynamics. Expression of a 

dominant-negative ATPase-defective form of MreB in merodiploid E. coli 

produced filamentous cells with altered MreB cytoskeletal structure. These cells 

have severe localisation defects of the nucleoid and of the oriC and ter regions, 

indicating that MreB cytoskeleton is important for directional segregation of 

chromosomes (Kruse et al., 2003). Consistently, depletion of B. subtilis MreB leads 

to a strong chromosome segregation defect (Defeu Soufo and Graumann, 2003). 

Importantly, the chromosome segregation defects in both organisms arise prior to 

significant changes in cell shape. However, controversial conclusions have been 

derived from other studies of B. subtilis and E. coli (Bendezú and de Boer, 2008; 

Formstone and Errington, 2005; Karczmarek et al., 2007). Nevertheless, studies on 

V. cholerae and Helicobacter pylori support the role of MreB in chromosome 

segregation (Srivastava et al., 2007; Waidner et al., 2009).  

In C. crescentus, MreB depletion or overexpression also disrupts the polar 

localisation of oriC (Gitai et al., 2004). Gitai et al. (2005) took the advantages of 

A22, which causes a rapid and reversible disintegration of the MreB assemblies 

(see below). A22 treatment of C. crescentus cells completely inhibits the 

segregation of oriC or an oriC-distal locus. Importantly, this effect was reversible. 
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In addition, chromosome was successfully segregated when A22 was 

administered to cells with A22-resistant mreB alleles. Their results also suggested 

that there is a two-step mechanism for chromosome segregation in C. crescentus: 

first the oriC is segregated in an MreB-dependent manner, and then the rest of the 

chromosome follows through an MreB-independent mechanism. However, 

Shebelut et al. (2009) showed that the effects of A22 are growth 

condition-dependent. Whether MreB directly or indirectly affects chromosome 

segregation remains to be determined.  

In addition to chromosome segregation, MreB might participate in other 

aspects of chromosome dynamics: MreB affects chromosome decatenation in E. 

coli (Madabhushi and Marians, 2009) and chromosome condensation in V. cholerae 

(Srivastava et al., 2007). MreB could also regulate DNA replication. Defeu Soufo 

and Graumann (2005) reported that MreB is important for the midcell localisation 

of the replication machinery, and A22-treatment slows DNA replication in C. 

crescentus (Shebelut et al., 2009). Interestingly, MreB is used by a B. subtilis phage 

for efficient DNA replication (Muñoz-Espín et al., 2009). 

 

Protein localisation 

MreB’s localisation to a “track-like” structure suggests a role of MreB in 

macromolecule positioning or trafficking. In addition to proteins participate in 

chromosome dynamics and cell wall synthesis (see above), evidences of 

MreB-dependent localisation have come from proteins belonging to diverse 

functional categories. 

Gitai et al. (2004) showed that MreB is necessary for the localisation of 

multiple polar protein markers in C. crescentus. Wagner et al. (2005) also found 

that C. crescentus cells depleted of MreB are unable to recover proper polarity 

when MreB is restored: they exhibit branching and stalk synthesis at abnormal 

places along the cell cylinder. Intriguingly, MreB is involved in the initiation, 

rather than the maintenance, of the localisation of the polar marker PopZ in C. 

crescentus (Bowman et al., 2008). To date, MreB has been implicated in the 

localisation of carboxysome (Savage et al., 2010), gliding motility proteins 

(Mauriello et al., 2010), inclusion bodies (Rokney et al., 2009), and 

pilus-associated proteins (Cowles and Gitai, 2010). 

 

Chemical modulators of MreB  

Unlike FtsZ, only a few chemicals have been identified as MreB inhibitors. 

S-(3,4-dichlorobenzyl)isothiourea (A22) was originally identified in a screen for 

inhibitors of chromosome partitioning in E. coli (Iwai et al., 2002). A22 induces 
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spherical, anucleate cells in E. coli, phenotypes that reminiscent mreB mutants. 

Iwai et al. (2002) thus suggested that the target of A22 might be MreB, and this 

idea has been confirmed by Gitai et al. (2005). Since MreB is essential in most 

bacteria, earlier studies usually use depletion to perturb MreB function. However, 

this method is slow, requiring several generation times before MreB protein 

levels are significantly reduced. For a rapid method of disrupting MreB function, 

Gitai et al. (2005) explored the use of small molecules. They treated C. crescentus 

cells with actin inhibitors like cytochalasin D, latrunculin, jasplakinolide, and 

phalloidin. All of these compounds failed to affect MreB in vivo. A22, however, 

mimics the effects of MreB depletion and causes a rapid and reversible 

disassembly of the MreB filaments. They also showed that A22 is highly specific 

for MreB. The specificity and rapid and reversible effect of A22 on MreB make it 

particularly useful for the temporal analysis of MreB function. A22 binds MreB 

and perturbs its ATP-binding region (Bean et al., 2009; Gitai et al., 2005). A22 has 

now been widely used to dissect the functions of MreB (Foss et al., 2011). 

However, A22 causes MreB-independent growth inhibition that varies with A22 

concentration, culture medium conditions, and bacterial species. MP265, a 

synthesized A22 structural analogue, is less toxic than A22 for growth but equally 

efficient for disrupting MreB assemblies (Takacs et al., 2010). 

Other known MreB inhibitors including sceptrin, which might bind to or 

perturb the ATP-binding pocket of MreB (like A22) (Rodríguez et al., 2008), and 

CBR-4830 is an indole that binds to MreB and inhibits its ATP-dependent 

polymerisation (Robertson et al., 2007). 

 

 

ParA-like proteins 

Proteins in the Walker A Cytoskeletal ATPases (WACAs) family are found in most 

bacterial species and represent a group of prokaryote-specific cytoskeletal 

proteins (Michie and Löwe, 2006). MinD and ParA are the two best-studied 

members in this family. It is now clear that ParA proteins form a group of general 

partitioning machinery capable of performing multitudes of tasks (Lutkenhaus, 

2012; Szardenings et al., 2011). ParA proteins perform their DNA segregation 

function in concert with a DNA-binding protein (normally termed ParB) and a 

cis-acting, centromere-like DNA sequence (parS). The “motor” ParA contains a 

conserved deviant Walker A motif (GXXXGKT; where X is any amino acid) which 

is involved in the nucleotide binding (Michie and Löwe, 2006). Despite being 

classified as plasmid-encoded Ia/Ib and chromosome-encoded subfamilies, ParAs 
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can be categorized into two subtypes: “large” ParAs possessing an N-terminal 

DNA-binding helix-turn-helix motif and “small” ParAs that lack this motif 

(Gerdes et al., 2010). Large and small ParAs have respectively large and small 

cognate adaptor ParBs (Livny et al., 2007). Recently, additional subfamilies within 

the MinD/ParA family have been identified. These proteins are involved in the 

positioning of different proteins, and have been referred to as “orphan” ParAs 

(i.e. not associated with the “usual” ParB partner). They include PpfA (section 

1.2), ParC (section 1.2), carboxysome-segregating ParA (Savage et al., 2010), 

TadZ/CpaE (involved in the polar positioning of type IV pili) (Perez-Cheeks et al., 

2012), VirC1 (involved in the polar localisation of conjugation machinery) 

(Atmakuri et al., 2007), YjhQ/BcsQ (involved in the polar synthesis of cellulose) 

(Le Quéré and Ghigo, 2009), and MipZ. 

Emerging evidences indicate that ParA-like systems employs different 

mechanisms to position their cargos (Gerdes et al., 2010; Lutkenhaus, 2012; Ptacin 

et al., 2010; Szardenings et al., 2011). Nevertheless, some shared features of 

chromosome- and plasmid-segregating ParAs are: (1) dynamic movement over 

the nucleoid; (2) ATP-dependent non-specific binding to DNA; (3) interaction 

with the ParB–parS complex (Gerdes et al., 2010; Ptacin et al., 2010; Salje, 2010). 

Despite these shared features, the actual molecular mechanisms linking ParA 

dynamics with DNA partitioning is still mysterious (Gerdes et al., 2010; Howard 

and Gerdes, 2010). Basically, two types of models are proposed: filament-pulling 

model and diffusion-ratchet model (Fig. 1.15) (Howard and Gerdes, 2010; 

Szardenings et al., 2011). Both models employ a “time-delay ratchet” (Howard 

and Gerdes, 2010; Ptacin et al., 2010; Vecchiarelli et al., 2010; Vecchiarelli et al., 

2012) which may be originated from the slow multi-step conformational 

transition of ParA upon ATP binding (Vecchiarelli et al., 2010). The primary 

difference between these models is whether ParA polymerises into filaments, and 

whether depolymerisation of filaments can provide the pulling force for DNA 

segregation (Howard and Gerdes, 2010).  
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Figure 1.15. Schematic representations of the “diffusion-ratchet” model (A) and 

the “filament-pulling” model (B). The figure illustrates two plasmids being 

pulled towards each other across the nucleoid surface. In (A), the pulling force is 

directed towards regions of higher ParA concentration where a greater number of 

ParA–ParB bonds can be formed. The clock symbol represents a time delay 

induced by a slow conformational change of ParA to its DNA-binding form. In 

(B), the pulling force is generated by ParA filament depolymerisation. The same 

time delay as in (A) is shown. From Howard and Gerdes (2010). 

 

Numerous studies have shown that chromosome- and plasmid-segregating 

ParAs form filamentous structures in vivo and in vitro. Initial observations suggest 

that ParA of pB171 oscillates in helical structures between the two ends of the 

nucleoid (Ebersbach and Gerdes, 2004) and form ATP-dependent filaments in 

vitro (Ebersbach et al., 2006). The ParA homologue SopA of F plasmid also 

polymerises into filaments in an ATP-dependent manner in vitro, with a filament 

elongation rate similar to that of plasmid movement in vivo. SopA undergoes 

cycles of polymerisation and depolymerisation, and oscillating between ParB–

parS complexes (SopB–sopC). The dynamic behaviour of SopA is critical for 

plasmid segregation, since static filaments formed by SopA mutants are defective 
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in plasmid segregation (Lim et al., 2005). In vivo, SopA forms a large focus that 

oscillates between the two ends of the nucleoid (Hatano et al., 2007). 

Simultaneously, SopA also forms a filamentous structure that spans the entire 

length of the nucleoid without being shortened as the plasmid migrates. 

Although the SopA filament as a whole remains constant in length, the intensity 

distribution of SopA does change. ATP-dependent polymerisation of different 

ParA homologs into filamentous structures was further observed in vitro (Barilla 

et al., 2005; Bouet et al., 2007; Ditkowski et al., 2010; Dunham et al., 2009; Hui et 

al., 2010; Leonard et al., 2005; Pratto et al., 2008; Ptacin et al., 2010) and in vivo 

(Adachi et al., 2006; Hatano et al., 2007; Jakimowicz et al., 2007; Pratto et al., 2008; 

Ptacin et al., 2010; Ringgaard et al., 2009). Currently, Vecchiarelli et al. (2010) 

found no evidence for in vitro polymerisation of P1 plasmid ParA even at high 

concentrations. They propose that the observed in vivo helical structures are the 

results of an underlying helical structure of the nucleoid (Berlatzky et al., 2008; 

Fisher et al., 2013). However, this notion cannot explain the slightly curved 

filamentous structures formed by C. crescentus ParA in vivo (Ptacin et al., 2010). It 

is critical to clarify whether ParA really polymerises into filaments. 

In the filament-pulling model (Fig. 1.15 B), a pulling force is generated by 

depolymerisation of ParA filament stimulated by the ParB–parS complex (Gerdes 

et al., 2010; Howard and Gerdes, 2010; Szardenings et al., 2011). In general, 

Apo-ParA binds ATP, changes its conformation, and dimerizes. ParA-ATP 

dimmers bind cooperatively to nucleoid DNA, leading to polymerisation. 

Subsequently, a growing ParA filamentous structure (bundles of ParA polymers) 

contacts a ParB–parS complex. ParB stimulates the ATPase activity of ParA at the 

end of the filamentous structure, resulting in the release of ParA from the 

nucleoid. New ParA-ATP filament ends accessible for ParB are left. For each 

depolymerisation event, the ParB–parS complex can either detach or remain 

attached to the end of the depolymerising ParA filamentous structure. The 

moving ParB–parS complex “ratchets” along the end of a retracting ParA 

filamentous structure and leaves behind it a ParA-free nucleoid zone. Eventually, 

the recycling ParA-ATP subunits assemble into a new filamentous structure in 

this zone that grows toward the ParB–parS complex from the opposite side. Upon 

contact formation, this new filamentous structure will move the plasmid in the 

opposite direction. In this way, a ParB–parS complex will wiggle between other 

ParB–parS complexes and the nucleoid ends. 

In the diffusion-ratchet model (Fig. 1.15 A), since parS-bound ParB directly 

interacts with ParA, the plasmid cargo will have a higher affinity for high-density 

ParA regions (Gerdes et al., 2010; Howard and Gerdes, 2010; Szardenings et al., 
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2011; Vecchiarelli et al., 2012). Binding of ParB stimulates the ATPase activity of 

ParA causing ParA to release from the nucleoid, and depletes ParA in the vicinity 

of the ParB–parS complex. The plasmid will therefore experience an attractive 

force towards regions of higher ParA concentration. The disassociated ParA 

re-bind ATP and go through a slow multi-step conformational transition before 

regaining the DNA-binding state. This “time-delay ratchet” allows an even 

redistribution of DNA-binding-competent ParA. Combining the activity of ParB, 

the system generates a dynamic instability in the local concentrations of 

nucleoid-bound ParA, which in turn drives the oscillation/uneven distribution of 

nucleoid-associated ParA. The steady-state non-equilibrium spatial distribution 

of ParA and ParB provides the force for long-ranged plasmid movement. 

Multiple plasmids will develop a trend to position themselves equidistant to each 

other along the nucleoid (Gerdes et al., 2010; Howard and Gerdes, 2010; 

Szardenings et al., 2011; Vecchiarelli et al., 2012). Intriguingly, although SopA 

forms filaments in vivo and in vitro, a current in vitro reconstitution study 

provides strong evidence that SopA segregates plasmid DNA via a 

diffusion-ratchet mechanism (Vecchiarelli et al., 2014). Besides, the in vivo ParA 

filaments might be artefacts of the imaging methods (Margolin, 2012; Vecchiarelli 

et al., 2012). 

Dynamic oscillation might be a general feature of diffusion-ratchet 

mechanisms. This feature uses cyclic activity that iteratively explores the 

positions of plasmids and constantly adjusts the interplasmid distance according 

to the number of plasmids present (Gerdes et al., 2010; Salje, 2010; Szardenings et 

al., 2011). A minimal self-organized oscillatory system can be built on a 

self-assembling protein and a surface. For the best studied MinCDE system, the 

surface is the cytoplasmic membrane. Alternatively, ParA systems use the surface 

of the nucleoid (Gerdes et al., 2010; Lutkenhaus, 2012; Salje, 2010; Szardenings et 

al., 2011; Vecchiarelli et al., 2012). Both systems use the ATPase activity of a 

WACA (i.e. MinD and ParA) as a switch, which is stimulated by a protein partner 

(MinE and ParB). This results in perpetual cycles of ParA polymerisation/ 

depolymerisation that continuously equi-partition plasmids. A prediction of this 

behaviour is that a non-oscillatory ParA/MinD system will require a tethering 

mechanism cooperates with it. Strikingly, the non-oscillatory B. subtilis MinD and 

C. crescentus MipZ cooperate with the polar anchor DivIVA and ParB, 

respectively (Lutkenhaus, 2012). Besides, ParC also attaches to HubP to position 

chemosensory clusters (section 1.2). The oscillatory behaviour of the 

carboxysome-segregating ParA system (Savage et al., 2010) suggests a 

diffusion-ratchet mechanism is used. Whether similar mechanism is used by 
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PpfA to partition the cytoplasmic chemosensory cluster is unclear at this moment. 

Nevertheless, the nucleoid is important for PpfA’s function and a ParB analogue 

TlpT is present. 

It should be emphasized that the entire process of ParA-mediated plasmid 

partitioning is thought to take place on the surface of the nucleoid (Howard and 

Gerdes, 2010; Lutkenhaus, 2012; Szardenings et al., 2011; Vecchiarelli et al., 2012). 

The nucleoid is also vital for ParABS-mediated chromosome segregation (Ptacin 

et al., 2010). ParA can localise and function on several nucleoids independently at 

the same time and can pull plasmids between well-segregated, adjacent nucleoids 

(Ringgaard et al., 2009). The regular plasmid distribution over the nucleoid leads 

to ordered plasmid partitioning from the mother cell to the daughter cells. 

Plasmids lacking par loci are randomly distributed in spaces not occupied by 

nucleoids (Niki and Hiraga, 1997; Ringgaard et al., 2009; Yao et al., 2007). Thus, 

ParA-mediated recruitment of plasmids to the nucleoid is a specialized 

mechanism that ensures equi-partitioning. This mechanism is advantageous since 

chromosome segregation is paramount to the host cell. It is plausible to 

coordinate plasmid partitioning with nucleoid dynamics. By linking to the 

nucleoid, plasmid partitioning could couple with the host’s cell cycle. However, it 

is not necessary that plasmids hitch a ride on the chromosome. 

 

 

Interactions between different bacterial cytoskeletal proteins 

Currently, areas of active investigation in bacterial cell biology are largely rooted 

in the bacterial cytoskeleton (Cabeen and Jacobs-Wagner, 2010; Gitai, 2005; Goley, 

2013; Ingerson-Mahar and Gitai, 2012). As the number of identified bacterial 

cytoskeletal proteins has expanded sharply (Ingerson-Mahar and Gitai, 2012; 

Pilhofer and Jensen, 2013), an emerging theme is the choreography of cytoskeletal 

networks. Classic examples are the interactions between MinCDE/MipZFtsZ 

and FtsAFtsZ. 

The Z-ring dependent reorganisation of MreB cytoskeleton into a midcell 

ring-like structure indicates that FtsZ and MreB might interact directly or 

indirectly (Figge et al., 2004; Gitai et al., 2004; Vats and Rothfield, 2007). This idea 

was currently confirmed in E. coli: MreB and FtsZ interact directly (Fenton and 

Gerdes, 2013). This interaction is required for Z-ring constriction, likely via a 

transfer of cell-wall synthesis enzymes from the lateral site to the mature 

divisome, which allows cells to synthesise the septum. Crescentin, a bacterial 

intermediate filament protein, controls C. crescentus cell curvature. This function 
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requires an interaction between crescentin and MreB (Charbon et al., 2009). CTP 

synthase, which forms a cytoplasmic filamentous structure, also colocalises with 

crescentin and exhibits an inhibitory effect on crescentin-mediated cell curvature 

(Ingerson-Mahar et al., 2010). It would be interesting to further explore 

undiscovered interactions between bacterial cytoskeletal systems in different 

levels. 
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1.5 Aims of this Study 

The advances in prokaryotic cell biology clearly demonstrate that the 

spatiotemporal dynamics of a biological system is essential to understand its 

function in bacteria. Chemotaxis and cell division are very different cellular 

activities but both are accomplished by the concerted actions of several molecular 

complexes that localise at specific sites in the cell (de Boer, 2010; Sourjik and 

Armitage, 2010). At cell division each daughter cell must inherit a complement of 

chemosensory proteins to allow efficient chemotaxis. Hence, the positioning of 

chemosensory proteins must coordinate with cell division and it has been 

suggested that sophisticated mechanisms have evolved to orchestrate the spatial 

regulation of cell division and chemotaxis (Sourjik and Armitage, 2010). Previous 

studies have suggested that the FtsZ, MreB or ParA-like cytoskeletal systems may 

participate in this process. However, except for a number of controversial models, 

there is still no satisfactory mechanistic explanation for how bacteria establish the 

specific localisation of their chemosensory proteins. Besides, it is becoming clear 

that different bacteria may use different mechanisms to position their 

chemosensory proteins. Therefore, the aim of this study is to explore the role of 

FtsZ and MreB cytoskeleton in the partitioning of chemosensory clusters in R. 

sphaeroides. This goal is divided into the following objectives: 

 Establish the spatiotemporal dynamics of FtsZ and MreB through the cell 

cycle of R. sphaeroides via live-cell fluorescence microscopy. 

 Establish the spatiotemporal dynamics of membrane and cytoplasmic 

chemosensory clusters through the cell cycle of R. sphaeroides via live-cell 

fluorescence microscopy. 

 Use quantitative fluorescence microscopy to obtain detailed understandings 

of the dynamic behaviours and assembling kinetics of the R. sphaeroides 

membrane chemosensory cluster. Inspect whether or not a stochastic 

self-assembly process might contribute to the formation and positioning of 

membrane chemosensory cluster in R. sphaeroides. 

 Examine the possible roles of FtsZ and MreB in the partitioning of membrane 

and cytoplasmic chemosensory clusters via simultaneous monitoring of pairs 

of chemosensory and cytoskeletal proteins through the R. sphaeroides cell 

cycle. 

 Explore the roles of other known protein localisation mechanisms in the 

positioning of R. sphaeroides chemosensory clusters. 
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Chapter 2. Materials and Methods 
                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                 

The gift of the great microscopist is the ability to think with the eyes and see 

with the brain. Deep revelations into the nature of living things continue to 

travel on beams of light. 

 Daniel Mazia 

 

 

2.1 Bacterial Strains and Growth Conditions 

The strains and plasmids (Table 2.1) used in this study were constructed as 

described before (Porter et al., 2007). For strain storage, stationary-phase culture 

were mixed with glycerol (final concentration of 20%), frozen in liquid nitrogen, 

and immediately stored at –80 °C. E. coli strain XL1-Blue was used for cloning. 

E. coli strain S17-1λpir was used for conjugal DNA transfer into R. sphaeroides. All 

R. sphaeroides strains were derived from WS8N (Porter et al., 2011b) and grown in 

succinate medium or on Luria-Bertani (LB) agar plates (see Appendix) with 

antibiotics at 30°C. E. coli strains were grown in LB medium (with shaking) or on 

LB agar plates with antibiotics at 37°C. When appropriate, the antibiotics 

nalidixic acid and kanamycin were used at 25 μg ml−1. All experiments were 

performed with log-phase aerobic (with shaking) or photoheterotrophic (1.5 ml 

culture in 1.7 ml Eppendorfs and illuminated with light at 10 W m−2) cells. To 

inhibit protein synthesis, chloramphenicol was added to the bacterial culture at a 

final concentration of 50 μg ml−1 (Romagnoli et al., 2002). For time-lapse imaging, 

cells pre-treated with chloramphenicol for 90 min were laid on agarose pads 

pre-soaked in medium containing chloramphenicol. 
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Table 2.1. Bacterial strains and plasmids used in this study  

Strains/plasmids Relevant genotype/description 
Reference or 

source 

R. sphaeroides 
  

WS8N 
Spontaneous nalidixic acid-resistant 

derivative of wild-type WS8 

Porter et al. 

(2011b) 

JPA187 
WS8N containing a gfp-mreB fusion in place 

of the genomic mreB 

Slovak et al. 

(2005) 

JPA500 
WS8N containing an mcpG-gfp fusion in 

place of the genomic mcpG 

Wadhams et 

al. (2000) 

JPA533 

WS8N containing a deletion of cheOp2 and 

an mcpG-gfp fusion in place of the genomic 

mcpG 

Wadhams et 

al. (2000) 

JPA1418 

WS8N containing a yfp–cheW3 fusion in 

place of the wild-type cheW3 in the 

chromosome 

Wadhams et 

al. (2003) 

JPA1455 

JPA1418 containing a cfp–cheW4 fusion in 

place of the wild-type cheW4 in the 

chromosome 

Wadhams et 

al. (2003) 

JPA1558 
WS8N containing a tlpT–yfp fusion in place 

of the wild-type tlpT in the chromosome 

Wadhams et 

al. (2003) 

JPA2241 JPA1558 containing pIND4-ftsZ–cfp This study 

JPA2242 JPA1418 containing pIND4-ftsZ–cfp This study 

JPA2243 WS8N containing pIND4-ftsZ–yfp This study 

JPA2245 JPA1558 containing pIND4-mreB–cfp This study 

JPA2246 JPA1418 containing pIND4-mreB–cfp This study 

JPA2248 WS8N containing pIND4-mreB–yfp This study 

JPA2252 JPA1558 containing pIND4-cfp–mreB  This study 
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JPA2253 JPA1418 containing pIND4-cfp–mreB This study 

JPA2254 WS8N containing pIND4-yfp–mreB This study 

JPA2255 
WS8N containing an mcpB-rfp fusion in 

place of the genomic mcpB 
This study 

JPA2380 JPA187 containing pIND4-ftsZ–rfp This study 

JPA2381 JPA1455 containing pIND4-ftsZ–rfp This study 

JPA2382 JPA533 containing pIND4-cheW2cheW3 This study 

E. coli 
  

XL1-Blue General cloning host Stratagene 

S17-1λpir 
A strain capable of mobilizing pIND4 and 

pK18mobsacB into R. sphaeroides 

Penfold and 

Pemberton  

(1992) 

Plasmids 
  

pIND4 
IPTG-inducible expression vector for R. 

sphaeroides; PA1/04/03, lacIq, KmR 

Ind et al. 

(2009) 

  pK18mobsacB 
Allelic exchange suicide vector mobilized 

by E. coli S17-1λpir; KmR 

Schafer et al. 

(1994) 

pIND4-ftsZ–cfp pIND4 containing ftsZ–cfp This study 

pIND4-ftsZ–rfp pIND4 containing ftsZ–rfp This study 

pIND4-ftsZ–yfp pIND4 containing ftsZ–yfp This study 

pIND4-mreB–cfp pIND4 containing mreB–cfp This study 

pIND4-mreB–yfp pIND4 containing mreB–yfp This study 

pIND4-cfp–mreB pIND4 containing cfp–mreB This study 

pIND4-yfp–mreB pIND4 containing yfp–mreB This study 

pIND4-cheW2cheW3 pIND4 containing cheW2cheW3 This study 
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2.2 Molecular Genetic Techniques 

DNA cloning 

Plasmid purification: E. coli cultures containing the plasmids of interest were 

grown in LB broth with appropriate antibiotic(s) at 37°C for overnight. Plasmid 

DNA was then extracted using the QIAfilter plasmid Miniprep or Midiprep kit 

(Qiagen) according to the manufacturer’s instructions.  

 

Purification of R. sphaeroides chromosomal DNA:  

R. sphaeroides cultures were grown to stationary phase and 1.5 ml of culture was 

centrifuged and the pellet was snap frozen in liquid nitrogen. The frozen pellet 

was then resuspended in 0.5 ml lysis buffer (10 mM Tris-HCl pH 8.0, 1 mM EDTA, 

1% SDS) and heated to 65°C. Proteinase K (100 mg) was added and the mixture 

was incubated at 45°C for 2 h. The chromosomal DNA was then extracted twice 

with 0.5 ml phenol:chloroform:isoamylalcohol (25:24:1 v/v) solution, and 

precipitated with 100% ethanol and incubated at –20°C for 30 min. Following 

incubation the sample was centrifuged at 16000  g for 15 min, the pellet was then 

washed with 70% ethanol and spun again as above. The pellet was then dried at 

37°C for overnight and resuspended in 50 μl sterile water and stored at –20°C. 

 

DNA manipulations:  

Polymerase Chain Reaction (PCR), restriction enzyme digestion, 

de-phosphorylation of digested plasmid DNA, and DNA ligation were carried 

out according to standard protocols (Green and Sambrook, 2012). Overlap 

extension PCR was used to create constructs for generating deletion strains and 

genomic replacement strains, as described before (Porter et al., 2007). 

For DNA electrophoresis, gels were made using 0.8%2% multi-purpose 

agarose (Roche) in 0.5  TBE buffer (see Appendix). DNA was electrophoresed at 

voltages between 80140 V. Gels were visualised by staining in 1 ng/ml ethidium 

bromide for 15 min and viewing on a UV transiluminator. DNA fragments were 

purified from agarose gels using the Gel Extraction Kit (Qiagen) according to the 

manufacturer’s instructions. 

 

DNA Sequencing: 

All constructs were checked by DNA sequencing before use. DNA sequencing 

was done by the Automated DNA Sequencing Service from Geneservice (Source 

BioScience). The BigDye termination method (PE Biosystems) was used on a 3730 
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DNA sequencer (Applied Biosystems). Contigs were generated using the Staden 

software package and analysed using Clone Manager (Sci Ed Central). 

 

Preparation of E. coli competent cells:  

One millilitre of E. coli stationary-phase culture was inoculated into 50 ml of LB 

broth and then incubated at 37°C until reached an OD600 of 0.4. The culture was 

then transferred to a 50 ml falcon tube and incubated on ice for 30 min, before 

being centrifuged at 1000  g for 10 min at 4°C. The pellet was resuspended in 16 

ml ice cold TFB-I (see Appendix), and incubated on ice for 1 h, before being 

centrifuged at 750  g for 10 min at 4°C. The pellet was then resuspended in 4 ml 

ice cold TFB-II (see Appendix). Resuspended cells were frozen in liquid nitrogen 

and stored at –80°C as 100-l aliquots. 

Transformation:  

One hundred microlitre of E. coli competent cells were defrosted on ice, and then 

incubated on ice with plasmid DNA (25 l for ligation products or 1 l for 

purified plasmid) for 45 min. The cells were then heat shocked by incubating 

them at 42°C for 45 s and then immediately placed on ice for 45 s. One millilitre 

of LB medium was then added to the cells and incubated at 37°C for 1 h before 

being plated on LB agar plates with the appropriate antibiotic. 

 

 

Conjugation of plasmids into R. sphaeroides 

Transformation is not working for R. sphaeroides so plasmids were introduced via 

conjugation from E. coli S17-1λpir cells. One millilitre of mid-log phase E. coli cells 

carrying the plasmid of interest and 1 ml of stationary-phase R. sphaeroides cells 

were centrifuged at 3500  g. Pellets of both E. coli and R. sphaeroides cells were 

washed in 1 ml LB broth (without antibiotics), and then resuspended in 100 l LB 

broth. E. coli S17-1λpir cells were gently resuspended to avoid shearing the pili. 

Then 10 μl of E. coli cells were gently mixed with 100 μl of R. sphaeroides cells, and 

the mixture was pipetted onto a sterile nitrocellulose filter on an LB agar plate 

without antibiotic. The plate was incubated on 30°C for overnight, and then the 

cells were washed off the filter in LB broth and spread onto LB agar plates 

containing nalidixic acid and the appropriate selective antibiotic for the plasmid. 
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Genomic replacement for constructing mutants and fluorescent- 

protein fusions of R. sphaeroides 

DNA recombination was used to introduce mutations or fluorescently-labelled 

versions of genes into the R. sphaeroides genome (Porter et al., 2007). This was 

achieved by using the suicide vector pK18mobsacB. For genomic deletions, 

plasmid constructs were created to contain the 500-bp upstream and downstream 

regions flanking the gene of interest, but not the gene itself. For N-terminally 

tagged genomic replacements, plasmid constructs were created to contain the 

upstream 500-bp region, the tag, and the first 500 bp of the gene. For C-terminally 

tagged genomic replacements, plasmid constructs were created to contain the 

final 500 bp of the gene, the tag and the downstream 500-bp region. 

Plasmid constructs were transferred into the parent R. sphaeroides strains by 

conjugation, and spread onto LB agar plates containing kanamycin and naladixic 

acid. Colonies grown were regrown in succinate media with naladixic acid for 48 

h. The absence of kanamycin allows the second recombination event to occur as 

this excises the vector backbone, including the KmR and sacB genes, from the 

genome. This event was selected for by further plating cells onto M22 (see 

Appendix) 10% sucrose plates. Since the second recombination event can result in 

the excision of either the parental gene or the desire construct, PCR was used for 

screening. 

 

 

2.3 Microscopy and Image Analysis 

Preparation of cells for microscopy 

Cells were grown as described above and immobilized on agarose pads. Agarose 

pad slides were made by adding a thin layer of 0.8% agarose in succinate 

medium to a slide and then applying 3 l of cells to the agarose pad before 

adding a cover slip. For long-term or multi-sample time-lapse imaging, cells were 

added to each well of a 4-well Lab-Tek-chambered coverglass (Thermo Fisher 

Scientific), then an agarose pad was placed on the top of each sample. For 

inducing filamentation, cells were (1) treated with 2.5 μg ml−1 cephalexin for 3.5 h 

or (2) induced with 250 μM IPTG for overnight for FtsZYFP overexpression 

before imaging. 
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Image acquisition  

Cells were mostly imaged at 25°C using a DeltaVision platform (Applied 

Precision) with an Olympus IX70 wide-field microscope equipped with a 

100 × 1.4 NA Plan-Apochromat objective and a Coolsnap HQ camera. The 

UltimateFocus™ function was used to continually monitor the position of the 

stage to eliminate z-drift during time-lapse imaging. The live-cell filter set was 

used: CFP (Ex: 436/10; Em: 465/30), GFP (Ex: 470/40; Em: 525/50), mCherry (Ex: 

580/20; Em: 630/60), and YFP (Ex: 492/18; Em: 535/30). Imaging settings were 

carefully selected to avoid saturation of the camera, and were kept constant for 

similar samples. To optimize the accuracy of protein colocalisation, each z-stack 

was acquired with one channel immediately followed by another. Cells were 

optically sectioned into multiple slices spacing 80–120 nm. 

Two other systems were also used: (1) Nikon Eclipse Ti confocal microscope 

(Nikon). The microscope was controlled using NIS Elements software (Nikon). 

The Perfect Focus System (PFS) was used in time-lapse imaging to maintain focus. 

Images were captured using a photon multiplier tube. (2) Nikon Eclipse TE200 

epifluorescence microscope. Samples were illuminated with a mercury lamp with 

the appropriate excitation and emission filters (Chroma) for fluorescence imaging, 

or a halogen lamp for brightfield imaging. Images were captured using a 

Hamamatsu ORCA-ER CCD camera. The microscope was controlled using the 

Simple PCI 6 software package. 

 

Image processing and analysis  

Fluorescence images are, unless specified, maximal projections of z-stacks 

deconvolved using the DeltaVision softWoRx 4.0.0 restoration system (Applied 

Precision). However, for quantification of intensity, sum projections were used. 

Background intensity was determined by imaging wild-type WS8N cells and was 

subtracted. Quantification and analysis were performed in ImageJ 

(http://rsbweb.nih.gov/ij) or DeltaVision softWoRx 4.0.0. Brightness and contrast 

adjustment, when performed, was applied uniformly to whole images. For 

single-particle tracking, distance measurement and colocalisation categorizing, 

the centroid (for spherical chemosensory clusters), centre of mass (for 

irregular-shaped chemosensory clusters) and edges (for FtsZ assemblies) were 

used. For quantifying colocalisaion, JACoP (Bolte and Cordelieres, 2006) was 

used as a plug-in for ImageJ. The Cell Counter plug-in for ImageJ 
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(http://rsbweb.nih.gov/ij/plugins/cell-counter.html) was used to count and 

categorize assemblies and cells. 

 

Fluorescence recovery after photobleaching (FRAP) 

FRAP was performed on a Nikon Eclipse Ti confocal microscope (Nikon) using a 

100 × objective with the pinhole open. Cells were excited (514.5 nm for YFP) using 

a 40-m Wargon laser and imaged prebleach every 250 ms for 10 s. A small region 

of the cell was then bleached for 100300 ms and then observed every 750 ms to 2 

s for 230 min depending on the protein of interest. To determine FRAP times, 

circular regions of interest of equal size were defined around bleached and 

unbleached areas using the NIS elements software (Nikon). The effect of 

photobleaching caused by image acquisition was corrected for by measuring the 

percentage loss of total cell fluorescence at each time point in unbleached cells. 

The time taken for the fluorescence intensity in the bleached region to reach half 

the plateau level was calculated by using the easyFRAP software package 

(Rapsomaniki et al., 2012).  

 

 

2.4 Sphaeroplasting 

A sphaeroplasting protocol that preserves inner and outer membrane integrity 

(Ranjit and Young, 2013) was adapted. R. sphaeroides cultures were grown to an 

OD700 of 0.2 and 1 ml was centrifuged. Cells were then washed with 

phosphate-buffered saline (PBS; 137 mM NaCl, 2.7 mM KCl, 10 mM Na2HPO4, 2 

mM KH2PO4, pH 8.0) for once and resuspended in 1 ml PBS, and 5 μl was 

transferred into 500 μl of PBS containing 0.5 M sucrose and lysozyme (20 μg/ml) 

and incubated at 25 °C for 20 min. Then, 500 μl of PBS containing lysozyme (20 

μg/ml) was added to this suspension, which was incubated at 25 °C for an 

additional 20 min. Sphaeroplasts were then harvested by centrifugation at 500 × g 

for 15 min and washed with 1 ml of sucrose recovery medium (succinate medium 

containing 0.25 M sucrose), and the resulting pellet was gently resuspended in 10 

μl of sucrose recovery medium. Sphaeroplasts were placed onto a sucrose 

recovery soft agarose pad (sucrose recovery medium plus 0.7% agarose) for 

imaging. 
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Chapter 3. Spatiotemporal Dynamics of FtsZ during 

the Cell Cycle of R. sphaeroides 
                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                 

One ring to rule them all, one ring to find them, 

One ring to bring them all and in the darkness bind them. 

 The Lord of the Rings, John R. R. Tolkien 

 

 

3.1 Aims 

The spatiotemporal dynamics of FtsZ in R. sphaeroides have not been previously 

reported. I therefore characterised localisation patterns of FtsZ through the 

R. sphaeroides cell cycle before examining its roles in the positioning of 

chemosensory clusters. 

 

 

3.2 Cell Cycle Stage-Specific Localisation of FtsZ 

Since fluorescent protein fusions of FtsZ homologues are not fully functional in 

any bacterial species studied so far (Erickson et al., 2010), FtsZ was examined in a 

derivative of wild-type strain containing a low-copy inducible plasmid 

expressing ftsZ–yfp (yellow fluorescent protein). Leaky expression or induction 

with IPTG (isopropyl-β-d-thiogalactopyranoside) up to 10 μM did not affect cell 

growth and morphology. Nevertheless, I sought to estimate the ratios between 

native FtsZ and FtsZ–YFP. We do not have an antibody for R. sphaeroides FtsZ. An 

antibody recognized E. coli FtsZ has been tested but failed to detect R. sphaeroides 

FtsZ. However, quantitative microscopy suggests that when induced with 5 μM 

IPTG, there are ~2,500 FtsZ–YFP molecules per cell. The reported native 

expression levels of FtsZ in different bacteria are 4,000–30,000 per cell (Erickson 

et al., 2010). C. crescentus, the closest relative of R. sphaeroides among these 

bacteria, has 9,500 FtsZ molecules per cell. Therefore, FtsZ–YFP will probably 

account for ~20% of total cellular FtsZ in R. sphaeroides. Previous studies have 
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shown that the amount of FtsZ–fluorescent protein fusions can up to 50% of the 

total cellular FtsZ without any detectable defects (Fu et al., 2010). Hence, unless 

specified, cells were treated with 5 μM IPTG for the results mentioned in this 

chapter.  

The typical ring-like structures (Erickson et al., 2010) (Fig. 3.1) were seen in 

~36% of cells in snapshots (Table 3.1). The observed patterns suggest a cell 

cycle-specific localisation of FtsZ–YFP: a faint band (a ring in 3D) appeared at 

midcell first (Fig. 3.1, cell 1), which constricted into a brighter band with smaller 

radius (Fig. 3.1, cell 2). Further invagination produced a pair of daughter cells 

sharing an FtsZ spot (Fig. 3.1, cell 3). The completion of septation splits the 

shared spot into two independent spots localised at the new poles of the two 

sibling cells (Fig. 3.1, cell 4). This model was confirmed by time-lapse imaging 

(Fig. 3.2). The midcell Z-ring constricted and further invagination produced a 

pair of daughter cells sharing an FtsZ assembly. The completion of septation split 

the shared assembly into two independent spots localised at the new poles of the 

two cells (Fig.  3.2, 30’ to 90’), similar to the cell cycle-specific pattern seen in the 

model -proteobacterium C. crescentus (Aaron et al., 2007; Thanbichler and 

Shapiro, 2006). Recent studies with another α-proteobacterium, Agrobacterium 

tumefaciens, revealed a similar localisation pattern of FtsZ (Brown et al., 2012; 

Zupan et al., 2013), suggesting that the cell cycle-specific localisation pattern of 

FtsZ (Fig. 3.1 and 3.2) might be conserved in α-proteobacteria. Nevertheless, FtsZ 

forms polar spots after cell division in the -proteobacterium H. pylori (Specht et 

al., 2013) and the Gram-positive bacterium Corynebacterium glutamicum (Ramos et 

al., 2005). Intriguingly, all these bacteria show certain degrees of asymmetric cell 

division (Fig. 3.1, cells 1 and 2; Fig. 3.4 A) (Brown et al., 2012; Daniel and 

Errington, 2003; Hallez et al., 2004; Specht et al., 2013). 

 

 
Figure 3.1. Snapshots show different configurations of FtsZ cytoskeletal 

structures in R. sphaeroides. Numbers indicate the possible timing for the 
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appearance of different configurations during the cell cycle. Initiated at its 

formation at the midcell (1), the Z-ring constricts into a spot (2 to 3) that is further 

split by the separation of daughter cells (4). Later, the polar spot of FtsZ 

reorganizes into a midcell Z-ring and the whole cycle repeats. Cells were treated 

with 5 μM IPTG. Red: FtsZ–YFP; blue: differential interference contrast (DIC). 

Scale bar: 1 μm. Right panel: a schematic shows this process. 

 

Table 3.1. The proportion of FtsZ–YFP within different FtsZ assemblies in R. 

sphaeroides cell populations 

FtsZ assemblies  
% of cells 

(n=848) 

% of FtsZ–YFP molecules 

present in the assembliesa 

Polar spot  
12.2±5.5 

 (16.8±1.7)b 
54.2±13.7 (n=17) 

Midcell node/Z-ring 

precursor  

 51.6±14.8 

 (50.9±3.8)b 
66.0±8.0 (n=47) 

Mature Z-ringc  
 36.2±11.6 

 (32.3±3.2)b 
66.1±6.9 (n=44) 

a Intensityassembly/Intensitytotal cellular × 100%. 
b For cells treated with chloramphenicol. 
c Including constricting Z-rings.  

 

 

Figure 3.2. Time-lapse images of the cell cycle stage-specific localisation of FtsZ 

in R. sphaeroides. A midcell band (a ring in 3D) constricts into a denser band with 

smaller radius. The completion of septation results in two FtsZ spots at the new 

poles. Red: FtsZ–YFP; blue: DIC. Numbers: minutes of observation. Scale bar: 1 

μm. 

 

Depending on the cell-cycle stage, the Z-ring was not always a continuous, 

uniform structure, but frequently showed gaps (Fig. 3.3 A) and heterogeneous 



66 
 

distributions (Fig. 3.3 B), consistent with current super-resolution imaging 

studies (Buss et al., 2013; Fu et al., 2010; Holden et al., 2014; Strauss et al., 2012). 

This uneven distribution of FtsZ may reflect the development process of the 

Z-ring (section 3.3) (Buss et al., 2013) or the constriction of the Z-ring during 

cytokinesis (Buss et al., 2013; Strauss et al., 2012). 

 

 

 

A controversial aspect of current models of Z-ring constriction is whether or 

not FtsZ disassembles extensively and delocalises from the Z-ring (Erickson et al., 

2010; Lan et al., 2009; Strauss et al., 2012). Quantifying time-lapse images of 

dividing R. sphaeroides cells (n=12) showed constant total intensity (0.98±0.05 

fold-change [mean, with standard deviation used throughout this thesis]) of the 

Z-ring during constriction (from 0 to ~40% decrease in the Z-ring radius), while 

the Z-ring density increased (12.8±0.8% per 10% decrease in the Z-ring radius), 

suggesting the protein content remaining constant. The condensation of the 

Z-ring may provide contractile force for cytokinesis (Lan et al., 2009; Strauss et al., 

2012).  

I frequently observed noticeable differences in the intensities of FtsZ polar 

spots in sibling cells (Fig. 3.2, 90’ and 3.7, 30’). The relative intensities of polar 

chemosensory clusters can be used to distinguish between old and young poles 

(Ping et al., 2008). I followed the intensities of both FtsZ assemblies and polar 

chemosensory clusters through cell division (n=20 cell pairs) and found that in 

70% (p-value=0.0184) the sibling cells with smaller polar chemosensory clusters 

(i.e. younger poles) received more FtsZ molecules after cytokinesis (1.89±0.56 fold, 

p<0.00003). This result suggests that although FtsZ content does not link to the 

Figure 3.3. Distribution of FtsZ–YFP 

in the Z-ring. (A) Cells containing 

Z-ring precursors (upper) or a 

mature Z-ring (lower). The FtsZ 

structures are viewed from different 

angles for their 3D reconstructions. 

Red: FtsZ–YFP; blue: DIC. 

Arrowheads: gaps in the Z-ring. 

Scale bar: 1 μm. (B) A Z-ring in a 

cephalexin-treated cell viewed from 

different angles for its 3D 

reconstruction. 
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“absolute age” of cell poles, FtsZ may have asymmetric inheritance correlated to 

cellular asymmetry/polarity (Hallez et al., 2004; Kysela et al., 2013; Macara and 

Mili, 2008). 

 

 

3.3 The Development of the Z-ring 

The appearance of the Z-ring at the midcell initiates the assembly of the divisome, 

a process that has been extensively studied. However, how the Z-ring forms in 

the first place is a largely unanswered question (Adams and Errington, 2009; de 

Boer, 2010; Erickson et al., 2010; Meier and Goley, 2014). The localisation pattern 

of FtsZ in snapshots of R. sphaeroides provides intriguing clues to this puzzle (Fig. 

3.4). Cells in the later stages of septation (i.e. a cell-pair with a high degree of 

invagination and an FtsZ spot between the two daughter-cell compartments; Fig. 

3.4, A and C) frequently have faint FtsZ spots and short fragments at the future 

cytokinetic sites of the daughter cells (white and blue arrowheads, respectively; 

Fig. 3.4, A and C). A transverse gradient of FtsZ extending from a spot was also 

present in many cells (Fig. 3.4 A, yellow arrowheads). Similar structures also 

existed in new-born cells (Fig. 3.4 B). These midcell structures can be grouped 

into three categories according to their 2D-projection images: (1) asymmetric or 

symmetric distributions of spots/fragments at the midcell periphery (2) 

peripheral spot/fragment-pairs with other spots/fragments in-between (3) a large 

spot with a filamentous structure extended from it (Fig. 3.5). The localisation 

pattern of these midcell FtsZ spots and short fragments in late-septation and 

new-born cells (Table 3.1) suggests they are Z-ring precursors. 
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Figure 3.4. Putative Z-ring precursors seen in snapshots. Red: FtsZ–YFP; blue: 

DIC. Scale bar: 1 μm. (A) Cells in late stages of septation. The bright spots 

between two sibling daughter cell compartments are constricting Z-rings. The 

DIC image was inverted to provide a better contrast for the right image. 

Arrowheads: white, spots; blue, short fragments; yellow, spots with extending 

gradients. (B) New-born cells. Upper: a cell with a polar spot and two midcell 

patches. Middle: a cell with a midcell spot. Bottom: a cell with midcell patches. (C) 

A pair of sibling cells. The left cell had a midcell Z-ring precursor and the right 

cell had a midcell spot and a faint filament (blue arrowheads). The image for YFP 

channel was rotated for a better view of the ring and spot/filament. 

 

 
Fig. 3.5. Different patterns of Z-ring precursors. These putative precursor 

structures can roughly be grouped into three categories according to their 

2D-projection images: (1) asymmetric or symmetric distributions of 
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spots/fragments at the midcell periphery (2) peripheral spot/fragment pairs with 

other spots/fragments in-between (3) spots with FtsZ spatial gradients extending 

from them. Left panel: images of typical structures. Right panel: schematics for 

different patterns as indicated in the actual images. Red: FtsZ–YFP; blue: DIC. 

Scale bar: 1 μm. 

 

 

A model is proposed to explain the relationship between these structures 

and their implications in the development of Z-ring (Fig. 3.6). In this model, the 

Z-ring initiates as a midcell precursor “node”. Cells normally have one dominant 

node at cell periphery, and a minor node might also present at an approximately 

opposite position. Later, an FtsZ gradient emanates from the node (presumably 

the major node) and extends circumferentially. Initially, an asymmetric 

distribution of FtsZ exists in the precursor structure. The gradient eventually 

encircles the midcell-plane and a more uniform distribution of FtsZ is reached. 

Time-lapse imaging provides direct evidence that the Z-ring developed from 

the node precursors (Fig. 3.7). After cytokinesis, the polar FtsZ spots 

redistributed to the midcell and transverse FtsZ spatial gradients extended from 

the midcell nodes (Fig. 3.7, 60’ to 90’ and 3.8). The transverse FtsZ spatial 

gradients gradually encircled the midcell plane (Fig. 3.8). The contact/attachment 

of the growing end to another node (or another side of the original node), or the 

connection of two nodes, may trigger a reorganisation of FtsZ distribution. 
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Fig. 3.7. The Z-ring is developed from precursor nodes. Polar FtsZ–YFP spots 

move to the future cytokinetic sites and fluorescence signals extend from the 

midcell nodes. Schematics are shown for each image frame. Red: FtsZ–YFP; blue: 

DIC. Numbers: minutes of observation. Scale bar: 1 μm. 

 

 

Fig. 3.6. A pathway for Z-ring 

formation. Schematics depict 

the typical patterns in this 

pathway. The fluorescence 

intensity profiles across the 

midcell sections (yellow 

dashed box) for actual 

fluorescence images with the 

corresponding patterns are 

shown. After moving from 

the new poles, the midcell 

nodes reorganize and FtsZ 

spatial gradients extend and 

encircle the midcell plane. A 

cell could have more than 

one midcell node. A.U.: 

arbitrary units. 
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Fig. 3.8. Time-lapse images of the midcell showing the FtsZ spatial gradients 

(dashed arrows) extend from one midcell node toward the other. The 

longitudinal axis of the cell is perpendicular to the dashed arrows. Red: FtsZ–YFP. 

Numbers: minutes of observation. Scale bar: 1 μm. 

 

 

The distribution of FtsZ along the precursor fluctuated before reaching a 

more symmetric arrangement (Fig. 3.9 and 3.10). Newly formed Z-rings had 

uneven FtsZ distributions, which were uniformized before constriction (Fig. 3.10), 

suggesting either this symmetric distribution is a prerequisite for Z-ring 

constriction, or the fluctuation of FtsZ is difficult to be resolved since constricting 

Z-rings have smaller radii. 

Intriguingly, the development process reversed in 15.85% cells (Fig. 3.7, 60’–

90’, right cell; 3.11; 3.13 C). This reverse was not seen for extensively constricted 

Z-rings, suggesting the development process cannot reverse once the Z-ring 

matures or constriction has started. The translation inhibitor chloramphenicol has 

no apparent effect on Z-ring development (Table 3.1), suggests the redistribution 

of FtsZ molecules between the precursor nodes is sufficient for Z-ring formation. 

 

 

Fig. 3.9. Fluctuations of FtsZ–YFP distribution along the precursor and early 

Z-ring. The fluorescence intensity profiles (upper panel) across the Z-ring 

precursors (yellow dashed box) are shown along with their corresponding 

time-lapse frames. Scale bar: 1 μm. 
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Fig. 3.10. The distribution of FtsZ along the Z-ring become more even/symmetric 

in later septation stages. The fluorescence profiles across the midcell sections 

containing FtsZ structures are shown. Inserts: the corresponding successive 

frames in the time-lapse series. A, B, and C show the results from three different 

dividing cells which all show constrictions at the second time frames. 
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Fig. 3.11. Reversion of Z-ring development. Numbers: minutes of observation. 

Scale bar: 1 μm. 

 

 

3.4 FtsZ Forms Different Macromolecular Assemblies 

FtsZ forms at least two kinds of subcellular structures through the R. sphaeroides 

cell cycle: spots and ring-like assemblies. Right after cytokinesis, FtsZ assembles 

into polar spots which then gradually redistribute to the midcell and may have 

dynamic localisation before Z-ring formation. The Z-ring appears to initiate at 

midcell precursor nodes, from which an FtsZ spatial gradient extends 

circumferentially. Initially, an asymmetric distribution of FtsZ exists but it 

eventually encircles the midcell plane with a more symmetric distribution. 

Does FtsZ form similar structures in different assemblies (polar spot and 

midcell Z-ring)? A correlation was found between the density of 

Z-ring/ring-precursors and total cellular intensity, but not for polar spots (Fig. 

3.12). These results suggest that the Z-ring becomes more dense with increasing 

FtsZ content, in agreement with a loose bundle model (Fu et al., 2010; Piro et al., 

2013), while the polar spot has a more constant packing density. Hence, polar 

spots and Z-ring/ring-precursors may have different molecular architectures. 

By quantifying YFP intensity, I also found that midcell nodes/Z-ring 

precursors and mature Z-rings contained a larger percentage of the total FtsZ–

YFP molecules than polar spots (Table 1). However, there is a significant pool of 

FtsZ–YFP molecules that are not localised to visible assemblies at any given time 

in the cell. 

 Taken together, these results suggest that the Z-ring is a loose structure that 

can accommodate a wide range of FtsZ subunits to perform mechanical functions 
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(Fu et al., 2010; Lan et al., 2009; Strauss et al., 2012). On the other hand, the polar 

FtsZ spots are passive structures for depositing FtsZ, spatially constrained by 

negative regulators like MipZ. Besides, the presence of different Z-ring precursor 

structures suggests that reorganizations of the ultrastructure of FtsZ cytoskeleton 

might also occur during the formation of Z-rings. 

 

 

 

Figure 3.12. Correlation plots show the relationships between FtsZ–YFP densities 

in different assemblies and total cellular FtsZ–YFP intensity. Left: polar FtsZ spots 

(n=14); right: Z-rings or precursors (n=23). 

 

Prior to the formation of mature Z-rings, FtsZ spots are mobile and dynamic 

over our observation time scale of tens of minutes (Fig. 3.13). FtsZ spots were able 

to localise at both cell poles in the same cell (Fig. 3.13 A, yellow arrowheads), 

raising the question of how FtsZ is positioned in R. sphaeroides. FtsZ spots 

appeared to integrate/separate and adjust positions (Fig. 3.13 B), resulting in 

changes in spot intensity (Fig. 3.13). Due to the resolution limit we could not 

exclude the possibility that two spots came too close to be distinguished (Fig. 3.13 

B, 20’). However, the change in relative intensity (Fig. 3.13 B, 10’ to 30’) suggests 

they integrated and reformed. This observation indicates that in R. sphaeroides 

FtsZ is repositioned to future cytokinetic sites via dynamic clusters rather than 

spiral structures proposed for other bacteria (Ben-Yehuda and Losick, 2002; 

Peters et al., 2007; Specht et al., 2013; Thanbichler and Shapiro, 2006; Thanedar 

and Margolin, 2004). The proposed helix-like intermediate of FtsZ might merely 

be a reflection of the oscillatory behaviour of FtsZ assemblies (Bisicchia et al., 

2013). However, we cannot exclude the possibility that other configurations of 

FtsZ assemblies may contribute to Z-ring formation in R. sphaeroides. 

Before the formation of a proto-Z-ring, the reorganisation of midcell nodes 

(i.e. extension of FtsZ gradients that eventually encircle the midcell plane) could 
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occur more than once (Fig. 3.13 C). In the example given in Fig. 3.13 C, the FtsZ 

gradient was wrongly extended in the direction of the longitudinal axis (white 

arrowhead in Fig. 3.13 C, 0’). Then a new midcell node formed (Fig. 3.13 C, 10’) 

and an FtsZ gradient extended later (white arrowhead in Fig. 3.13 C, 20’). The 

proto-ring only formed after the third round of reorganization. It is also possible 

that reversion of Z-ring development occurred in this cell. These results clearly 

showed that Z-ring precursors are very dynamic structures. 

Strikingly, FtsZ has similar behaviours in photoheterotrophic cells (Fig. 3.14), 

suggesting that the dramatic rearrangement of the cytoplasmic membrane and 

the change in cell shape which occur during photoheterotrophic growth have no 

effect on the positioning of FtsZ and the cell division machinery. 

 

 

 

Figure 3.13. Time-lapse images showing the spatiotemporal dynamics of FtsZ 

spots and Z-ring precursors. Red: FtsZ–YFP; blue: DIC. Numbers: minutes. Scale 

bars: 1 μm. (A) FtsZ spots change positions. Yellow arrowheads: polar spots. 

White arrowheads: midcell spots. (B) FtsZ spots are gradually positioned at the 

midcell. Two spots integrate into a single midcell node (10’ to 20’) which then 

separate into two nodes (30’). These two nodes are properly positioned at a plane 

perpendicular to the longitudinal axis of the cell, results in a perpendicular 

Z-ring (50’). (C) A cell with two rounds of unsuccessful FtsZ-gradient extension 

(white arrowheads) before the development of a proto-ring. Numbers: minutes. 
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Figure 3.14. Spatiotemporal dynamics of FtsZ in photoheterotrophic R. 

sphaeroides cells. Red: FtsZ–YFP; blue: DIC. Scale bars: 1 μm. (A) An image shows 

the typical polar spots, Z-ring precursors and a Z-ring. (B) Time-lapse images 

show Z-ring development. Numbers: minutes of observation. These results are 

similar to aerobic cells. 

 

Mild overexpression (20 μM IPTG) of FtsZ–YFP in R. sphaeroides resulted in 

multiple Z-rings/ring-precursors (Fig. 3.15, A and B). Some cells became 

filamentous (Fig. 3.15 B). Higher overexpression (50 μM IPTG) led to multiple 

FtsZ spots and short filaments and severe cell filamentation (Fig. 3.15 C). Strong 

overexpression of FtsZ–YFP resulted in two distinct FtsZ assemblies: randomly 

distributed spots and long filamentous structures (Fig. 3.16). In this scenario, 

most cells had only one type of FtsZ assembly, but in ~5% of cells FtsZ spots and 

curved filaments could co-exist, albeit each structure occupied distinct cellular 

compartments (Fig. 3.17). Intriguingly, “hybrid” structures (i.e. filaments with 

nodes) could be seen at the interfaces of the two compartments (Fig. 3.17, inset). 

The patterns of FtsZ assemblies in FtsZ–YFP-overexpressing cells (Figs 3.15 C and 

3.17) suggest that the FtsZ spots might form first, and then reorganize into long 

filaments, presumably by the protrusion of FtsZ gradients from the spots 

(Fig. 3.18, yellow arrowheads). Multiple spots could be linked in this manner and 

resulted in long filaments with several nodes (Fig. 3.18, white arrowheads). 

Overexpression has been used to dissect the biochemical and structural 

properties of FtsZ assemblies (Li et al., 2007; Specht et al., 2013; Srinivasan et al., 
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2008). The morphological similarity of the FtsZ assemblies in overexpressing cells 

and the Z-ring precursors in normal cells prompted me to further explore the 

formation of these structures. Time-lapse imaging clearly showed that 

filamentous structures extended from FtsZ precursor nodes and eventually 

formed long filaments (Fig. 3.19, upper panel). Filamentous structures also 

extended from (constricting) Z-rings to form long filaments that encircled the 

periphery of the cell (Fig. 3.19, middle and bottom panels). Since the Z-ring is 

more likely to be an arc rather than a closed ring (Fu et al., 2010), it is possible 

that excess FtsZ molecules were added at the ends of the arc, and the growing 

filaments no longer constrained by the normal spatial regulation and extended in 

the direction that is more parallel to the longitudinal axis. Intriguingly, FtsZ 

fluctuated along the filamentous structures (Fig. 3.19), resulted in 

growth/shrinkage of filaments, as well as large scale movements of FtsZ 

assemblies around the cell periphery (Fig. 3.19, middle panel). This fluctuation 

may be similar to that occurs in normal Z-rings/ring precursors, albeit in a 

different geometric scenario. 
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Figure 3.15. R. sphaeroides cells mildly overexpressing FtsZ–YFP. Cells were 

treated with 20 (A and B) or 50 μΜ IPTG (C) for 18 h. (A) Normal-length cells 

with multiple Z-rings/ring-precursors (arrowheads). (B) Filamentous cells with 

multiple Z-rings/ring-precursors. (C) Filamentous cells with FtsZ spots and short 

filaments. Red: FtsZ–YFP; blue: DIC. Scale bar: 1 μm. 
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Figure 3.16. R. sphaeroides cells overexpressing FtsZ–YFP (treated with 100 μΜ 

IPTG for 18 h). Red: FtsZ–YFP; blue: DIC. Arrowheads: white, a normal-length 

cell with a constricting Z-ring; yellow, cells with FtsZ spots; red, a cell with long 

FtsZ filaments. Scale bar: 5 μm. 

 

 

 

Figure 3.17. R. sphaeroides cells overexpressing FtsZ–YFP (treated with 100 μΜ 

IPTG for 18 h). Red: FtsZ–YFP; blue: DIC. Arrowheads: nodes with connecting 

FtsZ filaments. Scale bar: 5 μm. 
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Figure 3.18. R. sphaeroides cells overexpressing FtsZ–YFP (treated with 100 μΜ 

IPTG for 18 h). Red: FtsZ–YFP; blue: DIC. Arrowheads: white, long FtsZ 

filaments with nodes; yellow, FtsZ spots with protruding gradients. Scale bars: 1 

μm. 

 

 

 

Figure 3.19. Time-lapse images showing the reorganisation of FtsZ assemblies 

during FtsZ–YFP overexpression. Cells were incubated with 50 μΜ IPTG. Red: 

FtsZ–YFP; blue: DIC. Arrowheads: white, FtsZ precursor nodes; yellow, growth 

of FtsZ filaments; red, shrinkage of FtsZ filaments. Dashed arrows: putative 

directions of FtsZ redistributions. Scale bar: 1 μm. 

 

 

I performed fluorescence recovery after photobleaching (FRAP) 

(Lippincott-Schwartz et al., 2003) on different FtsZ assemblies to investigate their 

dynamics. FRAP uses a focused laser beam to photobleach a portion of a 

fluorescent structure and measures the recovery of fluorescent signal in the 

photobleached area caused by exchange of subunits between the photobleached 

and surrounding areas (Lippincott-Schwartz et al., 2003). Fig. 3.20 shows a typical 
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FRAP curve for the Z-ring in normal cells (induced with 5 μΜ IPTG). In 

agreement with previous studies, I found that the Z-ring is highly dynamic (Fig. 

3.20 and Table 3.2), with a half time of recovery comparable to those in B. subtilis 

(Adams et al., 2011; Anderson et al., 2004), E. coli (Anderson et al., 2004; Charbon 

et al., 2011; Geissler et al., 2007), H. pylori (Specht et al., 2013), and Streptomyces 

coelicolor (Willemse et al., 2011). Intriguingly, Z-ring precursors were slightly less 

dynamic than the Z-ring (Table 3.2). The spatial resolution of the confocal 

microscopy used to perform the FRAP experiments is not sufficient to clearly 

distinguish between midcell nodes with/without extended FtsZ gradients. 

Further experiments with better resolution will be required to explore whether 

FtsZ nodes undergoing/not undergoing reorganisation may have different 

dynamics. It is also desirable to compare the dynamics of the node part to the 

gradient part of a developing Z-ring precursor. The polar FtsZ spot was also very 

dynamic, albeit less than the Z-ring/ring-precursor (Table 3.2). Because of the 

small size of these FtsZ assemblies and the difficulty in precisely control the 

dimension of the photobleaching area, a significant portion of the FtsZ–YFP is 

bleached in many cells. Thus, I could not obtain conclusive results for the mobile 

vs. immobile fractions. The average mobile fraction for all FtsZ assemblies is 52.2 

 24.5%. 

The striking behaviours of FtsZ assemblies in overexpressing cells (Figs 3.18 

and 3.19) prompted me to further study their dynamics by FRAP. Remarkably, 

FtsZ spots and filaments resulted from FtsZ–YFP overexpression were almost as 

dynamic as normal FtsZ assemblies (Table 3.2). This result showed that the FtsZ 

spots and filaments in overexpressing cells were not merely inactive aggregates. 

Interestingly, the Z-rings in mild-overexpression cells (induced with 50 μΜ IPTG) 

were last dynamic (Table 3.2). It is unclear whether this minor difference has any 

correlation with the inability of the Z-ring to constrict under the mild 

overexpression condition. 

To summarise, the above results show that FtsZ forms distinct assemblies 

during the cell division cycle of aerobic and photoheterotrophic R. sphaeroides, as 

well as under FtsZ–YFP overexpression conditions.  
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Figure 3.20. A typical FRAP curve of the R. sphaeroides Z-ring. The points 

represent the fluorescence intensity within the photobleached region. The data 

points have been corrected for background and fluorescence loss during the 

observation period. Red arrow: the time point of photobleaching. 
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3.5 Different FtsZ Structures in Sphaeroplasts 

FtsZ affects bacterial morphogenesis via a spatial regulation of peptidoglycan 

synthesis (Cava et al., 2013; Margolin, 2009). Does peptidoglycan conversely 

affect FtsZ? Previous studies showed that FtsZ forms aberrant assemblies in 

cell-wall synthesis mutants (Addinall and Lutkenhaus, 1996; Bendezú and de 

Boer, 2008; Corbin et al., 2002; Potluri et al., 2012; Shih et al., 2005). The aberrant 

assemblies include short and long arcs, rings with branches, slanted rings, spirals, 

patches, and more-complex patterns like extended structures that failed to span 

the circumference of the cell but branched or folded back on themselves 

(Addinall and Lutkenhaus, 1996; Bendezú and de Boer, 2008; Corbin et al., 2002; 

Potluri et al., 2012; Shih et al., 2005). Since FtsZ arcs have been observed in 

nonmutant cells acquired abnormal cell shapes as a result of mechanical stress 

(Männik et al., 2012), it is unclear whether the effects on FtsZ is geometrical or 

biochemical (Potluri et al., 2012). In an effort to establish sphaeroplasts as useful 

systems to study FtsZ and chemosensory protein clusters, I found some 

interesting effects of sphaeroplasting on FtsZ. 

 After sphaeroplasting, a portion of rod-shaped cells still existed (presumably 

retaining at least partially intact peptidoglycan sacculi). Normal Z-rings were 

easily observed in these rod-shaped cells (Fig. 3.21). However, Z-rings were only 

present in <1% of spherical cells (Fig. 3.21, inset). Spots/fragments (Fig. 3.23 A and 

B; 7312% of cells) and arcs (Figs 3.22 and 3.23 C, white arrowheads; 259% of 

cells) were the dominant FtsZ structures in sphaeroplasts (Fig. 3.22), which were 

morphologically similar to FtsZ polar spots and precursors under 

diffraction-limited microscopy (Figs 3.4 and 3.7). Structures similar to nodes with 

extended gradients could be seen in single sphaeroplasts (Fig. 3.23 C, yellow 

arrowhead) or between two un-separated sphaeroplasts (Fig. 3.23 E). 

Filament-like structures encircled the full circumference of cognate sphaeroplasts 

were occasionally observed (Fig. 3.23 D). It is possible that the loss of 

peptidoglycan disturbs the development of Z-rings or prevents Z-rings from 

constricting, both may result in the reversion of Z-rings/ring-precursors into 

spots (Fig. 3.11). Arcs, on the other hand, could be the residues of Z-rings unable 

to constrict, or they could be resulted from spots that reentered reorganization. 
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Figure 3.22. A representative image showing the FtsZ structures in R. sphaeroides 

sphaeroplasts. White arrowheads: FtsZ arcs. Red: FtsZ–YFP; blue: inverted DIC. 

Scale bar: 1 μm. 

 

 

Figure 3.21. Normal Z-rings in 

rod-shaped cells (yellow arrowheads) 

and a sphaeroplast (inset). White 

arrowhead: an FtsZ fragment in the 

extracellular environment. Scale bar: 1 

μm. 
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Figure 3.23. Different FtsZ structures in R. sphaeroides sphaeroplasts. (A) A spot. 

(B) Spots and a short fragment. (C) An arc (white arrowhead) and a node with an 

extended gradient (yellow arrowhead). (D) A filament-like structure encircled the 

cell periphery. (E) Two pairs of un-separated sphaeroplasts with arcs in-between. 

Red: FtsZ–YFP; blue: DIC. Scale bar: 1 μm. 

 

 

Gentle lysis of sphaeroplasts could be a promising strategy for establishing 

in vitro systems to study native FtsZ structures, including biochemical analysis 

(Mishra et al., 2013), single-molecule quantification (Jain et al., 2011), and 

ultrastructure dissection (Brandt et al., 2009). Ghost cells and cell debris 

containing different FtsZ assemblies could be seen for the sphaeroplasting 

preparations (Fig. 3.24 A, white arrowhead). Intriguingly, there were some 

extracellular FtsZ assemblies morphologically similar to in vivo FtsZ structures 

(Fig. 3.24). Further studies will be required to examine how close these 

extracellular assemblies were to the in vivo structures. 
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Figure 3.24. Different extracellular FtsZ assemblies in R. sphaeroides sphaeroplast 

preparations. (A) A spot and a short fragment within small cell debris (white 

arrowhead). (B and C) Nodes with extended gradients. (D and E) Short 

fragments. (F) A long filament. Red: FtsZ–YFP; blue: DIC. Scale bars: 1 μm; A and 

all other images have the same scale, except B. 

 

 

3.6 Discussion & Conclusions 

The data in this chapter show that FtsZ forms dynamic, cell cycle-dependent 

assemblies in R. sphaeroides, which can exhibit substantial reorganisation during 

the formation of the Z-ring. The polar spots localised to the new poles 

immediately after cytokinesis redistribute to the midcell to initiate the formation 

of the Z-ring (Figs 3.6 and 3.7). These polar spots could move as single or 

multiple independent entities (Fig. 3.13). FtsZ spots change in their intensities, 

numbers, and positions (Fig. 3.13). Redistribution of FtsZ spots to the midcell 

allows the formation of Z-rings. FtsZ spatial gradients stretch out from nodes and 

eventually encircle the midcell plane (Fig. 3.8), undergoing rearrangements and a 

more symmetric allocation is reached (Figs 3.9 and 3.10). 

 

Z-ring formation 

Structures similar to FtsZ nodes have been seen for FtsZ homologues in A. 

tumefaciens (Zupan et al., 2013), B. subtilis (Gregory et al., 2008; Jensen et al., 2005), 

C. crescentus (Quardokus et al., 2001), E. coli (Buss et al., 2013; Sun and Margolin, 

1998), Magnetospirillum gryphiswaldense (Müller et al., 2014), sporulating S. 

coelicolor (Willemse et al., 2011), an ectosymbiotic γ-proteobacterium divides 

longitudinally (Leisch et al., 2012) and cyanelles (cyanobacteria-like 

endosymbionts) (Sato et al., 2009), suggesting a common mechanism for the 

formation of Z-rings. 
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Fission yeast S. pombe, an important eukaryotic model organism that 

possesses septation-type cytokinesis similar to rod-shaped bacteria, uses an 

analogous node/aster mechanism to form the contractile ring (Roberts-Galbraith 

and Gould, 2008; Yonetani et al., 2008). Thus, the node-precursor mechanism may 

have certain advantages for establishing a midcell contractile ring for septation. 

By comparing the similarity and difference between the prokaryotic and 

eukaryotic apparatuses, we may be able to discover the design principles for the 

formation of cytokinetic rings. 

One current model for Z-ring formation suggests that the Z-ring forms by 

the collapse of a helical structure (Ben-Yehuda and Losick, 2002; Gregory et al., 

2008; Peters et al., 2007; Thanbichler and Shapiro, 2006; Thanedar and Margolin, 

2004). However, less than 1% of R. sphaeroides cells showed the extended 

spiral-like structures under medium induction (up to 7.5 μM IPTG). Instead, 

more than 50% of R. sphaeroides cells had clear Z-ring precursors (Table 3.1). One 

possibility is that similar Z-ring precursors are only transiently present in other 

bacteria, and the helical structures may represent a relaxed Z-ring or adjacent 

structures. The longer cell cycle of R. sphaeroides increases the chance of seeing the 

Z-ring precursors and serves as a good model to study Z-ring development. 

Another nucleation site model (Addinall and Lutkenhaus, 1996; Pichoff and 

Lutkenhaus, 2005) suggests the formation of Z-ring initiates at single (Addinall 

and Lutkenhaus, 1996) or multiple (Pichoff and Lutkenhaus, 2005) midcell sites. 

Bidirectional polymerisations emerging from nucleation sites produce long FtsZ 

polymers that associate laterally to form Z-rings. For the nucleation model to be 

true, the Z-ring must be composed of a few long protofilaments that grow from 

the nucleation sites and encircle the midcell plane. However, in vitro and in vivo 

data suggest that FtsZ protofilaments from diverse species are only 50–200 nm 

long (Erickson et al., 2010; Hou et al., 2012; Katzmann et al., 2011; Li et al., 2007), 

much shorter than the circumference of a typical bacterium. Since the midcell 

node in R. sphaeroides contains the majority of total cellular FtsZ molecules 

(Table 3.1), further protein synthesis is not required for Z-ring formation (i.e. the 

relocation of polar spots and the reorganisation of midcell nodes into mature 

Z-rings), and the Z-ring development process is reversible (Fig. 3.11), I believe 

that the main function of midcell nodes is probably to allow 

reorganization/redistribution of FtsZ rather than de novo nucleation. Nevertheless, 

it is possible that the reorganization/redistribution of FtsZ may include 

nucleation–polymerisation processes taking place at the edges of the FtsZ 

nodes/gradients. 

Two current studies proposed other mechanisms which could be jointly 
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described as “cluster coalescence”. Buss et al. (2013) used super-resolution 

imaging to study the functions of ZapA/B in Z-ring assembly in E. coli. They 

found FtsZ structures similar to the single midcell nodes (Fig. 3.7) and midcell 

clusters (Figs 3.4 and 3.5) described in this thesis. These “FtsZ clusters“ exist in 

wild-type, ΔzapA, and ΔzapB cells (Buss et al., 2013), but the clusters are widely 

dispersed in the absence of ZapA and ZapB. They thus proposed that ZapA/B 

bring the dynamic FtsZ clusters into close proximity at midcell and corral these 

clusters to form a larger continuous structure (i.e. the Z-ring). The node model 

and this cluster corralling model are not mutually exclusive. However, the lack of 

time-lapse imaging data in their work, as well as the fact that the patterns they 

observed are more consistent with the node model rather than many FtsZ foci 

aligned together, suggest that the corralling process might represent a later stage 

of Z-ring formation (discussed below). Wezel and collogues found that during 

sporulation of S. coelicolor, the divisome component SsgB recruits FtsZ into foci at 

the pre-cytokinetic sites (Willemse et al., 2011). The foci somehow form Z-rings 

later. Wezel and collogues suggested that FtsZ foci are sequentially formed at the 

pre-cytokinetic site, eventually forming the complete Z ring, rather than that the 

Z-ring is produced from two gradually expanding spots (Willemse and van 

Wezel, 2009). However, apart from observing that three FtsZ foci can localise at 

the pre-cytokinetic site together (Willemse and van Wezel, 2009), there is no 

evidence for step-wise alignment of FtsZ foci into the Z-ring. 

Based on the reasons discussed above, I believe the node model could be 

applicable to Z-ring formation in different bacteria. However, how does the 

Z-ring develop from the precursor node? In the simplest scenario, the FtsZ node, 

once positioned at the pre-cytokinetic site, can spontaneously reorganize: FtsZ 

gradients stretch out from the node and encircle the pre-cytokinetic plane. 

Intriguingly, an in vitro reconstituted system containing FtsZ and FtsA 

self-organizes into dynamic cytoskeletal patterns like travelling streams and 

rotating swirls (Loose and Mitchison, 2014). Since FtsA also colocalises with FtsZ 

in node-like structures (Zupan et al., 2013), it is likely that FtsA can trigger the 

reorganisation of FtsZ nodes in vivo. However, a ring-like FtsZ structure appears 

at midcell much earlier, before FtsA forms any detectable structures in C. 

crescentus (Goley et al., 2011), suggesting the involvement of other 

FtsZ-interacting proteins in the reorganisation (if any). For example, FzlA, an 

early FtsZ-interacting protein that alters FtsZ structures in vitro (Goley et al., 

2010), may participate in Z-ring formation by triggering structural transitions. 

Besides, components of the cell-wall synthesis machinery (e.g. MreB) also 

colocalise with FtsZ ring-like structures early in the C. crescentus cell cycle (Goley 
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et al., 2011) and in R. sphaeroides (Chapter 4) (Slovak et al., 2006; Slovak et al., 

2005). The circumferential movement of the cell-wall synthesis machinery 

(Domínguez-Escobar et al., 2011; Garner et al., 2011; van Teeffelen et al., 2011) 

may assist in reorganizing FtsZ assemblies at the pre-cytokinetic site. However, it 

is also possible that FtsZ nodes can spontaneously reorganize without an 

absolute requirement for other FtsZ-interacting proteins, since an FtsZ ring-like 

structure forms at the midcell earlier than any other known C. crescentus 

FtsZ-interacting proteins (Goley et al., 2011). Besides, FtsZ by itself can form 

ring-like structures in vitro (Osawa et al., 2008). It is also possible that different 

bacterial species may utilize different mechanisms to reorganize the FtsZ node. 

In biology, a sophisticated spatiotemporal regulation can create a “positive” 

role for a “negative” regulator. In B. subtilis high concentrations of MinC are 

found primarily at the septum as double rings that flank the Z-ring 

(Eswaramoorthy et al., 2011). MinC shows dynamic circumferential movements 

within the double rings (Gregory et al., 2008). The double-ring organisation is 

believed to prevent disruptions of the Z-ring (Eswaramoorthy et al., 2011). 

However, the close proximity raises the possibility that MinC could interact with 

the adjacent Z-ring. Since MinC inhibits lateral interactions between FtsZ 

protofilaments (Dajkovic et al., 2008), the dynamic circumferential movement of 

MinC is capable of promoting reorganisation of FtsZ assemblies. Similarly, the 

colocalisation of MipZ spots/arcs with midcell FtsZ assemblies (Nelly Dubarry, 

unpublished data) provides a putative means to regulate the dynamics of FtsZ 

assemblies. For example, by promoting the partial disassembly of the FtsZ node, 

MipZ can trigger the reorganisation of the FtsZ node and the formation of 

proto-Z-rings. 

What happens after a proto-Z-ring has formed by the reorganisation of 

midcell FtsZ nodes? I found that the distribution of FtsZ subunits along the 

proto-Z-ring fluctuates before constriction. The fluctuating pattern (Fig. 3.9) is in 

accord with a shuttling/oscillatory behaviour. The in vitro dynamic FtsZ–FtsA 

cytoskeletal travelling streams and rotating swirls persist for tens of minutes 

during which their diameter does not change (Loose and Mitchison, 2014). It is 

plausible to assume that the behaviours of the in vitro system reflect certain 

aspects of the fluctuation of FtsZ described in section 3.3.  

Previous studies suggested that a maturation period takes place before the 

proto-Z-ring becomes a mature Z-ring/divisome (Aarsman et al., 2005; Rico et al., 

2010). During maturation, the proto-Z-ring is not stable (Rico et al., 2010), which 

is consistent with the reversion of proto-Z-rings back to nodes (Fig. 3.11). In C. 

crescentus and E. coli, a significant time-delay exists (15–35% of total cell cycle 
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depending on the growth rate) before the recruitment of the rest of the divisome 

components to the proto-Z-ring (Aarsman et al., 2005; Goley et al., 2011). This 

period may be responsible for the relocation of FtsZ along the proto-Z-ring (Fig. 

3.9) for a more even distribution. ZapA and ZapB may promote this process by 

stabilizing/aligning FtsZ assemblies (Fig. 3.5) that appear during this period 

(Buss et al., 2013). This can explain why Z-ring assembly still occurs in ΔzapA or 

ΔzapB cells, albeit that the precursor-like FtsZ clusters have a more dispersed 

localisation (Buss et al., 2013). Furthermore, C. crescentus FtsZ also forms dynamic 

arc- or spiral-like structures that erratically shuttle around the pre-cytokinetic site, 

and these structures condense into a stable Z-ring just before indentation of the 

cell envelope (Thanbichler and Shapiro, 2006). 

 

Distinct FtsZ assemblies 

How the cytoskeleton forms different structures to drive diverse cellular 

processes is a fundamental question in eukaryotic cell biology. With the fast 

growth of researches in bacterial cytoskeletal systems, we know face this 

challenge in prokaryotic cell biology. Different in vivo configurations of the FtsZ 

cytoskeleton have been identified before, mainly by genetic approaches (Erickson 

et al., 2010). Diverse in vitro structures of FtsZ assemblies have also been observed 

under different conditions, including the effects of different FtsZ-interacting 

proteins (Erickson et al., 2010; Kirkpatrick and Viollier, 2011). However, a clear 

understanding of the architecture, dynamics, and mechanisms of formation is 

still lacking for many of these diverse structures, even for the prominent Z-ring 

(Erickson et al., 2010; Meier and Goley, 2014).  

Here I discovered that in a single bacterial species, R. sphaeroides, distinct 

FtsZ structures exist according to the cell-cycle stages. These structures have their 

specific functions in the cell: the polar FtsZ spot is a reservoir of FtsZ molecules 

after cell division, and can redistribute FtsZ to the future cytokinetic site; the 

midcell node is the embryo for Z-ring development, from which different Z-ring 

precursor structures are generated; and the Z-ring for cytokinesis. In yeast, a 

single actin isoform (which perform the analogous cytokinetic role as FtsZ) 

functions in three distinct structures (patches, cables, and rings) that have 

different architectures (Berepiki et al., 2011; Kovar et al., 2011; Moseley and 

Goode, 2006). Quantitative image analysis (Fig. 3.12) suggested that the 

Z-ring/ring-precursors have an architecture that is in consistent with the loose 

bundle model (Biteen et al., 2012; Fu et al., 2010; Piro et al., 2013; Strauss et al., 

2012), while the polar spot might have a more constant packing density. This 
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difference may reflect the different functions of the two types of assemblies. The 

loose bundle architecture of the Z-ring can accommodate a wide range of FtsZ 

subunits to produce mechanical force and a huge amount of divisome proteins to 

accomplish diverse functions. The polar spot, as a reservoir to redistribute FtsZ 

molecules, probably not requires such a high flexibility. 

Under super-resolution microscopy, the polar FtsZ spot in C. crescentus 

appears as a highly dense spheroid with surrounding heterogeneous clouds 

(Biteen et al., 2012; Holden et al., 2014). However, the small size (9272–133 nm) 

and high density of the polar spot prohibit obtaining ultrastructural details. 

FRAP experiments showed that FtsZ polar spots in H. pylori are two-fold less 

dynamic than the Z-ring, with a halftime of recovery of ~18 s (Specht et al., 2013). 

These results are consistent with the idea that FtsZ polar spot and the Z-ring may 

have distinct molecular organizations. Interestingly, the polar spot in 

R. sphaeroides is also less dynamic than the Z-ring and ring-precursors (Table 3.2). 

In S. coelicolor, SsgB and FtsZ foci (i.e. Z-ring precursors) are both ~8-fold less 

dynamic than the mature Z-ring as shown by FRAP (Willemse et al., 2011). Since 

the Z-ring in S. coelicolor has a recovery halftime comparable to most bacteria 

studied, it is likely that the specific SsgB-mediated sequestration of FtsZ 

contributes to the decreased dynamics of FtsZ in pre-divisional cells (Willemse et 

al., 2011). It will be interesting to compare the molecular architecture of the FtsZ 

node in R. sphaeroides to that of the FtsZ focus in S. coelicolor. 

In eukaryotes, a large set of accessory proteins participate in the global 

regulation of different cytoskeletal structures (Berepiki et al., 2011; Howard and 

Hyman, 2007; Kovar et al., 2011; Maiato et al., 2004; Moseley and Goode, 2006). 

Given the expanding network of FtsZ regulators (Kirkpatrick and Viollier, 2011), 

it is interesting to study how these proteins control the assembly and function of 

distinct FtsZ structures. Indeed, the observation that different FtsZ-associated 

proteins colocalise at FtsZ assemblies (Z-ring or polar spot) with distinct 

spatiotemporal dynamics (Goley et al., 2011) suggests an unexplored network 

composed of different FtsZ assemblies and their cognate components. To 

coordinate the proper combination of accessory proteins, different FtsZ 

assemblies must separate themselves from one another to maintain specificity 

within a crowded cell. 

 

Dynamic positioning of FtsZ spots 

In this subsection, the term “FtsZ spots” will be used for the polar spots and 

nodes that are not undergoing visible reorganisation (i.e. no extended FtsZ 
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gradients). Since a verity of regulating mechanisms are used by different bacteria 

to position FtsZ, here I will only focused on R. sphaeroides and the other two 

-proteobacteria (A. tumefaciens and C. crescentus) with similar cell 

cycle-dependent FtsZ localisation patterns. This and previous studies 

(Thanbichler and Shapiro, 2006; Zupan et al., 2013) showed an overall pattern as 

following: FtsZ forms a polar spot at the new pole of each sibling cell after cell 

division, this polar spot disappears later and a Z-ring forms at the cytokinetic site. 

However, from the low-resolution images (Costa et al., 2008; Schofield et al., 2010; 

Thanbichler and Shapiro, 2006; Zupan et al., 2013), it is difficult to tell whether 

the polar spot dissembles while FtsZ molecules reassemble at the midcell, or the 

polar spot can actually move to the midcell. Here, I showed that the polar spot 

can move toward the midcell as a whole entity (see Fig. 6.7) or multiple 

individual clusters (Fig. 3.13). The spots integrate/separate continuously, and they 

can shift positions even from one pole to another (Fig. 3.13). Massive disassembly 

and reassembly may also happen (Fig. 3.13). Besides, small spots/clusters can 

appear at the future cytokinetic site while the Z-ring or the polar spot is still 

present (Fig. 3.4). Similarly, patterns like bipolar foci, multiple polar foci, unipolar 

focus with single midcell focus, and unipolar focus with paired foci at midcell 

have been observed in A. tumefaciens (Zupan et al., 2013) and C. crescentus (Costa 

et al., 2008; Thanbichler and Shapiro, 2006). All these results show that FtsZ spots 

have complex spatiotemporal dynamics in these three bacteria. 

In wild-type C. crescentus populations, a small number of cells show deviant 

chromosome segregation patterns, and concomitant behaviours of FtsZ spots (e.g. 

shifting positions from one pole to the other) have been seen (Thanbichler and 

Shapiro, 2006). Since the chromosome segregation-coordinated movement of 

MipZ clusters is relatively slow (comparing to MinCDE waves) and produces 

heterogeneous patterns of FtsZ-depolymerising zones (Thanbichler and Shapiro, 

2006), the corresponding behaviours of FtsZ spots would be complex. The 

presence of a second chromosome (Porter et al., 2011b) with a putative 

MipZ-recruiting ParB homologue may further increase the complexity in 

R. sphaeroides. 

In vitro results suggest that MipZ might alter the conformation of FtsZ 

protofilaments to prevent their assembly into higher-order macromolecular 

complexes (Thanbichler and Shapiro, 2006). Therefore, a moving MipZ gradient 

may disassemble the polar spot and biases its reassembly toward the midcell. 

Imagining if the disassembly/assembly cycle mainly occurs at the surface of the 

FtsZ spot, a Brownian ratchet-like process could “push/pull” a quasi-stable FtsZ 

spot toward the midcell. In other words, a pattern of an FtsZ polar spot keeps 
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moving toward the midcell (Fig. 6.7). 

 

Rise and break: overexpression and sphaeroplasting as 

experimental systems to study FtsZ 

Overexpression has been used to obtain useful insights of FtsZ (Dziadek et al., 

2002; Gamba et al., 2009; Latch and Margolin, 1997; Li et al., 2007; Ma et al., 1996; 

Potluri et al., 2012; Quardokus et al., 2001; Ramos et al., 2005; Specht et al., 2013; 

Srinivasan et al., 2008; Ward and Lutkenhaus, 1985). In many cases, 

overexpression of wild-type or fluorescent protein-tagged FtsZs has similar 

phenotypes, including the configuration changes of FtsZ cytoskeleton. 

Presumably due to the imbalance between the stoichiometries of FtsZ to other 

divisome components, overexpression of FtsZ blocks cell division and produces 

filamentous cells containing multiple FtsZ patches, rings, spirals, or arcs (Li et al., 

2007; Ma et al., 1996; Potluri et al., 2012). Mild overexpression (including native 

up-regulation) normally produces short helical structures or regularly positioned 

ring-like structures (Fig. 3.15 A and B) (Ben-Yehuda and Losick, 2002; Ma et al., 

1996; Potluri et al., 2012). Higher/longer overexpression, however, produces spots 

or very long filaments (Figs 3.16 and 3.17) (Ma et al., 1996). 

The observation that strong overexpression of FtsZ–YFP in R. sphaeroides 

results in two distinct FtsZ assemblies (spots and long filamentous structures) is 

interesting, because most cells have only one type of these FtsZ assemblies. When 

they occasionally co-exist, each structure occupies distinct cellular compartments 

(Fig. 3.17). These patterns suggest there are distinct phases/mechanisms 

governing their formation (e.g. cell cycle-specific factors). Intriguingly, when H. 

pylori FtsZ is overexpressed in an ectopic eukaryotic host, there are two distinct 

structures that do not co-exist (Specht et al., 2013). FRAP experiments indicated 

that these structures are just slightly less dynamic than the native Z-ring (Specht 

et al., 2013). Table 3.3 also shows that in R. sphaeroides the overexpression-induced 

structures are as dynamic as native FtsZ structures. 

Previous studies have shown that spot-like and filamentous structures, as 

well as filamentous networks interconnecting dots, can be seen when E. coli FtsZ 

is overexpressed in yeast or mammalian cells (Srinivasan et al., 2008; Yu et al., 

1999). FRAP experiments revealed that these structures are as dynamic as the 

native Z-ring (Srinivasan et al., 2008). Since long filaments, spots, and hybrid 

structures (Fig. 3.17) also exist in FtsZ-overexpressing E. coli cells (Ma et al., 1996), 

they may represent intrinsic properties of FtsZ. Consistently, the two M. 
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gryphiswaldense FtsZ homologues also form spots in their native host or long 

filaments and spots in E. coli when overexpressed (Müller et al., 2014). 

Based on the conserved configurations in different host cells, the comparable 

turnover dynamics, and similar behaviours (e.g. gradient extension from a spot) 

(Figs 3.18 and 3.19), I suggest FtsZ–YFP overexpression could be a useful system 

to study the native FtsZ assemblies. For instance, by co-overexpressing other FtsZ 

regulators or unknown genes with specific localisations (Werner et al., 2009), 

proteins promote reorganisation of FtsZ nodes could be identified. 

The severe loss of Z-rings in sphaeroplasts (Figs 3.22 and 3.23) indicates that 

either cell morphology or the peptidoglycan (or associated systems) affects the 

formation/stability of the Z-ring. However, as those cell-wall mutants used in 

previous studies (Addinall and Lutkenhaus, 1996; Bendezú and de Boer, 2008; 

Corbin et al., 2002; Potluri et al., 2012; Shih et al., 2005), the sphaeroplast system 

cannot provide a conclusive answer by itself. Further experiments like combining 

sphaeroplasts with microchambers to control the cell shape (Renner and Weibel, 

2011) are required to clarify the two possibilities. Nevertheless, the presence of 

structures (both in the sphaeroplasts and the extracellular environment) which 

are morphologically similar to FtsZ polar spots and precursors makes the 

sphaeroplast system an attracting attempt toward in vitro systems for biochemical 

studies (Mishra et al., 2013), single-molecule imaging (Jain et al., 2011), and 

ultrastructure visualization (Brandt et al., 2009) of FtsZ assemblies. 

 

Conclusions 

The detailed spatiotemporal dynamics of FtsZ through the R. sphaeroides cell cycle 

was described for the first time in this chapter. FtsZ forms distinct structures in 

R. sphaeroides, with polar spots moving from the new pole to the midcell to 

produce nodes from which the Z-ring develops. This information provides new 

perspectives on the complete life cycle of the Z-ring. I also propose a model for 

Z-ring formation which may be applicable to other FtsZ homologues.  
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Chapter 4. Spatiotemporal Dynamics of MreB 

during the Cell Cycle of R. sphaeroides 
                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                 

The human mind always makes progress, but it is a progress in spirals. 

 Madame de Stael 

 

 

4.1 Aims 

In this chapter I sought to characterise the localisation patterns of MreB through 

the R. sphaeroides cell cycle before examining its role in the positioning of 

chemosensory clusters. A previous study from our group has shown that MreB 

localises to the midcell in elongating R. sphaeroides cells (Slovak et al., 2005). MreB 

remains at the midcell as septation begins but relocalises to future cytokinetic 

sites before the completion of septation (Slovak et al., 2005). However, the work 

was performed with immunofluorescence microscopy and a non-fully functional 

gfp–mreB (green fluorescent protein) replacement of the native mreB gene (Slovak 

et al., 2005). Here, I used a dual-tagged strain for colocalisation study with FtsZ, 

as well as a merodiploid yfp–mreB strain that shows normal phenotypes, to better 

reveal the spatiotemporal dynamics of MreB during the cell cycle in living 

R. sphaeroides cells. 

 

 

4.2 Cell Cycle Stage-specific Localisation of MreB 

A R. sphaeroides strain with its genomic mreB replaced by a gfp–mreB fusion was 

constructed before (Slovak et al., 2005). Slower growth rate and abnormal 

morphology suggest the gfp–mreB gene is only partially functional (Slovak et al., 

2005). However, 49% of the cells show normal cell shape and localisation patterns 

similar to those obtained by immunofluorescence microscopy of native MreB 

(Slovak et al., 2005). Time-lapse imaging suggested that MreB has dynamic 

localisation during the R. sphaeroides cell cycle: GFP–MreB localises to the 

cytokinetic site as a ring-like structure during septation, and relocalises to the 
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midcells of sibling cell compartments before the completion of septation (Slovak 

et al., 2005). This localisation pattern suggests a role for MreB in R. sphaeroides 

septation. To examine this possibility, I tried to observe the localisation of MreB 

and FtsZ simultaneously. I constructed a dual-tagged R. sphaeroides strain in 

which the expression of gfp–mreB and ftsZ–rfp (red fluorescent protein) are under 

the control of native and lac promoters, respectively.  

Cells of this dual-tagged strain had similar morphology as that of 

single-tagged (gfp–mreB) strain when induced with low IPTG concentrations (<10 

M) (Fig. 4.1). Initial observations showed that GFP–MreB formed foci or 

ring-like structures at the midcell, while FtsZ–RFP formed either midcell 

foci/rings or polar spots (Fig. 4.2). The localisation patterns of GFP–MreB and 

FtsZ–RFP are consistent with those seen in single-tagged strains (Chapter 3) 

(Slovak et al., 2005). Thus, MreB and FtsZ might have a cell cycle stage-dependent 

colocalisation in R. sphaeroides (Fig. 4.2). 

 

 

 

Figure 4.1. Cell morphology of the dual-tagged (ftsZ–rfp and gfp–mreB) R. 

sphaeroides strain. Shown here is a DIC image of cells treated with 5 μM IPTG. 

Scale bar: 3 m. 
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Figure 4.2. Snapshots showing the putative cell cycle stage-specific colocalisation 

between FtsZ–RFP and GFP–MreB in R. sphaeroides. Left: localisation of FtsZ–RFP 

(purple) and GFP–MreB (green) in cells treated with 5 μM IPTG. Single channels 

and merged images are shown for early-septation (upper), late-septation 

(middle), and new-born (bottom) cells. Right: simplified schematics for each cell 

cycle stage are given. In this model, FtsZ and MreB colocalise at the midcell after 

the formation of the Z-ring. MreB might form a ring-like structure. FtsZ and 

MreB could form a single ring or two adjacent rings. After the initiation of 

constriction, MreB gradually forms two new ring-like structures at the midcells in 

the two daughter-cell compartments. After septation, FtsZ stays at new poles 

before the formation of new Z-rings. Scale bar: 1 m. 

 

 

To further examine the cell cycle stage-dependent colocalisation of FtsZ and 

MreB, optical sectioning by deconvolution microscopy was performed. The 

dominant models for the in vivo configurations of MreB cytoskeleton during the 

past decade are filamentous helices or rings (Shaevitz and Gitai, 2010). However, 

I observed a patchy pattern for GFP–MreB in most cells (Fig. 4.3). These GFP–

MreB spots were circumferentially arranged into a ring-like configuration (Fig. 

4.3) (Slovak et al., 2005). This observation is consistent with current 

super-resolution imaging studies (Domínguez-Escobar et al., 2011; Garner et al., 

2011; Swulius and Jensen, 2012; van Teeffelen et al., 2011). In certain cells, GFP–

MreB patches might localise in a helical pattern (Fig. 4.4). In addition, GFP–MreB 

formed filamentous arcs, rings and helices in a small portion of cells (Fig. 4.5). 

FtsZ–RFP formed either midcell nodes/rings or polar spots (Fig. 4.3 A, 
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arrowheads). Most of the midcell nodes (7120%) and Z-rings (8712%) were at 

least partially colocalised with MreB (Fig. 4.3 A, blue and red arrowheads). The 

pattern suggests FtsZ nodes/rings and MreB colocalise at the midcell until 

constriction, after which MreB relocalises at future midcell before FtsZ (Figs 4.3 A 

and 4.5 C). These results confirmed that MreB has a cell cycle stage-specific 

localisation in R. sphaeroides (Slovak et al., 2005). 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 4.3. (Next page) GFP–MreB forms circumferentially arranged patches in R. 

sphaeroides. (A) Merged images for cells treated with 5 μM IPTG. Green: GFP–

MreB; red: FtsZ–RFP; blue: DIC. Arrowheads: yellow, polar FtsZ spots; white, 

FtsZ spots presumably moving towards the midcell; blue, a midcell FtsZ node; 

red, Z-ring/ring-precursor. (B) 3D reconstruction of subcellular localisation of 

GFP–MreB viewed from different angles for the left image in (A). Scale bar: 1 m. 
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Figure 4.4. GFP–MreB patches could arrange in a helical pattern in R. sphaeroides 

cells. Shown are merged images of projections. Cells were treated with 5 μM 

IPTG. The right three images were viewed in different angles. Green: GFP–MreB; 

red: FtsZ–RFP; blue: DIC. Scale bar: 1 m. 
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Figure 4.5. GFP–MreB forms filamentous structures in some cells. Cells were 

treated with 5 μM IPTG. (A) and (B), arcs. (C) A ring-like structure (the two 

images in the right column were rotated 90o). (D) Helices or multiple arcs. 

Dashed lines demarcate cell outlines. Green: GFP–MreB; red: FtsZ–RFP; blue: 

DIC. Scale bar: 1 m. 
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4.3 Dynamic Colocalisation between FtsZ and MreB 

The cell cycle stage-specific colocalisation between MreB and FtsZ described in 

the previous section shows the colocalisation is dynamic. In most cells, only 

partial colocalisation was seen (Figs 4.5 C, 4.6, and 4.7). Furthermore, the 

colocalisation pattern of the MreB ring-like arrangement and the Z-ring suggest 

two adjacent, independent structures (Figs 4.6, lower panel and 4.7). Intriguingly, 

MreB assemblies were highly dynamic, moving around the cell (or 

disassembling/reassembling) with an average midcell localisation (Fig. 4.6, upper 

panel). The partial colocalisation of MreB and FtsZ is true for both patchy (Fig. 

4.7 A) and filamentous (Figs 4.5 C, 4.6 lower panel, and 4.7 B) MreB structures.  

Overexpression of FtsZ–RFP in the dual-tagged strain resulted in wider, 

filamentous cells (Figs 4.8, red arrowhead). The degree of colocalisation between 

MreB and FtsZ increased significantly in these cells (Figs 4.8). Intriguingly, the 

enhanced colocalisation only occurred in filamentous cells (Figs 4.8, red 

arrowhead), for both filamentous and spot-like structures. These results suggest 

that excess polymerised FtsZ may recruit MreB, resulting in the abnormal cell 

morphology. 

Overall, the above results suggest that the colocalisation between MreB and 

FtsZ in R. sphaeroides is very dynamic. 
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Figure 4.6. MreB and FtsZ form independent structures that partially colocalise at 

the midcell. Upper panel: MreB assemblies are highly dynamic, moving around 

the cell (or assembling/ disassembling) with an average mid- cell localization. The 

Z-ring (30’) matured from a precursor (0’). Lower panel: individual z-sections for 

FtsZ and MreB structures. The first image is a maximum projection. Green: GFP–

MreB; red: FtsZ–RFP; blue: DIC. Numbers: minutes. Scale bar: 1 m. 
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Figure 4.7. MreB and FtsZ partially colocalise in R. sphaeroides. (A) A cell with 

midcell FtsZ arc and MreB patches arranged in a circular manner. White 

arrowheads indicate the edge of the colocalised region. Different panels are 

images viewed in different angles. (B) As in (A), despites that the FtsZ arc was 

more similar to a ring. Cells were treated with 5 μM IPTG. Green: GFP–MreB; red: 

FtsZ–RFP; blue: DIC. Scale bar: 1 m. 
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Figure 4.8. Extensive colocalisation of GFP–MreB and FtsZ–RFP in FtsZ–RFP 

-overexpressing cells (induced with 200 μM IPTG). Red arrowhead: a filamentous 

cell. Green: GFP–MreB; red: FtsZ–RFP. Left-most image is a merged image for 

GFP and RFP channels. A DIC image is shown on the right. Scale bar: 1 m. 

 

 

4.4 Different Configurations of the MreB Cytoskeleton 

Since the GFP–MreB fusion is not fully functional (Slovak et al., 2005), I examined 

the localisation of R. sphaeroides MreB in a merodiploid strain containing an 

IPTG-inducible copy of yfp–mreB in addition to the native genomic mreB copy. 

Leaky expression resulted in a similar patchy pattern of MreB localisation 

(Fig. 4.9) (Slovak et al., 2005). However, MreB formed filamentous ring-like or 

helical structures in cells induced with 10 μM IPTG (Figs 4.9 B and 4.10). These 

filamentous structures are similar to those observed in many other bacteria 

(Carballido-López, 2006; Shaevitz and Gitai, 2010). Some ring-like structures also 

had adjacent “tails” (Fig. 4.10 A, arrowheads). These results suggest that higher 

levels of YFP–MreB promote the formation of filamentous structures. 
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Figure 4.9. Effects of YFP–MreB expression levels on the structures of MreB 

cytoskeleton. Cells were grown in the presence (B) or absence (A) of 10 μM IPTG. 

Green: YFP–MreB; blue: DIC. Scale bar: 1 m. 
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Figure 4.10. YFP–MreB forms filamentous structures when expressed at higher 

levels. Images are projections for cells treated with 10 μM IPTG. The images for 

YFP channel were rotated in different angels for better appreciation of the 3D 

nature of filamentous structures. (A) Ring-like structures with adjacent tails 

(arrowheads). (B) Helices or multiple ring-like structures. Schematics for each 

configuration are given. Green: YFP–MreB; blue: DIC. Scale bar: 1 m. 

 

 

 

To clarify the correlation between YFP–MreB concentration and cytoskeletal 

configurations, I tried to quantify the patchness of MreB structures. In an ideal 

circumstance, the fluorescence profiles across the longitudinal axes of cells with 

fluorescent patchy or filamentous structures will look like those in Fig. 4.11 A. 

Filamentous structures give a more smooth profile with smaller differences 

between peaks and troughs (Fig. 4.11 A, right), whereas patchy structures give a 

fluctuated profile with more dramatic changes between peaks and troughs (Fig. 
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4.11 A, left). To test this notion, cells with patchy or filamentous FtsZ–YFP 

structures (Chapter 3) were analysed. The fluorescence profiles were indeed 

similar to the ideal models (Fig. 4.11 B). A cell with a half compartment 

dominated by patchy structures and the other with both kinds of structures 

showed a combination of the two fluorescence profile patterns (Fig. 4.11 C), and it 

is easy to discriminate between the two compartments by the fluorescence profile. 

These results demonstrate the applicability of longitudinal fluorescence profiles 

in quantify the patchness of cytoskeletal structures. The differences between peak 

and trough values were used, expressed as fold-changes (“patchness index”) (Fig. 

4.11 D). The calculated patchness indexes for cells shown in Fig. 4.11 B are 3.81 

(patchy) and 1.21 (filamentous). 
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Figure 4.11. Quantification of the patchness of bacterial cytoskeletal structures. (A) 

Rationale for the usage of longitudinal fluorescence profile for quantifying 

patchness. The schematics for cells with patchy or filamentous structures and 
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their ideal fluorescence profiles are shown. (B) Applications of longitudinal 

fluorescence profiling for analysing patchness of FtsZ cytoskeletal structures. 

FtsZ–YFP-overexpressing cells show either patchy (left) or filamentous (right) 

patterns of FtsZ structures. The presence of double filaments (yellow arrowheads) 

and a hairpin-like structure (red arrowheads) resulted in higher peaks. (C) A cell 

with scattered patches along the whole cell and a filament extended in the right 

half. (D) The calculation of patchness index. The values of peaks were divided by 

the values of adjacent troughs. The mean fold-change value of all peak-trough 

pairs was defined as patchness index for each cell. The values of the outermost 

peaks were divided by the values of adjacent inner troughs. 

 

 

When applying this approach to YFP–MreB-expressing cells, the shorter cell 

length (comparing to filamentous FtsZ–YFP-overexpressing cells) resulted in 

lower peak resolutions (Fig. 4.12 A and B). Nevertheless, a negative correlation 

between YFP–MreB intensity and patchness index was found (Fig. 4.12 C). 

According to these results, it is possible that R. sphaeroides MreB displays a 

concentration-dependence of the cytoskeletal configurations. Under lower 

expression levels (e.g. native expression of GFP–MreB or leaky expression of 

YFP–MreB), MreB mainly forms patches, but forms filamentous structures more 

frequently under higher expression levels (e.g. YFP–MreB induced by 10 μM 

IPTG). However, both MreB patches and filaments might arrange in a similar 

helical or circular pattern. 

Two scenarios might exist: (1) there are certain helical/circular “tracks” for 

MreB. Increased expression of MreB fills up these tracks and the subcellular 

structures appear filamentous (2) higher MreB concentration favors the 

integration of patchy assemblies into filaments, or directly enhances the 

formation of longer MreB assemblies. The first notion is supported by two 

current findings: (1) time-lapse super-resolution imaging of YFP–MreB in C. 

crescentus cells showed that discrete spots are “linked” in a filamentous helix in 

the merged image of all time frames, indicates a helical track travelled by MreB 

spots (Biteen et al., 2008) (2) MreB molecules move processively along peripheral 

tracks roughly perpendicular to the longitudinal axis in B. subtilis, C. crescentus, 

and E. coli (Domínguez-Escobar et al., 2011; Garner et al., 2011; Kim et al., 2006; 

Reimold et al., 2013; van Teeffelen et al., 2011). However, the two scenarios are 

not mutually exclusive. Besides, close proximity of individual MreB assemblies 

may create pseudo filamentous structures. 
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Figure 4.12. Patchness of the MreB cytoskeleton in YFP–MreB-expressing cells. 

Grey-scale images of the YFP channel and the corresponding intensity profiles 

are shown for cells with patchy (A) or filamentous (B) MreB structures. (C) 

Correlation plot showing the negative relationship between the YFP–MreB 

expression levels (total cellular integrated intensity) and the corresponding 

patchness indexes. 

 

 

The above results and the dramatic localisation change of MreB assemblies 

(Fig. 4.6 upper panel) suggest that MreB continuously reorganizes its cytoskeletal 

configurations in R. sphaeroides, in addition to the cell cycle-specific localisation 

changes (Slovak et al., 2005). Time-lapse imaging with short intervals (~5% of 

total cell cycle length) confirmed this idea. The reorganizations of the MreB 

cytoskeleton can be roughly divided as: (1) from filamentous to patchy (Fig. 4.13); 

(2) from patchy to filamentous (Fig. 4.14); (3) between filamentous structures (Fig. 

4.15). MreB assemblies frequently moved in/out the cell pole (arrowheads in Figs 
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4.13–4.15). In B. subtilis, the MreB paralogue Mbl forms foci close to or at the cell 

poles, and filamentous structures seem to nucleate from these foci and move 

towards the cell centre (Defeu Soufo and Graumann, 2004). Although higher 

expression levels of YFP–MreB may enhance the formation of filamentous 

structures, the reorganisation of MreB cytoskeletal configurations is not 

apparently affected (for [IPTG] ≤ 10 μM). 

To summarise, the MreB cytoskeleton in R. sphaeroides was flexible and 

highly dynamic which kept changing its configurations. Therefore, even R. 

sphaeroides has a much longer cell-cycle length, its MreB cytoskeleton was as 

dynamic as other homologous systems (Carballido-López and Errington, 2003; 

Defeu Soufo and Graumann, 2004). 

Strikingly, MreB has similar behaviours in photoheterotrophic cells (Fig. 

4.16), suggesting that the intense rearrangement of the cytoplasmic membrane 

which occurs during photoheterotrophic growth have no effect on the 

positioning of MreB and probably also the cell-wall synthesis machinery. 

 

 

 

 

 

Figure 4.13. Dynamic reorganisation 

of MreB filamentous structures into 

more patchy structures. (A) and (B): 

from arcs/rings to patches. (C): from 

multiple arcs to patches/short 

fragments. Arrowheads: MreB 

assemblies at the cell pole. Green: 

YFP–MreB; blue: DIC. Numbers: 

minutes. Scale bar: 1 m. 
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Figure 4.15. Dynamic reorganisation between MreB filamentous structures. (A) 

Two arcs change their orientations and locations. A patch also moves from the tip 

to the edge of the cell pole (arrowheads). (B) From an arc/spiral to midcell patch 

and short fragments at the cell poles (arrowheads). (C) From a spiral or two arcs 

to a ring/arc. Green: YFP–MreB; blue: DIC. Numbers: minutes. Scale bar: 1 m. 

Figure 4.14. Dynamic reorganisation of 

MreB patchy structures into filamentous 

structures. Arrowhead: MreB assemblies 

near the cell pole. Green: YFP–MreB; 

blue: DIC. Numbers: minutes. Scale bar: 

1 m. 
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Figure 4.16. MreB cytoskeletal structures in photoheterotrophic R. sphaeroides 

cells. Green: YFP–MreB; blue: DIC. Scale bars: 1 μm.  
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4.5 Discussion and Conclusions 

The proposed cell cycle stage-specific localisation of R. sphaeroides MreB (Slovak 

et al., 2005) was confirmed by simultaneous observations with FtsZFtsZ 

nodes/rings and MreB colocalise at the midcell until constriction, after which 

MreB relocalises at future midcells before FtsZ (Fig. 4.3 A). A merodiploid strain 

expressing YFP–MreB provides further details about the spatiotemporal 

dynamics of MreB in R. sphaeroides. The MreB cytoskeleton continuously 

reorganizes between patchy and filamentous structures, and MreB assemblies 

can quickly change their cellular locations (Figs 4.13–4.15). The local availability 

of peptidoglycan template/precursors (Eraso and Margolin, 2011) or changes in 

membrane curvature (Ursell et al., 2014) may contribute to these dynamic 

behaviours. 

 The presence of discrete MreB assemblies at R. sphaeroides cell poles is 

interesting (Figs 4.13–4.15). In other bacteria MreB assemblies either localise at 

cell poles as extended parts of the major helices, or only as small portions of the 

patchy structures. In R. sphaeroides, significant portions of MreB could be found 

as filamentous/patchy assemblies at cell poles. PBP2 and MreC, proteins of the 

cell-wall synthesis machinery, also have a similar polar localisation (Slovak et al., 

2006). Whether this polar localisation of MreB/C and PBP2 contributes to polar 

peptidoglycan synthesis remains to be tested. Nevertheless, the polar localisation 

of MreB assemblies might be a reflection of MreB’s preference for negatively 

curved regions of the cell envelope (Ursell et al., 2014). 

 

A spiral yarn: the in vivo configurations of MreB assemblies 

The story about the configurations of MreB cytoskeleton is a tale of spirals that 

progresses in spirals. The discovery of bacterial actin homologues forming helical 

filamentous structures (Jones et al., 2001) is so alluringit stirred up an upheaval 

of hunts for helical patterns in diverse prokaryotes. The MreB helix is believed to 

participate in the spatial regulation of many other biomolecules 

(Carballido-López, 2006; Shaevitz and Gitai, 2010), and helical localisations were 

reported for many of them. 

 Patchy MreB assemblies have been observed since the publication of 

Errington and colleagues’ landmark paper (Jones et al., 2001). Before, these 

patchy assemblies were usually interpreted as parts of filamentous helices, which 

were difficult to be resolved by conventional fluorescence microscopy. However, 

no long (>80 nm) MreB filaments were detected in a current cryo-tomography 
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study of B. subtilis, C. crescentus, E. coli and V. cholerae (for which MreB has been 

reported to form long helices in these bacteria) (Swulius et al., 2011). A series of 

super-resolution fluorescence microscopy studies later suggest that MreB 

homologues do not form extended helical structures. Instead, they assemble into 

discrete patches which move circumferentially around the cell in B. subtilis, C. 

crescentus, and E. coli (Domínguez-Escobar et al., 2011; Garner et al., 2011; van 

Teeffelen et al., 2011). Swulius and Jensen (2012) further suggested that long 

MreB helices is an artefact caused by the N-terminal YFP tag, at least for E. coli 

MreB. These current reports already triggered a set of discussions on the reasons 

for the controversial conclusions in the past and current studies (Chastanet and 

Carballido-Lopez, 2012; Eraso and Margolin, 2011; Margolin, 2012; White and 

Gober, 2012). Intriguingly, a present article addressed some of the proposed 

causes and showed that under super-resolution microscopy, MreB forms long 

filamentous structures in B. subtilis and E. coli, which run at angles diverging up 

to 40° relative to the cell circumference. Suboptimal growth conditions lead to 

formation of patch-like structures rather than extended filaments (Reimold et al., 

2013).  

 In the light of my observations of MreB’s behaviours in R. sphaeroides, I 

would like to provide some possible explanations. The debate on the in vivo 

configuration of MreB assemblies can be divided into two parts: does MreB form 

patches or long filaments, and are they helically arranged? For R. sphaeroides, the 

answer to the first question seems to be both. Indeed, MreB assemblies seem to 

continuously reorganize between the two configurations. It has been proposed 

that MreB expression level and growth conditions affect the appearances of MreB 

assemblies (Chastanet and Carballido-Lopez, 2012; Reimold et al., 2013). 

However, the results are controversial. In R. sphaeroides the two configurations 

could be seen in the same population, suggesting they are dynamically 

interchanging. Nevertheless, I cannot exclude the possibility that higher 

expression levels of MreB may enhance the chance to observe more filamentous 

structures. Since MreB patches/filaments also fuse and split in other bacteria 

(Defeu Soufo and Graumann, 2004; Domínguez-Escobar et al., 2011; Reimold et 

al., 2013), it is plausible to suggest that assemblies of MreB homologues 

reorganize between filamentous and patchy configurations. 

The second question, whether MreB assemblies are helically arranged, is 

more complicated. As a very basic pattern seen in the nature (Galloway, 2010), it 

is difficult to argue about whether something is really helical or not. The 

circumferential movement of MreB patches is roughly perpendicular to the 

longitudinal axis, with frequently observed slanted tracks (Biteen et al., 2008; 
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Domínguez-Escobar et al., 2011; Garner et al., 2011; Kim et al., 2006; Reimold et 

al., 2013; van Teeffelen et al., 2011). Even only exists transiently, a filamentous 

structure longer than one turn of the cell circumference, could be described as 

helical. Besides, the spacing of discrete MreB patches is compatible with a helical 

pattern. However, the question is somehow similar to an argument about 

whether a cloud is more like a dog or a dragon. Therefore, a more appropriate 

question would be: is there any cell-wide, coherent helical arrangement of MreB? 

In R. sphaeroides the answer seems to be no, and a helical arrangement might be a 

pseudo-state created by dynamically reorganising patches and filaments.   

To summarise, I suggest that MreB assemblies possess interchangeable 

patchy and filamentous configurations. The dynamic behaviours of these 

assemblies create a helical-like pattern. This idea can provide a putative solution 

for the current debate of the configuration of MreB assemblies 

(Domínguez-Escobar et al., 2011; Garner et al., 2011; Reimold et al., 2013; van 

Teeffelen et al., 2011). To have an ultimate answer, systematic, parallel 

investigations of all used bacterial strains and culture conditions on different 

imaging platforms might be necessary. 

 

Colocalisation of MreB and FtsZ 

As the number of identified bacterial cytoskeletal proteins has expanded sharply, 

an emerging theme is the choreography of cytoskeletal networks (Cabeen and 

Jacobs-Wagner, 2010). The cell cycle stage-dependent colocalisation of MreB and 

FtsZ implies that a complex, interacting cytoskeletal network exists in R. 

sphaeroides. MreB forms ring-like structures which colocalise with and are 

dependent on the Z-ring in C. crescentus and E. coli (Aaron et al., 2007; Figge et al., 

2004; Gitai et al., 2004; Vats and Rothfield, 2007). This Z-ring dependence could 

be resulted from a direct MreB–FtsZ interaction (Fenton and Gerdes, 2013) or 

coordination via the conserved RodZ protein (Alyahya et al., 2009; Bendezu et al., 

2009; Muchová et al., 2013; Shiomi et al., 2008; van den Ent et al., 2010). However, 

the establishment of medial ring-like arrangement of MreB seems to be 

independent of the Z-ring in R. sphaeroides (Figs 4.2 and 4.3) (Slovak et al., 2005), 

suggesting a different mechanism to position MreB assemblies in this bacterium. 

Intriguingly, PBP2 and MreC, components of the cell-wall synthesis machinery, 

form midcell ring-like structures in new-born R. sphaeroides cells, and in septating 

cells, these proteins may redistribute to future midcells before MreB (Slovak et al., 

2006). It is likely that PBP2 and MreC rather than FtsZ recruit MreB to the midcell 

in R. sphaeroides. Nevertheless, FtsZ assemblies resulted from FtsZ-overexpression 
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may recruit MreB (Fig. 4.8), suggesting the Z-ring could maintain the septal 

localisation of MreB before it is further recruited by PBP2/MreC to future 

midcells. Further experiments are needed to explore the role of Z-ring in the 

midcell localisation of MreB in R. sphaeroides. To this end, I used a commercially 

available FtsZ-depolymerising chemical berberine (Boberek et al., 2010) for 

dissecting the function of FtsZ assemblies. Unfortunately, the strong intrinsic 

autofluorescence (Keffer et al., 2013) and slow effect of berberine made the results 

inclusive. 

 

Conclusions 

The MreB cytoskeleton continuously reorganizes between patchy and 

filamentous structures in R. sphaeroides. The reorganisation also occurs at larger 

length-scale and longer time-scale: MreB changes its main localisation according 

to cell-cycle stages, and colocalises with FtsZ at the midcell until constriction. 

MreB localises at pre-cytokinetic sites before FtsZ, which is different compared 

with C. crescentus and E. coli. This observation suggests that there are diverse 

interacting modes in the homologous cytoskeletal networks in different bacteria, 

and there is a unique mechanism to position MreB at the midcell/septum in 

R. sphaeroides. 
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Chapter 5. Relative Positioning between MreB and 

Chemosensory Clusters 
                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                 

To Be, or not to Be, that is the question. 

 Hamlet, William Shakespeare 

 

 

5.1 Aims 

The actin homologue MreB participates in a broad range of spatial organisation 

in bacteria, including cell polarity and protein localisation (Carballido-López, 

2006; Shaevitz and Gitai, 2010). Having established the spatiotemporal dynamics 

of MreB in R. sphaeroides (Chapter 4), I examined the possible role MreB plays in 

the positioning of membrane and cytoplasmic chemosensory clusters in this 

chapter. 

 

 

5.2 The Relative Positioning between MreB and Membrane 

Chemosensory Clusters  

To explore the possible role of MreB plays in the positioning of membrane 

chemosensory clusters, I monitored the localisation of membrane chemosensory 

proteins together with MreB. 

 The functional YFP fusion of CheW3, expressed as a genomic replacement, 

was used as a marker for membrane chemosensory clusters (Wadhams et al., 

2003). The localisation pattern of membrane chemosensory clusters in R. 

sphaeroides can be roughly divided into four categories: (1) unipolar (2) unipolar 

with lateral clusters (3) bipolar (4) bipolar with lateral clusters (see Chapters 6–8 

for more details). A yfp–cheW3-expressing strain containing an IPTG-inducible 

copy of cfp–mreB (cyan fluorescent protein) was used for monitoring the 

colocalisation pattern of MreB and membrane chemosensory clusters. The 

localisations of MreB or membrane chemosensory clusters are similar to those in 
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single-tagged strains (Fig. 5.1). The presence of discrete MreB assemblies at cell 

poles (Figs 4.13–4.15 and 5.1, arrowheads) indicates a putative role of MreB for 

anchoring membrane chemosensory clusters there. However, despite occasional 

close proximity/colocalisation, no specific correlation was found between the 

polar localisations of MreB and membrane chemosensory clusters (Fig. 5.1, 

arrowheads). To rule out the possibility that MreB may leave a location after 

positioning membrane chemosensory clusters there, time-lapse images were 

analysed. No clues were found for any active roles of MreB in the positioning of 

membrane chemosensory clusters (data not shown). As for polar chemosensory 

clusters, lateral clusters only showed random colocalisation with MreB (Fig. 5.1). 

 

 

 

 

Figure 5.1. The relative positioning of MreB and membrane chemosensory 

clusters in cells with different localisation patterns of chemosensory proteins: (A) 

unipolar; (B) unipolar with lateral clusters; (C) bipolar; (D) bipolar with lateral 

clusters. Cells were not induced with IPTG. Green: YFP–CheW3; red: CFP–MreB; 

blue: DIC. Arrowheads: polar MreB assemblies. Scale bar: 1 μm. 
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5.3 The Relative Positioning between MreB and 

Cytoplasmic Chemosensory Clusters 

The functional YFP fusion of TlpT, expressed as a genomic replacement, was used 

as a marker for cytoplasmic chemosensory clusters (Wadhams et al., 2003). The 

localisation pattern of cytoplasmic chemosensory clusters in R. sphaeroides can be 

roughly divided into three categories: (1) single midcell cluster (2) single polar 

cluster (3) two clusters (see Chapter 9 for more details). An yfp–tlpT-expressing 

strain containing an IPTG-inducible copy of cfp–mreB was used for monitoring 

the colocalisation pattern of MreB and cytoplasmic chemosensory clusters. The 

localisations of MreB or cytoplasmic chemosensory clusters were similar to those 

in single-tagged strains (Fig. 5.2). As membrane clusters, no specific correlation 

was found between the positioning of MreB and cytoplasmic chemosensory 

clusters in snapshots (Fig. 5.2) or time-lapse series (data not shown). 

The cytoplasmic chemosensory cluster roughly localises around 

(pre)cytokinetic sites (Fig. 5.2 and Chapter 9) (Roberts et al., 2012; Thompson et 

al., 2006). To further characterise its positioning relative to MreB, filamentous R. 

sphaeroides cells were used. Again, no specific correlation was found (Fig. 5.3). 

 

 

 
Figure 5.2. The relative positioning of MreB and cytoplasmic chemosensory 

clusters in cells with different localisation patterns of chemosensory proteins. (A) 

Single midcell cluster. (B) Single polar cluster. (C) Two clusters. Cells were not 

induced with IPTG. Green: YFP–TlpT; red: CFP–MreB; blue: DIC. Scale bar: 1 μm. 
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5.4 Discussion and Conclusions 

The MreB cytoskeleton can potentially provide positioning information or 

anchorage for chemosensory clusters. To test this possibility, I performed 

simultaneous observations of MreB with membrane/cytoplasmic chemosensory 

clusters. No correlation was found between the localisation/dynamics of MreB 

and those of the two chemosensory systems. 

 

MreB and the positioning of membrane chemosensory clusters 

In addition to the components of cell-wall synthesis machinery, MreB has been 

implicated in the localisation of many proteins, including C. crescentus polar 

histidine kinases/response regulator (Gitai et al., 2004), E. coli chemoreceptor Tar 

(Shih et al., 2005), M. xanthus gliding motility proteins (Mauriello et al., 2010), and 

P. aeruginosa pilus-associated proteins (Cowles and Gitai, 2010). In E. coli, Tar 

mainly localises at cell poles with some helical distributions along lateral sites 

(Shiomi et al., 2006). Shiomi et al. (2006) proposed that the helical localisation is 

resulted from the transient association of Tar with the general protein 

translocation machinery (Sec). However, the Tar/Sec helices are different from the 

MreB helical structures, suggesting MreB is not responsible for the positioning of 

Figure 5.3. The relative positioning of 

MreB and cytoplasmic chemosensory 

clusters in filamentous cells. Cells were 

treated with cephalexin for 3 h before 

imaging and not induced with IPTG. 

Green: YFP–TlpT; red: CFP–MreB; blue: 

DIC. Scale bar: 1 μm. 
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lateral Tar clusters (Shiomi et al., 2006). In another study with ΔmreB cells, Tar is 

randomly positioned around the cell periphery of E. coli (Shih et al., 2005). The 

authors therefore concluded that MreB is required for the polar localisation of Tar. 

However, MreB is a pleiotropic protein, makes it difficult to unravel the direct 

effects of MreB on protein localisation from indirect effects caused by growth 

defects or abnormal cell morphology (Shaevitz and Gitai, 2010). I believe that 

MreB’s effects on the localisation of Tar (and presumably other associated 

chemosensory proteins) can be attributed to the disruption of cell 

morphology/cell envelope rather than a specific function of MreB (see Chapter 8 

for more details). Consistent with this idea, a short treatment with the 

MreB-depolymerising chemical A22 does not affect the positioning of E. coli and P. 

aeruginosa membrane chemosensory clusters (O'Connor et al., 2012; Oh et al., 2014; 

Thiem et al., 2007). Abnormal localisation of chemosensory clusters only appears 

after cell morphology is disturbed (Oh et al., 2014; Thiem et al., 2007). Taken 

together, the results described in this chapter and previous studies (Shiomi et al., 

2006; Thiem et al., 2007) suggest that MreB does not have a direct role in the 

positioning of membrane chemosensory clusters in R. sphaeroides and E. coli. 

 

MreB and the positioning of cytoplasmic chemosensory clusters 

As an assembly containing thousands of proteins, the cytoplasmic cluster may 

have some similarities to bacterial intracellular proteinaceous organelles (Murat 

et al., 2010; Shively et al., 2009; Yeates et al., 2008). 

MreB influences the polar localisation of inclusion bodies in E. coli (Rokney 

et al., 2009), and carboxysome localisation/organisation in Synechococcus elongatus 

(Savage et al., 2010). The effect on inclusion bodies is probably due to the loss of 

normal rod-shape in E. coli, not a specific role plays by MreB (Winkler et al., 2010). 

Strikingly, the localisation/organisation of the carboxysome seems to be disrupted 

in ΔmreB S. elongatus cells which still retain their rod-shape (Savage et al., 2010). 

Savage et al. (2010) proposed that MreB defines a structure that is used to 

organize carboxysomes, likely the chromosome (Jain et al., 2012). Although the 

positioning of MreB and cytoplasmic chemosensory clusters does not have any 

clear correlation, I cannot exclude the possibility that MreB participates in the 

spatial regulation of cytoplasmic chemosensory clusters via an indirect action. 

However, the essentiality of mreB and inefficiency of A22 in R. sphaeroides make 

this possibility difficult to test. 
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Conclusions 

The distinct localisation pattern of MreB and its crucial functions in bacterial 

spatial organisation prompted me to investigate the role of MreB in the 

positioning of membrane and cytoplasmic chemosensory clusters in R. sphaeroides. 

However, no apparent correlation was found between the positioning of MreB 

and the two chemosensory systems. 
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Chapter 6. Spatiotemporal Dynamics of Membrane 

Chemosensory Clusters Relative to FtsZ in 

R. sphaeroides 
                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                 

To reach a port, we must sailsail, not tie at anchor. 

 Fireside Chat 1938, Franklin D. Roosevelt 

 

 

6.1 Aims 

A protein stably associated with the cytokinetic site will localise at the new poles 

after cell division. In C. crescentus (Goley et al., 2011) and R. sphaeroides (Chapter 

3), components of the cytokinetic machinery (e.g. FtsZ) remain at the new poles 

after cell division. Proteins could therefore couple their localisation to the 

cytokinetic site/divisome to establish a polar localisation. This mechanism is 

utilized by the C. crescentus membrane-bound polar landmark TipN (Huitema et 

al., 2006; Lam et al., 2006). In predivisional cells, TipN is targeted to midcell via 

an association with the divisome, and localises at the new poles after cell division 

(Huitema et al., 2006; Lam et al., 2006; Yeh et al., 2010). A similar cytokinetic 

site-association mechanism has been proposed for the polar localisation of 

membrane chemosensory clusters (Greenfield et al., 2009; Thiem et al., 2007; 

Thiem and Sourjik, 2008; Wang et al., 2008a), but was not directly examined 

before. Having established the spatiotemporal dynamics of FtsZ in R. sphaeroides 

(Chapter 3), I investigated whether or not this cytokinetic site- association 

mechanism is responsible for the polar localisation of membrane chemosensory 

clusters in R. sphaeroides. 

6.2 Membrane Chemosensory Clusters Do Not Localise at 

Cytokinetic Sites 

To test the cytokinetic site-association mechanism in R. sphaeroides, I observed the 

positioning of membrane chemosensory clusters in cephalexin-induced 
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filamentous cells. Cephalexin treatment blocks septation/constriction but does 

not affect the formation of cytokinetic rings. The resultant filamentous cells are 

therefore widely used as a system to study protein localisation, including the 

putative association with the divisome. The functional YFP fusion of CheW3, 

expressed as a genomic replacement, was used as a marker for membrane 

chemosensory clusters (Wadhams et al., 2003). 

The cytokinetic site-association mechanism predicts a localisation pattern as 

depicted in Fig. 6.1 A. Unlike what the mechanism predicts, membrane 

chemosensory clusters in filamentous R. sphaeroides cells did not colocalise with 

cytokinetic sites (marked by FtsZ–CFP) (Figs 6.1 B, 6.2, and 6.3 A). Strikingly, no 

detectable membrane clusters were found in the vicinities of Z-rings (Figs 6.2 and 

6.3 A; also see section 6.3). The relative positioning of Z-rings and membrane 

chemosensory clusters was consistent with a pattern: chemosensory clusters not 

only keep farthest to each other, but also to Z-rings. Occasionally (21% of cells), 

Z-rings were not positioned at the mid- or quarter-cells, and concomitant 

exclusions of membrane chemosensory clusters were seen (Fig. 6.2, lower panel). 

These results suggest that although stochastic self-assembly may participate in 

the positioning of membrane chemosensory clusters in R. sphaeroides, the final 

positions are not correlated with future cytokinetic sites. Indeed, the membrane 

clusters appear unable to localise to the cytokinetic sites. 

 

 

 

 

Figure 6.1. Simplified schematics for the relative positioning between FtsZ (red) 

and membrane chemosensory clusters (green). (A) Predicted patterns for 

membrane cluster localisation via stochastic self-assembly/cytokinetic 

site-association before and after filamentation. The left and middle cells represent 

newborn and elongating cells, respectively. (B) The observed patterns. 
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Figure 6.2. Localisations of the Z-ring and membrane chemosensory clusters in 

cephalexin-treated cells. Images show that the Z-ring and lateral membrane 

chemosensory clusters do not colocalise. Arrowheads: positions of Z-rings. Green: 

YFP–CheW3; red: FtsZ–CFP; blue: DIC. Scale bar: 1 μm. 
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Figure. 6.3. Relative positions between different FtsZ assemblies and membrane 

chemosensory clusters in filamentous cells. Intensity profiles along the long cell 

axes are shown for YFP–CheW3 and FtsZ–CFP. (A) A cephalexin-treated cell with 

normal Z-rings. (B) FtsZ-overexpressing cells (induced with 250 μM IPTG for 

overnight) showing FtsZ spots and no Z-rings. Membrane chemosensory clusters 

and FtsZ spots are close but do not colocalise when examined in 3D. One pixel is 

equal to 0.065 μm. 

 

 

6.3 Membrane Chemosensory Clusters and FtsZ Do Not 

Colocalise 

The relative positioning between Z-rings and membrane chemosensory clusters 

in filamentous cells showed that they do not colocalise. I next examined their 

relative positioning in normal cells. Consistently, Z-rings and membrane 

chemosensory clusters did not colocalise in normal cells (Figs 6.1 B and 6.4), even 

for the extensively constricted Z-rings (Fig. 6.4, yellow arrowheads). Surprisingly, 

membrane chemosensory clusters also did not colocalise with FtsZ polar spots 

(Fig. 6.4, white arrowheads). Moreover, this unipolar localisation could be seen 

for some newborn cells which already had midcell Z-rings/ring precursors (Fig. 

6.4, blue arrowheads). These observations have two important implications: (1) 

the bipolar localisation of R. sphaeroides membrane chemosensory clusters is 
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established after cell division (examined in Chapter 8) (2) FtsZ assemblies may 

somehow prohibit membrane chemosensory clusters from localizing in their 

vicinities (because otherwise a simple stochastic self-assembly process will result 

in midcell and bipolar localisations disregarding the presence of FtsZ assemblies). 

For the second implication, it is still possible that a certain concentration of 

chemosensory proteins is required before a new-pole or midcell cluster can form. 

However, there was no obvious correlation between the amount of chemosensory 

proteins in the cell and the appearance of new-pole clusters (Fig. 6.5). Besides, the 

 10% of cell length region around the midcell did not contain any detectable 

membrane chemosensory clusters (Fig. 6.5), consistent with the results for 

filamentous cells: membrane chemosensory clusters did not colocalise with the 

Z-ring/cytokinetic site. These results also argues against a purely stochastic 

self-assembly process in the positioning of membrane chemosensory clusters in 

R. sphaeroides. Similar relative localisation patterns were seen for FtsZ and 

membrane clusters chemosensory in photoheterotrophic cells (Fig. 6.6). 

Time-lapse imaging was used to further investigate these phenomena. 

Intriguingly, membrane chemosensory clusters moved into the very tip of the 

new pole once FtsZ polar spots were no longer present (Fig. 6.7). Although 

diffraction-limited images occasionally show them to be close (Fig. 6.7, 20’), FtsZ 

polar spots never colocalised with new-pole clusters when examined in 3D. I 

sought to explore whether this is just a coincidence of the timing of two 

independent processes.  
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Figure 6.4. Localisations of FtsZ and membrane chemosensory clusters in normal 

cells. Arrowheads: blue, newborn cells with midcell Z-ring/ring-precursor but no 

new-pole chemosensory clusters; white, newborn cells with FtsZ polar spots but 

no new-pole chemosensory clusters; yellow, cells with extensively constricted 

Z-rings. Green: YFP–CheW3; red: FtsZ–CFP; blue: inverted DIC. Scale bar: 1 μm. 

 

 

Figure 6.5. The relationship between the amount of YFP–CheW3 and the 

formation of new-pole clusters. Position: normalized distance of any given 

clusters to the tip of the old pole. Inset: a simplified theoretical pattern showing if 

there had been a positive correlation. N=95. 
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Figure 6.6. Localisation patterns of FtsZ and membrane chemosensory clusters in 

photoheterotrophic cells. Note that the cells have strong peripheral cyan 

fluorescence signals (shown in red channel here) from the photosynthetic 

pigments. Green: YFP–CheW3; red: FtsZ–CFP; blue: DIC. Scale bar: 1 μm. 

 

 

 

Figure 6.7. FtsZ and membrane clusters do not colocalise at the new pole. 

Arrowheads: a membrane cluster moves into the new pole. Green: YFP–CheW3; 

red: FtsZ–CFP; blue: DIC. Numbers: minutes. Scale bar: 1 μm. 

 

 

Blocking cytokinesis, which consequently delays the redistribution of FtsZ 

and formation of new-poles, should accelerate the relative timing of new-pole 

cluster formation if there is merely a coincidence of timing (Fig. 6.8, left part of 

the schematics). If the membrane curvature of the cell pole is the main 

determinant for polar chemosensory cluster localisation (Endres, 2009), releasing 

cells from cephalexin treatment should also accelerate the formation of new-pole 
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clusters. If however the presence of Z-rings/FtsZ polar spots at the forming new 

pole affects the establishment of new-pole clusters, we should see a time delay 

(Fig.  6.8, right part of the schematics). Small membrane chemosensory clusters 

gradually moved into the new pole only after FtsZ started leaving (Fig. 6.8; seen 

in 88.6% of cells, n = 88). The simplest explanation is that chemosensory clusters 

move from the old poles or lateral sites, diffuse around the cell, but are excluded 

from the developing new poles by constricting Z-rings. The completion of 

cytokinesis allows the laterally accumulated clusters to diffuse into the new poles. 

Moreover, the data support the notion that new-pole clusters are formed after cell 

division. 

 

 

 

Figure 6.8. The positions of the membrane chemosensory cluster relative to FtsZ 

in cells released from cephalexin treatment. Green: YFP–CheW3; red: FtsZ–CFP; 

blue: DIC. Red arrowheads: FtsZ assemblies. Dashed and solid green arrowheads: 

zones without and with detectable membrane clusters respectively. Numbers: 

minutes. Schematic: possible scenarios of membrane cluster formation at the new 

pole. Left compartment: If membrane curvature is the ultimate cue for new-pole 

targeting of the membrane cluster, releasing the cells from cephalexin treatment 

should result in colocalisation of FtsZ and membrane clusters at the new pole 

once the typical membrane curvature has formed for a stochastic process (i.e. the 

membrane cluster will move into and stay at the polar region in the presence of 

FtsZ). Right compartment: In another scenario, the presence of FtsZ at the new 

pole affects the polar localisation of membrane clusters. Scale bars: 1 μm. 
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From the above data, it seems that the Z-ring inhibits/constrains membrane 

chemosensory clusters from accumulating at cytokinetic sites, while FtsZ polar 

spots might have a different effect (e.g. steric hindrance) at cell poles. 

Overexpression of FtsZ in R. sphaeroides resulted in randomly distributed spots 

(Fig. 6.3 B and Chapter 3). Close proximity of FtsZ and membrane chemosensory 

clusters was only observed for FtsZ spots, not for Z-rings (Fig. 6.3). Accordingly, 

membrane chemosensory clusters localised as proposed for a stochastic 

self-assembly pattern (i.e. the “default” pattern) in FtsZ-overexpressing cells 

lacking Z-rings (Fig. 6.3 B). This observation indicates that the Z-ring (or 

associated factors) modifies the localisation pattern of membrane chemosensory 

clusters in R. sphaeroides, while the FtsZ polar spot only has steric hindrance 

effects. Intriguingly, when FtsZ polar spots occasionally moved back to the very 

tips of cell poles, it appears they may displace chemosensory clusters localised 

there (Fig. 6.9). 

 

 

Figure 6.9. FtsZ polar spots displace membrane chemosensory cluster at the cell 

pole. Arrowheads: an FtsZ polar spot shifts back to the cell tip. The FtsZ polar 

spot and membrane chemosensory cluster are static for the first 30 min, then the 

FtsZ spot moves back to the very tip. The chemosensory cluster concomitantly 

changes its localisation and dynamically moves around the cell pole. Green: YFP–

CheW3; red: FtsZ–CFP; blue: DIC. Numbers: minutes. Scale bars: 1 μm. 

 

 

As a huge macromolecular assembly that alters the cell envelope, the 

Z-ring/divisome may exclude other proteins from its vicinity. I sought to further 

explore this by following the dynamics of lateral chemosensory clusters relative 

to the Z-ring in cephalexin-treated cells. The average distance between Z-rings 
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and their nearest lateral clusters is 324±100 nm (n = 92) (Fig. 6.10 C). This result 

suggests a region covering ∼300 nm at both sides of the Z-ring is unfavourable 

for the localisation of membrane chemosensory clusters in R. sphaeroides (Fig. 

6.10). Interestingly, although membrane chemosensory clusters could stay close 

to the Z-ring transiently, they would eventually leave the Z-ring vicinity (Fig. 6.10 

A, arrowheads). This result also shows that unlike E. coli (Thiem et al., 2007), 

lateral chemosensory clusters were dynamic rather than static in R. sphaeroides.  

To summarise, the Z-ring/divisome could prohibit membrane chemosensory 

clusters from localising at its vicinity, but the FtsZ polar spot only showed steric 

hindrance effect (Fig 6.11). 
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Figure 6.10. Dynamics of lateral chemosensory clusters relative to the Z-ring in 

cephalexin-treated cells. Green: YFP–CheW3; red: FtsZ–CFP; blue: DIC. Numbers: 

minutes of observation. Scale bar: 1 μm. (A) A membrane cluster initially localises 

close to the Z-ring, but soon moves away (arrowheads). Overall, the cluster stays 

outside the Z-ring vicinity. (B) The movement of lateral chemosensory clusters is 

discontinuous. The distance between the moving cluster and the cell pole 

becomes shorter (yellow arrows), suggesting the cluster is not passively pushed 

(e.g. by the cell elongation process). (C) The probability density function plot for 

finding a membrane cluster within the vicinity of the Z-ring. X-axis is the 

distance from the cluster to the Z-ring. 
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Figure 6.11. The effects of FtsZ assemblies (red) or associated factors on the 

localisation of membrane chemosensory clusters (green). Chemosensory clusters 

are unable to stay in the vicinity of unconstricted (left) and constricting (middle) 

Z-rings, and show an overall away-from-the-Z-ring behaviour (green arrows). 

FtsZ polar spots only have a steric hindrance effect (right), so chemosensory 

clusters can move into the cell pole (green arrows) but only set at the regions not 

occupied by FtsZ spots. 

 

 

6.4 Discussion and Conclusions 

The current model for membrane chemosensory cluster positioning in most 

bacteria is a mechanism combining stochastic self-assembly and cytokinetic site- 

anchoring (Greenfield et al., 2009; Thiem et al., 2007; Thiem and Sourjik, 2008; 

Wang et al., 2008a). The stochastic self-assembly process can explain how the 

formation of lateral clusters could initiate at the periodic midcell, quartercells, etc. 

positions. However, it cannot explain why lateral clusters could statically stay 

there (i.e. maintenance). An anchor is required, and the Z-ring/divisome is a 

promising candidate (Dworkin, 2009; Laloux and Jacobs-Wagner, 2014). In this 

chapter I directly tested this possibility. Surprisingly, R. sphaeroides lateral 

chemosensory clusters show very different characteristics comparing to those in 

E. coli: they are dynamic and do not localise at cytokinetic sites. Moreover, the 

“common” bipolar localisation of R. sphaeroides membrane chemosensory clusters 

is established after cell division. These interesting behaviours are further 

explored in Chapter 7.  

Another striking observation is the “exclusive” effects of FtsZ assemblies on 

the positioning of membrane chemosensory clusters. Although FtsZ spots seem 

to only have a steric-hindrance effect on the localisation of membrane 
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chemosensory clusters, the Z-ring shows a striking exclusive effect around it. 

There are three possibilities. Firstly, the Z-ring/divisome may create an 

environment with different physicochemical properties in its vicinity 

(Lopez-Montero et al., 2012). These differences may prevent membrane 

chemosensory clusters to localise in the Z-ring/divisome vicinity. Secondly, cell 

elongation taking place around the Z-ring (Aaron et al., 2007; Slovak et al., 2006; 

Slovak et al., 2005) may passively push membrane chemosensory clusters away. 

However, the behaviours of membrane chemosensory clusters (Fig. 6.10 A and B) 

do not support this notion. But I cannot exclude the possibility that cell 

elongation aids in the exclusion process. Thirdly, it may be a result of different 

dynamics of the membrane chemosensory clusters in E. coli and R. sphaeroides. 

Unlike the static clusters in E. coli (Thiem et al., 2007), membrane chemosensory 

clusters are dynamic in R. sphaeroides. The huge Z-ring/divisome may act as a 

barrier to the movement of membrane chemosensory clusters in R. sphaeroides. 

Thus, the movement of membrane chemosensory clusters is restricted between 

the cell poles and the Z-ring/divisome. Then, random movements of membrane 

clusters between the Z-ring/divisome and cell poles will produce a time-averaged 

position roughly at the centre (away from the Z-ring). However, this scenario 

cannot explain the delayed accumulation of membrane clusters at forming new 

poles (Fig. 6.8).  

The striking differences between the positioning of membrane chemosensory 

clusters in R. sphaeroides and E. coli could be resulted from the putative 

differences in their Z-rings/divisomes or septa/constrictions (Cava et al., 2013; 

Judd et al., 2005). It is also possible that their membrane chemosensory clusters 

have differences that render them interact differently with the otherwise similar 

Z-rings/divisomes.  

For E. coli chemosensory clusters, the identity of the anchor at the cytokinetic 

site remains unknown. Nevertheless, the applicability of the stochastic 

self-assembly/cytokinetic site-anchoring mechanism is unclear, since it is 

developed solely based on the studies of one specific bacterium. In addition to R. 

sphaeroides, high proportions of P. aeruginosa (Bardy and Maddock, 2005; Güvener 

et al., 2006; O'Connor et al., 2012) and S. meliloti (Meier and Scharf, 2009) cells 

show unipolar localisation of membrane chemosensory clusters. This is also true 

for E. coli (Maddock and Shapiro, 1993; Ping et al., 2008). The presence of a 

high-proportion of unipolar cells is not directly against the stochastic 

self-assembly/cytokinetic site-anchoring mechanism, but does hint at the 

probable existence of different mechanisms (Ringgaard et al., 2011). Moreover, 
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the localisation pattern of membrane chemosensory clusters in P. aeruginosa 

suggests a mechanism closer to that proposed for R. sphaeroides here (Chapter 8). 

 In conclusion, FtsZ and membrane chemosensory clusters do not colocalise 

in R. sphaeroides, and the Z-ring is not a cytoskeletal anchor for lateral clusters. 

However, the exclusive effect associated (directly or indirectly) with the Z-ring 

and a stochastic self-assembly process may synergistically determine the 

positioning of membrane chemosensory clusters in R. sphaeroides. 
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Chapter 7. Membrane Chemosensory Proteins Form 

Dynamic Unit-clusters 
                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                 

Coming together is a beginning; keeping together is progress; working 

together is success. 

 Henry Ford 

 

 

7.1 Aims 

In contrast to other bacteria (Güvener et al., 2006; Thiem et al., 2007) , time-lapse 

imaging shows a very dynamic behaviour of membrane chemosensory clusters in 

R. sphaeroides (Figs 6.76.10). In this chapter, I conducted further investigations 

on this dynamic behaviour to have a better understanding of its biological 

implications.  

 

 

7.2 Membrane Chemosensory Clusters Are Dynamic 

The polar “caps” formed by membrane chemosensory proteins have been viewed 

as single large, static entities (Greenfield et al., 2009; Ping et al., 2008; 

Schulmeister et al., 2008; Zhang et al., 2007). However, my observations suggest 

that in R. sphaeroides, the polar caps are composed of smaller, dynamic clusters. 

The polar caps changed their shapes continuously (e.g. Fig. 6.9 and 6.10) as these 

small clusters congregate and segregate (Figs 7.1 and 7.2). Polar and lateral 

chemosensory clusters are both dynamic (Figs 7.1 and 6.10 A and B). In contrast, 

only polar clusters are mobile in E. coli (Thiem et al., 2007). 

Tracking the membrane chemosensory clusters showed they were dynamic 

and moved randomly in the membrane. Small clusters could move within the cell 

pole (Figs 7.1 and 7.2) or along the lateral site (Fig, 6.10), move from the lateral 

site into the cell pole (Fig. 6.7), or vice versa (Chapter 8). Single-particle tracking 

showed that lateral chemosensory clusters have a diffusion coefficient D of 
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4.1 × 10−3±3.0 × 10−3 μm2 min−1, with an average velocity of 17±6 nm min−1, and a 

maximum of ∼80 nm min−1. The velocity is comparable to the mobile polar 

clusters in E. coli (Thiem et al., 2007). Individual lateral clusters frequently 

showed pauses with varied time length (mean = 41.5±28.1 min, n = 34 clusters; 

Fig. 6.10 A and B). However, the mean square displacement (MSD) versus time 

interval plots of most trajectories (74%) can be fitted with a straight line 

(R2 = 0.97±0.03), indicating normal Brownian diffusion. The other 26% showed 

sub-diffusion-like patterns. The pauses and constrains could be caused by 

transient encounters with membrane obstacles like cell-wall synthesis machinery. 

Interestingly, E. coli polar clusters also show discontinuous movements (Thiem et 

al., 2007). 

 

 

Figure 7.1. Time-lapse images of YFP–CheW3 demonstrating that the polar “cap” 

(white arrowhead) is composed of several smaller clusters which congregate and 

segregate continuously. The single new-pole cluster (yellow arrowhead) is also 

dynamically moving around the cell pole. Green: YFP–CheW3; red: FtsZ–CFP; 

blue: DIC. The interval between time frames is 10 min. Scale bar: 1 μm. 

 

 

7.3 Membrane Chemosensory Clusters Have a Unit-size 

The dynamic behaviour of polar chemosensory clusters (Fig. 7.1) shows that the 

“polar cap” was composed of smaller, dynamic clusters. It also suggests that 

there may be a basic unit of membrane chemosensory proteins, and the polar 

caps or bigger clusters are formed from dynamic congregation–segregation of 

these “unit-clusters” (Fig. 7.2 B, schematics). This idea is supported by 

quantifying the intensities of small clusters over time (Fig. 7.2 A and B). The mean 

autocorrelation value is 0.9960  0.0664 (n=17 cluster pairs). It should be noted 

that these unit-clusters were not rigid, they could change shapes, and 

congregation-segregation processes could result in contaminant intensity 

gain/loss of participating clusters. Despite this flexibility, chemosensory proteins 

seem to form independent unit-clusters. 
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Figure 7.2. The membrane chemosensory clusters might operate as unit-clusters. 

(A) Time-lapse images of YFP–CheW3 demonstrating that the polar “cap” is 

composed of several smaller clusters (arrowheads) which congregate and 

segregate continuously. Green: YFP–CheW3; red: FtsZ–CFP; blue: DIC. Numbers: 

minutes. Scale bar: 1 μm. (B) The intensities of two YFP–CheW3 clusters (filled 

arrowheads in (A) were monitored over time and the ratios between them are 

shown. The mean autocorrelation value (xt+1/xt) is given. If membrane clusters 

operate as unit-clusters, the intensity ratios should keep constant after 

congregation–segregation (schematic). The time points without values represent 

congregations of the two clusters (e.g. red arrow and inset). (C) A model for the 

formation of unit-clusters (shaded) (corresponding to the first phase in Fig. 7.5; 

black thin arrows) and congregation of unit-clusters (second phase in Fig. 7.5; 

black thick arrows). Each sphere represents an oligomer of chemosensory 

proteins. 
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I observed similar localisation patterns for chemosensory receptors McpB 

and McpG (Fig. 7.3), suggesting this is not specifically connected to the 

chemosensory protein fusion (YFP–CheW3) used. Therefore, membrane 

chemosensory proteins formed independently moving dynamic unit-clusters 

which may have a maximum size. Strikingly, although the cellular distributions 

of McpB and McpG were close, they were not identical (Fig. 7.4). In some cells, a 

cellular region may have only one type of receptors (Fig. 7.4, arrowheads). 

Further studies are required for clarifying the molecular architecture of these 

chemosensory clusters (e.g. whether they form mixed clusters in colocalised 

areas). Nevertheless, this observation reinforces the idea that the polar cap is not 

a single huge entity, it is composed of teams of chemosensory proteins. 

 

 

Fig. 7.3. Localisation patterns of chemosensory receptors in R. sphaeroides cells. (A) 

McpB–RFP (red). (B) McpG–GFP (green). Blue: DIC. Scale bar: 1 μm. 

 

 

Fig. 7.4. Chemosensory receptors probably form distinct clusters in R. sphaeroides. 

Left: merged image; middle: McpG–GFP; right: McpB–RFP. Blue: DIC. Arrow- 

heads: a region only with detectable McpG–GFP cluster but no McpB–RFP cluster. 

Scale bar: 1 μm. 
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To estimate the size of unit-clusters, I ranked membrane chemosensory 

clusters in snapshots according to their intensities. In a snapshot of asynchronous 

samples, ranking the intensity of clusters could provide the temporal information 

about cluster formation similar to what could be obtained from time-lapse 

images. The distribution of cluster intensity shows a two-phase pattern (Fig. 7.5) 

which can be explained by a unit-cluster model (Fig. 7.2 C), with unit-clusters 

growing by assembling processes (first linear phase in Fig. 7.5), with end of the 

linear phase representing the average size of unit-clusters. The second 

exponential phase represents the combination (congregation) of growing and 

mature unit-clusters (Fig. 7.2 C). It should be noted that the first linear phase does 

not imply that the unit-clusters grow linearly, since exponential growth with a 

small increase rate could also result in a good linear fit. Instead, the two-phase 

pattern indicates the nature of dominant assembling components (e.g. oligomers 

or unit-clusters). 

 

 

Fig. 7.5. Intensity-ranking analyses of membrane chemosensory clusters. 

Membrane clusters are ranked by their intensities from snapshots of normal cells. 

A two-phase distribution can be seen (1st linear and 2nd exponential). The 

transition point (arrow) may represent the average size of unit-clusters. Distinct 



144 
 

distributions of lateral, new-pole, and old-pole clusters are observed in the 

intensity-ranking curve (inset: pool of all clusters). Lateral clusters are within the 

linear phase, and most old-pole clusters are within the exponential phase. 

New-pole clusters are within the linear phase and about the first 1/3 portion of 

the exponential phase. Regression lines and their R² are shown for lateral and 

new-pole clusters. Here, one arbitrary unit (AU; count on our camera detector) 

roughly equal to 1.95 proteins. 

 

 

 

Since membrane chemosensory clusters are better separated in filamentous 

FtsZ-overexpressing cells, I performed intensity-ranking analyses on these cells 

for the average size of unit-clusters by correlating fluorescence intensity to 

quantitative fluorimetry data (Wilkinson et al., 2011). The data suggest an 

average of ∼1,100 CheW3 proteins per unit-cluster. Mapping each cluster to the 

intensity-ranking curve by its localisation reveals striking patterns (Fig. 7.5). The 

first linear phase is mainly composed of lateral and new-pole clusters, while the 

second exponential phase is composed of new-pole and old-pole clusters 

(Fig. 7.5). The distribution patterns suggest lateral clusters are basically growing 

unit-clusters, old-pole clusters are essentially congregations of multiple 

unit-clusters, and new-pole clusters can be made of either one or more 

unit-clusters. The average intensity of lateral clusters is ∼470 counts on our 

imaging setup (corresponding to ∼920 CheW3 molecules), coinciding with the 

plateau-like region of intensity-ranking curve (Fig. 7.6, dashed circle). The 

intensities of larger lateral clusters bunch together around a value (Fig. 7.6, solid 

circle) about twice of that of the plateau-like region, suggesting these larger 

lateral clusters are composed of two unit-clusters. The intensity-ranking curve of 

new-pole clusters also shows a first linear phase (Fig. 7.7). The intensity value at 

the transition point is ∼500 counts (corresponding to ∼970 CheW3 molecules). 

Taken together, the estimations of unit-cluster size from the intensity 

distributions of lateral and new-pole clusters in normal cells, as well as clusters in 

filamentous cells, suggest a value of ∼920–1,100 CheW3 proteins per unit-cluster. 
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7.4 Discussion and Conclusions 

While many of the previous fluorescence and cryo-electron microscopy data have 

suggested that membrane chemosensory proteins form massive polar clusters, 

my data suggest that in R. sphaeroides there is an optimum cluster size and these 

smaller dynamic clusters are free to diffuse, but tend to accumulate at the poles 

(see Chapter 8 for more details). Similar congregation–segregation process of 

polar clusters (Thiem et al., 2007) and pattern of intensity-ranking plots (Ping et 

al., 2008) have been reported for E. coli. Thus, it is possible that the unit-cluster 

idea could be applied to other bacteria. 

Fig. 7.6. Intensity-ranking for lateral 

clusters. The curve agrees with the 

clusters grow and reach the unit-size 

(plateau-like region, dashed circle), 

and two unit-clusters congregate 

(solid circle). 

Fig. 7.7. Intensity-ranking for 

new-pole clusters. Regression line 

and its R² are shown for the linear 

phase. 
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Individuality in the crowd: unit-clusters of membrane 

chemosensory proteins 

Quantification of fluorescence intensities from lateral clusters in normal and 

filamentous R. sphaeroides cells suggests an average size for unit-cluster of about 

1,000 CheW3 molecules. As quantitative fluorimetry data suggest an average of 

8,700±260 CheW3 molecules per cell (with the majority present in membrane 

clusters) (Wilkinson et al., 2011), this suggests six to eight clusters per unit cell, 

which correlates well with the numbers seen in normal and filamentous cells 

when clusters were segregated (e.g. Figs 6.2 and 7.1). 

Fission and fusion of polar chemosensory clusters occur in E. coli (Thiem et 

al., 2007). However, since polar clusters were viewed as single entities (Thiem 

and Sourjik, 2008), the significance of these behaviours was underestimated 

before. Intriguingly, the growth rate of E. coli clusters correlates negatively with 

cluster size: smaller clusters show an average positive growth rate, whereas 

larger clusters shrunk over time (Thiem and Sourjik, 2008). The unit-cluster idea 

(Fig. 7.2 B and C) can explain this phenomenon, as well as the size-distribution of 

chemosensory clusters in E. coli (Greenfield et al., 2009; Ping et al., 2008). 

Intriguingly, a current report shows that 93% of chemoreceptor Tsr molecules are 

confined within small areas (170–290 nm) near the cell pole (Oh et al., 2014). 

Whether similar unit-clusters exist for other bacterial membrane chemosensory 

systems remains as an interesting unanswered question. However, it is worthy to 

mention that in V. cholerae, which utilizes polar anchorage to position membrane 

chemosensory clusters, CheW only forms a single cluster at each pole and does 

not form lateral clusters in normal cells (Ringgaard et al., 2011; Ringgaard et al., 

2014; Yamaichi et al., 2012). Cryo-electron tomography revealed that polar 

chemosensory clusters in V. cholerae  are about six fold lager than those in 

R. sphaeroides (Briegel et al., 2009). It is possible that in V. cholerae the polar anchor 

ParP constrains the distribution of CheA (Ringgaard et al., 2014), which forces 

chemoreceptors, CheA, and CheW to form a huge polar cluster or multiple 

closely positioned small clusters. 

The exact size of the whole unit-cluster is difficult to estimate at this moment, 

since the stoichiometry of CheW3 to other components is unclear in R. sphaeroides. 

Even for the extensively studied E. coli system, the ratio between chemoreceptors 

and CheW is highly variable (1.5–7) among different studies (Briegel et al., 2012; 

Li and Hazelbauer, 2004, 2011; Liu et al., 2012). Electron cryo-tomography 

suggests an average of ~2,200 receptors per cluster in R. sphaeroides cultured in 
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rich medium (i.e. probably has less chemosensory protein levels) (Briegel et al., 

2009). However, it is difficult to correlate this observation with the fluorescence 

microscopy data described in this chapter. Indeed, the estimated sizes of E. coli 

membrane chemosensory clusters from different electron cryo-tomography 

studies are wide (500–5,200 receptors per cluster) (Briegel et al., 2009; Khursigara 

et al., 2011; Zhang et al., 2007). However, this variance is unsurprised because 

electron cryo-tomography is unable to distinguish between growing clusters 

from mature ones, as well as transiently congregated unit-clusters. A current 

single-molecule tracking study shows that chemoreceptor Tsr is confined in areas 

ranging 170–290 nm in diameter (Oh et al., 2014), which might contain 2,300–

6,600 receptors (Briegel et al., 2009). Quantitative time-lapse super-resolution 

fluorescence imaging might be the ideal approach to further determine the size of 

unit-clusters, since unit-clusters dynamically congregate-segregate. 

Clustering is a widespread organizing principle of membrane proteins 

(Mueller et al., 2012), including signalling molecules (Cebecauer et al., 2010). The 

question is if cells have sufficient amount of constituting molecules, will clusters 

keep growing till the interacting force and surrounding environment no longer 

allow? Is there any optimal size-range/upper limit of a specific cluster? The size 

(upper limit) of membrane chemosensory clusters could be jointly determined by 

intracluster forces that hold constituting subunits and the nature of surrounding 

environments (Endres, 2009). It is likely that intercluster interactions create 

transient, unstable couplings between unit-clusters. Exchange of components via 

congregation–segregation process is also possible. However, the clusters function 

in a unitary manner over time. 

In the simplest scenario, protein-protein interactions alone can cluster 

proteins (Douglass and Vale, 2005) and determine the assembly size (Sieber et al., 

2007). The eukaryotic syntaxin forms membrane clusters composed of ~75 

molecules via self-assembly (Sieber et al., 2007). The bulky N-terminal domain 

causes syntaxins to adopt a bunch-like structure, in which syntaxins are 

conformationally constrained. The resulting steric hindrance prevents further 

attachments of more molecules, thus sets an upper limit for the cluster (Sieber et 

al., 2007). Similar steric constraint, i.e. the conical geometry of receptor 

trimer-of-dimers that will produce a curved protein array, may limit the 

dimension of bacterial membrane chemosensory clusters, with a theoretically 

optimum size of 1200–3200 receptors (Duke and Graham, 2009; Endres, 2009). 

Intriguingly, based on predicted responsiveness, Khursigara et al. (2011) showed 

that >1,400 receptors per cluster might be optimal. However, the conformation of 

receptor trimer-of-dimers seems to be flexible (Hall et al., 2012) or not that 
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bended (Briegel et al., 2012; Francis et al., 2004), making this simple geometric 

explanation uncertain. Nonetheless, even if the chemosensory array is flat, a 

crowded protein layer can bend the cytoplasmic membrane due to collisions 

between bound proteins (Stachowiak et al., 2012). The force generated by 

membrane elasticity to resist bending would limit the size of chemosensory 

clusters (Lefman et al., 2004; Stachowiak et al., 2012). Other putative limiting 

factors include the balance between the rates of assembly and disassembly 

(Rafelski and Marshall, 2008), receptor activity (Endres et al., 2008; Khursigara et 

al., 2011; Lamanna et al., 2005; Slivka and Falke, 2012; Wu et al., 2011), lipid 

domains (Govindarajan et al., 2012; Kusumi et al., 2012; Matsumoto et al., 2006), 

and protein/lipid dynamics (Fan et al., 2010; Mueller et al., 2012; Spira et al., 2012). 

How these factors might contribute to the size-determination of unit-clusters is of 

great interests. Noteworthy, the slow diffusion of chemoreceptors within bacterial 

membranes (Kumar et al., 2010; Oh et al., 2014) may allow the formation of huge 

clusters (i.e. comparing to the <50 nm-diameter nanoclusters normally found in 

mammalian cells) (Mueller et al., 2012). 

The clustering of chemosensory proteins into large quaternary complexes 

may be important for the high level of sensitivity, gain, and robustness in the 

bacterial chemosensory pathway (Bray et al., 1998; Gestwicki and Kiessling, 2002; 

Hazelbauer et al., 2008; Pontius et al., 2013), but recent data suggest that 

signalling works through signalling teams that are smaller in size (Endres et al., 

2008; Hansen et al., 2010). Additionally, modelling demonstrates that cluster size 

might be determined by functionality, and hence be “optimal” for signalling 

(Aquino et al., 2011). The suggested size is 5–30 receptors per cluster under the 

theoretical extrinsic and intrinsic noise used (Aquino et al., 2011). The difference 

between the predicted size and the observed unit-size could result from 

simplifications made during the modelling, or indicate different levels in the 

hierarchy of chemosensory organization. Nevertheless, multiple unit-clusters 

(comparing to a huge polar cap) could possess the benefit of clustering but also 

optimize the detection sensitivity by dynamically dispersing receptor arrays over 

the cell surface (Berg and Purcell, 1977). Moreover, with the same number of 

constituting proteins, several unit-clusters may generate better digital signals 

than a single huge cluster, hence improved signalling fidelity (Suzuki, 2012).  
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Wandering clouds: the dynamic behaviours of membrane 

chemosensory clusters 

In contrast to E. coli, both polar and lateral chemosensory clusters are very 

dynamic in R. sphaeroides. However, the dynamics of mobile E. coli polar clusters 

(Thiem et al., 2007) and P. aeruginosa polar Che2-protein clusters (Güvener et al., 

2006) are similar to that of R. sphaeroides. Supposing that lateral and polar clusters 

are similar assemblies, the most likely cause of the above distinct behaviours 

would lie in different cellular processes occurring at lateral sites. Since the 

stochastic self-assembly model cannot explain the static behaviour of E. coli 

lateral clusters (Greenfield et al., 2009; Thiem et al., 2007; Thiem and Sourjik, 

2008), an anchor exists in E. coli to position lateral clusters remains as the simplest 

scenario. The identity of this anchor is still unknown.  

As for many other large protein complexes which move in the cytoplasmic 

membrane (Mika and Poolman, 2011), the unit-clusters display both Brownian 

and anomalous diffusions. The anomalous diffusion is likely caused by 

obstructions like the cell-wall synthesis machinery that move circumferentially or 

membrane domains which may trap unit-clusters (Mika and Poolman, 2011). On 

the other hand, given the slightly longer cell cycle and shorter cell length of 

R. sphaeroides, the slow diffusion of unit-clusters is still sufficient for pole-to-pole 

traveling that may contribute to bipolar localisation and cluster inherence 

(Chapter 8). 

The congregation-segregation of unit-clusters could be simply caused by 

random movements of unit-clusters, or further affected by receptor activity: 

receptor activity can alter the clustering or architecture of chemosensory arrays 

(Endres et al., 2008; Frank and Vaknin, 2013; Khursigara et al., 2011; Lamanna et 

al., 2005; Wu et al., 2011). These alterations could potentially modify the 

interactions between unit-clusters, enhancing or reducing their strengths 

(Khursigara et al., 2011; Slivka and Falke, 2012).  

 

Conclusions 

In R. sphaeroides membrane chemosensory proteins form unit-clusters which 

dynamically congregate-segregate and move around the cell. This observation 

challenges the E. coli paradigm and raises the question of what is the “general” 

behaviour of membrane chemosensory clusters. The unit-cluster idea has 

valuable implications for studying cell signalling (Cebecauer et al., 2010) and 
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hierarchical organisation of membrane proteins (Kusumi et al., 2012) beyond 

bacterial chemotaxis. 
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Chapter 8. How to Position Membrane 

Chemosensory Clusters in R. sphaeroides? 
                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                 

It takes all the running you can do to keep in the same place. 

 Through the Looking-Glass, Lewis Carroll 

 

 

8.1 Aims 

Cell snapshots show that membrane chemosensory clusters have similar 

localisation patterns in R. sphaeroides and E. coli. However, the stochastic 

self-assembly/cytokinetic site-anchoring mechanism is not utilized by 

R. sphaeroides to position the chemosensory clusters (Chapter 6). In this chapter, I 

sought to discover the mechanism(s) used by R. sphaeroides to localise its 

membrane chemosensory proteins at the cell pole. 

 

 

8.2 The Establishment of New-pole Membrane 

Chemosensory Clusters: Diffusion-and-trapping 

How does R. sphaeroides establish the bipolar localisation of membrane 

chemosensory clusters if the clusters are not targeted to pre-cytokinetic sites? 

Unipolar localisation of membrane chemosensory clusters could be seen in 

newborn cells (Figs 6.4 and 8.1), suggesting new-pole clusters form after cell 

division and cells eventually reach a bipolar pattern. Two possible scenarios are: 

(i) new-pole clusters are formed via de novo nucleation and assembly, and (ii) 

new-pole clusters are derived from elsewhere in the cell, with these clusters 

moving to the new pole.  

Inhibition of protein synthesis should impede the formation of new-pole 

clusters if they are formed de novo, while new-pole clusters derived from the 

diffusion of existing lateral/old-pole clusters should be unaffected. Control and 

chloramphenicol-treated cells had similar ratios of unipolar cells, 32±6% (n = 424) 
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and 30±3% (n = 653) respectively. By following the fate of unipolar cells using 

time-lapse imaging, I found that within 100 min, 55±2% (n = 197) became bipolar 

in the presence of chloramphenicol, comparing to 62±4% (n = 82) of control cells. 

This difference should be much greater if new-pole clusters formed de novo, 

because there would not be sufficient mature fluorescent chemosensory proteins 

to form new clusters at the onset of imaging.  

The second scenario, new-pole clusters are derived from elsewhere in the cell, 

with these clusters moving to the new pole, is consistent with observations 

described in Chapters 6 and 7. The formation of dynamic unit-clusters allows 

individual membrane chemosensory clusters to move around in the cell (Chapter 

7). If cells in snapshots were arranged by the localisation pattern of FtsZ, which 

could be an indication of cell cycle stages, the localisation pattern of membrane 

chemosensory clusters is consistent with unit-clusters move from the old pole or 

lateral sites into the new pole (Fig. 8.1). Indeed, time-lapse imaging showed that 

unit-clusters left old poles and moved along the length of the cell (Fig. 8.2). The 

lateral movement of clusters suggests new-pole clusters can derive from lateral or 

even old-pole clusters, to become trapped by the curvature at the new pole (Figs  

6.7, 6.8, 8.2 B) (Endres, 2009; Thiem et al., 2007). 

 

 

Figure 8.1. Typical localisation patterns of FtsZ and membrane chemosensory 

clusters in normal cells. Cell snapshots and corresponding schematics are 

arranged by the progress of FtsZ (i.e. from polar spot to Z-ring). Arrow: 

progression through cell cycle. Green: YFP–CheW3; red: FtsZ–CFP; blue: DIC. 

Scale bars: 1 μm. 



153 
 

 

Figure 8.2. Unit-clusters can move away from the old pole towards the new pole 

(arrowheads). Green: YFP–CheW3; red: FtsZ–CFP; blue: DIC. Numbers: minutes. 

Scale bars: 1 μm. 

 

 

This idea was tested by using a different approach. I followed the behaviour 

of a chemoreceptor (McpG–GFP) in a ΔcheW2cheW3 strain. In both E. coli and 

R. sphaeroides deletion of cheW results in diffuse chemoreceptors, somewhat more 

concentrated towards the curved polar regions but without cluster formation, 

with clusters reforming when cheW2cheW3 are re-expressed (Wadhams et al., 2000 

and this study). I followed the cluster formation when the expression of 

cheW2cheW3 was induced by IPTG. Chemosensory clusters first formed dispersed 

around the cell and then gradually moved to and accumulated at cell poles 

(Fig. 8.3). Therefore, clustering of membrane chemosensory proteins can take 
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place all around the cell membrane, and the resultant chemosensory clusters have 

a propensity to move towards and accumulate at cell poles. 

These results indicate new-pole clusters are derived from existing old-pole 

or lateral clusters. Directional movements would not be required for the 

proposed old-pole/lateral clusters-derived mechanism, since random movements 

coupled with polar trapping will eventually redistribute clusters to the new pole. 

 

 
Figure 8.3. Reformation of polar membrane chemosensory clusters in 

ΔcheW2cheW3 cells after induction of cheW2cheW3. Green: McpG–GFP; blue: cell 

outlines. McpG–GFP is initially delocalised, after induction clusters form and 

localisation at cell poles increases. Numbers: minutes. Scale bar: 1 μm. 

 

 

8.3 Cell Geometry Affects the Positioning of Membrane 

Chemosensory Clusters 

As described in section 8.2, cell-pole trapping might contribute to the polar 

localisation of dynamically moving unit-clusters. Mathematical modelling 

suggests that the conformation of receptor trimers-of-dimers fits better to the 

specific curvature at the cell pole, while the geometric mismatch at the lateral site 

disfavours chemoreceptors to localise there (Fig. 8.4 A) (Endres, 2009). 

Sphaeroplasting was therefore used to explore the roles of cell geometry in the 

positioning of membrane chemosensory clusters (Fig. 8.4 B). If membrane 

chemosensory clusters preferentially localise to regions with higher curvature (i.e. 
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the cell pole), they should become more evenly distributed if membrane 

curvature were made more uniform by sphaeroplasting. A sphaeroplasting 

protocol developed by Ranjit and Young (2013) was adapted for R. sphaeroides. 

The resulting sphaeroplasts lack peptidoglycan but have intact inner and outer 

membranes and periplasm (Ranjit and Young, 2013).  

 

 

 

Figure 8.4. Putative effects of cell geometry on the localisation of membrane 

chemosensory clusters. (A) An ideal cluster composed of three trimers-of-dimers 

at the cell pole or lateral site. The interacting strength between trimers is 

indicated by green arrows. The inner membrane (grey) has different curvatures at 

polar or lateral regions. The cluster-membrane curvature mismatch causes 

energetically unfavourable membrane deformations (red streaks) at lateral 

regions. Adapted from Endres (2009). (B) Possible effects of sphaeroplasting on 

chemosensory clusters (green) localisation. Chemosensory clusters will either 

retain a clustering pattern (left) or become dispersed (right). 

 

 

 

The distinct polar localisation of membrane chemosensory clusters was lost 

in lysozyme-induced sphaeroplasts (Fig. 8.5). Membrane chemosensory clusters 

dispersed all over the cell periphery of these spherical cells (Fig. 8.5). Pairs of 

linked sphaeroplasts could be seen, presumably derived from constricting cells 

(Fig. 8.6 A). Two patterns existed for these cell-pairs: two sibling spherical cells or 

one spherical cell coupled with a coccobacillus (Fig. 8.6 A). Intriguingly, 

chemosensory clusters shifted from the original polar regions to the new poles in 

the coccobacilli (Fig. 8.6 B). 
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Figure 8.5. Localisation of membrane chemosensory clusters in sphaeroplasts. 

Individual channels are also shown for the upper and middle panels. Green: 

YFP–CheW3; blue: DIC. Scale bars: 1 μm. 
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The distributions of membrane chemosensory clusters were quantified in 

normal cells and sphaeroplasts. In normal cells, two major peak-areas 

corresponding to the polar localisation of chemosensory clusters were seen in 

most cells (Fig. 8.7). These peak-areas covered relatively small proportions of the 

cell periphery. In contrast, multiple peaks randomly covering high proportions of 

the cell membrane were found in sphaeroplasts (Fig. 8.8). The heterogeneous size 

and shape of sphaeroplasts, as well as the resolution limit of conventional 

fluorescence microscopy, make it difficult to perform a direct quantitative 

analysis of the correlations between cell curvature and cluster localisation. 

Nevertheless, the degree of dispersion was quantified by measuring the 

proportions of cell periphery covered by chemosensory clusters. The areas with 

fluorescence signals above the cellular background in the intensity profiles were 

considered as covered by chemosensory proteins (e.g. peak-areas in Fig. 8.7). A 

significant difference was found for the degree of dispersion between normal 

cells and sphaeroplasts: the average coverage of the cell periphery was 42.09.9% 

in normal cells (n=30), and 82.35.30% in sphaeroplasts (n=40). As a reference, the 

Figure 8.6. Localisation of membrane 

chemosensory clusters in 

sphaeroplast pairs. (A) Pairs of 

linked sphaeroplasts (bottom) are 

presumably derived from 

constricting cells (top). Two patterns 

exist: two spherical cells (bottom left) 

or one spherical cell coupled with a 

coccobacillus (bottom right). The 

regions corresponding to the original 

cell poles are shown in blue. (B) 

Chemosensory clusters (white 

arrowheads) localise to the new 

poles in the coccobacilli rather than 

the regions corresponding to the 

original polar regions (blue 

arrowheads). Green: YFP–CheW3; 

blue: DIC. Scale bars: 1 μm. 
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membrane curvature is ~0.67 μm−1 for sphaeroplasts and ~2.08 μm−1 for normal 

cells (higher the curvature, smaller the value) (Renner and Weibel, 2011; 

Zimmerberg and Kozlov, 2006). 

Taken together, the above results (Figs 8.3 and 8.58.8) suggest that 

chemosensory clusters preferentially localise to membrane regions with higher 

curvature.  

 

 

 

 

 

 

 

 

 

Figure 8.7. The distribution of membrane chemosensory clusters in normal cells. 

Histograms show the intensity profiles along the cell periphery for the two cells 

in the right panel. Green: YFP–CheW3; red: FtsZ–CFP; blue: DIC. Scale bars: 1 μm. 

One pixel is equal to 0.065 μm in the histograms. 
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Figure 8.8. The distribution of membrane chemosensory clusters in sphaeroplasts. 

Histograms show the intensity profiles along the cell periphery for the two cells 

in the right panel. Green: YFP–CheW3; blue: DIC. Scale bars: 1 μm. 

 

 

8.4 Discussion and Conclusions 

In many bacterial species, membrane chemosensory clusters accumulate at both 

poles, with one obvious old pole and one new pole (Gestwicki et al., 2000). A 

group of polar-flagellated γ-proteobacteria show a modified, cell cycle- 

dependent bipolar pattern: new-born cells have a unipolar distribution of 

chemosensory clusters at the old pole, and becomes bipolar as the new pole 

matures (Ringgaard et al., 2011). Stochastic self-assembly/cytokinetic 

site-anchoring (Greenfield et al., 2009; Thiem et al., 2007; Thiem and Sourjik, 2008; 

Wang et al., 2008a) and ParC–ParP-mediated diffusion-and-capture (Ringgaard et 

al., 2011; Ringgaard et al., 2014; Yamaichi et al., 2012) mechanisms have been 

proposed for the two patterns respectively. C. crescentus represents an extreme 

with a sole unipolar localisation programmed by its intrinsic asymmetry (Alley et 

al., 1992). In E. coli polar clusters seem relatively dynamic, but remain at the cell 

poles, while new clusters localised laterally at pre-cytokinetic sites, appearing 
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tightly localised (Fig. 8.9) (Thiem et al., 2007). The situation in R. sphaeroides seems 

very different (Fig. 8.9). 

From the results described in this and two previous chapters, a clear picture 

of the dynamics and positioning of R. sphaeroides membrane chemosensory 

proteins emerged (Fig. 8.9): the “polar caps” appear to be formed from a number 

of smaller unit-clusters, which appear to freely diffuse in the membrane with 

some polar retention. The lateral clusters are not static, and there is no 

accumulation at pre-cytokinetic sites. Indeed, the clusters appear to be excluded 

from the vicinities of Z-rings. A periodic pattern seen in cephalexin-treated 

filamentous cells is probably determined by a synergistic action of stochastic 

self-assembly and an exclusive effect associated (directly or indirectly) with the 

Z-ring. Taken together, stochastic self-assembly, diffusion-and-trapping, and 

FtsZ-assemblies-associated exclusive/steric hindrance effects may co-ordinate to 

generate the spatiotemporal dynamics of membrane chemosensory proteins in 

R. sphaeroides (Fig. 8.9). 

 

 

 

Figure 8.9. Simplified schematics for the dynamics and positioning of membrane 

chemosensory clusters in E. coli and R. sphaeroides. Membrane chemosensory 

clusters localise at (or close to) cytokinetic sites in E. coli, and anchors (e.g. the 

Z-ring) might exist to hold clusters static. These lateral clusters become new-pole 

clusters right after cytokinesis. In R. sphaeroides, membrane chemosensory 

proteins form dynamic unit-clusters which wander in the membrane but 

transiently trapped by the cell pole. Chemosensory clusters cannot stay in the 
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Z-ring/divisome vicinity, while FtsZ polar spots show steric hindrance effect. 

New-pole clusters are derived from lateral/old-pole clusters which move into the 

new-pole after cytokinesis. Green: membrane chemosensory clusters; red FtsZ 

assemblies. 

 

Membrane geometry affects the localisation of R. sphaeroides membrane 

chemosensory clusters, in consistent with the observations on E. coli (Oh et al., 

2014; Shih et al., 2005; Thiem et al., 2007). The consensus is that chemosensory 

clusters preferentially localise to membrane regions with higher curvature (i.e. 

cell poles) (Endres, 2009), and in the absence of curvature difference, 

chemosensory clusters localise indiscriminately. Cell rounding causes a fourfold 

reduction in the mobility of mobile (i.e. not clustered) chemoreceptor Tsr in E. coli 

(Oh et al., 2014), suggesting higher membrane curvature can retard movements of 

chemoreceptors, thus facilitating clustering or polar localisation. Intriguingly, Tsr 

is confined in domains of similar sizes in normal and spherical cells (Oh et al., 

2014), consistent with the observation of unit-clusters in R. sphaeroides 

sphaeroplasts (e.g. Fig. 8.5, second cell from the left, bottom panel). 

Protein localisation via “recognizing” membrane curvature has been well 

documented for two proteins, DivIVA and SpoVM, which are targetted to 

concave and convex sites, respectively (Huang and Ramamurthi, 2010; 

Ramamurthi, 2010; Strahl and Hamoen, 2012). How they recognize the specific 

geometric cues is yet unclear, but it is likely that individual DivIVA/SpoVM 

molecule would need to assemble into large structures to achieve cooperative 

sensing of membrane curvature (Huang and Ramamurthi, 2010; Lenarcic et al., 

2009; Oliva et al., 2010; Ramamurthi et al., 2009; Strahl and Hamoen, 2012). 

Similarly, even the intrinsic conformation of receptor trimer-of-dimers might be 

distinct from the membrane curvature at the pole (Briegel et al., 2012; Francis et 

al., 2004; Hall et al., 2012), the clustering of membrane chemosensory proteins is 

probably favoured at more-curved regions (Endres, 2009; Zimmerberg and 

Kozlov, 2006). Indeed, molecular modelling shows that clustering of 

transmembrane proteins is increased by higher membrane curvature (Parton et 

al., 2011). It should be noted that chemoreceptors are still more concentrated at 

cell poles even without extensive clustering (Shiomi et al., 2005; Wadhams et al., 

2000), indicating trimer-of-dimers or their unstable oligomers do have high 

propensity towards the cell pole. However, as huge transmembrane proteins with 

> 20 nm-long cytoplasmic domains, a sensing of overall membrane curvature 

rather than convex/concave might be more likely for chemoreceptors. For a 

clearer understanding of how chemosensory proteins use geometric cues to 
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position, the newly developed in vivo and in vitro systems that allow for the 

manipulation of membrane geometry may be very useful (Cabeen et al., 2009; 

Fenz and Sengupta, 2012; Jiménez et al., 2013; Männik et al., 2012; Renner et al., 

2013; Renner and Weibel, 2011; Takeuchi et al., 2005). A systematic examination of 

native localisation of membrane chemosensory proteins in bacteria with diverse 

shapes may also yield interesting insights. 

The general phosphotransferase system (PTS) proteins, enzyme I (EI) and 

HPr, which control carbon uptake and metabolism in bacteria, localise at the E. 

coli cell poles (Lopian et al., 2010) and interact with chemosensory proteins (Lux 

et al., 1995; Neumann et al., 2012). The spatial proximity may facilitate the 

interactions of PTS and chemosensory pathways to generate an optimal 

metabolic response to environmental cues (Amster-Choder, 2011). Strikingly, EI 

localises to the cell pole due to the higher membrane curvature (Govindarajan et 

al., 2013), suggesting similar mechanisms or cues are used by two interacting 

systems to enhance their functional coupling. 

In conclusion, the positioning of R. sphaeroides membrane chemosensory 

clusters relies on cell geometry and simple diffusion rather than cytoskeletal 

anchoring: individual dynamic unit-clusters are not actively positioned at 

pre-cytokinetic sites, but rather randomly diffuse in the membrane, becoming 

trapped at the cell poles. The stochastic self-assembly/cytokinetic sites-anchoring 

mechanism was proposed to be the universal means for the positioning of 

membrane chemosensory clusters in most bacteria. However, the discovery of a 

polar anchor for targeting chemosensory clusters to the cell pole of certain 

polar-flagellated bacteria (Ringgaard et al., 2011) hints that the common bipolar 

localisation of membrane chemosensory proteins could be established by 

different ways. Here I found that a third mechanism exists in R. sphaeroides. It is 

intriguingly to see, then, how widely the stochastic self-assembly/cytokinetic 

sites-anchoring mechanism is actually utilized by different bacteria to position 

their chemosensory clusters. Nevertheless, the random walk coupling with 

geometric trapping mechanism may be utilized by other bacterial 

macromolecular assemblies for their spatial regulation. 
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Chapter 9. Spatiotemporal Dynamics of Cytoplasmic 

Chemosensory Clusters Relative to FtsZ in 

R. sphaeroides 
                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                 

Over earth and ocean, with gentle motion… This pilot is guiding me…  

I pass through the pores of the ocean and shores; I change, but I cannot die. 

 The Cloud, Percy Bysshe Shelley 

 

 

9.1 Aims 

The cytoplasmic chemosensory clusters are composed of homologues of the 

membrane clusters, and the daughter cells need to inherit both clusters on cell 

division to allow chemotaxis. Previous members in our group have shown that 

the cytoplasmic clusters move dynamically in R. sphaeroides with time-average 

positions at pre-cytokinetic sites (Roberts et al., 2012; Thompson et al., 2006). 

Here, I further investigated the role of FtsZ in the positioning of cytoplasmic 

chemosensory clusters.  

 

 

9.2 Cytoplasmic Chemosensory Clusters Stay Close to FtsZ 

Assemblies during Most of the Cell Cycle 

The protein TlpT is essential for chemotaxis and the integrity of the cytoplasmic 

chemosensory cluster (Wadhams et al., 2005). A functional YFP fusion of TlpT, 

expressed as a genomic replacement, was used as a marker for the cytoplasmic 

cluster (Thompson et al., 2006). The cytoplasmic chemosensory clusters roughly 

localise at the midcell of R. sphaeroides (Roberts et al., 2012; Thompson et al., 2006). 

Consistent with this, snapshots show that cytoplasmic chemosensory clusters 

were close to the Z-ring (Fig. 9.1 A). Using different FtsZ assemblies as indicators 
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of cell-cycle stages, I found that the colocalisation of cytoplasmic clusters and 

FtsZ was cell-cycle related: newborn cells had the lowest colocalisation, and the 

colocalisation increased as cell cycle proceeded (Fig. 9.2). The frequent proximity 

of cytoplasmic chemosensory clusters and constricting Z-rings or polar FtsZ 

spots was unexpected (Fig. 9.2 A, last and first cells respectively; Fig. 9.2 B), since 

it is believed that non-chromosome cytoplasmic cargos of ParA homologues 

move to future cytokinetic sites before cytokinesis (Gerdes et al., 2010; 

Lutkenhaus, 2012; Salje, 2010). Similar spatiotemporal dynamics of cytoplasmic 

chemosensory clusters was seen in photoheterotrophic cells (Fig. 9.3), indicating 

that the reorganisation of the cytoplasmic membrane does not interfere with 

cytoplasmic chemosensory cluster positioning. 

At first glance, the high proximity of cytoplasmic chemosensory clusters and 

FtsZ assemblies suggests that FtsZ might participate in the positioning of the 

cytoplasmic clusters. Besides, for normal or filamentous cells with multiple 

cytoplasmic chemosensory clusters, most of them (86.0%, n=121) also have at 

least one cluster close to the Z-ring (Figs 9.1 B and 9.4). However, since there was 

only one Z-ring in each of the cells shown, it is unlikely that the Z-ring can 

position other clusters which were far away (Figs 9.1 B and 9.4). Therefore, it is 

more plausible to suggest that the cytoplasmic chemosensory cluster and FtsZ 

assemblies occupy similar regions over a large portion of the cell cycle, but they 

are positioned independently. 

 

 

 
Figure 9.1. The positioning of the cytoplasmic chemosensory cluster relative to 

the Z-ring. (A) The position of the cytoplasmic cluster in a single-cluster cell. The 

cluster is in proximity of the cytoplasmic membrane and adjacent to the Z-ring. 

Right image: the 3D reconstruction viewed from a different angle (rotated 60°). (B) 

The positions of the cytoplasmic cluster in a two-cluster cell. Red, FtsZ–CFP; 

green, TlpT–YFP; blue: DIC. Scale bars: 1 μm. 
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Figure 9.2. The positioning of the cytoplasmic chemosensory cluster and its 

relation to FtsZ. (A) Snapshots of cells at different cell-cycle stages. Red, FtsZ–

CFP; green, TlpT–YFP; blue, DIC. Scale bars: 1 μm. (B) The quantification of 

relative positioning between cytoplasmic chemosensory clusters and FtsZ 

assemblies. Cells were grouped by their FtsZ assemblies and the relationships 

defined as: (1) colocalised: the two structures have overlaps in the 

diffraction-limited images; (2) near: the shortest distances between the 

cytoplasmic clusters’ centroids and FtsZ assemblies’ edges are less than the 

diameters of cognate cytoplasmic clusters; (3) distant: all remaining (n=521). 

 

 

 

Figure 9.3. The relative positioning between FtsZ and cytoplasmic chemosensory 

clusters in photoheterotrophic R. sphaeroides cells. Red, FtsZ–CFP; green, TlpT–

YFP; blue: DIC. Scale bars: 1 μm. 
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Figure 9.4. In filamentous cells with more than two cytoplasmic chemosensory 

clusters, at least one is colocalised with/very close to the Z-ring. Numbers: 

quantity of cytoplasmic clusters in each cell. Cells were treated with cephalexin 

for 3.5 h. Red, FtsZ–CFP; green, TlpT–YFP; blue: DIC. Scale bars: 1 μm.  

 

9.3 Dynamics and Positioning of Cytoplasmic Chemo- 

sensory Clusters 

To better understand the relationship between the positioning of FtsZ and the 

cytoplasmic chemosensory cluster, time-lapse imaging was used. Strikingly, in 

two-cluster cells, one cluster moved to a pre-cytokinetic site first (Fig. 9.5 A, white 

arrowhead), while another cluster stayed with the Z-ring and gradually moved to 

the other pre-cytokinetic site later (Fig. 9.5 A, green arrowheads). The proximity 

to the Z-ring was often seen even after extensive constriction of the Z-ring 

(Fig. 9.5 B, green and red arrowheads). 

Together with the results shown in section 9.2, the relative positioning 

between FtsZ and cytoplasmic chemosensory clusters indicate two important 

things. Firstly, the cytoplasmic chemosensory clusters and FtsZ occupy similar 

subcellular locations, at least to within the optical resolution limit of our 
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microscope. However, the movement of cytoplasmic clusters to the 

pre-cytokinetic sites before FtsZ (Figs 9.1 B, 9.2 A, 9.3, 9.5) suggests cytoplasmic 

clusters do not use FtsZ assemblies as anchors for positioning. Secondly, the 

asymmetric partitioning of pairs of the cytoplasmic chemosensory clusters to 

future cytokinetic sites (Fig. 9.5) is different from other non-chromosome 

cytoplasmic cargos of ParA homologues, but is consistent with assemblies 

moving with chromosome segregation (Fig. 9.6) (Lutkenhaus, 2012), suggesting 

an important role for the chromosome in this process (Roberts et al., 2012). 

 

 
Figure 9.5. Asymmetric segregation of the cytoplasmic chemosensory clusters. (A) 

A two-cluster cell released from cephalexin treatment. Here, one cluster moves to 

future midcell first (white arrowhead), while another stays with the Z-ring at 

least till constriction (green arrowheads). Red arrowheads: Z-rings. (B) In a 

two-cluster cell released from cephalexin treatment, one cluster moves to future 

midcell first (white arrowhead), while another (green arrowheads) stays with the 

Z-ring even after intensive constriction (red arrowhead). Numbers: minutes of 

observation. Red, FtsZ–CFP; green, TlpT–YFP; blue: DIC. Scale bars: 1 μm.  
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Figure 9.6. Simplified schematics for the partitioning patterns of the cytoplasmic 

chemosensory clusters (green, left). Also shown here is the general symmetric 

segregation model proposed for the partitioning of non-chromosome cytoplasmic 

cargos (purple, right) partitioned by ParA-like systems. Red: Z-rings. Arrows 

indicate progressions. For the cytoplasmic chemosensory clusters, one copy of 

the duplicated cluster moves toward one future cytokinetic site first. Another 

cluster stays around the divisome for longer, then moves to another cytokinetic 

site before the completion of cell division. 

 

 

As mentioned in Chapter 6.2, the Z-ring was not always positioned precisely 

at the midcell (Fig. 6.2, lower panel). In some filamentous cells containing only 

one copy of the cytoplasmic chemosensory clusters, the cytoplasmic cluster was 

positioned far from the midcell (Fig. 9.7 A and B, green arrowheads). Intriguingly, 

the Z-ring also positioned very close to these cytoplasmic chemosensory clusters 

(i.e. shifted away from the “correct” midcell position) (Fig. 9.7 A and B, red 

arrowheads). The Z-ring seemed to arrive/form after cytoplasmic chemosensory 

clusters have already localised there. Consider the very long cell length (and thus 

numerous possible positioning sites), this coincidence of colocalisation is 

significant. In fewer cases, one copy of the cytoplasmic chemosensory clusters in 

two-cluster cells redistributed to a new location where the Z-ring was forming 

(Fig. 9.7 C, green arrowheads). These observations reinforce the idea that the 

cytoplasmic chemosensory clusters and FtsZ occupy similar subcellular locations.  

Equi-partitioning is a central feature of non-chromosome cytoplasmic cargos 

positioned by ParA-like systems (Gerdes et al., 2010; Lutkenhaus, 2012; Salje, 

2010; Vecchiarelli et al., 2012). A cargo has an average midcell position until the 

second cargo appears, which drives a shift in positions. Surprisingly, the 
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asymmetric segregation of cytoplasmic chemosensory clusters also occurred in 

one-cluster cells: the single cytoplasmic chemosensory cluster gradually left 

midcell for the new pole (Fig. 9.8, green arrowheads). This pattern might be 

compatible with chromosome segregation in R. sphaeroides (Nelly Dubarry, 

unpublished data).  

Previous studies suggest that cytoplasmic chemosensory clusters are 

probably duplicated by the split of a cluster into two (Thompson et al., 2006). 

However, time-lapse imaging showed that only ~35% of dividing cells follow this 

route. In other ~65% of dividing cells, one daughter cell receives an existing 

cluster, while a new cluster becomes visible in another daughter cell shortly after 

cell division (Thompson et al., 2006). It is unclear whether a new cluster actually 

forms de novo, or an undetectable segregated cluster then grows. Using an 

imaging platform with better sensitivity and resolution, I found evidence 

supporting cytoplasmic chemosensory clusters could form de novo. Small clusters 

appeared in locations away from the original dominant clusters and grew in 

intensity (Figs 9.7 A, 9.8, 9.9; yellow arrowheads). Consider the slow movement 

and relative positioning of the small and big clusters, the simplest explanation is 

that the small clusters formed de novo and grew. Although rare, fusion of two 

clusters could be seen (Fig. 9.8, blue arrows).  

The colocalisation of FtsZ and cytoplasmic chemosensory clusters was 

further examined in sphaeroplasts (Fig. 9.10). As mentioned in Chapter 3.5, 

sphaeroplasts were deficient in Z-ring formation, and it is difficult to distinguish 

between FtsZ polar spots and midcell nodes. Therefore, all FtsZ assemblies were 

viewed as the same group and their colocalisation with cytoplasmic 

chemosensory clusters was quantified (Table 9.1). The colocalisation of 

cytoplasmic chemosensory clusters and FtsZ was drastically reduced. However, if 

we consider “colocalised” and “near” (Table 9.1) as indications of close cellular 

locations, than cytoplasmic chemosensory clusters and FtsZ might still occupy 

similar regions in sphaeroplasts, if compare to the situation of FtsZ polar spots in 

normal cells. It is also possible that the close proximity of cytoplasmic clusters 

and FtsZ assemblies was a coincidence resulted from the random positioning of 

two structures. 
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Figure 9.7. Cytoplasmic chemosensory clusters and FtsZ occupy similar 

subcellular locations. (A and B) The Z-ring (red arrowheads) is not positioned at 

the midcell (white arrowheads) but precisely at the positions with cytoplasmic 

clusters (green arrowheads). Yellow arrowheads: the appearance of two new 

clusters. (C) One of the cytoplasmic clusters (green arrowhead) localises outside 

of the midcell (white arrowheads) at the beginning, then moves (green arrow) to 

the midcell and colocalises with the Z-ring. Cells were released from cephalexin 

treatment. Numbers: minutes. Red, FtsZ–CFP; green, TlpT–YFP; blue: DIC. Scale 

bars: 1 μm.  

 

 

 

Figure 9.8. Dynamics of cytoplasmic chemosensory clusters in cells released from 

cephalexin treatment. Green arrowheads: a cluster is segregating without the 

presence of another cluster. Yellow arrowheads: the appearance of a new cluster, 

red arrowheads indicate the Z-ring or precursor that colocalises with the new 

cluster. Blue arrows: the fusion of two clusters. White arrowheads: the middle cell 

is derived from two cytokinetic events, which produce one FtsZ polar spot at 

each cell pole. Numbers: minutes. Red, FtsZ–CFP; green, TlpT–YFP; blue: DIC. 

Scale bars: 1 μm.  
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Figure 9.9. New cytoplasmic chemosensory clusters could form de novo. Yellow 

arrowheads: the appearance of a new cluster. Green arrowheads: an existing 

cluster. Cells were released from cephalexin treatment. Numbers: minutes. Red, 

FtsZ–CFP; green, TlpT–YFP; blue: DIC. Scale bars: 1 μm.  

 

 

 

 

 

Figure 9.10. Relative positioning of cytoplasmic chemosensory clusters and FtsZ 

assemblies. Red, FtsZ–CFP; green, TlpT–YFP; blue: DIC. Scale bars: 1 μm.  
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9.4 Discussion and Conclusions 

The cytoplasmic chemosensory cluster and FtsZ assemblies colocalise in a cell 

cycle-related manner (Fig. 9.2 B). The colocalisation mainly occurs at cytokinetic 

sites, but cytoplasmic chemosensory clusters leave for future cytokinetic sites 

before FtsZ. The cytoplasmic chemosensory cluster and FtsZ might occupy 

similar cellular locations, but FtsZ assemblies are probably not anchors for the 

positioning of cytoplasmic chemosensory clusters.  

In M. gryphiswaldense, the magnetosomes undergo a dynamic pole-to-midcell 

translocation during the cell cycle, which is mediated by the actin-like protein 

MamK (Katzmann et al., 2011). A truncated ftsZ homologue (ftsZm) is located 

adjacent to genes controlling magnetosome chain formation. It has been 

proposed that midcell positioning of magnetosomes might be controlled by 

interactions with FtsZ or FtsZm (Müller et al., 2014). However, no evidence 

supports magnetosomes/MamK interact with the two FtsZ homologues (Müller 
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et al., 2014). But it is clear that the midcell localisation of magnetosome chains is 

critical for the segregation of magnetosomes into daughter cells (Katzmann et al., 

2011). Therefore, localizing at the cytokinetic site might be a strategy utilized by 

different macromolecular assemblies for faithful partitioning. 

The occupation of similar cellular regions could be resulted from the average 

midcell positioning of cytoplasmic chemosensory clusters. However, since 

colocalisation of FtsZ and cytoplasmic chemosensory clusters also exists for 

far-from-midcell positions (Fig. 9.7 A and B), there seems to have a deeper 

connections. One possibility is that cytoplasmic clusters and FtsZ localise to 

cellular regions with less nucleoid hindrance (Laloux and Jacobs-Wagner, 2014; 

Vecchiarelli et al., 2012). Although the nucleoid may contribute to the formation 

and partitioning of cytoplasmic chemosensory clusters (Roberts et al., 2012), how 

the nucleoid organisation may affect the architecture and localisation of 

cytoplasmic clusters is unclear. It is possible that a cellular region with a bigger 

DNA-free gap can provide a DNA surface for the cytoplasmic chemosensory 

cluster but still leave a room for it to assemble easier. Conventional fluorescence 

microscopy shows that chromosomes fill the entire R. sphaeroides cytoplasm 

(Thompson et al., 2006), similar to C. crescentus (Laloux and Jacobs-Wagner, 2014). 

It has been shown that the C. crescentus hub protein PopZ forms higher-order 

structures in regions of low DNA content (Laloux and Jacobs-Wagner, 2014). 

Thus, a cellular region with a bigger DNA-free gap may facilitate the 

colocalisation of cytoplasmic chemosensory clusters and FtsZ assemblies. 

Another possibility is that the cytoplasmic chemosensory cluster may recognize 

specific chromosomal loci or structures. Cells may evolve to have a specific 

chromosome architecture (Ptacin and Shapiro, 2013), so the relative positioning 

between these loci/structures and the oriC region is coordinated. Since the 

positioning of the oriC region affects the localisation of FtsZ via MipZ 

(Thanbichler and Shapiro, 2006), the proposed coordination may ensure that 

cytoplasmic chemosensory clusters can localise at (pre)cytokinetic sites.  

Chromosome dynamics may also participate in the segregation of 

cytoplasmic chemosensory clusters. The asymmetric partitioning of cytoplasmic 

chemosensory clusters could be driven by the C. crescentus-like asymmetric 

chromosome segregation (Toro and Shapiro, 2010) in R. sphaeroides (Nelly 

Dubarry, unpublished data). This could be mediated by attaching the cytoplasmic 

chemosensory clusters to specific chromosomal loci/structures (e.g. via PpfA). 

Alternatively, chromosome segregation may cause a shift in “binding potency” 

and trigger the movement of cytoplasmic clusters. In this second scenario, DNA 

sequence-specificity is not required for PpfA. Chromosome segregation simply 
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changes the distribution of available non-specific binding sites, and PpfA will 

follow this shift, resulting in the segregation of cytoplasmic chemosensory 

clusters. The nucleoid itself, or chromosome dynamics, has critical roles in the 

spatial organisation of other cytoplasmic macromolecular assemblies, including 

carboxysomes (Jain et al., 2012), poly(3-hydroxybutyrate) (PHB) granules (Galán 

et al., 2011; Pfeiffer and Jendrossek, 2012; Pfeiffer et al., 2011; Wahl et al., 2012), 

plasmids (Gerdes et al., 2010; Lutkenhaus, 2012; Salje, 2010; Vecchiarelli et al., 

2012), and polyphosphate (polyP) granules (Henry and Crosson, 2013). Nucleoid 

exclusion, association with a specific chromosomal locus, or nucleoid matrix (i.e. 

nonspecific DNA-binding of ParA-like proteins) have been proposed to explain 

the functions of the nucleoid in these cases. Except plasmid segregation, no 

strong evidence exists for any of them. Nevertheless, it is clear that the 

communications between the nucleoid and these macromolecular assemblies 

affect the spatial organisation of these diverse systems. 

The exact mechanisms of the formation and duplication of cytoplasmic 

chemosensory clusters are under investigations (Jones, 2013). Conceivably, some 

similarities between membrane and cytoplasmic chemosensory clusters might 

exist. The emergence of new cytoplasmic chemosensory clusters (Figs 9.79.9, 

yellow arrowheads) is compatible to a stochastic self-assembly process (Thiem 

and Sourjik, 2008; Wang et al., 2008a). Besides, fusion (congregation-like) (Fig 9.8, 

blue arrows) and fission (segregation-like) (Thompson et al., 2006) of cytoplasmic 

chemosensory clusters can be seen. Thompson et al. (2006) showed that de novo 

formation of new cytoplasmic chemosensory clusters occurs in newborn cells not 

inheriting a cluster from the last cell division. Here I found that de novo cluster 

formation occurs in (filamentous) cells containing existing clusters (Figs 9.79.9, 

yellow arrowheads). It is possible that the shorter length/smaller volume of 

normal cells results in absorption of emerging clusters by the existing clusters, or 

a decrease in nucleation probability. Alternatively, newly formed clusters are 

quickly segregated to or directly nucleated at pre-cytokinetic sites (Figs 9.8 and 

9.9, yellow arrowheads), therefore undistinguishable from new clusters “split” 

from existing clusters. In contrast to another ParA-like protein ParC (Ringgaard 

et al., 2011; Ringgaard et al., 2014), PpfA not only participates in the positioning 

of chemosensory clusters, but also their duplication (Thompson et al., 2006). The 

answer for how PpfA regulates the duplication of cytoplasmic chemosensory 

clusters may lie on the clarification of nucleation- vs. split-mode of new cluster 

formation.  

In conclusion, the cytoplasmic chemosensory cluster and FtsZ assemblies 

occupy similar cellular locations, but FtsZ assemblies are not anchors for the 
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positioning of cytoplasmic chemosensory clusters. Comparing to other ParA-like 

proteins, the asymmetric segregation of cytoplasmic chemosensory clusters hints 

a different or modified mechanism employed by PpfA for cargo positioning. 
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Chapter 10. General Discussion 
                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                 

What we call the beginning is often the end. And to make an end is to make a 

beginning. The end is where we start from. 

 Little Gidding, Thomas Stearns Eliot 

 

 

10.1 Summary of Findings  

The establishment and maintenance of the specific localisation of chemosensory 

proteins are pivotal for the survival of bacteria. Each round of cell division brings 

great challenges to these tasks. Based on the studies of E. coli, a stochastic 

self-assembly model has been proposed for the spatial regulation of membrane 

chemosensory clusters. This model, requires only simple physicochemical 

principles, is believed to be a common mechanism used by different bacteria. 

However, this model cannot explain the static behaviour of lateral membrane 

clusters in E. coli. Therefore, some forms of anchors are probably working in 

concert with the stochastic self-assembly process. The FtsZ and MreB 

cytoskeletons are the most likely known candidates. In this study, I tested 

whether these two bacterial cytoskeletons and the stochastic self-assembly 

process are responsible for the polar localisation of membrane chemosensory 

clusters in R. sphaeroides. As there have been no previous studies on FtsZ in R. 

sphaeroides I first investigated the spatiotemporal dynamics of FtsZ through the R. 

sphaeroides cell cycle. FtsZ has cell cycle-stage specific localisation similar to that 

observed in C. crescentus (Chapter 3). However, FtsZ polar spots move from the 

new pole to the midcell directly, not via the previously proposed helical 

intermediate. Besides, the Z-ring is developed from midcell nodes, suggesting a 

new mechanism for Z-ring formation. Surprisingly, the membrane chemosensory 

clusters in R. sphaeroides do not colocalise with FtsZ assemblies and show 

different behaviours comparing to those in E. coli. FtsZ does not act as an anchor 

for the membrane chemosensory clusters, but participates in their positioning 

probably by excluding them from localise in the Z-ring vicinity (Chapter 6).  

The MreB cytoskeleton continuously reorganizes between patchy and 
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filamentous structures in R. sphaeroides (Chapter 4). MreB also changes its main 

localisation according to cell-cycle stages, and colocalises with FtsZ at the midcell 

until constriction. Intriguingly, MreB localises at pre-cytokinetic sites before FtsZ, 

which is different compared with C. crescentus and E. coli, suggesting a unique 

mechanism to position MreB at the midcell in R. sphaeroides. MreB shows no roles 

in the positioning of the membrane chemosensory clusters in R. sphaeroides 

(Chapter 5).  

Previous studies have suggested that membrane chemosensory proteins in E. 

coli form huge polar caps and static small clusters at pre-cytokinetic sites. Using 

quantitative fluorescence imaging I found that membrane chemosensory proteins 

in R. sphaeroides behave very differently: they form individual dynamic 

unit-clusters with an optimal size which diffuse randomly and congregate–

segregate continuously within the membrane (Chapter 7). The membrane 

chemosensory clusters show high propensity to curved regions (Chapter 8). The 

above results suggest that a diffusion-and-capture mechanism results in the polar 

localisation of membrane chemosensory clusters in R. sphaeroides (Chapter 8). 

The time-averaged localisation and the involvement of a ParA homologue in 

the positioning suggest that the R. sphaeroides cytoplasmic chemosensory clusters 

may use a plasmid segregation-like mechanism for their partitioning. However, 

the distinct asymmetric segregation of cytoplasmic chemosensory clusters 

(Chapter 9) indicates a different mechanism. Although the cytoplasmic 

chemosensory clusters colocalise with FtsZ assemblies, they move to future 

cytokinetic sites before FtsZ, suggesting FtsZ is not an anchor for their 

positioning. MreB also shows no direct roles in the positioning of the cytoplasmic 

chemosensory clusters. Therefore, the FtsZ and MreB cytoskeletons are not 

anchors for the positioning of both membrane and cytoplasmic chemosensory 

clusters in R. sphaeroides. 

 

 

10.2 The In Vivo Configurations of Bacterial Cytoskeletons  

The relationship between form and function is the central aspect of cytoskeleton 

researches. This was illustrated by the diverse configurations and functions 

possess by different bacterial cytoskeletal proteins (Pilhofer and Jensen, 2013). 

However, two important questions remain to be answered. Firstly, what are the 

exact in vivo structures of the bacterial cytoskeletons? Secondly, are there multiple 

configurations existing for a given bacterial cytoskeletal protein? The conversion 

between patchy and filamentous MreB structures in R. sphaeroides (Chapter 4.4) 
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suggests a possibility that assemblies of MreB homologues can adopt both 

filamentous and patchy configurations. Which form is present in the cell at a 

given time is likely to be determined by the physiological and cell-cycle states. 

Further systematic investigations using different super-resolution imaging 

approaches will be necessary to explore this possibility. 

In this study I also found that distinct FtsZ structures exist in R. sphaeroides 

according to the cell-cycle stages. These structures have their specific functions in 

the cell: the polar FtsZ spot is a reservoir of FtsZ molecules after cell division, and 

can redistribute FtsZ to the future cytokinetic site; the midcell node is the embryo 

for Z-ring development, from which different Z-ring precursor structures are 

generated; and the Z-ring for cytokinesis. In eukaryotes, cytoskeletal proteins 

also form distinct structures that perform different functions with the help of 

accessory proteins (Berepiki et al., 2011; Kovar et al., 2011; Moseley and Goode, 

2006). Although previous super-resolution imaging studies have shown that the 

Z-ring is not a uniform, continuous structure (Biteen et al., 2012; Buss et al., 2013; 

Fu et al., 2010; Holden et al., 2014; Jennings et al., 2011; Li et al., 2007), the in vivo 

ultrastructures of different FtsZ assemblies remain obscure. Nevertheless, 

quantitative image analysis suggests that the Z-ring/ring-precursors have an 

architecture that is in consistent with a loose bundle model, while the polar spot 

might have a different organisation (Chapter 3.4). We have recently established 

collaboration with Jan Lowe’s group (MRC Laboratory of Molecular Biology) to 

further investigate the ultrastructures of these different FtsZ assemblies via 

electron cryo-tomography. It would be interesting to see how the diverse in vitro 

FtsZ structures correlate to the formation of different in vivo higher-order 

structures.  

With the quick growth in the studies of bacterial cytoskeletal systems, it is 

now clear that homologous bacterial cytoskeletal proteins can form distinct 

structures, and proteins belonging to different families can adopt similar 

configurations (Pilhofer and Jensen, 2013). To understand the designing 

principles underlying these different form-and-function combinations, clear 

pictures of the in vivo structures of bacterial cytoskeletons are certainly essential.  

 

 

10.3 Spatial Organisation of Chemosensory Proteins  

Clustering of chemosensory proteins 

Clustering is a fundamental means for spatial organisation of chemosensory 
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proteins, which greatly improves the efficiency, fidelity and robustness of 

chemotaxis (Bray et al., 1998; Gestwicki and Kiessling, 2002; Hazelbauer et al., 

2008; Pilhofer and Jensen, 2013; Pontius et al., 2013). Previous studies have 

suggested that a stochastic self-assembly process may be responsible for the 

clustering. Here, by using quantitative time-lapse imaging, I found that 

membrane chemosensory proteins form unit-clusters with an optimal size, 

therefore provides a missing organisation level between the molecular signalling 

teams and the huge cellular clusters. The unit-size behaviour of R. sphaeroides 

membrane chemosensory proteins probably applies to other bacterial species 

(Chapter 7.4). The use of more rod-shaped species (e.g. E. coli) where the escape 

of mobile unit-clusters from curved poles is probably less common than in 

R. sphaeroides, may render the unit-size behaviour difficult to be observed. 

Although mathematical modelling has suggested that there might be an optimal 

size for chemosensory clusters (Aquino et al., 2011), this study provides the first 

direct demonstration and quantification of such a cluster size.  

In eukaryotes, intrinsic interactions between protein components, constrains 

of cytoskeletal networks, and effects of local membrane organisation all 

contribute to the size distribution of membrane protein clusters (Mueller et al., 

2012). The currently identified bacterial membrane domains (López and Kolter, 

2010) are hence promising organizers of these chemosensory unit-clusters. 

Therefore, in addition to a direct implication in chemotaxis, studying the size 

determination and dynamics of unit-clusters may also reveal a hidden 

organisation of bacterial membrane. 

While the membrane chemosensory proteins form unit-size clusters, the R. 

sphaeroides cytoplasmic chemosensory proteins form clusters without any 

preference size (Chapter 9). FRAP experiments show that the cytoplasmic cluster 

is a relatively stable structure with limited turnover (Jones, 2013). In cells with 

defects in PpfA’s functions, the cytoplasmic clusters keep growing and result in 

very huge clusters (Roberts et al., 2012; Thompson et al., 2006). These 

observations suggest that different mechanisms are used for size determination 

of two homologous chemosensory clusters. The nucleoid is supposed to play a 

matrix-like role for the cytoplasmic cluster (analogous to the the role of 

cytoplasmic membrane to the membrane cluster). It is possible that the 

differences in the cognate matrixes, or the presence of a ParA system for 

partitioning, may be responsible for the differences in size determination of 

membrane and cytoplasmic clusters. 
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Positioning of chemosensory clusters 

It has been assumed that the stochastic self-assembly/cytokinetic-site anchoring 

model may reflect the positioning mechanism for the universal polar/subpolar 

localisation of membrane chemosensory clusters. However, the identity of the 

anchor for lateral clusters remains unclear. The localisation pattern, however, 

suggests that the FtsZ or MreB cytoskeletal systems are likely candidates. Here I 

showed that they are not involved in anchoring the membrane chemosensory 

clusters to the pre-cytokinetic sites in R. sphaeroides (Chapters 5 and 6). 

Nevertheless, current studies show that a ParA-like protein, ParC, does anchor 

the membrane chemosensory clusters to the cell pole in some polar-flagellated 

bacteria (Ringgaard et al., 2011; Ringgaard et al., 2014; Yamaichi et al., 2012). 

So far, the positioning mechanisms for membrane chemosensory clusters are 

directly studied in only three bacterial models (E. coli, R. sphaeroides, and vibrios). 

Intriguingly, three bacterial models yielded three different mechanisms, raising 

the possibility that more mechanisms are waiting to be discovered. Nevertheless, 

a fundamental “diffusion-and-capture” principle is used by R. sphaeroides and 

vibrios, albeit differently via cell geometry and a ParA-like anchor, respectively. 

The limited appearance of ParC homologues, and the putative evolutionary path 

of the tripartite ParC–ParP–CheA system (Ringgaard et al., 2011; Ringgaard et al., 

2014; Yamaichi et al., 2012), suggesting that a ParA homologue was acquired by 

an ancestor of a group of polarly flagellated γ-proteobacteria. This ParA 

homologue then developed a role in the positioning of membrane chemosensory 

clusters via a coevolution with ParP and CheA. Intriguingly, both TlpT and ParP 

play a ParB-like role in controlling the activity of PpfA and ParC, and link these 

ParA homologues to their cargos. This may represent a general evolutionary 

mechanism for bacteria to adopt different ParA homologues for the positioning of 

diverse cargos. The versatility of ParA-like systems, indeed, is clearly 

demonstrated by the partitioning of cytoplasmic chemosensory clusters in R. 

sphaeroides and membrane chemosensory clusters in vibrios. 

 

 

10.4 Conclusions and Future Perspectives 

Taken together, this study shows that very different mechanisms are employed 

by R. sphaeroides to ensure daughter cells inherit two homologous chemosensory 

systems during cell division. The membrane chemosensory system relies on the 

random diffusion of unit-clusters and polar trapping via cell geometry. The 



181 
 

cytoplasmic system depends on a ParA-like system and might coordinate with 

chromosome segregation. The FtsZ and MreB cytoskeleton are not anchors for 

the positioning of both chemosensory systems. FtsZ has cell-cycle specific 

localisation in R. sphaeroides, with polar spots moving to midcell to produce nodes 

from which the Z-ring develops.  

The spatiotemporal organisation of the bacterial cell is one of the most active 

areas in microbiology, producing paradigms that reveal mechanisms of cellular 

dynamics relevant to all cell types. It is now clear that the cytoskeleton is no 

longer a unique feature of eukaryotes. However, the studies of prokaryotic 

cytoskeleton are still greatly motivated by the richness of eukaryotic cytoskeleton 

research. Nevertheless, studies of bacterial cytoskeletal proteins have greatly 

improved our understandings of the eukaryotic counterparts. The ease of 

working with bacterial models and quick development in super-resolution 

imaging might make the studies of bacterial cytoskeleton and other aspects of 

spatial organisation become increasingly important to eukaryotic cell biology. 

The identifications of prokaryotes-specific cytoskeletal proteins further highlight 

the unique role of bacteria in cell biology.  

Besides the cytoskeleton, cell signalling and membrane organisation are the 

other two important areas of eukaryotic cell biology. One theme that connects 

these two fields is protein clustering. The discovery of bacterial chemosensory 

unit-clusters may provide a route to explore common mechanisms of protein 

clustering by studying bacteria. 

Future researches on the in vivo organisation of FtsZ assemblies and 

chemosensory unit-clusters, using a combination of quantitative super-resolution 

imaging and computer modelling, might be exciting paths to pursue. 

Simultaneous observations of divisome components may identify 

FtsZ-interacting proteins which participate in the reorganisation of different FtsZ 

assemblies. In vitro reconstruction and microfabrications (Dogterom and Surrey, 

2013; Martos et al., 2012; Vignaud et al., 2012) of FtsZ assemblies are also 

promising approaches. 

For sure, bacteria are not just “bags of enzymes”, but “bags of surprises”! 
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Appendix: Media and Reagents 

 

LB medium 

Ingredients  Quantity per litre 

Yeast extract  5 g 

Tryptone 10 g 

NaCl 5 g 

Made up to 1 litre with MilliQ water. Adjusted to pH 7.0. Autoclave. 

 

 

Succinate medium 

Ingredients  Quantity per litre 

1M Phosphate buffer (see below) 20 ml 

Concentrated base (see below) 20 ml 

Growth factors (see below) 2 ml 

(NH4)2SO4 0.5 g 

NaCl 0.5 g 

Sodium succinate 2 g 

Casamino acids 1 g 

Made up to 1 litre with MilliQ water, pH adjust to 7.2 with KOH, autoclave. 
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1M Phosphate buffer pH 7.0 

Ingredients  Quantity per litre 

K2HPO4 1M 174.18 g 

KH2PO4 1M 136.09 g 

Adjust to pH 7.0 with KOH, autoclave and store at 4°C. 

 

 

 

Concentrated base 

Ingredients  Quantity per litre 

Nitrilotiracetic acid 5.94 g 

Metals 44 solution (see below) 25 ml 

MgSO4·7H2O  14.5 g 

CaCl2·2H2O 1.67 g 

FeSO4·7H2O 50 mg 

Ammonium molybdate 4H2O 
4.6 mg or 0.2 ml of 23 

mg/ml 

Casamino acids 1 g 

Dissolve nitrilotiracetic acid first and adjust pH with KOH to pH 5.0, it won’t 

dissolve until very near pH 5. This allows FeSO4 to dissolve. Add all the other 

ingredients. Adjust pH to 6.8 with KOH. Autoclave and store at 4°C. 
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Metals 44 solution 

Ingredients  Quantity per litre 

Tetrasodium versenate (EDTA) 2.5 g 

ZnSO4·7H2O 11 g 

FeSO4·7H2O  5 g 

3M sulphuric acid 1.5 ml 

MnSO4·4H2O 3 g 

CuSO4·5H2O 0.39 g 

H3BO3 0.12 

CoCl2·6H2O 0.2 g 

Filter sterilise and store at 4°C. 

 

 

 

Growth factor 

Ingredients  Quantity per litre 

Biotin 20 mg 

NaHCO3 500 mg 

Niacin 1 g 

Thiamine HCl 500 mg 

Autoclave and store at 4°C. 
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M22 

Ingredients  Quantity per litre 

1 M phosphate buffer 20 ml 

Concentrated base 20 ml 

Growth factor 2 ml 

(NH4)2SO4 0.5 g 

NaCl 0.5 g 

Made up to 1 litre with MilliQ water. Adjust pH to 7.2 with KOH, autoclave. 

 

 

 

10  TBE 

Ingredients  Quantity per litre 

Tris base 108 g 

Boric acid 55 g 

EDTA 7.4 g 

Made up to 1 litre with MilliQ water. Adjust pH to 8.3. 
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TFB I 

Ingredients  Quantity per litre 

Potassiun acetate 30 mM 

RbCl2  100 mM 

CaCl2·2H2O 10mM 

MnCl2·4H2O 50 mM 

Glycerol  15% (v/v) 

Adjust pH to 5.8 with 0.2 M acetic acid. Filter sterilize. 

 

 

 

TFB II 

Ingredients  Quantity per litre 

PIPES  10 mM 

RbCl2 10 mM 

CaCl2·2H2O 75 mM 

Glycerol   15% (v/v) 

Adjust pH to 6.8 with HCl. Filter sterilise. 

 

 

 

 

 

 

 

 

 

  




