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Abstract:

Biological membranes are complex composites of lipids, proteins and sugars, which
catalyze a myriad of vital cellular reactions in a spatiotemporal tightly controlled
manner. Our understanding of the organization principles of biomembranes is
limited mainly by the challenge to measure distributions and interactions of lipids
and proteins within the complex environment of living cells. With the recent advent
of super-resolution optical microscopy (or nanoscopy) one now has approached the
molecular scale regime with non-invasive live cell fluorescence observation
techniques. Since in silico molecular dynamics (MD) simulation techniques are also
improving to study larger and more complex systems we can now start to integrate
live-cell and in silico experiments to develop a deeper understanding of
biomembranes. In this review we summarize recent progress to measure lipid-
protein interactions in living cells and give examples how MD simulations can

complement and upgrade the experimental data.



1. Introduction:

1.1. Membrane organization

The cellular plasma membrane is the interface between the outside environment
and the internal cytoplasm of the cell (Fig. 1). In this way, it can be seen as a
protective barrier of the cell. However, it is more than that, since it is critically
involved in many important cellular activities and a variety of cellular functions are
localized at this interface zone for example signaling and sensing, selective transport
of matter, cell adhesion or electrical action potential propagation. These functions
result from the spatiotemporal organization of proteins and lipids into distinct
complexes. The current challenge is to unravel the molecular interactions and
rearrangements in the plasma membrane, and extract the underlying organization
principles to understand how cellular function emerges (for example [1]-[4]). High-
resolution mass spectroscopy has enabled to catalogue the composition of cellular
membranes in great detail (lipidomics, proteomics and glycomics). Additionally, the
list of (membrane)-protein structures solved by Xray-diffraction, Nuclear Magnet
Resonance (NMR) or Cryo-Electron-Microscopy (EM) continues to grow. Despite
this progress, we still have problems establishing the connection between
composition, structure and biological function. For example, it is still largely unclear
why cells require thousands of different lipid species. How are biological functions
robustly controlled and organized in such complex composite structures as cellular
membranes? To answer these questions new approaches are required that allow
dissecting molecular interactions in live cell membranes and integrate the results
into a simulation framework that ideally reconstitutes biological structures and
functions in silico based on physical interactions (bottom up). This review is
structured in three parts. In the first part we will introduce some of the
experimental and simulation methods that have shaped our current view of
membrane organization. In the second part we will explain the recent advancements
in the field of optical nanoscopy, a method that allows resolving fluorescently
labeled structures with near molecular resolution in an almost non-invasive
manner. In the last part we will discuss some of the current frontiers of membrane

research, which require a combination of experimental and simulation approaches.



1.2. Experimental Methods

Many different methods have been applied to investigate or model the organization
of molecules in the plasma membrane of (living) cells. We can broadly group the
approaches into three categories:

1) The ‘omics’ approach strives to identify and quantify the molecular components
of membranes, e.g. protein-, lipid-, and sugar species. For example, the vast
complexity of the eukaryotic lipidome, i.e. of the lipid composition of the cellular
plasma membrane as well as the differential composition of organelle membranes,
has been successfully established by high-resolution mass spectrometry [5], [6].
Additionally, mass spectrometry in combination with genetic and biological tools
allows creating metabolic interaction networks as well as membrane protein
interactomes [7], [8]. Mapping the lipid-protein interactome is not yet fully possible.
However, the development of photo-cross-linkable lipid analogues is a promising
direction towards this goal [9]. Overall, these tools have greatly advanced our
knowledge about membrane composition and have the potential to build up an
unbiased comprehensive interaction network of membrane components.

2) The structural biology approach tries to work out the ultra-structure of
membranes and its components usually with tools that are incompatible with live-
cell observations. Methods such as X-ray diffraction, NMR and Cryo-EM provide us
with detailed insights into protein folding and conformations as well as lipid bilayer
packing. Unfortunately, these methods are restricted to purified proteins or simple
membrane reconstitutions or in the case of cryo-EM require fixation of cells
(freezing). Still, these methods are indispensible for understanding membranes as
they build the foundation for a molecular understanding and are the input for
molecular dynamics simulations.

3) To analyze membranes in the complex environment of living cells optical far-field
microscopy is usually the method of choice, since it allows observation of structures
and dynamics in an almost non-invasive manner. Specificity is achieved by
fluorescence labeling of the molecule of interest. Unfortunately, the full potential of

far-field fluorescence microscopy is limited by constraints in spatial and temporal



resolution. The temporal resolution, i.e. the speed with which an image is recorded,
determines whether the movements of membrane molecules or their spatial
distribution into, for example, transient clusters may be accurately captured. Yet,
the acquisition speed of the detectors, such as cameras, the scanning speed in case
of raster-scanning microscopes such as the confocal device, as well as the
microscopes’ detection efficiency and fluorescent labels’ light emission are all
restricted and therefore limit the temporal resolution of any far-field fluorescence
microscope to milliseconds to seconds. The spatial resolution of far-field
fluorescence microscopy is on the other hand limited by diffraction to about 200 nm
for visible light [10]. Consequently, many cellular features such as molecular
assemblies in the plasma membrane appear blurred in the microscope image, since
they are of smaller size. Additionally, molecular assemblies such as complexes or
clusters can sometimes not be resolved in space and time, since the involved
molecules might distribute evenly between an un-clustered and clustered state,
giving no contrast between the two states in the final fluorescence image.
Fortunately, over the years novel tools have been developed to tackle these
limitations. Spectroscopic tools such as FCS (fluorescence correlation spectroscopy)
[11], [12] enable the observation of molecular diffusion and interaction dynamics
with down to below millisecond time resolution, and even over space if combined
with fast beam-scanning or camera recordings [13]-[17]. Complementarily, single-
particle tracking (SPT) allows disclosing those dynamics by following single isolated
fluorescently-tagged molecules over space and time, with a millisecond time
resolution that is only limited by the acquisition speed of the detectors (e.g. camera)
(see for example [18], [19]). Enforcing its capabilities, the latter limitation has for
example been tackled by interferometric scattering microscopy (iSCAT) [20].
Super-resolution fluorescence microscopy approaches such as STED (stimulated
emission depletion [21]), RESOLFT (reversible switchable optical light fluorescence
transition [22]-[24]), PALM (photoactivation light microscopy [25], [26]),
(d)STORM ((direct) stochastic reconstruction microscopy [27], [28]) or GSDIM
(ground state depletion microscopy followed by individual molecule return [29])

and resolution-improved approaches such as 4-Pi/I°M [30], [31] or SIM (structured



illumination microscopy [32], [33]) have enabled live-cell imaging with spatial
resolution below 200 nm, partially even down to the macromolecular scale (for a
recent review see for example [34]). Obviously, the combination of both, i.e. FCS-
and SPT-based super-resolution approaches such as STED-FCS [35], [36] or PALM-
SPT [37] are tremendously valuable tools for investigating molecular plasma

membrane organizations [38], [39].

1.3. Why we need simulations

Even though great progress has been made to measure membrane structure and
dynamics with higher spatiotemporal resolution, our current understanding of the
self-organization principles in biological membranes is still fragmentary. The main
reasons are: 1) The best light microscopy methods are able to observe only up to
three or four molecular species simultaneously and often only at sparse labeling
conditions. Consequently, over 99% of the molecules are invisible in the
measurement, and interactions have to be inferred indirectly from the behavior of
reporter molecules. In the context of membranes there is an additional bias towards
protein-protein interactions because we have no functional method to label lipids
and other small molecules. 2.) Measuring dynamics in membranes is key to reveal
organization mechanisms. However, in fluorescence microscopy high spatial and
temporal resolution are often not achievable at the same time. 3) Like all biological
systems, bio-membranes are multi-scale systems where function emerges at
different hierarchical levels across space and time. Consequently, building a bottom
up (from molecules to cells) model of cell membranes requires information over the
complete spectrum (fast to slow and small to large) and its integration into a multi-
scale model.

Overcoming all these limitations on the experimental level will require a major
breakthrough in the way we infer information via light matter interactions, which is
beyond our current abilities. However, the progress of in silico simulations methods
offers a great opportunity to look beyond the current limitations of optical

microscopy. In analogy to optical microscopy, simulations can be seen as



computational microscopy with practically no resolution limit in space and time
[40].

In contrast to the experimental limitations molecular dynamics (MD) simulations
reveal the behavior of all molecules in a system in great detail and time resolution.
Unfortunately, this comes at the cost of very limited system sizes (thousands
molecules) for only short time periods (microseconds) [40], [41]. In this regard the
computational microscope has the inverse problem of optical microscopy, namely
resolution is limited to reveal only fast and nanoscopic processes instead of slow
and large processes that are accessible by optical microscopy. Figure 2 shows the
current gap between experimental and simulation techniques. To close this gap on
the simulation side, different methods have been developed (such as coarse grain)
to extend the spatiotemporal scale of MD-simulation without scarifying too much of
the molecular details [42], [43].

MD-simulations have long been successfully employed to study lipid-lipid and lipid-
protein interactions [44]-[46]. The molecular details that can be visualized for
processes such as formation of lipid/protein domains in complex membranes [47],
[48], membrane fusion [49], ion-channel function [50] are examples that
demonstrate the power of the computational microscope, whose spatiotemporal
resolution is unrivaled by no other method. However, any simulation method
ultimately demands adaptation with experimental data. Ideally, this adaptation
should be as direct as possible, thus requiring a spatiotemporal overlap between
simulation and experiment. As MD simulations are scaling up and optical
microscopy is scaling down a direct comparison is becoming possible. Such
comparison is the premise to bridge the scales and to gain the full understanding on
how complex membrane components self-organize into functional complexes and
structures.

In the following we will present the current advances of super-resolution
microscopy (specifically of STED microscopy) and how we combine it with
fluorescence correlation spectroscopy to increase spatiotemporal resolution.

Finally, we will discuss some of the current frontiers in membrane biology and give



examples how the combination of simulations and experiments has advanced

knowledge in the field.

2. STED-FCS

2.1. STED microscopy

For reaching nanoscale resolution in diffraction-unlimited super-resolution
microscopy, the fluorescence label has to be prepared with two states of different
emission properties (such as a dark and a bright state). Separation of nearby object
in an image is then realized by an optically driven transfer between these states
which allows switching on and off the signal detected from those objects in space
and time [51]. The first of such super-resolution fluorescence microscopes or
nanoscopes was based on stimulated emission microscopy (Stimulated Emission
Depletion, STED) [21], [52]. In its most preferred implementation, a laser is added to
a conventional scanning (confocal) far-field microscope, which forces the
fluorescent labels to their dark ground state, i.e. inhibits fluorescence emission (Fig.
3). The wavelength of this second laser is tuned to the red edge of the fluorophore’s
emission spectrum and induces the stimulated de-excitation of the fluorophore’s
excited electronic state, i.e. the transition from the fluorescent ON state (the
electronically excited state) to the dark OFF state (the ground state). By detecting
only the spontaneous (and not the stimulated) emission, the registered signal is
efficiently decreased and completely switched off when increasing the intensity of
the STED laser above a certain threshold. The introduction of a phase plate into the
STED beam distorts its wave-front and, once focused by the microscope objective,
creates an intensity distribution which features one or several local zeroes, such as a
doughnut-shaped intensity distribution (Fig. 3). While this intensity pattern is still
ruled by diffraction, large STED laser intensities force the area in which fluorescence
emission is still allowed to sub-diffraction scales. An important feature of the STED
microscope is that the size of its observation spot and thus its spatial resolution is
tuned by the power or intensity of the STED laser thus allowing imaging with in
principle unlimited spatial resolution (Fig. 3). In cellular applications, usually down

to below 60 nm resolution has been achieved [53]. Remaining issues such as



potentially enhanced photobleaching or phototoxicity are currently tackled by
interdisciplinary involvements: optimized fluorescent labels (chemistry and
molecular biology) [54], improved laser and detection technology (physics and
engineering) [55], enhanced image acquisition approaches (such as ultra-fast
scanning [56] or parallelized acquisition modes [57], physics and engineering),
refined data analysis (computation) [58] as well as adapting the technology from

experiences in cellular applications (biology) [53].

2.2. Fluorescence Correlation Spectroscopy (FCS)

In FCS, the temporal fluctuations of the observed fluorescence signal is monitored
over time as labelled molecules diffuse in and out of the observation area or volume
(for example, given by the micrometer large focal laser spot of a confocal
microscope), and the correlation function of these fluctuations is calculated [11],
[12] (Fig. 4A,B). In the case of diffusion, the decay time of this correlation function
usually renders the average transit time of the molecules through the observation
area, which in turn allows calculation of a value of a diffusion coefficient. In case of
free Brownian diffusion, this diffusion coefficient resembles the real diffusion
constant of the molecule. However, it only resembles an apparent coefficient in the
presence of hindrances or anomalies. Such anomalies usually result in a shift of the
correlation curve towards larger times and the stretching of the decay. While for
data analysis such curve stretching may be covered by the introduction of an
anomaly coefficient, this will not give an answer on the causes of anomaly, which
may stem from transient clustering, domain incorporation or other hindrances in
diffusion occurring on very small spatial scales << 200 nm. Due to the diffraction
limit, conventional FCS experiments will thus average over such nanoscopic
hindrances. This issue has been addressed in spot-variation FCS (svFCS), where
correlation data is recorded for different sizes of the observation area above the
diffraction limit and the resulting dependency of the average transit time through
the observation spot used to obtain more detailed information of anomalous
diffusion modes [59], [60]. Unfortunately, this assignment is only realized by an

extrapolation to <200 nm (sub-diffraction) sized areas, and further details of the



molecular dynamics, such as molecular interaction times or cluster areas, can only

be estimated [61].

2.3. FCS with STED recordings

The STED microscope realizes unique possibilities for FCS recordings. Since the size
of the observation spot can straightforwardly be tuned by the intensity of the STED
laser (Fig. 4C), the principle of svFCS can be used to record and analyze FCS data for
different STED intensities to determine the details of the hindrances in molecular
diffusion. In contrast to the diffraction-limited svFCS data, STED-FCS can now
directly study these molecular diffusion dynamics at the relevant spatial scales by
plotting the apparent diffusion coefficient from diffraction-limited regions down to
< 50 nm observation spot diameters [36], [38], [62]. This is highlighted in figure 4,
which depicts this dependency as expected for different diffusion modes (Fig. 4D):
1) Free diffusion: The dependency remains constant, since the transit time will scale
with the size of the observation area. 2) Trapped diffusion: A transient interaction
with immobilized or slow moving binding partners, i.e. a transient trap or stop in
the diffusion path will result in an ongoing decrease of the apparent diffusion
coefficient towards small observation spot sizes, since the transit time will more and
more be dominated by the trapping time. 3) Domain incorporation: Similarly to
transient trapping, a transient incorporation into a domain or complex in which
diffusion is still possible but slowed-down will result in a decrease of the apparent
diffusion coefficient towards small observation spot sizes but with a kind of levelling
off and even increase in values for spot diameters smaller than the diameter of the
domains [63], [64]. A similar trend is expected for a transient interaction with an
only slightly slower moving molecule, with the levelling off scaling with the
difference in diffusion coefficient of the free and bound state, as well as the
interaction length [39]. 4) Hop diffusion: An increase of the apparent diffusion
coefficient towards smaller observation spot sizes indicates so-called hop diffusion
in a meshwork-like environment [65]. While diffusion is free inside the
compartments of the meshwork, crossing from one compartment to the next is

perturbed (but not totally inhibited), e.g. by a fence-like structure. Such hindrance



may be evoked by the cortical actin cytoskeleton underlying the plasma membrane
of living cells, with transmembrane proteins linked to the cytoskeleton establishing
pickets and fences [18] or inducing strong membrane curvature [66]. As a
consequence, small observation spots dominantly probe the fast diffusion inside the
compartments, while a traverse through large observation spots is significantly
slowed down due to the hindrances in the diffusion path. Figure 4E,F shows
exemplary experimental data for fluorescent phospholipid or sphingolipid analogs,
depicting the actual occurrence of such diffusion modes in the living cell. Combined
with appropriate data analysis, STED-FCS then allows an accurate determination of
trapping times, on- and off-rates of interactions or meshwork sizes and hopping
probabilities [62], [65], [67].

Recent advances in STED-FCS have realized testing changes of these diffusion modes
over time and space. While STED-FCS in combination with gated detection (STED-
FLCS, fluorescence lifetime correlation spectroscopy) has allowed the recording of
the dependency of the apparent diffusion coefficient within one 10-15 s
measurement and thus to disclose temporal heterogeneity in diffusion modes [68],
STED-FCS data recorded during fast beam scanning exposes spatial heterogeneity in
diffusion [38]. Figure 5 depicts such scanning STED-FCS recordings for the
fluorescent sphingolipid analog, which highlight transient trapping sites. Taking into
account the whole information content from the FCS data, i.e. average transit time as
well as average number of fluorescent lipids per observation spot, along with the
comparison between differently labeled analogs, these measurements
demonstrated that the trapping sites were not due to partitioning into highly
molecular orders domains (as expected for traditional lipid “rafts”) but more
probably resulted from transient molecular complexes [38]. Interestingly, this
scanning STED-FCS analysis also depicted slight anomalies due to membrane
curvature. Consequently, being complementary to SPT, STED-FCS has proved itself
as a very versatile tool for the detailed investigation of molecular diffusion dynamics
and interactions in the plasma membrane of living cells, which will further advance

with optimizations such as multi-color recordings, combination with other beam-



scanning approaches (e.g. RICS or iMSD [17], [69]), and improved lipid and protein
labeling technology.

3. Current frontiers in membrane research

3.1. Phospho-inositol lipid interactions

Negatively charged lipid species as phosphatidylserin (PS), phosphatidic acids (PA),
phosphoinositides (PI(P)s) have important roles in signal transduction and defining
membrane identity of cell organelles [70]. These lipids recruit and/or trigger
conformational changes of effector proteins at membranes via ionic interaction with
polybasic peptide motifs. Especially, the low abundant species of phosphorylated PI
are potent signaling molecules. Their local production and turnover is key to set-up
and confine signaling complexes at membranes. Additionally, on the organelle level
the identity of internal membranes such as ER, golgi, endosomes and plasma
membrane is in part also controlled by phosphorylation states of PIP lipids at these
membranes [71]-[74]. The phosphorylation state of PI is modulated by membrane
associated phosphatases and kinases [75], [76]. Obviously, a constant turnover of
PIP species is required that balances the local amount of PIP species. How the
network of feedback loops works, which regulates this turnover, is however not
clear. Importantly, the phosphoinositol PIP (4,5)2 (or simply PIP2 throughout) has
also been shown to play a structural role in sequestering trans-membrane proteins
with positive juxta-membrane motifs into nanoscale domains via ionic interactions
of proteins [77]-[80]. In coarse grain simulations these domains appear to be
densely packed protein structures with PIP2 bridging the ionic charges of proteins,
which matches with observations from super-resolution microscopy (figure 6). If
this mechanism is a general organizer for membrane proteins remains to be shown.
It is, however, likely that these interactions play an important role since many
plasma membrane proteins contain positive juxta-membrane motifs [81]. The
existence of PIP domains in live cells has not been convincingly shown [82],
primarily due to difficulties in detecting transient small domains with sufficient
spatiotemporal resolution. With the large number of processes that have been

attributed to PIPs the question arises how specificity is achieved. Is specificity



regulated by local lipid turnover (the lipid species is only transiently and locally
produced) and/or do additional factors like membrane composition, membrane
potential and ion concentration fine-tune the ionic lipid protein interactions [83]?
Answering these questions requires a systematic combination of simulations and
experiments to understand how lipid head-group conformations are coupled to the
membrane environment and how these in turn influence lipid recognition of
proteins. It is also important to realize that our current spatiotemporal knowledge
of lipid-protein interactions is biased towards ionic lipid protein interactions simply
because these lipids can be visualized in the cellular context with available markers

[84]-[87].

3.2. Hydrophobic mismatch

Hydrophobic sorting of membrane components is more elusive but it is clear that it
has to happen at least in the secretory pathway because many components such as
long chain fatty acids phospholipids, sphingolipids, cholesterol and long trans-
membrane domain proteins become differentially enriched on the way to the
plasma membrane [81]. This observation was the starting point for development of
the lipid raft hypothesis, which proposes sphingolipid-cholesterol driven phase
separation to be responsible for sorting [1]. Phase separation of lipids has been well
characterized in model membranes [88] and was shown to fall into the universitaly
class of the 2D Ising model [89]. Interestingly, the complex composition of the
plasma membrane seems to be tuned closed to the transition from a homogenous
state into a phase separated liquid-liquid (order/disordered) state [90]-[93].
However, under physiological conditions the plasma membrane is not large-scale
phase separated [94]. To what extend and under what conditions the plasma
membrane contains small phase separated domains is not fully understood, yet. It is,
for example, unclear to what extend membrane proteins can drive phase separation
when protein concentration in a membrane is as high as in bio-membranes [95]-
[99], [47]. A number of mechanisms have been proposed how small domains can
emerge in complex mixtures of lipids and proteins. The most interesting being

domains based on micro-emulsion theory [100], [101] and domains based on



broadening the phase transition by a quenched disorder mechanism [94], [102]-
[104]. Both theories so far lack direct experimental evidence in living cells, but it has
recently been shown that interactions of ternary lipid model membranes with a
simple scaffold leads to quenched disorder patterns that persist up to physiological
temperatures [105]-[107] (discussed in the next section). One problem that
impedes a systematic experimental approach to study phase separation in more
complex membrane systems is that composition dependent phase diagrams are
tedious (or impossible) to construct, simply because of the large number of
compositions that have to be sampled. Already a four-component system becomes
very complicated to describe [108], [109]. Additionally, nanoscopic dynamic phase
separation, as is expected in complex membranes close to a phase transition, is very
challenging to directly detect. These experimental shortcomings can hopefully be
overcome by MD-simulations of complex membrane systems. Not only can the
composition be systematically screened in MD-simulations, but also bilayer leaflet
asymmetry and presence of membrane proteins may be taken into account, which is
difficult in experimental model membranes [48], [110], [111]. Building a
constructive feedback between simulations and experiments requires establishing
ways of “translating” simulation results into data that can be directly compared to
experimental data. Depending on the experiments these can be fluorescence
intensity maps, single-molecule trajectories or FCS data, each with its own
constrains of spatiotemporal resolution and noise. Ideally, simulations and
experiments should have at least some spatiotemporal overlap that allows aligning
both worlds. In this way simulations could become extensions of real microscopes

that allow resolving the atomic scale.

3.3. Membrane scaffolds

Membrane scaffolds are protein structures that are associated to membranes by
interaction with lipids or trans-membrane proteins. Scaffolds are ubiquitous
structures on all cell membranes and serve a variety of different functions:
mechanical stabilization, membrane deformations, in combination with molecular

motors membrane expansion and contraction [112]-[114]. Besides these functions,



scaffolds also sort, compartmentalize and recruit components within and to
membranes. For example the cortical actin cytoskeleton has been shown to confine
movements of trans-membrane proteins and even lipids to sub 100nm
compartments [115], [116]. These observations are summarized in the membrane
fence model [18]. As discussed in the previous paragraph, scaffolds in combination
with membrane phase behavior may result in local membrane domains, whose
composition and location is controlled by the pinning sites connected to the scaffold
(Figure 7) [105], [106], [112], [117].

We have recently used a minimal reconstitution approach to test predictions made
by Ising model simulations in a controlled model membrane system [105]. We
deployed biotinylated lipids as pinning sites in ternary phase separating supported
lipid bilayer membranes. The pinning lipids were connected to an actin-meshwork
via the adapter-protein streptavidin and phalloidin-biotin. This system allowed us
to tune the pinning site density, the pinning lipid type (e.g. saturated versus
unsaturated lipid) and the temperature. The main result largely confirmed the
predictions of the Ising model simulations. Namely, in presence of pinning the phase
transition is quenched, which results in restriction of domain coalescence at low
temperatures and induction of domains at temperatures above the expected
transition temperature (Figure 7A). The experiments also revealed an unexpected
asymmetry towards disorder preferring pinning lipids. Quenching the phase
transition by pinning disorder preferring lipids (unsaturated phospholipid DOPE)
was stronger than for order preferring lipids (saturated phospholipids DSPE). This
asymmetry was not predicted by the simulations and revealed that additional
interactions play a role. We assumed that local curvature induced by the binding of
the adapter-protein to the membrane might couple to domain formation.
Introducing this scenario into the simulations reproduced the observed asymmetry
between ordered and disordered pinning lipids. Additionally, the simulation showed
that curvature coupling amplifies the effect of pinning, resulting in robust pattern
formation already at low pinning densities (figure 7B). Overall, this work
demonstrated that a tight interplay between experiments and simulations can lead

to a mechanistic understanding of mechanisms of membrane patterning, which



would not be possible by intuitive interpretation of experimental results. To what
extend this mechanism is at play in cell membranes is unclear. However, the results
of the combined simulations and model membrane experiments give us direction
where to expect strong re-organization. For example, structures with high pinning
density like cell-cell junctions, focal adhesions or neuronal synapses are promising
candidates [103], [107], [118].

Interestingly, membrane connected multivalent scaffolding molecules often found at
signaling sites have the propensity to phase separate into protein enriched domains,
which show characteristics of liquids [119]. This 3D phase separation can be
triggered by membrane binding and results in local protein enriched liquid droplets
[120]. It is intriguing to speculate how such a mechanism may relay and amplify
signals over the plasma membrane. Unfortunately, our current understanding of
scaffold membrane interactions is still very limited. The experimental data of lipid
and protein mobility in live cell membranes acquired by single-molecule tracking or
STED-FCS do not allow to directly inferring structural models of the underlying
molecular organization. Since the mobility data are a convolute of different
structural features of membranes (cortical actin meshwork, nano-domains,
curvature etc.) over space and time, simulations are needed to interpret the
experimental results. We have mostly relied on simple Monte Carlo random walk
approaches, which explicitly simulate membrane obstacles as regions of slowed
down or trapped diffusion (domains) or as semi-reflective boundaries within a
Voronoi meshwork [36], [59], [65]. While these simulations reproduce some of the
observed dependencies of the apparent diffusion coefficient on the observation area
(diffusion law) they do not contain detailed information about molecular
interactions and mechanisms (Figure 4D,F). To test, for example, the predictions
made by Ising model simulations of quenched disorder in real cell membranes we
require methods that allow comparing the experimental mobility data directly to
simulations. As a step in this direction mobility data could be extracted from Ising
model simulations [94]. This would, for example, allow comparing the signature of
temperature dependence lipid diffusion in absence and presence of quenched

disorder with data from real cell membranes [121]. Ultimately, to understand if our



simplified assumptions apply to real membranes (lipid/protein complexity,
membrane asymmetry, diversity of pinning sites) MD-simulation that can reach the
spatiotemporal scales of optical nanoscopy techniques will be required. Without
doubt, understanding the organization of bio-membranes will require integrating
interactions with internal and external scaffolds structures since there is a tight

coupling of both.

3.4. Membrane lipid turnover

Components of bio-membranes are in constant turnover. Various exchange
processes occur at different spatiotemporal scales. The best studied ones are endo-
and exocytosis, which operate via vesicular transport pathways [122], [123].
Polarized uptake and delivery of vesicles is for example important in establishing
apical basal membrane domains in epithelial cells [124]. Importantly, also non-
vesicular transport of lipids has been discovered. Contact sites between organelles
(for example endoplasmic reticulum and plasma membrane) allow localized and
selective exchange of membrane lipids [125]-[127]. How and where these contact
sites are established and what the turnover rates are remains to be investigated.
Finally, also within an organelle membrane metabolizing enzymes constantly
remodel lipids (acyl chain length and saturation, head-group identity) [128], [129].
How this remodeling is spatiotemporally controlled is largely unknown. A recent
finding that highlights the importance of lipid inter-conversion is how the transition
from endosomal vesicles to excocytitic vesicles in controlled. It has been shown that
the inter-conversion of PI(3)P to PI(4)P by the 3-phosphatase MTM1 and the 4-
kinase-2a (PI4K2a) is a key step for cargo delivery from endosome to the plasma
membrane [76].

Our knowledge about general lipid turnover and flux stems mostly from pulse chase
experiments analyzed by mass spectrometry. In most cases only whole cell lipid
extracts are analyzed. Unfortunately, this does not allow differentiating lipid
turnover in subcellular membranes (organelles). However, with the development of
photo-activatable and photo-cross-linkable lipids it will become possible to target

specifically the plasma membrane and visualize the turnover and inter-conversion



of lipid classes [130], [131]. This data will be essential for building non-equilibrium
models of membrane organization that include lipid transport and lipid metabolism.
So far the limited timescales of MD-simulations do not allow incorporating lipid
transport or metabolism. However, meso-scale models have been used to
investigate pattern formation in membranes with non-equilibrium processes like
lipid transport and lipid-species inter-conversion [132]-[134]. These simulations
indicate that localized metabolism and transport can have strong influence on
membrane composition, structure and function. Reconstitution of lipid enzymes and
transporters into model systems like GUVs in combination with high-resolution
microscopy/spectroscopy will be required to systematically test the predictions of

the meso-scale models.

Conclusion

As we approach bio-membranes from the bottom up of isolated molecular
interactions (~10nm) to assemblies of lipid-protein complexes (~100nm) over the
meso-scale level (~1um) to the macro-scale (cells) the important question arises
how molecular interactions lead to the robust structure/functions that we observe
on the macro-scale? How the multitude of processes occurring simultaneously
spatiotemporally is controlled? To answer these questions we have to understand
the organization principles that control sorting and compartmentalization of lipids
and proteins in bio-membranes. Many membrane organization mechanisms and
models have been proposed both from experimentalists and theorists. The ongoing
challenge is to experimentally reconcile the models to come to an integrative
understanding and clear up the view for new discoveries. To achieve this, we need
to improve the experimental approaches but at the same time we will require
system biology approaches that combine the experimental results with simulations

into multi-scale models of cellular membranes.
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Figure captions

Figure 1: Model of plasma membrane organization. Upper left: Model of eukaryotic
cell with organelle membranes. Main picture: Zoom in on the plasma membrane
(PM) the extracellular matrix (ECM) and the cytosolic layer (Cytosol). Left section
illustrates the crowding of proteins (~200g/1) in the cytoplasm and the PM. Right
side emphasizes important structures for membrane organization (1) Cholesterol
and glyco-lipid enriched rafts. (2) Cell cortex membrane interactions (picket fence).
(3) Clusters of poly-anionic lipids on the inner PM-leaflet. (4) Palmitoylated proteins
on the inner PM-leaflet. (5) Site of endocytosis. (6) Cell adhesion receptors. (7) GPI-
anchored proteins on the outer PM-leaflet. (8) Membrane turnover by vesicular
transport. (9) Extracellular matrix. Figure is modified from [135].

Figure 2: Spatial (lower axis) and temporal (upper axis) scaling of membrane
processes from the bottom up (simulation, right to left) and top down
(experimental, left to right). Recent developments have pushed the spatial
resolution limits of optical microscopy to the near molecular range (~20 nm). Via
combination with correlation spectroscopy methods like FCS temporal processes
down to the microsecond range can be studied with high spatiotemporal resolution.
Coming from the atomistic side MD-simulations are approaching this now
experimentally accessible scale via the use of coarse graining methods and
improving computational power.

Figure 3: Principle of STED nanoscopy: A) Molecular transitions during STED
imaging. Fluorescent molecules are excited to the ON-state (s1) by diffraction
limited focused beam (blue, B). Spontaneous emission (green) is occurring when the
molecule relaxes to the OFF-state (so). The red-shifted STED laser, which is focused
to a donut shape having zero intensity in the middle (B), switches the molecule to
the OFF-state via stimulated emission (red). B) Excitation and STED beam are co-
aligned such that the zero of the STED beam is at the maximum of the excitation
focus. Scanning of both beams (excitation and STED) over a point emitter results in
a diffraction unlimited image of the emitter (green). C) Cross-section of the
excitation (blue), the STED (red) beam and the detected emission from a scanned
point emitter (green). Resolution increases (green) when the intensity overshoots
the saturation threshold of the stimulated emission process of the fluorescent
molecules. D) Example of increase in resolution with STED nanoscopy. A stable
point emitter (nitrogen-vacancy-center in a diamond) was scanned in absence of
STED yielding a diffraction limited image and in presence of STED resulting in
~30fold improvent of spatial resolution. (D) was adapted from [136].

Figure 4: Combination of STED nanoscopy with fluorescence correlation
spectroscopy (FCS, STED-FCS). A) Molecular diffusion is detected by recording
signal fluctuations over time stemming from fluorescence emission burst (green) of



molecules while they pass the static excitation focus (blue). The size of the detection
area can be tuned by the STED beam power (red lines). B) The average molecular
transit time can be estimated by auto-correlation of the fluctuation signal. The
experimental correlation function (blue) can be fitted (red) to extract the
concentration and the mobility of the molecules. C) Calibration measurement of a
fluorescent lipid analogue diffusing in a one-component (DOPC) supported-lipid-
bilayer (SLB). With increasing STED power Psrep the observation spot size decreases
which can be detected as a shift in the correlation curve to shorter lag-times (inset,
reproduced from [137]). D) Scheme of the main STED-FCS results: The dependence
on the apparent diffusion coefficient Dapp on the observation diameter holds
information about anomalous sub-diffusion processes. Top show Monte Carlo
simulation snapshots of 2D diffusion with transient trapping (left) and confined
hop-diffusion in a meshwork (right). Both diffusion modes can be discriminated
with STED-FCS (red and green lines, respectively, in the lower panel). E) Example of
experimentally observed trap-diffusion of an sphingomyelin analogue in live cell
membranes. (Reproduced from [62]). F) Experimentally observed hop-diffusion of a
PE analogue and overlay of Monte Carlo simulations. (Reproduced from [65])

Figure 5: Scanning STED-FCS allows spatiotemporal mapping of lipid
heterogeneities. A) Left: Structure of a fluorescent lipid analogue with a PEG-linker
between the dye and the lipid to reduce membrane packing artifacts [63]. Top: XZ
plane of a live Ptk2 cell stained with the fluorescent lipid analogue (plasma
membrane staining). Lower panel XY section of the basal site of the plasma
membrane. Circle indicates trajectory of the scanning STED-FCS measurement. B)
Correlation carpets from two scanning trajectories (left confocal, right STED). The
correlation was separated in 10s blocks (top to down). Correlation amplitude is
color-coded; Y-axis depicts correlation time and X-axis position on the scanning
orbit. Local mobility (average transit time through the observation spot) can be
estimated by the yellow part of the decay. Interaction spots of lipid trapping are
indicated with red asterisk. Note the increased resolution in the STED recording
reveals more interaction sites. C) 2D histograms depicting the local mobility versus
local concentration of a fluorescent sphingomyelin (SM) and phosphoethanolamine
(PE) analog diffusing in the plasma membrane of the Ptk2 cells. The histogram for
PE is more homogenous than the scattered histogram of SM. However, both
histograms show no indication for existence of strongly ordered domains in the
plasma membrane (reproduced from [38]).

Figure 6: Membrane protein sequestering by ionic protein-lipid interactions. A)
Distribution of PIP2 clusters in plasma membrane of rat adrenal medulla derived
cells (PC12). PIP2 was stained with PH-domain (upper panel) and an antibody
(lower panel). To resolve the distribution of single clusters STED nanoscopy was
used. B) The size distribution of PIP2 clusters was estimated from the STED images.
C) and D) Simulations of the dynamic and amorphous PIP2-syntaxin-1A
microdomains (C) Side and (D) top-view of a coarse-grained molecular dynamics
simulation. 64 copies of syntaxin-1A257-288 (SxXTMH) and 64 copies of PIP2 were



incorporated in a bilayer composed of a 4:1 molar ratio DOPC:DOPS. PIP2 was only
present in the membrane leaflet facing the N-terminus of syntaxin-1A257-288.
Simulations were performed with 150 mM NaCl. White: alkyl chains of the lipids.
Cyan: DOPS headgroup. Grey: DOPC headgroup. Yellow: transmembrane region of
syntaxin-1A257-288 (residues 266-288). Blue-red: polybasic linker region
(residues 257-265, charges in red). Orange-blue: anionic PIP2 headgroup (charges
in blue). The domains were stable over 6 ps simulation time; see . D) lower left
panel: Simplified scheme of the cluster (reproduced from [79]).

Figure 7: A lipid bound actin scaffold controls lipid phase separation in model
membranes. A) Top panel: Confocal image of a fluorescent lipid analog (mangenta)
in a supported-lipid-bilayer (SLB) with a ternary lipid mixture that phase-separates
into a liquid-ordered (Lo) and liquid-disordered (Ld) domains at low temperature
(22C) and homogenous phase at high temperature (35C). The fluorescent lipid
analogue stains the Ld phase. The membrane contains 1mol% of a biotinylated
phospholipid (DOPE-biotin, partitioning into the Ld domain). Lower panels:
Confocal and STED images (as labeled) of the fluorescent lipid analog (mangenta)
and actin (green) in the same SLB at low (left) and high (right) temperature but now
with an actin scaffold (green) bound to the DOPE-biotin. Phase separation is
drastically changed. At high temperature domains are stabilized by actin pinning at
low temperature domain coalescence is quenched. B) 2D Ising-model like simulation
of phase separation in presence of pinning points distributed along a Voronoi actin-
meshwork. Lipids in the Ld phase are shown as magenta, lipids in the Lo phase as
black, and the actin network is shown in green as an overlay. The pinning density
was 0.1/nm. (1-3) Simulation snapshots obtained without coupling to curvature for
three different partitioning probabilities Lo% of the actin-pinning sites into the Lo
phase: Lo% = 11 + 2 (1), Lo% =59 + 5 (2), and Lo% = 78 + 7 (3). No significant
influence of the actin network is apparent. (4-6) Same as (1-3) but in the presence
of curvature coupling. For snapshots (4) and (6), the lipid domains strongly
correlate to the actin network, with Ld domains favoring actin in (4), and the
inverse pattern in (6). The lower panels show height profiles of the images (4-6)
scanned horizontally along the center of the image; the green dots indicate the
positions of the actin fibers (reproduced from [105]).



