
Lipid	Droplet	Biogenesis:	a	mystery	“unmixing”?	
	

Mike	F.	Renne*,	Yoel	A.	Klug*,	Pedro	Carvalho	

	

Sir	William	Dunn	School	of	Pathology,	University	of	Oxford,	South	Parks	Road,	Oxford	

OX1	3RE,	UK	
*These	authors	equally	contributed	to	this	manuscript	

	

	

	

	

Correspondence	should	be	sent	to:	

Mike	F.	Renne	(mike.renne@path.ox.ac.uk),		
Yoel	A.	Klug	(yoel.klug@path.ox.ac.uk)	and		
Pedro	Carvalho	(pedro.carvalho@path.ox.ac.uk)	
	
	
ORCID	identifier:		
M.F.R.	0000-0003-0508-2298	
Y.A.K.	0000-0001-9775-3161	
P.C.	0000-0002-9691-5277	
	
	 	



Abstract	
Lipid	 droplets	 (LDs)	 are	 versatile	 organelles	 with	 central	 roles	 in	 lipid	 and	 energy	
metabolism	in	all	eukaryotes.	They	primarily	buffer	excess	fatty	acids	by	storing	them	as	
neutral	 lipids,	 mainly	 triglycerides	 and	 steryl	 esters.	 The	 neutral	 lipids	 form	 a	 core,	
surrounded	by	a	unique	phospholipid	monolayer	coated	with	a	defined	set	of	proteins.	
Thus,	the	architecture	of	LDs	sets	them	apart	from	all	other	membrane-bound	organelles.	
The	origin	of	LDs	remained	controversial	for	a	long	time.	However,	it	has	become	clear	
that	 their	 biogenesis	 occurs	 at	 the	 endoplasmic	 reticulum	 (ER)	 and	 is	 a	 lipid	 driven	
process.	 LD	 formation	 is	 intiatied	 by	 the	 demixing	 of	 neutral	 lipids	 from	membrane	
phospholipids,	leading	to	the	formation	of	a	neutral	lipid	“lens”	like	structure	between	
the	leaflets	of	the	ER	bilayer.	As	this	lens	grows	and	it	buds	out	of	the	membrane	towards	
the	cytosol	to	give	rise	to	a	LD.	Recent	biophysical	and	cell	biological	experiments	indicate	
that	LD	biogenesis	occurs	at	specific	ER	domains.	These	domains	are	enriched	in	various	
proteins	required	for	normal	LD	formation	and	possibly	have		a	lipid	composition	distinct	
from	 the	 remaining	 ER	 membrane.	 Here,	 we	 describe	 the	 prevailing	 model	 for	 LD	
formation	and	discuss	recent	insights	on	how	proteins	organize	ER	domains	involved	in	
LD	biogenesis.	
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1. Introduction	
Lipid	 droplets	 (LDs)	 are	 found	 in	 virtually	 every	 eukaryotic	 cell	 and	 are	 the	 prime	
organelle	for	storage	of	fatty	acids	in	the	form	of	neutral	lipids	(i.e.	 fat	or	oil).	The	two	
major	 neutral	 lipid	 classes	 stored	 in	 LDs	 are,	 triglycerides	 (triacylglycerol,	 TAG)	 and	
steryl	 esters	 (SE),	 which	 consist	 of	 fatty	 acyl	 chains	 esterified	 to	 glycerol	 or	 sterol	
respectively.	 In	LDs,	 these	hydrophobic	TAG	and	SE	molecules	define	the	neutral	 lipid	
core,	which	is	surrounded	by	a	lipid	monolayer	[1,2],	coated	with	a	variety	of	LD-specific	
proteins.	 Thus,	 in	 contrast	 to	 all	 other	membrane-bound	 organelles,	 LDs	 consist	 of	 a	
unique	monolayer	membrane	and	have	no	aqueous	lumen.		
	
LDs	are	highly	dynamic	[3–6].	As	storage	organelles,	LD	number	and	size	is	influenced	by	
the	nutrient	availability.	Under	nutrient-rich	conditions,	such	as		abundance	of	fatty	acids,	
LDs	 increase	 and	 expand.	 On	 the	 contrary,	 during	 periods	 of	 scarcity,	 the	 fatty	 acids	
stored	 in	LDs	can	be	utilized	as	building	blocks	 for	membrane	synthesis	or	 for	energy	
production	(by	fatty	acid	β-oxidation).	LD	formation	can	also	be	triggered	independently		
of	 exogenous	nutrients.	For	example,	when	cells	 are	 confronted	with	a	 sudden	 rise	of	
cellular	 free	 fatty	 acids,	 e.g.	 upon	 pronounced	 autophagy,	 LDs	 expand.	 Furthermore,	
perturbations	to	membrane	trafficking	or	generic	ER	stress	can	also	induce	LD	formation	
and	expansion.	These	observations	suggest	 that	LDs	have	a	general	 capacity	 to	buffer	
fatty	 acid	 levels	 and	 protect	 the	 endomembrane	 system,	 thus	 averting	 lipotoxicity.	
Recently,	 changes	 in	 cellular	metabolism	were	 shown	shown	 to	affect	LD	distribution	
within	the	cell	and	their	interaction	with	other	organelles	[7–9].	While	most	LDs	localize	
to	the	cytoplasm,	LDs	also	appear	in	the	nucleus.	However,	the	function	of	nuclear	LDs	is	
still	enigmatic	[10,11].		
	
Despite	their	similar	architecture,	LD	size	and	number	can	vary	dramatically	within	cell	
types.	Saccharomyces	cerevisiae	have	typically	7-12	LDs	per	cell	with	200	–	500	nm	in	
diameter,	whereas	the	oleaginous	yeast	Yarrowia	lypolitca	LDs	are	rougly	2	fold	bigger.	
In	mammalian	cells	the	variability	in	LD	size	is	even	higher.	In	non-adipocyte	cells,	LDs	
have	1-4	μm	in	diameter,	whereas	in	brown	adipocytes	LDs	can	reach	up	to	10	μm.	Most	
strikingly,	white	adipocytes,	specialized	in	triglyceride	storage,	have	a	single,	very	large	
LD	with	a	diameter	of	over	100	μm.	Often,	 these	differences	 in	 the	size	correlate	with	
distinct	LD	protein	composition.	LD	heterogeneity	is	also	seen	within	individual	cells	but	
the	significance	of	these	observations	is	still	not	fully	understood.	A	recent	study	showed	
that	two	populations	of	LDs	co-exist	in	cells	from	the	Drosophila	melanogaster	fat	body.	
While	large	LDs	distributed	centrally,	a	population	of	smaller	LDs	was	observed	located	
more	 peripherally,	 close	 to	 the	 plasma	 membrane	 [12].	 Interestigly,	 these	
morphologically	 distinct	 populations	 appear	 to	 serve	 different	 metabolic	 purposes	
within	these	cells.		
	
In	addition	to	neutral	lipid	storage,	LDs	have	been	implicated	in	a	wide	range	of	other	
processes.	 For	 example,	 in	 Drosophila	 embryos,	 the	 LD	 surface	 serve	 as	 a	 depot	 for	
histones	that	appear	to	have	two	distinct	functions;	LD-mobilized	histones	assemble	into	
chromatin	in	rapidly	dividing	nuclei	of	the	embryo	[13]	and	are	a	source	of	antimicrobial	
peptides	[14].	Certain	proteins	marked	for	degradation	by	the	proteasome	also	appear	to	
localize	to	LDs,	however	the	role	of	LDs	in	proteostais	remains	enigmatic	[15–18].	LDs	
can	also	serve	as	a	storage	site	 for	hydrophobic	small	molecules.	For	example,	certain	
hydrophobic	 antibiotics	 accumulate	 in	 LDs	 and	 modulate	 cellular	 susceptibility	 to	
bacterial	infection	[19,20].	Finally,	LDs	are	also	important	in	the	life	cycle	of	intracellular	



pathogens,	including	viruses	and	parasitic	eukaryotes	[21].	In	these	cases,	LDs	provide	a	
cellular	platform	for	viral	replication,	as	in	the	case	of	the	hepatitis	C	virus	[22],	or	are	
utilized	to	fuel	the	demanding	energy	requirements	of	virus	replication	[23,24].	Although	
not	exhaustive,	this	list	illustrates	the	versatility	of	LDs	and	highlights	the	central	role	of	
this	organelle	in	cell	and	organismal	physiology	(for	further	reading	on	these	topics,	we	
refer	 to	 recent	 reviews	 [3,25]	and	 references	 therein).	Due	 to	 the	plethora	of	 cellular	
functions	of	LDs,	it	is	not	surprising	that	LD	defects	are	associated	with	a	variety	of	human	
pathologies	[26].		
	
In	 recent	 years,	 there	 have	 been	major	 advances	 in	 understanding	 the	 functions	 and	
dynamics	of	LDs.	Although	the	molecular	mechanisms	by	which	these	organelles	 form	
remain	 enigmatic,	 an	 outline	 of	 the	 LD	 biogenesis	 appears	 consensual.	 It	 is	 well	
established	that	LDs	form	at	the	surface	of	the	ER	and	bud	towards	the	cytosolic	face	of	
the	ER	membrane.	Studies	using	 in	silico	and	 in	vitro	biophysical	approaches	revealed	
important	features	of	LD	biogenesis	and	highlighted	the	relevance	of	specific	lipids	for	
the	process.	Several	proteins	required	for	correct	LD	biogenesis	have	also	been	identified	
through	 biochemical	 and	 genetic	 approaches.	 Perhaps	 not	 surprisingly,	 some	 of	 the	
identified	proteins	appear	to	bind	and/or	modify	 lipids.	Here,	we	review	these	recent	
findings.	 In	particular,	we	explore	how	proteins	and	 lipids	can	 locally	alter	membrane	
properties	to	facilitate	LD	biogenesis.	
	
2. A	model	of	LD	biogenesis	
The	formation	of	LDs	in	the	ER	is	initiated	with	the	synthesis	of	neutral	lipids,	mainly	TAG	
and	 SE.	 TAG	 and	 SEs	 are	 formed	 by	 acylation	 of	 their	 respective	 precursors;	
diacylglycerol	 (DAG)	and	sterols	 (mainly	ergosterol	 and	zymosterol	 in	yeast	 [27],	 and	
cholesterol	in	mammals	[28]).	Consistently,	yeast	cells	lacking	the	enzymes	involved	in	
the	synthesis	of	TAG	and	SE	are	devoid	of	LDs	[29,30].	On	the	other	hand,	expression	of	
any	individual	neutral	lipid	biosynthetic	enzyme	is	sufficient	for	LD	formation	[27,29],	
indicating	that	the	presence	of	either	TAG	or	SE	can	drive	LD	formation.	Recently	it	was	
shown	that	synthesis	of	retinol-esters,	another	class	of	neutral	lipids,	can	also	drive	LD	
formation	[31].	In	neutral-lipid	deficient	yeast,	expression	of	an	exogenous	retinol-ester	
acyl	 transferase	triggered	LD	formation	upon	supplementation	of	 its	substrate	retinol.	
Importantly	 these	 LDs	 appeared	 indistinguishable	 from	 TAG/SE-containing	 LDs	 [31].	
Plant	 LDs	 (known	 as	oil	 bodies	 or	 oleosomes)	 store	 large	 amounts	 of	wax	 esters	 (i.e.	
esters	of	a	fatty	acid	and	a	fatty	alcohol)	[32].	Furthermore,	a	variety	of	other	hydrophobic	
molecules	have	been	 found	to	accumulate	 in	LDs.	These	 include	O-acyl	ceramide	[33],	
squalene,	 vitamin	 E	 and	 long-chain	 polyprenols.	 Thus,	 multiple	 structurally	 diverse	
molecules	 are	 stored	 in	 LDs,	 however	 whether	 they	 are	 capable	 of	 triggering	 LD	
formation	is	unknown.		
	
Newly	synthesized	neutral	 lipids,	due	to	their	hydrophobicity,	are	thought	 to	disperse	
between	 the	 leaflets	of	 the	ER	bilayer.	 Upon	 reaching	a	 critical	 concentration,	neutral	
lipids	 nucleate	 (i.e.	 phase-separate	 and	 coalesce)	 [34],	 forming	 lens-like	 structures	
(Figure	 1A,	 I).	 Decreased	 interaction	 with	 other	 membrane	 components,	 such	 as	
phospholipids	and	proteins,	appears	to	favor	the	demixing	of	neutral	lipids	into	a	lens	
[34].	Whereas	the	transient	nature	of	early	LD	biogenesis	intermediates	complicates	its	
characterization	in	vivo,	neutral	lipid	nucleation	has	been	assessed	in	silicio	and	in	vitro.	
In	model	membranes,	TAG	coalesces	into	lenses	at	concentrations	in	the	range	of	5–10	
mol%	[35,36].	In	yeast	cells,	where	LD	biogenesis	can	be	triggered	synchronously,	lens-



like	structures	of	approx.	50	nm	diameter	were	observed	by	EM	tomography	soon	after	
inducing	TAG	biosynthesis	[37],	providing	the	first	in	vivo	evidence	for	the	“lens	model”	
of	LD	biogenesis.	
	
Small,	newly	formed	neutral	lipid	lenses	are	thought	to	fuse	into	bigger	and	more	stable	
lenses	(Figure	1A,	II).	Fusion	of	multiple	smaller	lenses	to	a	singular,	larger	lens	reduces	
the	surface-to-volume	ratio,	providing	more	efficient	sequestering	of	the	neutral	lipids	
between	 the	 ER	 leaflets.	 Indeed,	 recent	 molecular	 dynamics	 simulations	 show	 rapid	
diffusion	of	TAG	 lenses	within	 the	bilayer	 resulting	 in	 their	 eventual	 coalescence	 into	
larger	lens	[38].	Persistent	neutral	lipid	synthesis	likely	also	contributes	to	lens	growth	
in	vivo.		
	
A	large,	spherical	neutral	lipid	lens	could	be	hosted	permanently	between	the	ER	leaflets.	
However,	 in	 vivo,	 neutral	 lipid	 lenses	move	 from	 the	membrane	 equator	 towards	 the	
cytosol,	a	process	described	as	directional	budding	(Figure	1A,	III).	During	budding,	the	
cytoplasmic	leaflet	of	the	ER	membrane	is	thought	to	provide	the	phospholipids	forming	
the	monolayer	of	the	nascent	LD.	Budding	is	also	accompanied	with	further	LD	expansion	
requiring	 continuous	phospholipid	 supply.	 Increasing	 evidence	 suggests	 that	 budding	
occurs	at	defined	ER	domains	[39],	which	may	have	distinct	protein	and	lipid	composition	
compared	 to	 the	 bulk	 ER	 membranes.	 The	 (local)	 lipid	 composition	 dictates	 the	
membrane	 physical	 properties	 [40–42],	which	 can	 be	modulated	 by	 various	 proteins	
implicated	in	facilitating	LD	biogenesis	.		
	
Recent	experimental	and	theoretical	studies	suggest	that	membrane	intrinsic	curvature	
(conferred	by	phospholipid	shapes)	influences	LD	budding	(Figure	1B).	According	to	the	
shape-structure	 concept	 of	 lipid	 polymorphism	 [43],	 cylindrical-shaped	 lipids,	 i.e.	
molecules	 with	 head	 group	 cross-sectional	 area	 similar	 to	 that	 of	 the	 acyl	 chains,	
assemble	 stable	 bilayers.	 In	 contrast,	 non-bilayer	 phospholipids,	 with	 a	 head-group	
cross-section	larger	than	that	of	the	acyl	chain	region	(inverted	cone-shaped	lipids,	type	
I	lipids)	or	with	the	converse	geometry	(cone	shape;	type	II	lipids)	tend	to	form	structures	
with	 positive	 curvature	 (such	 as	micelles)	 or	 negative	 curvature	 (hexagonal	 phases),	
respectively	(Figure	1B).	Due	to	their	non-bilayer	propensity,	high	concentration	of	these	
lipids	in	a	planar	lipid	bilayer	leads	to	curvature	stress,	which	could	be	seen	as	the	stored	
energy	in	the	two	‘frustrated’	leaflets	of	the	bilayer.	Thus,	high	concentration	of	type	I	
lipids	 in	 bilayers	 favor	 positively	 curved	 membranes,	 whereas	 type	 II	 lipids	 favor	
negative	curvature.	Lipid	analysis	of	LDs		showed	that	they	are	enriched	in	the	cylindrical	
lipids	PC	and	PI,	and	have	lower	amounts	of	cone-shaped	PE	[44].	No	data	on	inverted	
cone-shaped	 lipids	 was	 presented	 in	 this	 study.	 In	 silico	 data	 suggests	 that	 local	
distribution	 of	 PLs	 at	 sites	 of	 LD	 formation	 influence	 LD	 budding	 and	 affect	 budding	
directionality	[45].	Type	I	lipids	such	as	lyso-PC,	were	found	to	favor	LD	budding,	whereas	
type	II	lipids	such	as	diunsatured-PE	and	DAG,	were	found	to	impair	LD	budding	[45].	
These	observations	are	 in	 line	with	 type	 I	 lipids	 favouring	positive	 curved	structures,	
such	as	the	curved	LD	surface,	and	type	II	lipids	disfavouring	these	structures.	
	
A	second	critical	membrane	parameter	during	LD	budding	 is	surface	tension,	which	 is	
defined	 as	 the	 energetic	 cost	 of	 exposing	 hydrophobic	 LD	 core	 to	 the	 aqueous	
surroundings	[46].	Conditions	of	very	low	or	very	high	surface	tension,	corresponding	to	
dense	 or	 sparse	 phospholipid	 coverage	 of	 the	neutral	 lipid	 lens	 respectively,	 disfavor	
directional	LD	budding.	In	particular,	budding	is	disfavored	when	the	surface	tensions	on	



both	halves	of	the	lens	match.	On	the	contrary,	LD	budding	is	favored	by	imbalances	in	
surface	tension	between	the	two	leaflets	of	the	ER	membrane,	as	shown	recently	[47],	
and	may	be	sufficient	to	impose	directionality	to	LD	budding	[48].	Recent	in	vitro	and	in	
vivo	work	suggest	that	increased	availability	of	PLs	on	the	cytoplasmic	leaflet	lowers	the	
surface	tension	of	this	membrane	leaflet,	thus	promoting	the	budding	of	LDs	towards	the	
cytosol	 [46,48].	 A	 reduction	 in	 surface	 tension	 of	 the	 cytosolic	 leaflet	 may	 also	 be	
achieved	 by	 insertion	 of	 proteins,	 such	 as	 perilipins	 (see	 below)	 as	 a	 consequence	 of	
increasing	the	overall	surface	area	of	the	cytoplasmic	leaflet	[47].		
	
LD	budding	is	accompanied	with	the	recruitment	of	several	LD-specific	proteins	(Figure	
1C),	 which	 either	 diffuse	 from	 the	 ER	 to	 the	 LD	monolayer	 (Class	 I	 proteins)	 or	 are	
recruited	directly	from	the	cytosol	(Class	II	proteins,	such	as	perilipins;	see	below)	[49].	
Class	I	proteins	behave	as	integral	membrane	proteins	but	lack	luminal	domains.	Their	
membrane	association	is	typically	mediated	by	a	hydrophobic	hairpin,	a	domain	that	can	
be	accommodated	both	in	the	ER	bilayer	and	the	LD	monolayer	[49].	For	Class	II	proteins,	
LD	 association	 often	 involves	 an	 amphipathic	 helix	 but	 other	motifs,	 such	 as	 protein	
acylation	(providing	a	lipidic	anchor)	have	also	been	described	[50].	In	addition,	protein-
protein	interactions	can	also	recruit	cytosolic	proteins	to	the	LD	surface.			
	
After	biogenesis,	many	LDs	remain	in	close	contact	with	the	ER.	However,	a	fraction	of	
LDs	releases	from	the	ER,	via	a	yet	unknown	mechanism.	Interestingly,	detached	LDs	can	
associate	with	the	ER	and	“dock”	onto	the	ER	membrane,	showing	that	 this	process	 is	
reversible.	 Re-attachment	 of	 LDs	 to	 the	 ER	was	 shown	 to	 be	 dependent	 on	 the	 COPI	
coatamer	complex	[51–53].		
	
3. Proteins	involved	in	LD	formation	
3.1. Lipid	biosynthetic	enzymes	

3.1.1. Neutral	lipid	biosynthetic	enzymes	
The	 most	 abundant	 neutral	 lipids	 SE	 and	 TAG	 are	 synthesized	 by	 acylation	 of	 their	
membrane	lipid	precursors,	sterols	(ST)	and	diacylglycerol	(DAG,)	respectively	(Figure	
2A).	Sterol	esters	are	mainly	formed	by	steryl	O-acyltransferase	enzymes	(SATs)	such	as	
Are1	and	Are2	in	yeast	[54]	and	SOAT1	and	SOAT2	in	mammals.	Mammalian	cells	also	
have	a	transacylase	enzyme,	LCAT1,	that	transfers	an	acyl	chain	from	PC	to	cholesterol	
(lechitin:cholesterol	acyl	transferase).		
	
TAG	 is	 formed	 by	 acyl-CoA	 dependent	 acylation	 of	 the	 free	 hydroxyl	 group	 of	 DAG,	
catalyzed	by	DAG	O-acyltransferases	(DGATs);	Dga1	in	yeast,	and	DGAT1	and	DGAT2	in	
mammals.	The	mammalian	DGATs	differ	in	topology,	with	DGAT1	having	its	active	site	in	
the	ER	lumen,	whereas	the	active	site	of	DGAT2	faces	the	cytosol,	similar	to	yeast	Dga1.	
Thus,	TAG	produced	on	either	side	of	the	ER	membrane	can	be	packaged	into	LDs.		
	
Interestingly,	yeast	Lro1	also	synthesizes	TAG	and	has	its	catalytic	site	on	the	ER	lumen	
[55].	Lro1	has	sequence	similarity	to	the	mammalian	LCAT	[56],	also	using	phospholipids	
as	an	acyl	chain	donor	in	a	phospholipid:DAG	transacylase	reaction.	Lro1	appears	to	have	
a	small	contribution	to	TAG	synthesis	but	curiously,	in	stationary	phase,	it	relocalizes	to	
the	inner	nuclear	membrane	and	contributes	to	the	formation	of	nuclear	lipid	droplets	
[57].		
	

3.1.2. Synthesis	of	neutral	lipid	precursors	



The	TAG	precursor	DAG	is	derived	from	the	general	glycerolipid	precursor	phosphatidic	
acid	(PA),	formed	by	sequential	acylation	of	glycerol-3-phosphate	by	G3P-acyltransferase	
(GPAT)	 and	 acyl-G3P-acyltransferases	 (AGPAT)	 enzymes	 (Figure	 2A,	 see	 also	 [58]).	
Interestingly,	while	different	GPATs	and	AGPATs	have	a	certain	degree	of	redundancy	in	
vivo,	they	have	unique	functions	and	facilitate	metabolic	channelling	of	distinct	pools	of	
PA	either	to	the	synthesis	of	membrane	glycerophospholipids	or	neutral	lipids	[59].	For	
example,	yeast	has	two	GPAT	homologs	(Gpt2/Gat1	and	Sct1/Gat2)	and	their	combined	
loss	is	lethal,	indicating	functional	redundancy.	However,	Gpt2	appears	to	preferentially	
channel	 lipids	 to	 TAG	 formation.	 In	 oleate-supplemented	media,	gpt2Δ	mutants	 show	
fewer	LDs	and	reduced	viability,	while	Gpt2	overexpression	increases	LD	size	[60].		
	
The	 hydrolysis	 of	 PA	 to	 DAG	 by	 the	 PA-hydrolase	 (PAH),	 Pah1	 in	 yeast	 and	 Lipin	 in	
mammals,	 is	 a	 key	 decision	 point	 between	phospholipid	 or	 TAG	biosynthesis,	 leading	
respectively	 to	 membrane	 expansion	 or	 lipid	 storage	 [61,62].	 PAH	 activity	 is	 tightly	
controlled	 via	 phosphorylation	 [63]	 and	 acetylation	 [64],	 serving	 as	 an	 axis	 for	 the	
regulation	of	cellular	DAG	levels.	Yeast	cells	devoid	of	the	main	PAH	enzyme	Pah1	are	
strongly	decreased	in	LDs	and	show	expanded	ER	[65],	indicating	that	lipid	storage	via	
LD	biosynthesis	may	serve	as	a	regulatory	mechanism	for	organelle	size	and	membrane	
surface	area	in	general.		
	
Activated	 fatty	acids	 (acyl-coenzyme	A;	 acyl-CoA)	are	used	as	acyl	 chain	donor	 in	 the	
synthesis	of	TAG	and	SE	by	DGATs	and	SOATs.	Acyl-CoA	can	be	synthesized	de	novo	from	
acetyl-CoA	by	the	fatty	acid	synthase	(FAS)	complex,	or	by	activation	of	free	fatty	acids	
(FFAs)	by	fatty	acid	activating	(FAA)	enzymes.	Recently,	yeast	Mdm1,	which	tethers	LDs	
to	the	nuclear-vacuole	contact	site,	was	shown	to	co-immunoprecipitate	with	the	FAA	
enzyme	Faa1	and	FAS	subunits	Fas1	and	Fas2,	suggesting	local	production	of	acyl-CoA	at	
sites	of	LD	biogenesis	[66].		
	
3.2. Seipin	

 
3.2.1. Seipin	functions	in	LD	biogenesis,	maintenance	and	dynamics	

Seipin	was	first	identified	as	the	product	of	the	BSCL2	gene,	which	is	mutated	in	patients	
with	 Berardinelli–Seip	 congenital	 lipodystrophy	 [67].	 Seipin	 is	 an	 evolutionarily	
conserved	ER	integral	membrane	protein,	with	two	transmembrane	helices	and	a	large	
ER	 lumenal	 domain.	 Yeast	 Seipin,	 known	 as	 Fld1	 (Few	 Lipid	 Droplets)	 or	 Sei1	 was	
identified	in	genetic	screens	for	mutants	with	aberrant	LD	morphology	[68,69].	In	these	
mutant	cells,	LDs	are	highly	heterogeneous,	present	either	in	clusters	of	tiny	droplets	or	
in	very	few	numbers	of	supersized	LDs.	Depletion	of	Seipin	in	fly	and	human	cells	results	
in	similarly	aberrant	and	heterogeneous	LD	morphologies	suggesting	a	general	role	of	
Seipin	in	LD	formation.	In	all	cell	types	analyzed	so	far,	Seipin	is	observed	in	foci	along	
the	ER	membrane,	many	of	which	localize	at	contact	sites	with	LDs	(Figure	2B)	[70–73].	
Consistent	 with	 an	 important	 role	 at	 the	 interface	 between	 the	 two	 organelles,	 EM-
tomography	 showed	 aberrant	 ER-LD	 contacts	 in	 Seipin	 deficient	 cells.	 Likely	 as	 a	
consequence	of	 these	aberrant	 contacts,	 induction	of	LD	 formation	 in	Seipin-deficient	
yeast	or	cultured	mammalian	cells	results	in	slower	neutral	lipid	accumulation	in	newly	
synthesized	LDs.	In	addition,	Seipin	mutants	have	aberrant	LD	proteomes	suggesting	that	
its	function	also	affects	LD	protein	targeting	[71,72].	These	observations	point	to	a	major	
role	of	Seipin	in	controlling	the	partitioning	of	both	lipids	and	proteins	into	LDs.		
	



Besides	stabilizing	ER-LD	contacts,	Seipin	appears	to	determine	the	sites	of	LD	formation.	
Stimulation	 of	 LD	 formation	 upon	 artificial	 immobilization	 of	 Seipin	 at	 the	 nuclear	
envelope,	 i.e.	 an	 ER	 domain	 where	 Seipin	 does	 not	 normally	 concentrate,	 leads	 to	
accumulation	of	LDs	at	 the	nuclear	envelope	 [74].	 In	addition,	 Seipin	appears	 to	have	
important	 roles	 after	 biogenesis,	 influencing	 the	 maintenance	 of	 LD	 function	 and	
morphology.	 Using	 an	 ingenious	 assay	 to	 induce	 Seipin	 degradation,	 it	 was	 recently	
shown	that	acute	Seipin	depletion	triggers	defects	in	LD	morphology,	with	a	reduction	in	
the	number	of	small	LDs	and	concomitant	increase	in	supersized	LDs	[75].	A	combination	
of	 in	 vivo	 and	 in	 vitro	 experiments,	 as	well	 as	 simulations	 in	 silico,	 suggest	 that	 these	
changes	are	triggered	by	a	phenomenon	of	LD	ripening,	in	which	neutral	lipids	diffuse	
from	smaller	to	larger	LDs	using	the	ER	bilayer	as	a	conduit	[75].	In	this	scenario,	Seipin	
would	facilitate	the	flow	of	neutral	lipids	from	the	ER	to	LDs	while	preventing	the	flux	in	
the	opposite	direction,	possibly	acting	as	a	“valve”.	
Interstingly,	while	most	organisms	contain	a	single	Seipin	gene,	Arabidopsis	thalliana	has	
three	Seipin	paralogs	that	are	non	redundant	in	function.	[76].	LD	localization	and	their	
morphology	is	impaired	upon	loss	of	function	of	one	of	the	three	Seipin	paralogs,	thus	all	
three	are	essential	for	the	formation	of	proper	LDs	[77].	How	these	three	Seipin	homologs	
control	LD	biogenesis,	morphology	and	localization	is	yet	unclear.	One	might	surmise	that	
all	 three	 homologs	 are	 required	 to	 form	 a	 functional	 Seipin	 hetero-oligomer,	 though	
another	possibility	is	that	other	factors	in	plants	are	required	for	correct	LD	formation.	
For	a	more	detailed	review	of	plants	Seipins,	the	reader	is	referred	to	[78].	
	

3.2.2. Is	Seipin	a	lipid-binding	protein?	
Seipin	consists	of	two	transmembrane	helices	very	proximal	to	the	N	and	C-termini	with	
an	 extended	 ER	 luminal	 domain.	 While	 expression	 of	 this	 core	 region	 of	 Seipin	 is	
sufficient	for	normal	LD	formation	in	cultured	cells,	mammalian	Seipin	has	an	extended	
C-terminal	cytoplasmic	domain,	of	yet	unknown	function	[69].	Earlier	biochemical	and	
biophysical	studies	suggested	that	Seipin	oligomerizes	[79,80],	an	observation	that	was	
confirmed	by	the	recently	solved	structures	of	human	[81]	and	fly	[82]	Seipin.	The	high	
resolution	 Seipin	 structures	 revealed	 that	 these	 proteins	 assemble	 into	 a	 ring-like	
structure	of	11-	and	12-	protomer	subunits,	respectively	(Figure	3A).	Irrespective	of	the	
number	of	protomers,	Seipin	oligomerization	is	mediated	through	interactions	within	the	
ER	 luminal	 domain.	 Mutations	 preventing	 oligomer	 assembly	 showed	 defective	 LD	
morphology	indicating	that	Seipin	higher-order	assemblies	are	required	for	its	function	
in	LD	 formation.	 In	 the	 individual	 Seipin	protomers,	 the	extended	ER	 luminal	domain	
adopts	an	eight	β-strand	sandwich	fold	capped	on	the	inner	surface	of	the	ring	by	two	
short	 α-helical	 elements	 (Figure	 3B).	 The	 ring	 formed	 by	 the	 luminal	 β-sandwiches	
appears	to	sit	parallel	to	the	membrane	(Figure	3A).	In	contrast,	the	α-helices,	which	are	
rich	 in	 hydrophobic	 residues,	 project	 inwards,	 suggesting	 that	 they	 are	 buried	 in	 the	
luminal	leaflet	of	the	ER	membrane.	In	human	seipin,	this	hydrophobic	helix	is	necessary	
for	 the	 interaction	 with	 promethin/LDAF1,	 which	 appears	 to	 form	 a	 stoichiometric	
complex	with	seipin	[83]	(see	below).	Interestingly,	the	Seipin	β-strand	sandwich	shows	
remarkable	similarity	with	β-sandwiches	present	in	lipid-binding	proteins	(Figure	3B),	
such	as	the	Niemann-Pick	disease	type	C	protein	2	(NPC2),	which	binds	to	sterols,	and	
the	C2	domain	of	protein	kinase	C	(PKC),	which	binds	phosphatidylserine.	In	vitro	lipid-
binding	experiments	suggest	 that	Seipin’s	β-sandwich	can	bind	anionic	phospholipids,	
such	as	PA	[81].	However,	whether	Seipin	has	lipid-binding	activity	in	vivo,	the	nature	of	
a	 potential	 lipid	 ligand,	 and	 how	 lipid-binding	 affects	 Seipin’s	 ability	 to	 promote	 LD	
formation	are	important	open	questions	in	the	field.		



	
3.2.3. Seipin	interacting	proteins	

While	 its	 potential	 lipid-binding	 activity	 awaits	 further	 characterization,	 Seipin	 was	
shown	 to	 bind	 various	 proteins.	 In	 yeast,	 the	 function	 of	 the	 Seipin	 Fld1	 requires	 its	
binding	 to	 Ldb16,	 an	 ER	 protein	 consisting	 of	 two	 transmembrane	 domains	 and	 an	
extended	cytosolic	C-terminal	region	[72].	Yeast	cells	lacking	Ldb16	have	normal	levels	
of	the	Seipin	Fld1	however	display	aberrant	LDs,	indistinguishable	from	fld1∆	mutants.	
These	observations	indicate	that	in	yeast,	Seipin	function	is	carried	out	by	a	Fld1/Ldb16	
complex.	Curiously,	expression	of	human	Seipin	in	yeast	cells	lacking	either	Fld1,	Ldb16	
or	both	 restore	normal	LD	morphology	 showing	 that	 requirement	 for	Ldb16	 is	yeast-
specific	[72].	The	nature	of	this	difference	is	not	yet	clear,	but	it	is	consistent	with	the	
absence	of	Ldb16	homologs	in	higher	eukaryotes.		
	
A	proteomics	 screen	 for	binding	partners	of	 the	yeast	Fld1/Ldb16	complex	 identified	
Ldo16	 and	 Ldo45	 proteins	 (Lipid	 Droplet	 Organization	 protein	 of	 16kDa	 and	 45kDa,	
respectively)	[84,85].	Interestingly,	the	two	proteins	are	encoded	by	the	same	gene	that	
can	yield	a	long	and	a	short	transcripts	giving	rise	to	Ldo45	and	Ldo16,	respectively.	In	
contrast	 to	Fld1	and	Ldb16	mutants,	 cells	 lacking	Ldo16	and	Ldo45	have	much	more	
subtle	defects	in	LD	morphology	suggesting	that	these	proteins	act	as	regulators	of	the	
core	seipin	 function	[85].	Ldo16	and	Ldo45	proteins	associate	with	the	ER	membrane	
through	 two	 transmembrane	 segments	 but	 appear	 to	 have	 distinct	 effects	 on	 the	
Fld1/Ldb16	 complex.	 While	 Ldo45	 favors	 LD	 growth	 and	 TAG	 accumulation,	 Ldo16	
appears	to	function	primarily	during	LD	consumption	through	lipophagy.	Furthermore,	
the	relative	abundance	of	the	two	proteins	varies	according	to	cellular	metabolism	[85].	
While	 the	 levels	 of	 Ldo16	 are	 constant,	 Ldo45	 levels	 are	 high	 during	 nutrient-rich	
periods,	prone	to	LD	formation	and	decrease	steadily	as	nutrients	become	scarce.	Besides	
binding	to	Fld1/Ldb16	complex	in	the	ER,	Ldo16	and	Ldo45	proteins	also	distribute	to	
the	surface	of	LDs.	Curiously,	they	localize	preferentially	to	LDs	proximal	to	a	membrane	
contact	 site	 between	 the	 nuclear	 envelope-ER	 and	 the	 vacuole	 (the	 nuclear-vacuolar	
junction;	NVJ)	[83].		
	
Iterative	 homology	 sequence	 searches	 revealed	 the	 similarity	 between	 Ldo45	 and	 a	
conserved	 family	 of	 ER	membrane	 proteins	 defined	 by	 human	 Promethin	 [84]	 (also	
known	as	TMEM159	,	recently	named	Lipid	Droplet	Assembly	Factor	1;	LDAF1	[86]).	A	
number	 of	 other	 observations	 suggest	 that	 Promethin/LDAF1	 and	 Ldo45	 are	 indeed	
functional	homologues.	Consistent	with	high	Ldo45	 levels	during	 lipogenesis	 in	yeast,	
Promethin/LDAF1	 expression	 increases	 during	 lipid	 storage	 in	 both	mouse	 liver	 and	
adipose	tissue	[83].	Furthermore,	Promethin/LDAF1	co-precipitates	with	Seipin	[83,86]	
forming	a	near	stoichiometric	complex	[86].	Like	in	yeast,	loss	of	Promethin/LDAF1	or	
expression	of	a	Seipin	mutant	defective	in	Promethin/LDAF1	binding	leads	to	only	mild	
effects	in	LD	morphology.	How	Promethin/LDAF1	regulates	LD	formation	is	unclear,	but	
it	was	proposed	that	it	stabilizes	Seipin	at	sites	of	LD	assembly	that	coincide	with	TAG	
lenses.	Expansion	of	the	lense	would	disrupt	the	Seipin-Promethin/LDAF1	interaction,	
leading	to	Promethin/LDAF1	to	accumulate	at	the	LD	surface.	Curiously,	LDAF1	is	also	
sequence-related	 to	 oleosins,	 which	 are	 key	 structural	 LD	 proteins	 in	 plants	 [87],	
suggesting	that	these	proteins	may	regulate	LD	behaviour	through	multiple	means.	
	

3.2.4. Seipin	as	a	regulator	of	lipid	metabolism?	



Seipin	 has	 been	 shown	 to	 interact	with	 various	 lipid	 biosynthetic	 enzymes,	 including	
acyl-CoA	desaturase	[88],	GPAT	[89],	AGPAT	[90]	and	PAH	enzymes	[90,91].	For	example,	
GPAT3	 in	mammals	 and	 the	 yeast	 homologues	 Sct1	 and	Gpt2	 interact	with	 Seipin	 in	
mammalian	and	yeast	 cells,	 respectively	 [89].	Enzyme	activity	measurements	 showed	
that	GPAT	activity	had	an	inverse	correlation	with	the	presence	of	Seipin,	suggesting	that	
it	 may	 act	 as	 a	 negative	 regulator	 of	 GPAT	 activity.	 Interaction	 of	 Seipin	 with	 lipid	
metabolic	enzymes	could	provide	an	axis	to	regulate	lipid	biosynthesis,	but	in	most	cases	
the	relevance	of	the	interactions	remained	unexplored.		
	
Interestingly,	 very	 recent	 work	 showed	 that	 the	 yeast	 Fld1/Ldb16	 seipin	 complex	
interacts	with	the	serine-palmitoyltransferase	(SPT)	complex,	which	catalyzes	the	rate-
limiting	step	 in	 sphingolipid	biosynthesis	 [92].	 Sphingolipids	are	a	 class	of	membrane	
lipids	structurally	distinct	 from	phospholipids	and	most	abundant	 in	 the	Golgi	system	
and	plasma	membrane	[93].	Like	most	membrane	lipids,	sphingolipids	are	synthesized	
in	the	ER	but	opposed	to	PLs	and	sterols,	sphingolipids	are	not	converted	to	storage	lipids	
in	bulk	amounts.	The	Seipin-SPT	interaction	occurs	specifically	at	the	ER-LD	contacts,	and	
in	presence	of	high	sphingolipid	levels,	resulting	in	local	inhibition	of	SPT	activity	[92].	
Curiously,	SPT	inhibition	by	Seipin	was	shown	to	be	independent	of	the	well	established	
SPT	regulators	Orm1/2	and	Tsc13.	In	addition	to	SPT,	Seipin	was	shown	to	also	inhibit	
FA	elongase	activity	[92].	While	sphingolipids	are	not	involved	in	LD	formation,	local	SPT	
inhibition	by	Seipin	 could	be	 important	 to	prevent	 local	 accumulation	of	 sphingolipid	
intermediates	that	may	interfere	with	LD	biogenesis.	Alternatively,	inhibition	of	SPT	and	
FA	 elongation	 reduces	 the	 local	metabolic	 draw	 on	 acyl-CoA	 (mainly	 palmitoyl-CoA),	
which	could	influence	local	TAG/SE	synthesis	and	LD	formation.		
	
3.3. Perilipin	

Perilipins	(PLINs)	are	a	major	family	of	LD	proteins	that	are	thought	to	act	as	LD	coat	
proteins	(Figure	2B).	PLINs	are	defined	by	the	presence	of	a	PAT	domain,	usually	also	
including	a	predicted	4-helix	bundle	and	an	amphipathic	helix	(AH)	[94].	Mammals	have	
five	different	perilipins	(PLIN1-5),	flies	have	two	(Lsd1	and	LSD2)	whereas	in	yeast	only	
one	 PLIN	 has	 been	 identified	 (Pet10/Pln1).	 The	 5	 mammalian	 PLINs	 have	 distinct	
expression	 patterns,	 with	 Perilipins	 2	 and	 3	 being	 the	 most	 ubiquitous.	 While	 most	
Perilipins	bind	to	LDs	by	interacting	with	monolayer	phospholipids,	Perilipin	4,	with	an	
unusually	long	amphipathic	helix,	stabilizes	LDs	by	binding	directly	to	neutral	lipids	[95].		
The	 various	 PLINs	 also	 bind	 to	 distinct	 LD	 populations	 [96,97][97],	 likely	 reflecting	
functional	 diversity.	 For	 example	 in	 preadipocytes,	 PLIN2	 coats	 LDs,	 whereas	 after	
differentiation	into	mature	adipocytes,	PLIN2	is	replaced	by	PLIN1	as	LD	size	increases.	
PLIN1	 coating	 inhibits	 lipolysis	 by	 preventing	 the	 binding	 of	 lipases,	 facilitating	 the	
formation	of	giant	LDs	in	white	adipose	tissue	[96].		
Perilipin	3	was	shown	to	play	a	role	in	LD	biogenesis	[98].	In	cultured	mammalian	cells,	
upon	stimulation	of	LD	formation,	TIP47/PLIN3	is	quickly	recruited	to	ER	sites	involved	
in	LD	assembly.	In	addition,	depletion	of	TIP47/PLIN3	reduces	TAG	incorporation	into	
nascent	LDs	resulting	in	less	and	smaller	LDs.	Similarly,	yeast	Pet10/Pln1	is	recruited	to	
nascent	 LDs,	 promotes	 TAG	 accumulation	 and	 LD	 stability	 [98].	 While	 the	 precise	
mechanism	 by	which	 perilipins	 promote	 LD	 formation	 requires	 further	 investigation,	
recent	 in	 vitro	 work	 suggests	 that	 perilipin	 recruitment	 to	 nascent	 LDs	 increases	
membrane	 area	 resulting	 in	 reduced	 membrane	 surface	 tension	 and	 thereby	 more	
efficient	LD	budding	from	the	ER	[47].	
	



3.4. FIT	proteins	
The	Fat-Induced	Transcript	2	(FIT2)	protein	is	the	founding	member	of	an	evolutionarily	
conserved	family	of	ER	membrane	proteins.	FIT2	proteins	are	essential	for	the	viability	
of	mice	and	worms	[37,99],	and	FIT2-depletion	in	cells	leads	to	aberrant	LDs.	In	all	cell	
types	investigated	so	far,	including	human,	mouse,	worm	and	yeast,	loss	of	FIT2	results	
in	neutral	lipid	lens	embedded	in	the	ER	membrane,	suggesting	that	FIT2	is	required	for	
LD	budding	towards	the	cytosol	[37].	However,	there	is	no	unified	model	for	the	function	
of	FIT2	during	LD	budding	yet.	Besides	the	LD	budding	defect,	FIT2-deficient	yeast	cells	
display	slightly	higher	ER	levels	of	DAG.	As	non-bilayer	lipids	disfavor	LD	budding,	the	
DAG	accumulation	may	explain	the	budding	defect	observed	in	FIT	mutants	[45].	In	an	
assay	 following	synchronous	LD	 formation	 in	yeast,	both	FIT2-like	proteins,	 Scs3	and	
Yft2,	appear	to	concentrate	transiently	at	sites	of	LD	biogenesis.	These	observations	led	
to	the	suggestion	that	FIT2	proteins	may	promote	LD	budding	by	controlling	DAG	levels	
at	LD	biogenesis	sites.	This	possibility	is	also	consistent	with	earlier	experiments	showing	
that	purified	human	FIT2	binds	both	TAG	and	DAG	in	vitro	[100].		
	
While	these	data	suggest	a	role	of	FIT	proteins	at	LD	biogenesis	sites	other	observations	
point	 towards	 a	 broader	 role	 of	 FIT2	 proteins	 in	 ER	 phospholipid	 homeostasis.	 For	
example,	 scs3∆	mutant	was	 identified	 in	a	 screen	 for	genes	with	altered	phospholipid	
metabolism	 and	 genetically	 interacts	 with	 various	 genes	 involved	 in	 phospholipid	
biosynthesis	[101].	In	agreement	with	a	general	role	in	lipid	metabolism,	a	recent	pre-
print	 reports	 that	 FIT2	 depletion	 in	 cultured	 mammalian	 cells	 treated	 with	 oleate	
resulted	 in	decreased	synthesis	of	TAG	and	most	phospholipids,	with	the	exception	of	
phosphatidic	acid,	which	was	highly	increased	[102].	The	lipid	changes	resulted	in	altered	
ER	 morphology,	 with	 the	 appearance	 of	 membrane	 whorls.	 Similar	 structures	 were	
detected	 in	 scs3∆	 and	 scs3∆yft2∆	 mutants	 in	 yeast	 [103].	 In	 contrast	 to	 yeast	 cells,	
stimulation	of	LD	formation	 in	mammalian	cultured	cells	with	oleate	supplementation	
did	not	result	in	FIT2	relocalization,	which	remained	uniformly	distributed	throughout	
the	ER.	Thus,	it	remains	unresolved	whether	FIT2	contributes	to	LD	formation	by	acting	
locally	 or	 whether	 the	 LDs	 defects	 are	 a	 consequence	 of	 a	 broader	 role	 in	 ER	 lipid	
homeostasis.		
	
Recently,	analysis	of	FIT2	proteins	amino	acid	sequences	revealed	that	these	proteins	are	
related	to	lipid	phosphatase/phosphotransferase	(LPT)	enzymes,	including	the	residues	
in	 the	 putative	 catalytic	 site,	 suggesting	 they	may	 act	 as	 enzymes	 [103].	Mutations	 of	
these	 putative	 catalytic	 residues	 in	 Scs3	 and	 Yft2	 behaved	 as	 null	 mutants	 further	
supporting	the	possible	enzymatic	functions	of	FIT2	proteins.	Purified	human	wild-type	
FIT2,	but	not	a	putative	catalytic	site	mutant,	hydrolyzed	PA	and	lysophosphatidic	acid	to	
DAG	and	monoacylglycerol,	respectively,	in	vitro	[102].	How	robust	is	this	activity	among	
the	various	FIT2	proteins	and	whether	in	cells	FIT2	family	members	act	as	enzymes	are	
important	 open	 questions.	 According	 to	 topology	 predictions	 for	 human	 FIT2,	 which	
indicate	that	the	potentially	catalytic	residues	lie	at	the	interface	between	the	inner	ER	
membrane	leaflet	and	the	ER	lumen,	and	the	activity	observed	in	vitro,	FIT2	may	generate	
DAG	(and/or	monoacylglycerol)	on	the	inner	leaflet	of	the	ER	[102].	Given	the	high	rate	
of	spontaneous	transbilayer	movement	of	DAG,	one	may	speculate	that	DAG	generated	
on	the	 inner	leaflet	of	 the	ER	can	be	converted	 into	phospholipids	 in	 the	outer	leaflet.	
Such	a	process	would	result	in	an	asymmetric	membrane,	with	lower	surface	tension	on	
the	cytosolic	 leaflet,	a	condition	shown	in	biophysical	studies	 to	promote	LD	budding.	



This	scenario,	compatible	with	the	absence	of	LD	budding	 in	FIT2	mutants,	should	be	
directly	tested	in	the	future.		
	
	
3.5. Pex30	

Pex30	is	the	founding	member	of	a	family	ER	membrane	proteins	in	yeast	defined	by	the	
presence	of	a	membrane	shaping	reticulon-homology	domain	and	a	dysferlin-like	domain	
of	unknown	function.	The	Pex30-like	family	also	includes	Pex28,	Pex29,	Pex31	and	Pex32,	
all	of	which	have	been	implicated	in	the	regulation	of	the	size	and	shape	of	peroxisomes	
[104,105].	In	the	case	of	Pex30	and	Pex31,	this	is	likely	achieved	through	the	reticulon-
homology	domain,	which	by	 stabilizing	high	membrane	curvature	at	 specific	ER	sites,	
facilitates	 the	 budding	 of	 pre-peroxisomal	 vesicles	 that	 eventually	 give	 rise	 to	
peroxisomes	[106].		
	
Surprisingly,	 Pex30	 also	 concentrates	 at	 ER	 sites	 involved	 in	 LD	 formation	 revealing	
potential	 parallels	 between	 the	 biogenesis	 of	 peroxisomes	 and	 LDs	 [107,108].	 Pex30	
contribution	 to	 LD	 biogenesis	 becomes	 more	 apparent	 in	 the	 absence	 of	 Seipin,	 a	
condition	that	leads	to	dramatic	Pex30	accumulation	in	ER	regions	adjacent	to	LDs.	In	
addition,	simultaneous	depletion	of	Seipin	and	Pex30	results	in	severe	inhibition	of	LD	
biogenesis	accompanied	by	ER	morphology	defects	and	altered	lipid	homeostasis.	How	
Pex30	contributes	to	LD	formation	is	unclear	but	correction	of	phospholipid	imbalances	
reestablished	to	some	extent	LD	formation	in	cells	lacking	Pex30	and	Seipin	[107].	This	
suggests	 that	 Pex30	 contributes	 to	 maintaining	 phospholipid	 homeostasis	 during	 LD	
formation.	Based	on	similarity	at	the	reticulon-homology	domain,	MCTP2	was	proposed	
to	be	the	functional	homolog	of	Pex30	in	mammals.	Consistently,	MCTP2	localizes	both	
to	 sites	 of	 LD	 and	 pre	 peroxisomal	 vesicles	 biogenesis	 and	 its	 depletion	 resulted	 in	
aberrant	LD	formation	in	cultured	cells	as	well	as	in	worms	[108].	While	the	membrane	
shaping	properties	of	the	RHD	of	Pex30	and	MCTP2	appear	to	play	an	important	role	in	
organelle	 budding,	 how	 these	 proteins	 affect	 lipid	 homeostasis	 specifically	 during	 LD	
biogenesis	should	be	further	investigated.		
	
	
3.6. Nexin	family	proteins	

MDM1	 was	 originally	 identified	 in	 a	 yeast	 screen	 for	 mutants	 with	 mitochondrial	
distribution	and	morphology	defects	[109].	Recently	it	was	shown	that	Mdm1,	as	well	as	
its	 human	 ortholog	 SNX14,	 are	 ER-resident	 proteins	 that	 bind	 LDs	 [110,111].	 In	
particular,	Mdm1	 concentrates	 specifically	 at	 LDs	 proximal	 to	 the	NVJ.	 In	 fact,	Mdm1	
overexpression	 is	 sufficient	 to	 trigger	 LD	 formation	 at	 the	NVJ	 [110],	 suggesting	 that	
Mdm1	is	important	in	the	spatial	organization	of	lipid	storage	[5].	Curiously,	the	first	51	
N-terminal	amino	acids	of	Mdm1	encompassing	the	ER	membrane	domain,	also	include	
the	determinant	for	localization	to	LDs	proximal	to	the	NVJ	[112].	Mdm1	mutants	show	
defects	in	ER	morphology	and	TAG	accumulation,	resulting	in	increased	susceptibility	to	
lipotoxicity	[112].	Similar	LD	morphology	defects	have	been	observed	in	cultured	cells	
upon	 SNX14	depletion.	 Conversely,	 SNX14	 overexpression	 results	 in	more	 LDs	 [111].	
Characterization	 of	 Mdm1/SNX14	 homolog	 in	 Drosophila	 melanogaster,	 known	 as	
Snazarus,	 further	 supports	 a	 general	 role	 of	 this	 protein	 family	 in	 the	
compartmentalization	of	lipid	storage.	Snazarus	is	critical	to	maintaining	a	population	of	
LDs	to	the	cell	periphery	and	its	overproduction	leads	to	expansion	of	the	peripheral	LDs	
resulting	in	flies	with	increased	resistance	to	starvation	and	lifespan	[12].	While	clearly	



important	for	the	spatial	organization	of	lipid	metabolism	across	various	cell	types	and	
cellular	contexts,	the	role	of	Mdm1/SNX14	protein	family	in	LD	biogenesis	remains	less	
clear.		
	
	
4. Concluding	remarks	
Over	the	last	several	years,	there	were	significant	advances	in	understanding	LD	biology.	
Cutting	 edge	 light	 and	 electron	 microscopy	 revealed	 the	 complex	 pattern	 of	 LD	
distributions	and	interactions	within	cells.	Proteomics	and	genetic	screens	identified	a	
list	 of	 factors	 affecting	 LD	 biogenesis	 and	 behaviour.	 Biophysical	 and	 theoretical	
approaches	 started	 to	 define	 the	 physical	 principles	 underlying	 LD	 formation,	 while	
structural	biology	started	to	provide	molecular	insights	about	the	proteins	involved	in	
the	 process.	 The	 emerging	 picture	 indicates	 that	 LD	 biogenesis	 occurs	 at	 specific	 ER	
domains,	marked	by	the	presence	of	various	proteins	and	perhaps	of	a	lipid	composition	
distinct	 from	 the	 surrounding	ER.	 It	has	become	clear	 that	neutral	 and	phospholipids	
alone	can	drive	LD	formation,	but	in	vivo	this	process	appears	to	be	highly	orchestrated	
by	a	growing	list	of	proteins.	Thus,	a	major	challenge	for	the	field	will	be	to	define	the	
precise	 molecular	 function	 of	 these	 components	 and	 how	 they	 integrate	 metabolic	
requirements	for	appropriate	LD	function	in	lipid	and	energy	homeostasis.	
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Figure	Legends	
	
Figure	1	–	A	model	for	Lipid	Droplet	biogenesis	at	the	ER	
	
(A)	Neutral	 lipids	 (NLs)	within	 the	ER	bilayer	demix	 forming	a	 lens-like	 structure	 (I).	
Upon	growth	(II),	the	LD	buds	towards	the	cytosolic	face	of	the	ER	(III).	LDs	either	remain	
associated	with	the	ER	(III)	or	completely	detach	from	the	ER	membrane	(IV).	
 
(B)	Schematic	reprensentation	of	lipid	molecular	shapes.	Lipids	with	an	inverted	cone	
shape	 (type	 I,	 blue)	 assemble	 as	 positive	 curved	 structures	 (indicated	 by	 +),	 such	 as	
micelles,	 whereas	 cone	 shape	 lipids	 (type	 II,	 green)	 form	 negative	 curved	 structures	
(indicated	by	-),	such	as	 inverted	hexagonal	phases.	Cylindrical-shaped	 lipids	(yellow)	
adopt	bilayer	structures.	This	figure	is	based	on	[43].	
	
(C)	LD	with	the	ptototypical	LD	proteins:	Class	I	proteins	diffuse	from	the	ER	bilayer	to	
the	 LD	 and	 associate	with	 the	membrane	 via	 a	 hydrophobic	 hairpin	 (green);	 Class	 II	
proteins	are	recruited	from	the	cytosol	and	can	associate	with	the	LD	monolayer,	e.g.	via	
an	 amphipatic	 helix	 (orange),	 protein	 acylation	 (burgundy)	 or	 protein-protein	
interactions.	
	
	
Figure	2	–Major	proteins	involved	in	LD	biogenesis	
	
(A)	Schematic	representation	of	the	synthesis	of	triacylglycerol	(TAG)	and	steryl-esters	
(SE).	 Glycerol-3-phosphate	 (G3P)	 is	 acylated	 by	 G3P	 acyltransferase	 (GPAT),	 yielding	
acyl-G3P	 or	 lyso-PA	 (LPA),	 which	 is	 subsequently	 acylated	 by	 LPA	 acyltransferase	
(LPAAT).	PA	can	be	hydrolysed	to	DAG	by	PA	hydrolases	(PAH),	and	the	formed	DAG	is	
acylated	by	DGAT	enzymes,	yielding	DAG.	For	the	synthesis	of	SE,	sterols	(ST)	present	in	
the	membrane	are	O-acylated	by	steryl	acyltransferase	(SAT).	Most	acylation	steps	are	
substrate	dependent	on	acyl-CoA	(indicated	by	dashed	arrows),	which	can	be	formed	by	
de	novo	fatty	acid	biogenesis	(not	depicted)	or	by	activation	of	free	fatty	acids	(FFA)	by	
fatty	acid	activases	(FAA).	Metabolic	processes	(solid	black	arrows)	and	enzyme	activities	
(orange)	are	indicated.			
 
(B)	Proteins	at	the	ER	domains	involved	in	LD	biogenesis;	Seipin	(Fld1-Ldb16	complex	
in	yeast),	FIT	proteins	(FIT1/2	in	mammals;	Scs3/Yft2	in	yeast),	LDO	proteins	(LDAF1	in	
mammals,	 Ldo16/45	 in	 yeast),	 Pex30	 and	 Perilipins	 (PLIN).	 Seipin	 is	 depicted	 as	 an	
oligomer.		
	
	
Figure	3	–	Structure	of	Seipin	luminal	domain	
	
(A)	 Structure	 of	 human	 Seipin	 luminal	 domain	 top	 (left)	 and	 side	 (right)	 views.	 The	
sideview	renders	the	proposed	“docking”	of	a	Seipin	oligomer	on	a	budding	LD.	Stucture	
was	taken	from	PDB	accession	number	6ds5.	
 
(B)	Structure	of	 the	ER	 luminal	beta-sandwich	domain	of	human	(cyan)	and	fly	(blue)	
Seipin.	The	structure	of	S.	cerevisiae	Npc2	(green)	bound	to	an	ergosterol	molecule	(Red)	
is	shown	for	comparison.	Stuctures	were	taken	from	PDB	accession	numbers	6ds5,	6mlu,	
and	6r4n,	respectively.	


