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Abstract

Centromeres are structurally essential regions of the eukaryotic genome, acting as platforms for kineto-

chore establishment and microtubule attachment during chromosome segregation. Despite their essential

function, centromeres are implicated during genome instability, as DNA breaks and rearrangements orig-

inating at centromeres are frequently observed in human disease.

In this thesis, I first investigate the innate DNA fragility of centromeres through two independent ap-

proaches. I perform computational analyses of publicly available next-generation sequencing datasets,

revealing a striking incidence of spontaneous DNA single-strand breaks at human centromeres. Through

the development of a novel single-cell imaging assay to directly assess DNA breaks at repetitive regions of

the genome including centromeres, I confirm this observation and further investigate potential sources of

spontaneous centromere fragility. I also provide evidence that centromeric DNA breaks are surprisingly

refractory to canonical DNA damage signalling mechanisms, raising important questions regarding the

detection and repair of DNA breaks at centromeres.

Secondly, building on a growing body of evidence suggesting that centromeres are unusually prone to

spontaneous recombination, I examined the role of the repair pathway homologous recombination (HR)

at human centromeres. I demonstrate that the central mammalian recombinase RAD51 suppresses DNA

break accumulation in a manner dependent on its recombination activity, providing molecular evidence

for the recombination processes proposed to occur at human centromeres.

Finally, I show that RAD51 and its canonical regulator BRCA2 are intimately linked to the maintenance

of centromere identity, defined by the centromere-specific epigenetic marker CENP-A, providing insight

into a potential function of innate centromere fragility.

Based on the results presented in this thesis, I propose that human centromeres are innately susceptible

to spontaneous DNA breaks, which are subsequently targeted for recombination-based repair. These

findings shed light on several questions ranging from centromere-derived genome instability in human

disease to our fundamental understanding of genome evolution.

2



Contents

1 Introduction 7
1.1 Homologous Recombination (HR) . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 7

1.1.1 Genetic recombination . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 7
1.1.1.1 Early models for homologous recombination . . . . . . . . . . . . . . . . 8
1.1.1.2 Identifying mediators and regulators of homologous recombination . . . . 9
1.1.1.3 Current model of homologous recombination . . . . . . . . . . . . . . . . 11
1.1.1.4 Substrates initiating homologous recombination . . . . . . . . . . . . . . 12

1.1.2 Physiological outcomes of homologous recombination . . . . . . . . . . . . . . . . . 13
1.2 DNA damage and repair . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 14

1.2.1 DNA breaks and genome fragility hotspots . . . . . . . . . . . . . . . . . . . . . . 14
1.2.2 Sources of DNA breaks in the human genome . . . . . . . . . . . . . . . . . . . . . 14
1.2.3 DNA break repair . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 16

1.2.3.1 Overview of DNA break repair . . . . . . . . . . . . . . . . . . . . . . . . 16
1.2.3.2 Recognition and signalling of DNA breaks . . . . . . . . . . . . . . . . . 16
1.2.3.3 DNA break repair mechanisms . . . . . . . . . . . . . . . . . . . . . . . . 18

1.2.4 Cellular outcomes of DNA breaks . . . . . . . . . . . . . . . . . . . . . . . . . . . . 19
1.2.5 Detection of DNA breaks . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 21

1.3 Centromeres . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 23
1.3.1 Centromere structure and function . . . . . . . . . . . . . . . . . . . . . . . . . . . 23
1.3.2 Centromere evolution . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 24
1.3.3 CENP-A in the specification of human centromeres . . . . . . . . . . . . . . . . . . 26
1.3.4 CENP-A chromatin dynamics . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 27

1.3.4.1 Spatial and temporal regulation of CENP-A deposition . . . . . . . . . . 27
1.3.5 Centromeres as genome instability hotspots . . . . . . . . . . . . . . . . . . . . . . 29

1.3.5.1 non-B-form DNA structures at centromeres . . . . . . . . . . . . . . . . . 29
1.3.5.2 Atypical chromatin structure at centromeres . . . . . . . . . . . . . . . . 32

1.3.6 Homologous recombination at human centromeres . . . . . . . . . . . . . . . . . . 33
1.3.6.1 Evidence for constitutive homologous recombination at centromeres . . . 33
1.3.6.2 “Centromeres convert, but don’t cross”. . . . . . . . . . . . . . . . . . . . 34

1.4 Research Aim . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 35

2 Materials and methods 36
2.1 Tables of materials . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 36

2.1.1 Mammalian cell lines . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 36
2.1.2 Plasmids . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 37
2.1.3 Oligonucleotides . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 38

2.1.3.1 PCR primer sequences . . . . . . . . . . . . . . . . . . . . . . . . . . . . 38
2.1.3.2 siRNA sequences . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 39
2.1.3.3 RT-qPCR primer sequences . . . . . . . . . . . . . . . . . . . . . . . . . . 39
2.1.3.4 ChIP-qPCR primer sequences . . . . . . . . . . . . . . . . . . . . . . . . 41
2.1.3.5 exo-FISH PNA probe sequences . . . . . . . . . . . . . . . . . . . . . . . 41

2.1.4 Antibodies . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 42
2.1.4.1 Primary antibodies . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 42
2.1.4.2 Secondary antibodies . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 42

2.1.5 Treatment and control compounds . . . . . . . . . . . . . . . . . . . . . . . . . . . 43
2.1.6 Accession codes . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 43

2.2 Cloning and bacterial cell culture . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 44

3



Xanita Saayman

2.2.1 Plasmid amplification . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 44
2.2.2 Glycerol stocks . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 45
2.2.3 Construction of RAD51 variant plasmids . . . . . . . . . . . . . . . . . . . . . . . 45

2.3 Mammalian cell culture . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 46
2.3.1 General cell culture . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 46
2.3.2 Transfections . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 46
2.3.3 siRNA transfections . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 46
2.3.4 Cell cycle regulation . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 46

2.4 Molecular biology techniques . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 47
2.4.1 Western blotting . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 47
2.4.2 Cell lysis and DNA extraction . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 48
2.4.3 Chromatin immunoprecipitation (ChIP) . . . . . . . . . . . . . . . . . . . . . . . . 48
2.4.4 Reverse transcription polymerase chain reaction (RT-PCR) . . . . . . . . . . . . . 50
2.4.5 Flow cytometry . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 51
2.4.6 Cell survival analysis (WST-1) . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 51

2.5 Microscopy techniques . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 51
2.5.1 exo-FISH . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 51
2.5.2 Native immuno-cytofluorescence (ICF) . . . . . . . . . . . . . . . . . . . . . . . . . 52
2.5.3 Immunofluorescence (IF) . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 53
2.5.4 SNAP labelling for CENP-A deposition and stability assays . . . . . . . . . . . . . 54

2.6 Data analysis . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 54
2.6.1 Frequency analysis of arm copy-number alterations (arm-CNAs) . . . . . . . . . . 54
2.6.2 Short read sequencing analysis . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 54
2.6.3 exo-FISH, ICF and IF quantification and statistical analysis . . . . . . . . . . . . . 55

3 Investigating innate DNA fragility at human centromeres 57
3.1 Introduction . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 57

3.1.1 Centromeres as sites of chromosomal breakage in human disease . . . . . . . . . . 57
3.1.2 Current understanding of centromeres as fragile sites . . . . . . . . . . . . . . . . . 58

3.2 Results . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 59
3.2.1 Investigating spontaneous DNA fragility originating at human centromeres . . . . 59

3.2.1.1 Chromosome arm gains and losses as early drivers of carcinogenesis . . . 59
3.2.1.2 Spontaneous DNA breaks at human centromeres . . . . . . . . . . . . . . 60
3.2.1.3 A novel assay for the detection of DNA breaks at repetitive elements . . 65
3.2.1.4 Centromere-specific chromatin in spontaneous centromeric DNA breakage 69
3.2.1.5 DNA replication in spontaneous centromeric DNA breakage . . . . . . . . 71

3.2.2 Characterizing DNA damage signaling at human centromeres . . . . . . . . . . . . 72
3.2.2.1 DNA damage signaling in response to spontaneous centromeric DNA breaks 72
3.2.2.2 DNA damage signaling capacity of centromeres . . . . . . . . . . . . . . . 73

3.3 Discussion . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 76
3.3.1 Investigating innate fragility at human centromeres . . . . . . . . . . . . . . . . . . 76

3.3.1.1 Potential sources of centromere-derived structural abnormalities . . . . . 77
3.3.1.2 A potential role for DNA SSBs in driving chromosomal rearrangements . 78
3.3.1.3 The relative contribution of centromeric and pericentromeric breaks . . . 78
3.3.1.4 Investigating sources of spontaneous centromeric DNA breaks . . . . . . 79

3.3.2 Investigating DNA damage responses (DDR) at human centromeres . . . . . . . . 82
3.3.2.1 Evidence for DDR suppression at human centromeres . . . . . . . . . . . 82
3.3.2.2 Potential mechanisms and implications of centromeric DDR suppression . 83

4 Investigating the role of homologous recombination (HR) in the repair of centromere
breaks 85
4.1 Introduction . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 85

4.1.1 Homologous recombination: mechanisms and regulation . . . . . . . . . . . . . . . 85
4.1.2 Investigating homologous recombination at human centromeres . . . . . . . . . . . 86
4.1.3 Human artificial chromosomes (HACs) as centromere models . . . . . . . . . . . . 87

4.2 Results . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 88
4.2.1 HR factor localization to centromeres . . . . . . . . . . . . . . . . . . . . . . . . . 88
4.2.2 RAD51-mediated protection of human centromeres . . . . . . . . . . . . . . . . . . 92
4.2.3 RAD51 mechanism of protection . . . . . . . . . . . . . . . . . . . . . . . . . . . . 95

Page 4



Xanita Saayman

4.3 Discussion . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 99
4.3.1 HR factor recruitment to human centromeres . . . . . . . . . . . . . . . . . . . . . 99
4.3.2 HR as a repair mechanism for centromere DNA breaks . . . . . . . . . . . . . . . . 100
4.3.3 Additional repair pathways in the repair of centromeric DNA breaks . . . . . . . . 101

5 Investigating RAD51 function in centromere specification 104
5.1 Introduction . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 104

5.1.1 CENP-A in the specification of centromeres . . . . . . . . . . . . . . . . . . . . . . 104
5.1.2 Alternative pathways for CENP-A deposition . . . . . . . . . . . . . . . . . . . . . 104

5.1.2.1 Transcription in the epigenetic definition of centromere identity . . . . . 104
5.1.2.2 DNA repair in the epigenetic definition of centromere identity . . . . . . 105

5.2 Results . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 106
5.2.1 Reduction of CENP-A in the absence of HR recombinase RAD51 . . . . . . . . . . 106
5.2.2 CENP-A reduction upon RAD51 depletion is independent of active DNA replication108
5.2.3 CENP-A protein and mRNA levels in the absence of RAD51 . . . . . . . . . . . . 109
5.2.4 HeLa CENP-A-SNAP to distinguish CENP-A deposition and stability . . . . . . . 112

5.2.4.1 CENP-A-SNAP deposition in the absence of RAD51 . . . . . . . . . . . . 113
5.2.4.2 CENP-A-SNAP stability in the absence of RAD51 . . . . . . . . . . . . . 114

5.2.5 Centromeric transcription in the absence of RAD51 . . . . . . . . . . . . . . . . . 115
5.2.6 Involvement of the canonical RAD51 regulator BRCA2 in centromere specification 118

5.3 Discussion . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 121
5.3.1 Evidence for the role of HR recombinase RAD51 in promoting CENP-A deposition 121
5.3.2 Specificity of RAD51 at centromeres in CENP-A deposition . . . . . . . . . . . . . 121
5.3.3 Potential mechanisms by which RAD51 promotes CENP-A deposition . . . . . . . 122

5.3.3.1 HR-dependent pathways linking RAD51 and CENP-A deposition . . . . 123
5.3.3.2 HR-independent pathways linking RAD51 and CENP-A deposition . . . 124

5.3.4 Physiological significance of CENP-A reduction in the absence of RAD51-BRCA2 126

6 Discussion 128
6.1 Thesis summary and future perspectives . . . . . . . . . . . . . . . . . . . . . . . . . . . . 128

6.1.1 Spontaneous DNA fragility at human centromeres . . . . . . . . . . . . . . . . . . 129
6.1.2 DNA damage signalling at human centromeres . . . . . . . . . . . . . . . . . . . . 130
6.1.3 RAD51-driven recombination in the repair of centromeric DNA breaks . . . . . . . 131
6.1.4 Proposed relationship between DNA repair factors and centromere specification . . 133

6.2 Concluding remarks . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 135

Bibliography 136

Appendices 156
6.3 Sequencing: NGS alignment pipeline [bash] . . . . . . . . . . . . . . . . . . . . . . . . . . 156
6.4 NGS: per-chromosome enrichment score analysis [python] . . . . . . . . . . . . . . . . . . 158
6.5 Automated microscopy analysis [Macro, Fiji] . . . . . . . . . . . . . . . . . . . . . . . . . 160
6.6 Down-stream processing of microscopy data [Python] . . . . . . . . . . . . . . . . . . . . . 165

Page 5



List of Figures

1.1 Forms of genetic recombination . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 8
1.2 Early models of genetic recombination . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 10
1.3 Current model of homologous recombination . . . . . . . . . . . . . . . . . . . . . . . . . . 12
1.4 DNA break signaling and repair . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 17
1.5 Outcomes of DNA breaks and repair . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 20
1.6 Structure of the human centromere . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 24
1.7 Layered expansion model for centromere evolution . . . . . . . . . . . . . . . . . . . . . . 26
1.8 CENP-A chromatin dynamics . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 28

3.1 Mechanisms of arm-CNAs due to centromeric breakage . . . . . . . . . . . . . . . . . . . . 58
3.2 Investigating arm-CNAs as drivers of carcinogenesis . . . . . . . . . . . . . . . . . . . . . 60
3.3 Detecting DNA breaks at human centromeres . . . . . . . . . . . . . . . . . . . . . . . . . 62
3.4 DNA single strand breaks at human centromeres . . . . . . . . . . . . . . . . . . . . . . . 63
3.5 Investigating the distribution of DNA breaks and CENP-A across human centromeres . . 64
3.6 exo-FISH for the detection of centromeric DNA breaks . . . . . . . . . . . . . . . . . . . . 65
3.7 Validation of exo-FISH . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 67
3.8 Characterizing spontaneous DNA breaks at centromeres . . . . . . . . . . . . . . . . . . . 68
3.9 Investigating the contribution of CENP-A to spontaneous centromeric SSBs . . . . . . . . 70
3.10 DNA replication as a potential source for spontaneous centromeric SSBs . . . . . . . . . . 71
3.11 Investigating DNA damage signaling at human centromeres . . . . . . . . . . . . . . . . . 73
3.12 DNA damage signaling capacity at human centromeres . . . . . . . . . . . . . . . . . . . . 75

4.1 Models of homologous recombination at repetitive regions . . . . . . . . . . . . . . . . . . 86
4.2 Human Artificial Chromosomes (HACs) as centromere models . . . . . . . . . . . . . . . . 88
4.3 Investigating HR factor localization to HAC centromeres . . . . . . . . . . . . . . . . . . . 90
4.4 BRCA2 in the recruitment of RAD51 to centromeres . . . . . . . . . . . . . . . . . . . . . 91
4.5 Optimization for the investigation of HR at centromeres . . . . . . . . . . . . . . . . . . . 92
4.6 RAD51 prevents the accumulation of centromeric DNA breaks . . . . . . . . . . . . . . . 94
4.7 Centromeric DDR activation in the absence of RAD51 . . . . . . . . . . . . . . . . . . . . 95
4.8 Generation and validation of RAD51 separation-of-function (SOF) variants . . . . . . . . 96
4.9 Investigating RAD51 mechanism of centromeric protection . . . . . . . . . . . . . . . . . . 98

5.1 Reduction of CENP-A in the absence of HR recombinase RAD51 . . . . . . . . . . . . . . 107
5.2 Reduction of CENP-A upon RAD51 depletion is independent of active DNA replication . 109
5.3 CENP-A protein and mRNA in the absence of RAD51 . . . . . . . . . . . . . . . . . . . . 110
5.4 CENP-A centromeric occupancy in HeLa CENP-A-SNAP . . . . . . . . . . . . . . . . . . 112
5.5 CENP-A deposition in the absence of RAD51 . . . . . . . . . . . . . . . . . . . . . . . . . 114
5.6 CENP-A stability in the absence of RAD51 . . . . . . . . . . . . . . . . . . . . . . . . . . 115
5.7 Centromeric transcription in the absence of RAD51 . . . . . . . . . . . . . . . . . . . . . . 117
5.8 Involvement of the canonical RAD51 regulator BRCA2 in centromere specification . . . . 120
5.9 Potential mechanisms by which RAD51 promotes CENP-A deposition . . . . . . . . . . . 123

6.1 Model for RAD51-mediated recombination at spontaneous centromeric DNA breaks . . . 129
6.2 Model for RAD51-mediated recombination in the evolution of centromeric satellite arrays 133

6



Chapter 1

Introduction

1.1 Homologous Recombination (HR)

1.1.1 Genetic recombination

The term genetic recombination can refer to many phenomena from the rearrangement of genotypes dur-

ing sexual reproduction to the horizontal exchange of genetic information between prokaryotic organisms.

In this work, genetic recombination refers to the transfer of genetic information within a single organism,

either between or within chromosomes.

Genetic recombination can occur through either a reciprocal exchange of physical DNA strands, or the

unidirectional transfer of genetic information from one locus to another (Figure 1.1). The first evidence

for genetic recombination via physical exchanges of chromosome segments came as early as 1931 through

seminal work on maize meiosis by Barbara McClintock and Harriet Creighton (Creighton and McClin-

tock, 1931). Subsequent research further revealed that genetic information could also be unidirectionally

transferred (i.e., without reciprocal physical exchanges) from one locus to another (Lindegren, 1955).

From lower to higher eukaryotes, this unidirectional transfer of information was observed both between

and within chromosomes, provided that sufficient DNA sequence homology existed between loci, across

many species (Jackson and Fink, 1981; Klein and Petes, 1981; Liskay and Stachelek, 1983; Scherer and

Davis, 1980). These observations collectively demanded the existence of a highly conserved mechanism

driving both physical exchanges as well as unidirectional genetic transfers between homologous sequences

throughout the genome.
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reciprocal exchanges
(i.e., physical rearrangements)

unidirectional transfers
(i.e., genetic transfer)

ore.g.,

e.g., homologous
chromosomes

a

a

a

a

a

a

A

A

a

a

A

A

A

A

A

A

A

A

A

A

e.g., homologous
chromosomes

Figure 1.1: Forms of genetic recombination. Genetic recombination can occur through either recip-
rocal physical exchanges or unidirectional genetic transfers. Recombination between homologous chro-
mosomes harboring a/A alleles is depicted here, with the outcome of each type of recombination depicted
below. Importantly, recombination can occur both between chromosomes (e.g., sister chromatid) or
within chromosomes, provided that sufficient homology exists between recombining loci.

1.1.1.1 Early models for homologous recombination

Models were subsequently proposed attempting to explain the molecular mechanisms by which genetic

recombination could occur (Figure 1.2). The first model, proposed by Robin Holliday in 1964, posited

that two DNA nicks on opposing sister chromatid perform reciprocal strand-invasions, forming a struc-

tural intermediate known as a Holliday junction (Holliday, 1964) (Figure 1.2A). The Holliday junction

can migrate in either direction and be processed to form crossover or non-crossover products depending on

how the junction is resolved. Meselson and Radding subsequently modified this model, while maintaining

the notion of the Holliday junction, by proposing an asymmetric strand invasion following a single nick

on one sister chromatid (Meselson and Radding, 1975) (Figure 1.2B). Upon strand invasion, a nick is

generated in the recipient strand. Once again, reciprocal strand exchange forms a Holliday junction that

can be processed into crossover or non-crossover products. Radding further developed the recombination

model by proposing that an asymmetric strand invasion following a DNA nick can displace the recipient

strand, forming what is known as a ‘D-loop’ structure (Figure 1.2C). Cleavage of the displaced strand

as well as synthesis on the donor strand forms a single Holliday junction. Alternatively, he proposed that

extended ssDNA gaps can form similar products following strand exchange and subsequent cleavage of the

intact strand. Importantly, the asymmetric invasion posited in this model allows for the unidirectional

transfer of genetic information from donor to recipient strand (Radding, 1982).
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Finally, the Szostak model proposed that DNA double-stranded breaks (DSB), rather than DNA nicks,

initiate recombination (Figure 1.2D). In this model, nuclease-mediated DSB resection exposes ssDNA

that initiates strand-exchange and repair synthesis, resulting in a double Holliday junction. Differential

cleavage of the double Holliday junction subsequently produces crossover and non-crossover products

(Szostak et al., 1983). Following the proposal of the Szostak DSB repair model, attention increasingly

shifted towards DSBs as initiating substrates, arguably a result of several DSB-induced HR mechanisms

observed in nature in both lower and higher eukaryotic cells (e.g., DSB-induced meiotic recombination).

In addition, it was experimentally easier to induce and study DSB-initiated HR given the genetic tools

available at that time (e.g., site-directed endonucleases and restriction enzymes) (Keeney, 2008; Lee et

al., 2015; Liang et al., 1998; Rouet et al., 1994; Song et al., 1985).

1.1.1.2 Identifying mediators and regulators of homologous recombination

Several decades after the first model of recombination was proposed, the RecA/RAD51 family of recom-

binases was identified as the catalyst of strand exchange during recombination. RecA was first identified

in bacteria a DNA damage-induced factor that is essential for genetic recombination, and shown to catal-

yse the strand exchange reaction conceptualized in the aforementioned models (Clark, 1973; Clark and

Margulies, 1965; Shibata et al., 1981). In eukaryotes, S. cerevisiae Rad51 and H. sapiens RAD51 were

subsequently identified as RecA homologs and similarly shown to catalyse homology pairing and strand

exchange (Baumann et al., 1996; Benson et al., 1994; Shinohara et al., 1992; Sung, 1994). Highlighting

the functional significance of HR, genes encoding the RecA/RAD51 recombinase family exist across all

domains of life (i.e., prokaryotes, eukaryotes, archaea), although their essentiality in unperturbed con-

ditions varies significantly (Chintapalli et al., 2013). Generally, RAD51 appears to be essential for cell

viability only in eukaryotic vertebrates, leading some to propose that HR becomes increasingly impor-

tant as genome size and complexity increases (Muris et al., 1993; Sonoda et al., 1998; Symington, 2002;

Tsuzuki et al., 1996).
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Figure 1.2: Early models of genetic recombination. (A) Holliday, 1964 model for genetic recombi-
nation whereby symmetric strand exchanges are initiated by two single-strand DNA nicks. (B) Meselson
and Radding, 1975 model whereby asymmetric strand exchanges induce a nick in the recipient strand.
(C) Radding, 1982 model whereby asymmetric strand exchanges displace the recipient strand to form a
D-loop, enabling repair synthesis on the donor strand. Holliday, Meselson and Radding, and Radding
models all entail formation of a single Holliday junction which can be processed into non-crossover or
crossover products. (D) Szostak, 1983 model whereby a double-strand DNA break is resected, exposing
ssDNA that can perform reciprocal strand exchanges. A double Holliday junction is formed, which can
undergo either dissolution or resolution. Differential resolution produces either crossover or non-crossover
products. Non-reciprocal exchanges (i.e., unidirectional genetic transfers) can form following SDSA or
Holliday junction dissolution.

In canonical DSB-induced HR in mammals, both RAD51 recruitment and RAD51-mediated recombina-

tion is largely stimulated by the HR mediator complex composed of breast cancer 1 (BRCA1) and breast

cancer 2 (BRCA2) as well as the partner and localiser of BRCA2 (PALB2) proteins (Jensen et al., 2010;

Sy et al., 2009; Yuan et al., 1999). However, as further discussed in section 4.1.1, RAD51 functional

regulation appears to be an intricate and diverse process, with additional RAD51 regulators outside of
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the HR mediator complex having been identified in recent years.

1.1.1.3 Current model of homologous recombination

Several decades of research following the discovery of genetic recombination have extensively charac-

terized the molecular mechanisms of HR. Broadly, HR can be broken down into three principal phases:

pre-synapsis, synapsis and post-synapsis (described here as in the Szostak model) (Figure 1.3). (Syming-

ton, 2002). First, single-strand DNA (ssDNA), typically generated by DSB end resection, is bound by

Replication Protein A (RPA), which protects ssDNA and resolves secondary DNA structures. RAD51

is subsequently recruited to sites of DNA damage, generally assisted by the HR mediator complex (i.e.,

BRCA1-BRCA2-PALB2), and loaded onto ssDNA in an ATP-dependent manner, thereby replacing RPA

and forming a RAD51-ssDNA filament known as a presynaptic filament.

In the synapsis phase, RAD51 performs homology search for complementary DNA sequences, resulting in

a physical connection between the invading DNA substrate and the complementary duplex DNA template

(D-loop). In the post-synaptic phase of the canonical DSB repair model, DNA is synthesized using the

invading DNA strand as a primer for DNA synthesis as RAD51 is released through the hydrolysis of

ATP (Chi et al., 2006; Morrison et al., 1999; Szostak et al., 1983; van Mameren et al., 2009). The

invading strand can then be directly displaced in a mechanism known as synthesis-dependent strand-

annealing (SDSA), forming non-crossover products. Alternatively, second-end capture of the invading

strand can stabilize the D-loop to form a double Holliday junction, which can migrate in either direction

to generate different lengths of recombination tracts. Dissolution of double Holliday junctions without

cleavage can form non-crossover products. Alternatively, endonucleolytic cleavage, or resolution, of the

branched Holliday junctions can produce either crossover or non-crossover products depending on the

sites of cleavage.

The importance of distinguishing between HR products is highlighted when considering genome struc-

ture following HR. For example, whereas dissolution of Holliday junctions or SDSA transfers genetic

information unidirectionally without the physical and reciprocal exchange of DNA, resolution of Holl-

iday junctions produces a physical exchange of DNA. Therefore, only HJ resolution can produce large

structural genome rearrangements, especially when HR occurs between non-allelic sequences, making the

choice between HR outcomes critical for maintaining genome stability (more in section 1.2.4).
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Figure 1.3: Current model of homologous recombination. The current model for homologous
recombination can be broken down into three phases: pre-synapsis, synapsis, and post-synapsis. As in
the Szostak 1983 model, depicted here, DNA double-strand breaks are resected to expose single-strand
DNA that is bound by the protective protein RPA. BRCA2, as part of the HR mediator complex,
recruits RAD51 and promotes RAD51 filament assembly to replace RPA in an ATP-dependent manner.
During synapsis, RAD51 catalyzes strand exchange to form a ‘D-loop’ upon displacement of the recipient
strand. RAD51 filaments can dissemble with ATP hydrolysis. During post-synapsis, D-loops can either
be immediately displaced, resulting in synthesis-dependent strand annealing (SDSA) products, or form a
double Holliday Junction (dHJ). dHJs can subsequently undergo dissolution or resolution, with the latter
capable of forming both crossover-and non-crossover products.

1.1.1.4 Substrates initiating homologous recombination

Despite the wide acceptance of the Szostak DSB-induced repair model, researchers have begun reconsid-

ering the substrate diversity during HR initiation in recent years. Advances in CRISPR-based technolo-

gies have allowed for the direct comparison between DSB-induced and nick-induced HR using canonical

CRISPR or CRISPR nickases engineered through a mutated catalytic site (Gasiunas et al., 2012; Jinek

et al., 2012). Using these systems, researchers have determined that the rates of nick-induced HR are
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comparable to those of DSB-induced HR (Mali et al., 2013). Other studies have estimated that the rates

of nick-induced HR are roughly 25% of that of DSB-induced HR and have also characterized several

mechanistic differences between the two pathways (Davis and Maizels, 2014; Smith et al., 2009). For

example, one major difference is that nick-induced HR occurs more efficiently on actively transcribed

strands, conceivably because transcription processes at nicked DNA could uncouple DNA strands, ex-

posing ssDNA with available 3’ ends for RAD51 binding (Davis and Maizels, 2014; Nakajima et al.,

2018).

1.1.2 Physiological outcomes of homologous recombination

Today, HR is recognized as a DNA repair process that has important functions in maintaining genome

integrity by repairing DNA breaks, as fully discussed below (section 1.2.3). However, through both

physical rearrangements and unidirectional genetic transfers (Figure 1.1), HR can have significant ram-

ifications for genome architecture, a feature that has been evolutionarily co-opted on multiple occasions.

For example, as described above, HR facilitates the reciprocal exchange of genetic information during

meiosis to maintain genetic diversity within sexually dividing populations. Other examples also exist

of HR rearranging genome architecture to facilitate sexual reproduction, such as during mating-type

switching in S. cerevisiae (Haber et al., 1980).

HR is also thought to impact genome architecture at repetitive elements, both for maintaining sequence

homogeneity within repeated elements as well as impacting repeat array size. Recombination between

DNA repeats is thought to be the major mechanism governing the evolution of multigene families (Edel-

man and Gally, 1970). Similarly, HR maintains sequence homogeneity between repeats such as rDNA

loci, ensuring uniformity in protein transcription machinery (Baltimore, 1981; Egel, 1981; Nagylaki and

Petes, 1982). While unidirectional genetic exchanges primarily function to homogenize repeat sequences,

unequal reciprocal exchanges can also result in changes in repeat array sizes (Gangloff et al., 1996;

Szostak and Wu, 1980). Exemplifying this notion, rDNA arrays only shrink in the absence of active HR,

suggesting that array expansions are recombination-dependent (Gangloff et al., 1996).

Importantly, homologous recombination between DNA repeats can also be a significant source of genome

instability. As further discussed in section 1.2.4, HR between non-allelic repeats, known as non-allelic

HR (NAHR), is recognized as one of the main mechanisms leading to recurrent genome rearrangements

implicated in human disease (Gu et al., 2008; Liu et al., 2012).

Another example of HR-induced genome instability can be observed in human repeat expansion disorders.

Over 50 human disorders are a result of progressive expansion of one of the many short tandem repeats

found throughout the genome. As a result, expanded repeats can interfere with protein function through a
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diverse range of mechanisms, loosely categorized into loss-of-function effects (e.g., direct gene silencing) or

toxic-gain-of-function effects (Malik et al. 2021). Repeat expansion has been proposed to occur primarily

during DNA replication, either by direct slippage during replication fork progression or replication-

associated DNA damage (e.g., due to secondary DNA structures preferentially forming within these

repeats). In turn, DNA damage initiates repair pathways, including but not limited to HR, driving

repeat instability (Khristick and Mirkin 2020). In the case of HR, non-canonical HR mechanisms such as

break-induced replication seem to be primarily responsible for repeat instability (Kononenko et al. 2018).

Therefore, while HR plays several key roles in the maintenance of genome structure and fidelity, it must

be finely regulated to prevent excessive recombination that may hinder cell survival.

1.2 DNA damage and repair

1.2.1 DNA breaks and genome fragility hotspots

The accurate preservation and faithful transmission of genetic information is arguably the single most

important task of the living organism. This is no small feat, given the considerable range and extent of

DNA-damaging threats experienced by any given cell. It has been estimated that human cells undergo

approximately 70,000 lesions per day, of which the majority (75%) are single-stranded breaks (SSBs)

and 0.03-0.06% of these are double-strand breaks (DSBs) (Lindahl and Barnes; Tubbs and Nussen-

zweig, 2017). While most DNA breaks are promptly repaired by multipart DNA signalling and repair

pathways, unrepaired DNA breaks or even DNA repair itself can result in base mutations or structural

rearrangements, ultimately leading to genome instability (as further discussed in section 1.2.4).

DNA lesions can result from either intrinsic or extrinsic sources. Intrinsic DNA damage is thought to

occur more frequently than extrinsic DNA damage, but the types of damage incurred by either source are

chemically similar (Jackson and Loeb, 2001). However, while DNA breaks from extrinsic sources tend to

be more randomly distributed across the genome, DNA breaks from intrinsic sources tend to reoccur at

specific genome locations. This non-random distribution indicates that there are regions of the genome

that are unusually susceptible to DNA break formation, also known as genome instability hotspots.

1.2.2 Sources of DNA breaks in the human genome

Single-strand DNA breaks can refer to ssDNA nicks but can also include larger ssDNA gaps formed by,

for example, stalled or collapsed DNA replication forks or resected nicks. For simplicity, the term SSBs

in this work includes both ssDNA nicks and ssDNA gaps. SSBs constitute the vast majority of DNA

lesions experienced per cell per day (Lindahl and Barnes, 2000) and can result from endogenous cellular
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processes (e.g., DNA replication, topoisomerases, etc.) or DNA metabolic base damage (e.g., oxidative

damage, oestrogens, DNA hydrolysis, etc.). Several cellular processes directly induce SSBs as requisite

intermediates. For example, DNA replication of lagging strands generates DNA nicks between intermit-

tent Okazaki fragments. In addition, endogenous structure-specific nucleases such as Topoisomerase I

induce transient SSBs to relax positive- or negative- DNA supercoiling during transcription (Pommier et

al., 2016). Exemplifying this, SSBs are enriched at sites of active transcription such as at transcription

promoters in S. cerevisiae and transcription termination sites in humans (Hegedüs et al., 2018; Srira-

machandran et al., 2020). SSBs also feature prominently as pathway intermediates during the repair

of various lesions including the mismatch-repair pathway (MMR), nucleotide excision repair (NER) and

ribonucleotide excision repair (RER), as well as through repair-associated endonucleases targeting struc-

tures such as RNA-DNA hybrids (e.g., XPF, XPG) (Cristini et al., 2019; Sassa et al., 2019; Tubbs and

Nussenzweig, 2017). Finally, SSBs can also be generated through the transposition of replicative DNA

transposases (e.g., DDE transposases and HUH nuclease-like transposase) (Arinkin et al., 2019).

SSBs can also result indirectly from both intrinsic and extrinsic sources. One of the most frequent intrinsic

sources of SSBs is oxidative damage produced by metabolic reaction oxygen species (ROS), either through

direct disintegration of the oxidized sugar or through the repair of damage bases (Hegde et al., 2008;

Pogozelski and Tullius, 1998). In addition, extrinsic sources of DNA damage can directly induce DNA

breaks. For example, ionizing radiation induces both SSBs and DSBs at a ratio of 10:1 through radiolysis

radicals that attack DNA backbones (Ma et al., 2012; Milligan et al., 1995). Exogenous perturbation

of replication fork progression during DNA replication (e.g., disruption of replicative polymerases or

drug-induced replication stress) can also aggravate ssDNA gaps (Feng et al., 2011; Klein, 2020).

As opposed to SSBs, DSBs seem to occur relatively infrequently compared to other DNA lesions – es-

timates of the number of endogenous DSBs in human cells is about 50 breaks per cell per cell cycle,

roughly 100-fold less than the number of endogenous SSBs (Vilenchik and Knudson, 2003). However,

since SSBs maintain the integrity of a single strand, DSBs are often considered to be more genotoxic due

to their potential impact on chromosomal structure. As with SSBs, DSBs can occur as requisite interme-

diates for physiological processes such as DNA topology management (e.g., transient DSBs induced by

Topoisomerase II), genome and immune diversification, stalled replication fork restart, or transcription

induction (Khan and Ali, 2017). Indirectly, DSBs can result from processes such as replication, transcrip-

tion and chromatin looping, or following strand separation of unrepaired SSBs (Canela et al.; Hanada

et al.; Kuzminov, 2001; Peak and Peak; Sax; Thomas and Rothstein). Like SSBs, DSBs in the human

genome can also result from extrinsic sources such as ionizing radiation (i.e., X-rays and gamma rays) or

ultraviolet radiation.
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1.2.3 DNA break repair

1.2.3.1 Overview of DNA break repair

Given the extent of DNA damage experienced by a cell, several mechanisms for the repair of DNA SSBs

and DSBs have evolved to maintain genome integrity (Figure 1.4). Briefly, small SSBs are rapidly

repaired through the combined actions of multiple enzyme complexes, mainly coordinated by PARP1

and XRCC1, whereas larger SSBs are repaired by either translesion synthesis (TLS) or recombination-

mediated template switching (TS) mechanisms. Alternatively, DSBs are repaired by either non-homologous

end-joining (NHEJ) or homologous recombination (HR).

1.2.3.2 Recognition and signalling of DNA breaks

A critical first step in DNA break repair is the appropriate recognition and signalling of DNA breaks.

Fundamental to the activation of the downstream DNA damage response (DDR), DNA break recognition

and signalling relies on just a few upstream recognition proteins or complexes and varies according to the

form of lesion.

DNA SSBs, particularly DNA nicks, are primarily detected by PARP1, which rapidly binds SSBs (Figure

1.4A). In a ‘global’ SSB repair mechanism proposed by Keith Caldecott, SSBs are recognized by PARP1,

which modifies surrounding proteins, including histones, with chained branches of poly(ADP-ribose)

(Caldecott, 2008; Okano et al., 2003). poly-ADP ribosylation (known as ‘PARylation’) is thought to

mimic ssDNA, in turn amplifying the signal and promoting recruitment of various ssDNA-binding DNA

repair factors (Wei and Yu, 2016).

Alternatively, DSBs and longer ssDNA gaps are primarily signalled by the phosphoatidyl-inosito-3 kinase

(PIKK) family of proteins including ataxia-telangiectasia-mutated (ATM) and ataxia telangiectasia and

Rad3-related (ATR), respectively (Figure 1.4A, B). ATM is activated in response to DNA damage

following DSB recognition by the MRN complex (i.e., MRE11-RAD50-NBS1) (Uziel et al., 2003). Al-

ternatively, ATR is activated in response to extended ssDNA tracts bound by RPA, either due to DSB

resection or ssDNA tracts associated with stressed replication forks.

Both ATM and ATR kinases initiate a cascade of signalling events as part of the DNA damage checkpoint,

ultimately arresting cell cycle progression to allow sufficient time for the faithful repair of DNA breaks.

A notable player in this cascade is the phosphorylation of a H2A.X histone variant at its conserved serine

residue Ser-139, referred to as γH2A.X (Burma et al., 2001; Rogakou et al., 1998; Ward and Chen, 2001;

Ward et al., 2004). γH2A.X spreads to adjacent chromatin, extending up to several dozen megabases

around sites of DNA damage to amplify the signal and ensure sufficient activation of the DDR (Rogakou
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et al., 1999).
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Figure 1.4: DNA break signaling and repair. (A) DNA break signaling and repair in response
to small DNA nicks and larger ssDNA gaps. Small DNA nicks are detected and repaired primarily
through PARP1 and XRCC1, to facilitate either short-patch and long-patch repair. Alternatively, longer
ssDNA stretches coated by RPA are recognized by ATR and can be repaired by the post-replicative DNA
damage tolerance pathways (i.e., translesion synthesis (TLS) or template switching (TS)). (B) Double-
strand DNA breaks are detected by the MRN complex, which signals damage through activation of ATM.
ATM, in turn, amplifies the signal through H2A.X phosphorylation (γH2A.X) and p53 activation to halt
cell cycle progression. DSBs are repaired by either non-homologous end-joining (NHEJ) or homologous
recombination (HR).

γH2A.X subsequently promotes the recruitment of downstream repair factors to reinforce recruitment

of the MRN complex (Lukas et al., 2004; Paull et al., 2000; Stucki et al., 2005). In addition, ATR also
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phosphorylates the single-strand binding protein RPA in response to DNA damage, aiding checkpoint

activation for downstream DNA repair (Byrne and Oakley, 2019; Olson et al., 2006). Among the various

checkpoint targets, ATM and ATR also phosphorylate p53, known as a universal guardian of genome

integrity. p53 induces transcriptional changes to initiate cellular entry into senescence or apoptosis

upon excessive DNA damage, thereby preventing the continued proliferation of excessively damaged cells

(Surova and Zhivotovsky, 2013).

1.2.3.3 DNA break repair mechanisms

Following DNA break recognition and signalling, DNA break repair mechanisms have been extensively

studied for both SSBs (i.e., DNA nicks and ssDNA gaps) as well as DSBs. As described above, SSB are

detected through PARP1 recognition, followed by PARylation of local chromatin proteins. Following SSB

signalling, most SSBs have damaged 3’ and/or 5’ terminal ends that must be processed to conventional

3’OH and 5’ phosphate ends for SSB repair to successfully occur. Although DNA end processing is

facilitated by a variety of enzymes (e.g., PNKP, APE1, TDP1, APTX, Pol β), XRCC1 plays a prominent

role by either directly or indirectly interacting with many SSB repair enzymes. Gap filling can either be

short-patch repair or long-path repair, depending on the number of nucleotides that need repairing, and

the molecular machinery varies accordingly. In the final step of SSB repair, DNA ligation is orchestrated

by LIG1 and LIG3αin the nuclear genome for long- and short-patch repair, respectively (Caldecott, 2008).

An additional class of SSB repair has also been established for ssDNA gaps, for example behind stressed

replication forks upon encountering obstacles such as UV-induced adducts (Figure 1.4A). In this con-

text, both leading and lagging strands can re-prime downstream of the lesion to re-initiate DNA synthesis,

leaving single-strand DNA gaps behind ongoing replication forks. ssDNA gaps are then repaired by either

translesion synthesis (TLS) or template-switching (TS) mechanisms, collectively referred to as the DNA

damage tolerance pathways (Elvers et al., 2011; Lopes et al., 2006; Svoboda and Vos, 1995). During TLS,

repair synthesis is orchestrated by error-prone TLS polymerases which can directly synthesize DNA over

lesions. Alternatively, TS involves strand exchange of the nascent strand to undamaged sister strands

for error-free DNA synthesis, which can form a double Holliday junction (Bi, 2015). A direct role for

the recombinase RAD51 has been demonstrated during TS at post-replicative lesions, catalysing sister

chromatid exchanges and recombination (Piberger et al., 2020; Tirman et al., 2021). Additional support

for the role of HR at replication-associated ssDNA gaps comes from recent observations that excessive

ssDNA gaps, rather than the previously thought DSBs, underly the chemosensitivity of tumours defi-

cient in HR mediator complex factors (i.e., BRCA1, BRCA2) (Cong et al., 2021; Panzarino et al., 2019;

Tirman et al., 2021). However, although ssDNA gap repair via the DNA damage tolerance pathways is

often discussed in the context of replication-associated gaps, it does not appear to be exclusive to DNA
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replication. In S. cerevisiae, for example, UV-induced lesions in non-replicating G2 cells can similarly be

repaired by either TLS or TS (Ma et al., 2013). Therefore, TLS- and TS- mediated ssDNA gap filling

does not appear to occur exclusively in a DNA replication context.

DSBs are primarily repaired by non-homologous end-joining (NHEJ) or homologous recombination (HR),

depending on the extent of DNA end processing, cell cycle stage, chromatin context, and depending on

whether it is a single- or double- ended DSB (Figure 1.4B) (Brandsma and Gent, 2012). NHEJ

is initiated by the rapid binding of the Ku heterodimer composed of Ku70 and Ku80, which actives

the catalytic subunit of DNA-PKcs for rapid re-ligation of broken DNA ends (Mahaney et al., 2009).

Depending on the extent to end-processing, NHEJ can result in small deletions and is therefore considered

to be an error-prone yet rapid DSB repair pathway. Alternatively, HR facilitates repair of DSBs while

preserving the original genetic sequence, as fully described in section 1.1.1.3.

1.2.4 Cellular outcomes of DNA breaks

Failure to detect or repair DNA breaks can hold significant implications for cellular function and survival

(Figure 1.5A). For example, unrepaired SSBs can block RNA polymerase progression in vitro, interfering

with global cell function (Kathe et al., 2004; Zhou and Doetsch, 1993, 1994). SSBs can also be converted

to DSBs (Kuzminov, 2001) which can directly lead to chromosome fragment loss upon cell division.

Excessive break detection without adequate repair can also be a source of cell toxicity. Prolonged levels

of SSBs, for example, excessively activate PARP1, depleting cellular NAD+ and ATP levels and releasing

apoptosis-inducing factors from mitochondria (Heeres and Hergenrother, 2007; Moroni, 2008). Likewise,

as mentioned above, excessive DNA damage-induced activation of ATM/ATR can also result in p53-

induced senescence or apoptosis, directly inducing cell senescence or death (Surova and Zhivotovsky,

2013).

Counterintuitively, DNA repair itself can also be a potent source of genome instability on at least two

fronts (Figure 1.5B). First, the repair of both DSBs and SSBs can produce DNA base mutations.

Double-strand breaks can induce small base mutations or deletions if repaired by NHEJ due to end-

processing prior to ligation (Lieber et al., 2003). Single-strand gaps, on the other hand, can recruit TLS

polymerases which are more error-prone than replicative DNA polymerases, or be targeted by mutagenic

cytidine deaminases which preferentially act on ssDNA (Sale et al. 2013)(Roberts et al., 2012). Second,

DNA repair can also drastically impact genome stability by generating genome rearrangements such as

inversions, insertions, and translocation.
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Figure 1.5: Outcomes of DNA breaks and repair. (A) Cellular outcomes upon failure to repair
breaks. Local changes, such as transcriptional disruptions in response to SSBs, can hinder cell function.
SSBs can also be converted to DSBs upon strand separation, such as during DNA replication. Upon cell
division, unrepaired DSBs can fragment the genome and induce significant genome instability. Alterna-
tively, detection of DNA breaks without repair can cause prolonged checkpoint activation through either
PARP1 or p53, directly initiating apoptotic or senescence cascades. (B) DNA break repair itself can also
act a source of genome instability. Both SSBs and DSBs can result in base mutations through error-prone
repair pathways, or even structural rearrangements. Structural rearrangements can result from homolo-
gous recombination repair between non-allelic sites (NAHR), non-homologous end-joining of ectopic loci
(NHEJ) or replicative mechanisms that produce complex genome rearrangements (not depicted here).

Mechanisms by which genome rearrangements arise in response to DNA break repair include non-allelic

homologous recombination (NAHR), replicative mechanisms, and non-homologous end-joining (NHEJ)

(Gu et al., 2008; Liu et al., 2012). NAHR, or recombination-based repair between non-allelic loci, was

the first mechanism to be discovered and accounts for most recurrent genome rearrangements (Ou et

al., 2011). Such recurrent genome rearrangements are based on pre-existing genome architecture, typi-

cally originating at repetitive regions (e.g., centromeres) as well as fragile sites (e.g., FRA3B, FRA3C and
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FRA3D) in cell lines with complex karyotypes (Darai-Ramqvist et al., 2008). NHEJ and replicative mech-

anisms (e.g., fork stalling and template switching, FoSTeS) were later identified and underlie incidences

of non-recurrent genome rearrangements. As described above, NHEJ-mediated repair can form small

insertions, deletions, and mutations due to end processing prior to ligation. However, NHEJ-mediated

repair can also produce translocations if the repair substrates are breaks originating from different genome

loci. DNA replication-based mechanisms such as FoSTeS also produce non-recurrent and highly complex

rearrangements and are initiated by re-priming following replication fork stalling (Lee et al., 2007). No-

tably, NAHR and NHEJ can both be initiated by DSBs whereas NAHR can conceivably also be initiated

by SSBs, as HR can be instigated by both DSBs and SSBs (section 1.1.1.4). The relative contribution

of SSBs and DSBs to these chromosomal rearrangements is currently unknown, although DSBs are more

commonly proposed to drive genome rearrangements.

Overall, the inability to faithfully repair DNA breaks can underlie a range of pathologies related to genome

instability including carcinogenesis and premature aging (Boveri T; Hansemann; Strehler). However, as

described above, DNA breaks may also serve positive physiological functions such as in DNA topology

management, repair pathways, and generating genetic and immune diversity through programmed DSBs

(e.g., meiotic recombination and class switch recombination) (Bassing and Alt, 2004; Taccioli et al.,

1993). In terms of cellular responses and outcomes, the discrepancies between such ‘pathological’ and

‘physiological’ DNA breaks remain unclear.

1.2.5 Detection of DNA breaks

Our understanding of DNA beaks and their impact on cellular physiology has evolved over the last

decades and relies heavily on the available techniques to experimentally detect DNA breaks. Until the

advent of recent sequencing-based detection methods, research has largely depended on molecular biology

techniques and microscopy techniques. These techniques can be loosely categorized into global or local

detection methods. Global detection methods, capable of detecting genome-wide DNA fragmentation, is

useful as an indication of total DNA damage between experimental conditions. However, locus-specific

DNA detection methods are critical for our understanding of genome fragility hotspots and as readouts

for more intricate experimental approaches.

Globally, DNA fragments can be detected using techniques such as pulse-field gel electrophoresis and

comet assays (Grimaldi et al., 2002). Pulse-field gel electrophoresis (PFGE) has been used to detect global

DNA fragmentation as fragmented DNA migrate further on gels (Kawashima et al., 2017). Alternatively,

comet assays have been a gold-standard for the detection of both DNA single- and double-strand breaks

in eukaryotic cells for many years (Collins, 2004). A spherical mass of DNA is generated by lysing

agarose-embedded cells, and gel electrophoresis smears fragmented DNA. Modifications such as alkaline
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denaturation or lesion-specific enzymes increase sensitivity and allow for the detection of specific types

of DNA lesions. Notably, these techniques typically only provide ensemble datasets from whole cell

populations.

Locally, DNA breaks can be detected by PCR or microscopy-based methods including fluorescent in situ

hybridization (FISH) and terminal deoxynucleotidyl transferase dUTP nick end labeling (TUNEL) assays

(Grimaldi et al., 2002). With PCR-based detection methods, DNA lesions interrupt DNA amplification,

thereby inversely correlating the quantity of PCR product and the number of intact templates, which

can be subsequently detected on agarose gels using electrophoresis or through quantitative PCR (qPCR).

FISH-based assays use fluorescent- or radio- labelled probes complementary to specific sequences and

can be coupled with comet assays described above to detect DNA locus-specific DNA fragmentation.

DNA breakage detection-FISH (DBD-FISH) performs an additional alkaline unwinding step on comet

assays to improve FISH staining and distinguish between DNA SSBs and DSBs (Fernandez et al., 2001).

Similarly, the TUNEL assay and modern variants of it identify both SSBs and DSBs by detecting DNA

fragmentation (Gavrieli et al., 1992; Kordon et al., 2020). Briefly, TdT enzymes incorporate fluorescent

nucleotide analogues onto free 3’-OH of DNA strand. However, TUNEL is typically used for tissue

apoptosis staining and is limited in its sensitivity and specificity. Although though these assays provide

single-cell and locus-specific data, these techniques typically only enable comparative assessments of DNA

breaks between experimental conditions. Namely, these assays cannot be used to assess baseline levels of

DNA breaks at specific loci, largely due to inherent differences in background fluorescence staining.

More commonly, molecular markers have been heavily exploited to detect locus-specific DNA breaks in

single cells using the recruitment or activation of DNA damage signaling or repair proteins as a proxy for

DNA breaks (Figueroa-Gonzalez and Perez-Plasencia, 2017). Common markers including Ku, γH2A.X,

XRCC1, PARP, PARylation and phosphorylated RPA. Recruitment of these markers to DNA damage

loci can be detected by microscopy or even flow cytometry when assessing whole-cell activation of DNA

damage signaling (i.e., as with γH2A.X). For example, γH2A.X has become the gold standard for an

activated DNA damage response as a proxy for DNA breaks in recent years, on the grounds of it being

responsive to many forms of DNA damage as well as providing spatially sensitive information (Bhogal et

al., 2009; Iacovoni et al.; Mah et al., 2010; Szilard et al.). This approach is useful for the simultaneous

assessment of locus-specific as well as global DNA damage on a single-cell level, although this approach

necessitates a homogenous and robust activation of DNA damage signaling and repair pathways.

Finally, more recent advancements in sequencing technologies have enabled DNA break detection to

accelerate massively in terms of both scope and precision. As recently reviewed (Bouwman and Crosetto,

2018), a range of sequencing-based technologies developed over the last decade enable the assessment of
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DNA breaks genome-wide and in an unbiased fashion, leading to key advancements in our understanding

of the mechanisms and distributions of DNA fragility (Saayman and Esashi, 2021). Notably, these

techniques can in principle distinguish between SSBs and DSBs and provide a quantitative snapshot of

DNA breaks even in baseline conditions, enabling the detection of innate DNA fragility hotspots.

1.3 Centromeres

1.3.1 Centromere structure and function

Centromeres are essential regions of the eukaryotic genome, acting as structural platforms for kinetochore

establishment and microtubule attachment during both meiotic and mitotic chromosome segregation

(McKinley and Cheeseman, 2016). Centromeres and flanking peri-centromeres constitute up to 6.2% of

the human genome (Altemose et al., 2021). With the exception of some organisms such as S. cerevisiae,

which have point centromeres that are bound by sequence-specific centromere proteins, most plant and

animal centromeres are composed of tandem repeat sequences known as satellite repeats (Fitzgerald-

Hayes et al., 1982; Melters et al., 2013). In humans specifically, 171-bp monomeric sequences known as

alpha satellites are repeated in head-to-tail tandem fashion (Willard, 1989; Wu and Manuelidis, 1980).

Human alpha satellite repeat arrays are further organized on a higher level (Figure 1.6). The most

basic multimer structure is a dimer containing two units of alpha satellite monomers, which is found

across all human chromosomes and is the most functionally active in terms of centromere protein binding

(Henikoff et al., 2015). Beyond dimers, higher-order repeats (HOR) can include dimers but are typically

much larger. Each HOR is ∼97-100% identical in sequence, whereas the constituent monomers within

HORs are only ∼70% identical (Rudd et al., 2006; Willard, 1985; Willard and Waye, 1987). With the

exception of a subset of HORs that are near-identical between chromosomes (e.g., chromosomes 13 and

21, chromosomes 14 and 22), HOR structures and sequences tend to differ between chromosomes, such

that each chromosome has a unique HOR. Curiously, although each centromere contains between 1 and

9 HOR arrays, only one is functionally active in terms of inner kinetochore protein binding (Altemose et

al., 2021; McNulty and Sullivan, 2018). Alpha satellites not found in dimers or HORs, also referred to

as monomeric alpha satellites, are located towards centromere peripheries, show higher levels of sequence

divergence, and do not form functional centromeres.
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Figure 1.6: Structure of the human centromere. The basic unit of human centromeres is a 171-
bp monomeric alpha satellite. Alpha satellites can form functionally active dimers, which may also go
on to form higher-order repeats (HOR). Each centromere contains between 1 and 9 HORs, although
only one is functionally active in terms of kinetochore formation and microtubule attachment. The
CENP-B box is bound by the only sequence-specific centromere protein CENP-B. HORs are found
within centromere cores, whereas increasingly divergent and monomeric alpha satellites are found toward
centromere peripheries.

Pericentromeres flank centromeres and are composed of several different satellite repeats as well as other

repeats and genes. Repeats within pericentromeres include simple 5-80bp satellites I, II and III, as well

as beta and gamma satellites (Thakur et al., 2021). Non-satellites regions between arrays of centromeres

and pericentromeres are known as ‘centric transition’ regions, comprised of coding genes as well as long

tracts of segmental duplications (Altemose et al., 2021).

1.3.2 Centromere evolution

Despite their highly conserved function, centromeres are surprisingly among the most rapidly evolving

regions of the genome (Henikoff et al., 2001; Melters et al., 2013; Miga, 2019; Warburton and Willard,

1995). The DNA sequences of the repeated monomers are highly divergent between closely related species

and even between chromosomes within species, and arrays expand and contract frequently (Alexandrov

et al., 2001; Lee et al., 2005; Talbert et al., 2018; Willard, 1985). The centromere ‘paradox’ describes

this dichotomy between rapidly evolving centromere DNA sequences and highly conserved centromere

functionality (Henikoff et al., 2001). This paradox is partially resolved by the observation that kineto-

chore formation and microtubule attachment are almost universally determined by the presence of the
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centromere-specific histone variant CENP-A that can, to a large degree, be propagated in a sequence-

independent manner (Earnshaw and Rothfield, 1985; Van Hooser et al., 2001; Warburton et al., 1997). As

a result, evolution of the underlying sequence of centromeric repeats is likely not constrained. Nonethe-

less, it is clear that the repetitive structure of centromeres, especially across regional centromeres such

as those of human chromosomes, is highly conserved (Melters et al., 2013).

Several models have been proposed to explain the rapid evolution of satellite sequences, ranging from

concerted evolution to a complex selection process known as centromere drive (Henikoff et al., 2001;

Malik and Bayes, 2006; Thakur et al., 2021). A model known as the layered expansion model has

more recently been proposed and is supported by genomic analyses of HOR evolution (Altemose et al.,

2021; Miga and Alexandrov, 2021) (Figure 1.7). The layered expansion model posits that new alpha

satellite repeats periodically emerge and expand within centromeres. Upon expansion, older repeats are

symmetrically displayed and become increasingly divergent with mutations, structural rearrangements,

transposable element insertions, and expansion of non-alpha satellite arrays (Logsdon et al., 2021). In

support of this model, the inner regions of centromeres that are functionally active tend to contain the

most homogenous and evolutionarily youngest alpha satellite HORs, whereas older monomeric satellite

repeats become progressively less ordered with lower sequence homology towards centromere peripheries

(Altemose et al., 2021; Schueler et al., 2005). The mechanisms driving the expansion of functionally

active satellite arrays remain unclear, although early models proposed that frequent unequal crossovers

could explain both array expansions as well as homogenization of satellite sequences (Smith, 1976).

Curiously, the decay of sequence homogeneity within peripheries of core centromere suggests that the

mechanism driving array expansion and homogenization acts primarily within functionally active regions

of the centromeres.
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Figure 1.7: Layered expansion model for centromere evolution. CENP-A is contained within
centromeric chromatin, interspersed between canonical H3-containing nucleosomes. Upon DNA repli-
cation, CENP-A is equally partitioned among sister chromatid. In late mitosis or early G1, CENP-A
deposition to centromeric chromatin in strictly regulated both spatially and temporally. HJURP, the
dedicated CENP-A chaperone, interacts with the MIS18 complex which in turn directly binds to CENP-
C complexed to pre-existing CENP-A. Deposition of new CENP-A within CENP-A-containing chromatin
thereby creates a self-propagating system for maintaining centromere identity in actively replicating cells.

1.3.3 CENP-A in the specification of human centromeres

In most eukaryotes, centromere function is spatially defined by a specialized nucleosomes containing the

histone H3.3 variant centromere protein A (CENP-A). CENP-A was originally identified in humans as a

centromere-specific variant of histone H3 (Earnshaw and Rothfield, 1985; Palmer et al., 1987), and was

subsequently found to direct kinetochore assembly. Indeed, targeting CENP-A to non-centromeric loci

is sufficient to form functional kinetochores in a variety of organisms (Heun et al., 2006; Ho et al., 2014;

Logsdon et al., 2019; Mendiburo et al., 2011; Van Hooser et al., 2001). CENP-A initiates the recruitment

of both inner and outer kinetochore proteins, and chromosome segregation is significantly impaired in the

absence of CENP-A (Fachinetti et al., 2013; Liu et al., 2006; Regnier et al., 2005). In accordance with the

layered expansion model, CENP-A binding is primarily found within the evolutionarily youngest HORs

of centromeres (Altemose et al., 2021).

Centromere functionality appears to be defined by CENP-A positioning alone, largely independent of
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the underlying DNA sequence. Supporting this notion, the only sequence-specific centromere binding

protein is CENP-B, which binds a 17-bp motif present in one of each of the satellite array dimers

described above (Earnshaw and Rothfield, 1985; Masumoto et al., 1989; Muro et al., 1992; Tanaka et al.,

2001). Although CENP-B may play a role in stabilizing centromere assemblies and promoting de novo

centromere formation (Hoffmann et al., 2016; Ohzeki et al., 2002), the absence of the CENP-B box from

human Y chromosomes and neocentromeres as well as the viability of CENP-B knockout mice suggest

that sequence-specific centromere binding is not canonically required (Hudson et al., 1998; Kapoor et al.,

1998; Koren et al., 2010; Perez-Castro et al., 1998; Tyler-Smith et al., 1993).

In support of an epigenetic definition model for human centromeres, ectopic sites known as neocentromeres

can become functional centromeres when native satellite centromeres are inactivated (Depinet et al.,

1997; Vance et al., 1997; Voullaire et al., 1993). Neocentromeres form outside of canonical satellite-

containing DNA yet can recruit centromere and inner kinetochore proteins to orchestrate chromosome

segregation. The mechanisms governing the site of neocentromerization remain poorly understood, with

little common ground in chromatin features (i.e., heterochromatin levels, transcription levels) enabling

neocentromerization having been identified (Scott and Sullivan, 2014).

1.3.4 CENP-A chromatin dynamics

Only a small minority of centromeric chromatin consists of CENP-A-containing nucleosomes. CENP-A

comprises 0.1% of total H3 variants in the genome, and 3-4% of centromeric nucleosomes contain CENP-

A instead of H3.3, resulting in an average of only ∼200 CENP-A molecules per chromosome centromere

(Bodor et al., 2014; Nechemia-Arbely et al., 2017). Following the discovery that centromere functionality

is almost entirely defined by CENP-A positioning, a surge of research has been conducted to elucidate

the mechanisms regulating CENP-A epigenetic inheritance.

1.3.4.1 Spatial and temporal regulation of CENP-A deposition

CENP-A-containing nucleosomes exhibit a striking stability within centromeric chromatin, perhaps due

to stabilization by CENP-A-binding centromeric components such as CENP-C (Bodor et al., 2013; Falk

et al., 2015; Jansen et al., 2007). It is only upon DNA replication, when CENP-A is equally partitioned

between sister chromatid, that the density of CENP-A-containing nucleosomes is effectively halved. An

equivalent number of CENP-A-containing nucleosomes must therefore be deposited at centromeres fol-

lowing each cell cycle to ensure the propagation of centromere identity. Given that there are only ∼200

CENP-A molecules per centromere, the deposition of new CENP-A within chromatin is a tightly regulated

process in both spatial and temporal terms (Figure 1.8).
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Figure 1.8: CENP-A chromatin dynamics. CENP-A is contained within centromeric chromatin,
interspersed between canonical H3-containing nucleosomes. Upon DNA replication, CENP-A is equally
partitioned among sister chromatid. In late mitosis or early G1, CENP-A deposition to centromeric
chromatin in strictly regulated both spatially and temporally. HJURP, the dedicated CENP-A chaper-
one, interacts with the MIS18 complex which in turn directly binds to CENP-C complexed with pre-
existing CENP-A. Deposition of new CENP-A within CENP-A-containing chromatin thereby creates
a self-propagating system for maintaining centromere identity in actively replicating cells. Emerging
evidence suggests that centromeric transcription or centromeric RNA facilitate CENP-A deposition, as
depicted here. Different models have been proposed explaining this relationship, such as that centromeric
transcription establishes a permissive chromatin environment for CENP-A deposition, or that centromeric
non-coding RNAs complex with CENP-A and CENP-C to facilitate CENP-A deposition. However, the
role for centromeric transcription in the deposition of CENP-A remains contentious.

Unlike canonical histones where deposition is coupled to DNA replication, it is not until late mitosis

or early G1 when a new round of CENP-A is deposited at centromeres in mammalian cells (Jansen

et al., 2007; Mellone et al., 2011). A dedicated histone chaperone called Holliday Junction Recognition

Protein, or HJURP, stabilizes soluble CENP-A:H4 dimers and directs CENP-A deposition at centromeric

chromatin (Dunleavy et al., 2009; Foltz et al., 2009; Shuaib et al., 2010). Highlighting its functional

significance, HJURP localization alone is entirely sufficient for CENP-A deposition (Barnhart et al., 2011).

HJURP recruitment, in turn, is facilitated by the MIS18 complex, composed of MIS18α, MIS18βand the

MIS18-binding protein 1 (M18BP1) (Fujita et al., 2007; Hayashi et al., 2004; Maddox et al., 2007; Wang

et al., 2014). The MIS18 complex is directed to centromeres through its interaction with CENP-C, which

directly binds existing CENP-A (Carroll et al., 2010; Moree et al., 2011) (Figure 1.8). The spatial
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regulation of CENP-A deposition is therefore orchestrated through the combined actions of HJURP and

the MIS18 complex, generating a feed-forward loop in which CENP-A deposition is directed to pre-existing

CENP-A-containing chromatin. Ultimately, this mechanism enables the self-propagating inheritance of

centromere identity during active cell division. Temporally, the cell-cycle regulated factors PLK1 and

CDK collectively prevent CENP-A deposition outside of early G1 through regulating HJURP and MIS18

complex function (McKinley and Cheeseman, 2014; Silva et al., 2012).

Despite this self-propagating mechanism, the discovery of CENP-A-containing nucleosomes at non-

centromeric sites suggests that CENP-A-containing chromatin cannot be the only chromatin environment

permissive for CENP-A deposition (Bodor et al., 2014). Indeed, the observation that neocentromeres for-

mation in the absence of pre-existing CENP-A chromatin requires that alternative CENP-A deposition

mechanisms exist. As further discussed in section 5.1.2, several alternative pathways for the spatial

specification of CENP-A deposition have been proposed including centromeric transcription and DNA

damage and repair.

1.3.5 Centromeres as genome instability hotspots

Centromeres are structurally critical to chromosome segregation but may also act as potential threats

to genome instability (Barra and Fachinetti, 2018; Black and Giunta, 2018). Supporting the role of

(peri)centromeric instability during carcinogenesis, several studies have identified chromosome breaks

and rearrangements originating at centromeric or pericentromeric regions in human tumours (Adeyinka

et al., 2007; Alsop et al., 2006; Balachandar et al., 2007; Hermsen et al., 2005; Mart́ınez et al., 2012;

Smedley et al., 2000). The methods employed in these studies typically lack the spatial resolution to

distinguish between pericentromeric and centromeric regions, and so some ambiguity remains regarding

the exact source of these rearrangements. Exemplifying this ambiguity, mapping the distribution of breaks

in 26 carcinoma cell lines, Alsop et al. identified the highest incidence of breaks in regions surrounding

centromeres, both close to centromeres as well as within centromeres (Alsop et al., 2006). Regardless of

this ambiguity, (peri)centromeres appear to act as potent genome instability hotspots, with DNA breaks

at or near centromeres occurring frequently and with substantial consequences to genome stability.

Despite several indications that genome rearrangements frequently originate at or near centromeres, very

little is known about the nature or source of DNA instability driving such rearrangements. However,

several hypotheses have been proposed based on centromeric DNA structure and chromatin.

1.3.5.1 non-B-form DNA structures at centromeres

For decades there have been indications that centromeric DNA is inherently prone to forming non-B-form

DNA structures. For example, in silico analyses of satellite DNA across eukaryotes revealed either dyad
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symmetries (likely to form non-B-conformations) or DNA-bending protein binding as universal features of

centromeric DNA (Kasinathan and Henikoff, 2018). In vitro, centromeric satellite repeats have also been

shown to exhibit several types of non-B-DNA structures including DNA hairpins and i-motifs (Gallego

et al. 1997; Nonin-Lectome and Leroy 2001; Jonstrup et al. 2015; Garavis et al. 2015; Chardon et al.

2022). Further, in human tumour cells, genome-wide mapping of Z-DNA, or left-handed double helical

structures, revealed that 46 of 186 Z-DNA hotspots were located within centromeres (Li et al. 2009),

confirming the propensity of centromeric DNA to form non-B-form DNA structures in vivo.

Until recently, however, it was unclear how frequently these non-B-form DNA structures form in healthy

(i.e., non-cancerous cells) and whether they play a role in centromere functionality. A recent study

investigated the prevalence of such structures and provided evidence for a physiological function of non-

canonical DNA conformations at centromeres (Chardon et al. 2022). More specifically, DNA hairpins and

loops were shown to be enriched in centromeric DNA, and intriguingly mediated by binding of CENP-B.

In the absence of CENP-B, cells accumulated centromeric breaks in mitosis, suggesting that non-B-form

DNA structures are both prevalent in most cells and physiologically important for protecting centromeres

against mechanical stress during mitotic division (Chardon et al. 2022).

However, non-B-form DNA structures are typically associated with genome instability, and few stud-

ies have directly addressed the potential contribution of these centromeric non-B-form structures to

centromere-derived instability. Centromeric non-B-form DNA conformations can conceivably result in

DNA damage both through their interactions with molecular processes (e.g., DNA replication) as well as

through structure-specific nucleases. Although little is known about how centromeric non-B-form confor-

mations affect DNA stability, some general lessons can be derived from non-B-form DNA which promote

genome instability in other regions of the genome (Bacolla et al., 2006; Wang and Vasquez, 2006).

Hairpins, for example, can result in replication stalling, slippage and misalignments but can also act as

structure-specific cleavage hotspots. Replication is slower at hairpin-forming DNA sequences (Lindsey and

Leach, 1989), and DNA polymerases alpha, delta and epsilon stall at hairpin structures (Kamath-Loeb

et al., 2001). However, hairpin structures such as CTG repeats also show instability in non-proliferating

tissues (Monckton et al., 1999) and non-dividing cells (Kennedy and Shelbourne, 2000), providing evidence

for replication-independent sources of hairpin instability.

Independently of replication, there are several structure-specific nucleases that can recognize hairpins and

directly initiate DNA breaks. Topoisomerase II, for example, has site-specific cleavage activity at DNA

hairpins (Froelich-Ammon et al., 1994). In addition, S. cerevisiae Rad50 and Mre11 also show cleaving

activity at hairpin structures when not annealed to a complementary DNA strand (Trujillo and Sung,
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2001). Finally, the DNA mismatch repair (MMR) enzymes can recognize mismatches within imperfectly

paired hairpins, although MSH2 catalytic activity may be impaired in these settings (Owen et al., 2005).

Specifically at centromeres, studies have shown that non-B-form DNA conformations may similarly act

to both impede replication fork progression as well as act as endonucleolytic targets. Evidence for the

role of secondary structures perturbing replication fork progression comes from Li et al. In this study,

researchers demonstrate that the structure-specific nuclease DNA2 binds centromeric DNA and cleaves

centromeric hairpins and DNA loops in vitro (Budd et al., 1995; Lee et al., 2013; Li et al., 2018; Lin et al.,

2013). In the absence of DNA2, cells display reduced centromeric replication fork progression and mitotic

errors, presumably through the accumulation of DNA secondary structures at centromeres. Therefore,

an accumulation of DNA secondary structures has the potential to induce replication fork stalling or

even collapse, resulting in DNA breaks and mitotic errors. Notably, the data from Li et al. also highlight

that DNA secondary structures can be directly targeted by enzymes such as DNA2 as another potential

source of DNA fragility at centromeres.

Along with these findings, the observation that heterochromatic regions of human centromeres are late

replicating has led to the proposal that certain portions of centromeres are inherently difficult to replicate,

rendering them prone to breakage (Erliandri et al., 2014; Ten Hagen et al., 1990). However, it remains

unclear whether this delayed replication is due to inherent difficulties in DNA replication. Indeed, it

is equally plausible that secondary DNA structures render centromeres prone to damage only when the

replication program is perturbed through genetic- or drug-induced means. In support of this notion,

Crosetto et al. 2013 performed genome-wide DSB mapping (BLESS) under drug-induced replication

stress conditions. They identified regions that were particularly prone to DSB formation upon replication

stress treatment and showed that alpha satellites were enriched within these regions (Crosetto et al.,

2013). Therefore, centromeres may be some of the first regions of the genome to experience breaks in

response to replication stress. However, in D. melanogaster and S. cerevisiae, centromeres replicate in

early or mid S-phase, suggesting that late replication is not a universal feature of centromeres (Ahmad

and Henikoff, 2001; McCarroll and Fangman, 1988). In addition, it appears that centromeric DNA in

Xenopus laevis does not have inherently altered replication patterns from non-centromeric DNA (Aze et

al., 2016). In this study, the researchers also found that centromere DNA is spontaneously enriched for

DNA repair factors such as MRE11/RAD50, Ku80, PARP1 and the MSH2-6 complex, suggesting that

additional repair systems may be in place to ensure that centromere replication patterns aren’t perturbed

in physiological conditions.

In addition to non-B-form DNA, there is also a notable enrichment of other non-canonical structures such

as RNA-DNA hybrids both at human and maize centromeres (Kabeche et al., 2018; Liu et al., 2021).
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While native RNA-DNA hybrids are transient and appear to be mostly innocuous, the detection of RNA-

DNA hybrids by microscopy at mitotic centromeres in unperturbed conditions suggests unusually high

levels or innate stabilization of centromeric RNA-DNA hybrids. During replication, an accumulation

of RNA-DNA hybrids can physically impede replication fork progression, resulting in a stalled fork or

incomplete replication. Independently of replication, RNA-DNA hybrids may also promote the formation

of single-stranded breaks (SSBs) or even DSBs by endonucleolytic cleavage on the exposed single-stranded

DNA (Gan et al. 2011; Lindahl 1993; Promonet et al., 2020; Sollier et al. 2014; Tuduri et al. 2009).

In support of RNA-DNA hybrids as sources of genome instability at centromeres, Giunta et al. found

that depletion of CENP-A throughout synchronized S-phase populations resulted in an accumulation of

RNA-DNA hybrids at centromeres, which subsequently promoted sister-chromatid exchanges between

centromeres (Giunta et al., 2021). Although this does not indicate whether spontaneously formed RNA-

DNA hybrids can pose any threat to centromere stability, it is evident that excessive RNA-DNA hybrids

can indeed be genotoxic within centromere regions.

1.3.5.2 Atypical chromatin structure at centromeres

Centromeres act as structural platforms on which kinetochore structures assemble, as designated by

CENP-A localization (Barnhart et al., 2011; Hori et al., 2013; Mendiburo et al., 2011). Although

centromeric chromatin only contains relatively few CENP-A-containing nucleosomes interspersed with

canonical H3 histones, the chromatin structure at centromeres remains unique. In yeast, centromeric

chromatin exhibits non-canonical structures (Bloom and Carbon, 1982; Takahashi et al., 1992) and in

humans, DNA is less tightly wrapped around CENP-A-containing nucleosomes within both natural cen-

tromeres and neocentromeres (Hasson et al., 2013). A recent cryo-EM study reconstituted tri-nucleosomes

containing a central CENP-A-containing nucleosome surrounded by two canonical H3 nucleosomes and

found that CENP-A nucleosomes adopt an untwisted architecture within the tri-nucleosome, creating an

outward facing DNA path and exposing CENP-A-containing chromatin (Takizawa et al., 2020). This

atypical chromatin structure may render centromeric DNA more susceptible to endonucleolytic attack or

interfere with processes such as transcription or DNA replication.

The presence of CENP-A further initiates the recruitment of hundreds of proteins as part of the functional

kinetochore plate (Barnhart et al., 2011; Hori et al., 2013; Mendiburo et al., 2011). Massive centromeric

protein complexes may theoretically produce mechanical stresses not experienced by the rest of the

genome, rendering centromeres susceptible to breakage. Indeed, some preliminary work provides supports

a role for mechanical force generated during chromosome segregation in causing centromeric DNA damage.

In Guerrero et al., researchers showed that spontaneously formed micronuclei were generated in mitosis

and had markers of DNA damage colocalizing with centromeres, suggesting that the mechanical force
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during chromosome segregation results in DNA damage (Guerrero et al., 2010).

1.3.6 Homologous recombination at human centromeres

As described above, centromeres and pericentromeres appear to frequently break during carcinogenesis,

although the source of this instability remains unclear. Given the atypical DNA and chromatin structure

at centromeres, this observation raises important questions as to how DNA integrity is maintained at these

structurally unique and highly repetitive regions. As discussed below, several lines of evidence indicate an

active role for homologous recombination as a constitutive repair pathway at centromeres, suggesting that

HR may have an essential function in protecting human centromeres from spontaneous DNA damage.

Indeed, a recent report revealed that CRISPR-induced DNA damage at human centromeres was sufficient

to activate RAD51-mediated repair (Yilmaz et al., 2021), but it remains unclear whether HR repairs

centromere DNA breaks in physiological settings (i.e., in normally dividing cells).

1.3.6.1 Evidence for constitutive homologous recombination at centromeres

Centromeres have been designated recombination ‘cold-spots’ for many decades due to a paucity of ob-

servable chromosome exchanges during meiotic recombination (Beadle, 1932; Mather, 1939). However,

recent evidence suggests that recombination may in fact occur relatively frequently in mitotic cells (i.e.,

in the absence of programmed DSBs during meiosis). As described above, HR intermediates can be dif-

ferentially processed (Figure 1.3), with reciprocal exchanges between sister chromatids being referred to

as sister chromatid exchanges (SCEs). Alternatively, during SDSA and dissolution of Holliday junctions,

the use of homologous sequences as repair templates without reciprocal exchange leads to non-reciprocal

exchanges of genetic information. Evidence for recombination occurring at centromeres comes from both

the observation of frequent SCEs as well as frequent non-reciprocal exchanges of genetic information

through genetic studies.

First, it has been reported that centromeres undergo frequent SCEs during mitotic recombination (Giunta

and Funabiki, 2017; Jaco et al., 2008). This observation is primarily based on the chromosome-orientation

fluorescent in situ hybridization (CO-FISH) technique. Briefly, metaphase spreads are made using mitotic

cells and newly replicated strands are degraded, followed by hybridization with centromere specific PNA

probes to differentially label sister chromatid and detect SCEs. Using CO-FISH, rates of SCEs at murine

centromeres are estimated to be ∼175-fold more frequent than on chromosome arms and ∼27-fold more

frequent than at telomeres (Jaco et al., 2008). A similarly high rate of centromeric SCEs is observed in

human cell lines. Cancer cells (HeLa, MCF7 and HCT116) have up to ∼20%+ of mitotic chromosomes

exhibiting centromeric SCEs (Giunta and Funabiki, 2017). Although this level is notably lower in non-

cancerous hTERT-RPE1 cells (∼5%), centromeric SCEs still appear to be a frequent occurrence even in
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unperturbed growth conditions. Given that SCEs are only one of two major HR outcomes, this rate is

probably an under-representation of the actual rate of recombination occurring at centromeres. As further

described below (section 1.3.6.2), there is also evidence suggesting that SCEs are actively suppressed

at centromeres (Onaka et al., 2016; Zafar et al., 2017), supporting the idea that SCE rates underestimate

the actual rate of recombination.

Second, as described above, centromeres are among the most rapidly evolving regions of the genome,

with alpha satellite sequences substantially diverging between closely related species and even between

chromosomes within species (Alexandrov et al., 2001; Balzano and Giunta, 2020; Talbert et al., 2018;

Willard, 1985). Across the many models explaining the rapid evolution of alpha satellite arrays, one

common feature is their assumption that centromere repeat arrays undergo frequent expansions and con-

tractions as well as homogenization, whereby a nucleotide mutation event in one array can quickly spread

to surrounding arrays. Centromere expansions and contractions, as well as homogenization, can be ex-

plained by repeated homology-dependent exchange events driven by homologous recombination (Balzano

and Giunta, 2020; Smith, 1976). Therefore, centromere evolutionary trajectories support the notion of

active HR at centromeres, without necessarily involving SCEs. At least two studies provide some ex-

perimental evidence for non-SCE HR events between centromeric repeats. First, mapping non-reciprocal

genetic exchanges using centromeric markers in maize led to the observation that non-reciprocal genetic

exchanges occur at high frequencies within centromere cores, despite a total suppression of crossover

events (Shi et al., 2010). Second, studies in fission yeast revealed that Rad51 promotes non-crossover

recombination events between inverted repeats at centromere peripheries (Onaka et al., 2016).

1.3.6.2 “Centromeres convert, but don’t cross”.

An important distinction should be made between centromeric recombination rates (i.e., including both

crossover and non-crossover reactions) and centromeric crossover rates, as these appear to be two in-

dependently regulated mechanisms. Supporting evidence for this notion comes from work done in S.

pombe, which harbour inverted repeat sequences flanking centromeres (Onaka et al., 2016; Zafar et al.,

2017). In S. pombe, the rate of crossover events between inverted centromeric repeats is notably lower

than that between chromosomes arms, despite a high rate of total recombination (i.e., non-crossovers

events). Therefore, the authors propose that crossovers are suppressed specifically at centromeres. The

authors provide evidence that centromere proteins Mhf1/CENP-S and Mfh2/CENP-X suppress crossover

formation without affecting non-crossover recombination rates, highlighting the dissimilitude between cen-

tromeric recombination and centromeric crossover suppression mechanisms. Importantly, the disruption

of crossover suppression in the absence of Mhf1/CENP-S and Mfh2/CENP-X resulted in an increase in

centromeric gross chromosomal rearrangements, suggesting that crossover suppression may be in place to
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prevent whole-arm translocations due to illegitimate or excessive crossovers. During S. cerevisiae meio-

sis, the conserved Ctf19/CCAN kinetochore subcomplex was also shown to suppress crossover formation

independent of DNA break incidence (Vincenten et al., 2015).

In humans, depletion of CENP-A, CENP-C, CENP-T and CENP-W similarly resulted in increased

crossover exchanges (i.e., sister-chromatid exchanges), as detected by CO-FISH (Giunta and Funabiki,

2017). It remains unclear whether the depletion of these factors results in an increase in recombination

rates due to elevated levels of DNA damage or due to elevated downstream crossover rates. Following on

this finding, the researchers established that concomitant with the increase in centromeric SCEs in the

absence of CENP-A, frequent whole-arm translocations were observed (Giunta et al., 2021), once again

implicating excessive centromeric SCEs with centromeric gross chromosomal rearrangements.

Collectively, recombination appears to occur frequently at centromere repeats, of which a small indeter-

minate fraction of events results in crossovers. Crossover suppression at centromeres may play a critical

role in the prevention of chromosomal rearrangements. However, many outstanding questions remain

regarding the molecular players involved in both centromeric recombination and crossover suppression.

1.4 Research Aim

Centromeres and/or the surrounding pericentromeres can act as potent sources of genomic instability

and are thereby frequently associated with human disease (section 1.3.5). However, our understanding

of both the source and nature of (peri)centromeric fragility in humans remains remarkably poor.

In this work, I set out to investigate centromeres as potential genome instability hotspots, including

both how DNA instability is manifested at centromeres as well as the protective mechanisms in place

to protect such fragile regions of the genome. In Chapter 3, I begin by investigating the prevalence of

DNA damage as well as DNA damage signaling at human centromeres in unperturbed human cells. With

this objective in mind, I develop and validate a new experimental technique with which to detect DNA

damage at repetitive regions, including centromeres. In Chapter 4, I begin to address key questions

regarding how centromeres are protected from DNA damage. Given previous indications that centromeres

undergo frequent recombination (section 1.3.6), I specifically investigate the role of the repair pathway

homologous recombination through the central mammalian recombinase RAD51. Finally, in Chapter 5,

I follow up on observations of a peculiar connection between DNA damage repair proteins and centromere

specification and explore the potential biological significance of this relationship.
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Chapter 2

Materials and methods

2.1 Tables of materials

2.1.1 Mammalian cell lines

Table 2.1: Mammalian cell lines

Name Origin Growth Conditions

hTERT-RPE1 ATCC 1:1 Dulbecco Modified Eagle Medium / Nutrient Mixture

F12, 10% fetal bovine serum (FBS), 1%

penicillin-streptomycin (15140122, Life Technologies), 0.123%

sodium bicarbonate (S8761, Sigma-Aldrich)

hTERT-RPE1

Flp-In T-REx

John Pines 1:1 Dulbecco Modified Eagle Medium / Nutrient Mixture

F12, 10% FBS, 1% penicillin-streptomycin, 0.123% sodium

bicarbonate, 100 µg/ml Zeocin (ant-zn-1, InvivoGen), 10

µg/ml Blasticidin (ant-bl-1, InvivoGen)

hTERT-RPE1

Flp-In T-REx

FLAG

Section 2.3.2 1:1 Dulbecco Modified Eagle Medium / Nutrient Mixture

F12, 10% FBS, 1% penicillin-streptomycin, 0.123% sodium

bicarbonate, 200 µg/ml G418 (G8168, Sigma), 10 µg/ml

Blasticidin

hTERT-RPE1

Flp-In T-REx

FLAG-RAD51-WT

Section 2.3.2 1:1 Dulbecco Modified Eagle Medium / Nutrient Mixture

F12, 10% FBS, 1% penicillin-streptomycin, 0.123% sodium

bicarbonate, 200 µg/ml G418 (G8168, Sigma), 10 µg/ml

Blasticidin

Continued on next page
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Table 2.1: Mammalian cell lines (Continued)

Name Origin Growth Conditions

hTERT-RPE1

Flp-In T-REx

FLAG-RAD51-

K133R

Section 2.3.2 1:1 Dulbecco Modified Eagle Medium / Nutrient Mixture

F12, 10% FBS, 1% penicillin-streptomycin, 0.123% sodium

bicarbonate, 200 µg/ml G418 (G8168, Sigma), 10 µg/ml

Blasticidin

hTERT-RPE1

Flp-In T-REx

FLAG-RAD51-

T131P

Section 2.3.2 1:1 Dulbecco Modified Eagle Medium / Nutrient Mixture

F12, 10% FBS, 1% penicillin-streptomycin, 0.123% sodium

bicarbonate, 200 µg/ml G418 (G8168, Sigma), 10 µg/ml

Blasticidin

hTERT-RPE1

Flp-In T-REx

FLAG-RAD51-II3A

Section 2.3.2 1:1 Dulbecco Modified Eagle Medium / Nutrient Mixture

F12, 10% FBS, 1% penicillin-streptomycin, 0.123% sodium

bicarbonate, 200 µg/ml G418 (G8168, Sigma), 10 µg/ml

Blasticidin

HeLa

CENP-A-SNAP

Lars Jansen Dulbecco Modified Eagle Medium supplemented, 10% FBS,

1% penicillin-streptomycin, 5 µg/ml Blasticidin

2.1.2 Plasmids

Table 2.2: Plasmids

Name Purpose and construction

pcDNA 3.1+ PCR amplification of NeomycinR cassette for switching resistance

cassette from hygR to neoR in pDEST-FLAG FRT TO plasmid series.

pOG44 Co-transfection into Flp-In T-REx cell lines for integration of

pDEST-FLAG FRT TO (neoR) plasmids expressing RAD51 variants.

pDEST-FLAG FRT TO Starting plasmid for generation of pDEST-FLAG FRT TO (neoR)

RAD51 separation-of-function plasmid series.

pDEST-

FLAG FRT TO(neoR)

Negative control for hTERT-RPE1 RAD51 separation-of-function

variants, previously generated by lab (Wassing et al., 2020), resistance

cassette switched from hygR to neoR (section 2.2.3).

Continued on next page
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Table 2.2: Plasmids (Continued)

Name Purpose and construction

pDEST-

FLAG FRT TO(neoR)

RAD51-WT

Construction of hTERT-RPE1 RAD51 separation-of-function variants,

previously generated by lab (Wassing et al., 2020), resistance cassette

switched from hygR to neoR (section 2.2.3).

pDEST-

FLAG FRT TO(neoR)

RAD51-K133R

Construction of hTERT-RPE1 RAD51 separation-of-function variants,

previously generated by lab (Wassing et al., 2020), resistance cassette

switched from hygR to neoR (section 2.2.3).

pDEST-

FLAG FRT TO(neoR)

RAD51-T131P

Construction of hTERT-RPE1 RAD51 separation-of-function variants,

previously generated by lab (Wassing et al., 2020), resistance cassette

switched from hygR to neoR (section 2.2.3).

pDEST-

FLAG FRT TO(neoR)

RAD51-II3A

Construction of hTERT-RPE1 RAD51 separation-of-function variants.

Site-directed mutagenesis of R130A, R303A, K131A from

pDEST-FLAG FRT TO RAD51-WT, resistance cassette switched from

hygR to neoR (section 2.2.3).

2.1.3 Oligonucleotides

2.1.3.1 PCR primer sequences

Table 2.3: PCR primer sequences

Target Construction Sequence

5’ pcDNA neoR NeomycinR

cassette

5’ TATTCTCTAGAAAGTATAGGAACTTCCTTTCGCAT-

GATTGAACAAGATGG 3’

3’ pcDNA neoR NeomycinR

cassette

5’ GGCGTCCCGGAAAACG 3’

R130A F pDEST-

RAD51-II3A

5’ AGAAATGTTTGGAGAATTCGCAACTGGGAAGAC-

CCAGATC 3’

R130A R pDEST-

RAD51-II3A

5’ GATCTGGGTCTTCCCAGTTGCGAATTCTCCAAA-

CATTTCT 3’

Continued on next page
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Table 2.3: PCR primer sequences (Continued)

Target Construction Sequence

R303A F pDEST-

RAD51-II3A

5’ AACAACCAGATTGTATCTGGCGAAAGGAA-

GAGGGGAAACC 3’

R303A R pDEST-

RAD51-II3A

5’ GGTTTCCCCTCTTCCTTTCGCCAGATACAATCTG-

GTTGTT 3’

K313A F pDEST-

RAD51-II3A

5’ GGGGAAACCAGAATCTGCGCAATCTACGACTCTCC-

CTG 3’

K313A R pDEST-

RAD51-II3A

5’ CAGGGAGAGTCGTAGATTGCGCAGATTCTGGTTTC-

CCC 3’

2.1.3.2 siRNA sequences

Table 2.4: siRNA sequences

Target Final conc. Sequence

siCENP-A 20 nmol 5’ GGACUCUCCAGAGCCAUGAUU 3’

siBRCA2 #1 20 nmol 5’ CAACAAUUACGAACCAAAC 3’

siBRCA2 #2 20 nmol 5’ CUGAGCAAGCCUCAGUCAA 3’

siRAD51 #1 20 nmol 5’ GACUGCCAGGAUAAAGCUU 3’

siRAD51 #2 20 nmol 5’ GUGCUGCAGCCUAAUGAGA 3’

siRAD51 3’ UTR #1 20 nmol 5’ GACUGCCAGGAUAAAGCUU 3’

siRAD51 3’ UTR #2 20 nmol 5’ GUGCUGCAGCCUAAUGAGA 3’

2.1.3.3 RT-qPCR primer sequences
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Table 2.5: RT-qPCR primer sequences

Target Input Forward sequence Reverse sequence Source

5S rDNA 1-90ng 5’ CCGGACCC-

CAAAGGCG-

CACGCTGG 3’

5’

TGGCTGGCGTCT-

GTGGCACCCGCT

3’

(Nakano et al., 2008)

D17Z-1 1-90ng 5’ CTTTGGATG-

GAGCAGGTTTGA-

GAC 3’

5’

CCGTTTAGTTAG-

GTGCAGTTATCC

3’

(McNulty et al., 2017)

Alpha / alphoid 1-90ng 5’ CTCACA-

GAGTTGAAC-

CTTCC 3’

5’ GAAGTTTCTGA-

GAATGCTTCTG 3’

(Chan et al., 2012)

TERRA-17p 1-90ng 5’

GGGACAGAAGTG-

GATAAGCTGATC

3’

5’ GATCCCACT-

GTTTTTATTACT-

GTTCCT 3’

(Beishline et al., 2017)

TERRA-Xq 1-90ng 5’ CCCCTTGC-

CTTGGGAGAA 3’

5’

GAAAGCAAAAGC-

CCCTCTGA 3’

(Beishline et al., 2017)

MALAT-1 1-90ng 5’ GGTCTGTGCTA-

GATCAAAAGG 3’

5’ AAAGCAAG-

GTCTCCCCACAAG

3’

(Merta et al., 2020)

NEAT-1 1-90ng 5’

GTGGTAGGAAAT-

GCAGGTTGA 3’

5’ CCAAGCAA-

CAACTTAAC-

CAACA 3’

(Merta et al., 2020)

RAD51 100ng 5’ TCTCTGGCAGT-

GATGTCCTGGA 3’

5’ TAAAGGGCG-

GTGGCACTGTCTA

3’

(Chappell et al., 2015)

BRCA2 100ng 5’ CCAAGTGGTC-

CACCCCAAC 3’

5’ CACAATTAGGA-

GAAGACATCA-

GAAGC 3’

(Rabiau et al., 2011)

Continued on next page
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Table 2.5: RT-qPCR primer sequences (Continued)

Target Input Forward sequence Reverse sequence Source

CENP-A 100ng 5’ ACAAGGTTGGC-

TAAAGGA 3’

5’ ATGCTTCTGCT-

GCCTCTT 3’

(Li et al., 2011)

GAPDH 100ng 5’ CTGTTGCTG-

TAGCCAAATTCGT

3’

5’ ACCCACTCCTC-

CACCTTTGAC 3’

(Chappell et al., 2015)

2.1.3.4 ChIP-qPCR primer sequences

Table 2.6: ChIP-qPCR primer sequences

Target Dilutions Forward sequence Reverse sequence Source

tetO 1:1 5’

CCACTCCCTATCAGT-

GATAGAGAA 3’

5’ TCGACTTCTGTT-

TAGTTCTGTGCG 3’

(Erliandri et

al., 2014)

kanR 1:1 5’ AACATCGCATC-

GAGCGAGCA 3’

5’ AAGCACGAG-

GAAGCGGTCAG 3’

N/A

endo. cen

(total

alphoid)

1:10 5’ CTCA-

GAAACTTCTTTGT-

GATGTGT 3’

5’ TATTCCCTTTTG-

GAACGAAGGC 3’

(Erliandri et

al., 2014)

GAPDH 1:1 5’ CTCATGAC-

CACAGTCCATGCC 3’

5’ GCCATC-

CACAGTCTTCTGGGT

3’

(McNulty et

al., 2017)

160/161 1:1 5’ ACGTGGCTTCCT-

CACTAAGC 3’

5’ GGACTCCTC-

CATTCACCAGC 3’

Nieduszynski

lab

2.1.3.5 exo-FISH PNA probe sequences
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Table 2.7: exo-FISH PNA probe sequences

Target Catalog

No.

Sequence Source

CENPB-RC-Cy3 F3009 5’ ATTCGTTGGAAACGGGA 3’ PNABio

TelC-Cy5 F1003 5’ CCCTAACCCTAACCCTAA 3’ PNABio

2.1.4 Antibodies

2.1.4.1 Primary antibodies

Table 2.8: Primary Antibodies

Target IF Dilution ChIP Input Catalog No. Source

eYFP (GFP) - 2µg G1544 Sigma

BRCA2 1:1000 2µg OP95 Millipore

RAD51 1:2000 2µg ab176458 Abcam

CENP-A 1:1000 2µg ab13939 Abcam

IgG (mouse) - 2µg 10400C Invitrogen

Lamin-A 1:20 000 - L1293 Sigma

Topoisomerase IIα 1:1000 - D10G9 CST

γH2A.X 1:1000-10:000 - 05-636 Millipore

CENP-B 1:1000 - IHC-00064 Bethyl Laboratories

Pol II (pan) 1:1000 - N/A Proudfoot lab

Pol II-S2P 1:1000 - N/A Proudfoot lab

2.1.4.2 Secondary antibodies
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Table 2.9: Secondary Antibodies

Target Dilution Catalog No. Source

anti-rabbit Alexa Fluor 555 1:1000 A21430 Thermo Fisher Scientific

anti-rabbit Alexa Fluor 647 1:1000 A27040 Thermo Fisher Scientific

anti-mouse Alexa Fluor 488 1:1000 A11017 Thermo Fisher Scientific

anti-mouse Alexa Fluor 555 1:1000 A21425 Thermo Fisher Scientific

anti-mouse Alexa Fluor 647 1:1000 A21237 Thermo Fisher Scientific

anti-human Alexa 647 1:1000 109-605-088 Jackson Immunoresearch

2.1.5 Treatment and control compounds

Table 2.10: Treatment and control compounds

Compound Catalog No. Concentration

Dimethyl sulfoxide (DMSO) D2650, Sigma 100% at corresponding volume

5,6-dichlorobenzimidazole-1-β-D-

ribofuranoside (DRB)

D1916, Sigma 75 µM

S-trityl-L-cysteine (STLC) 164739, Sigma 5 µM

RAD51 inhibitor (B02) 533525, Calbiochem 20 µM

Etoposide (ETOP) E1383, Sigma 25 µM

Doxycycline hyclate (DOX) D9891, Sigma 1 µg/ml

2.1.6 Accession codes

Table 2.11: Accession codes

Dataset Source SRA

HCT116 GLOE-seq Sriramachandran et al. 2020 SRR9676440

HCT116 END-seq Canela et al. 2019 SRR8870099

HCT116 input ENCODE SRR504927 / SRR577511

Continued on next page
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Table 2.11: Accession codes (Continued)

Dataset Source SRA

BLESS - APH Crosetto et al. 2013 SRR695321

BLESS + APH Crosetto et al. 2013 SRR695402

HeLa input ENCODE SRR5331490

CENP-A CUT&RUN Thakur et al. 2018 SRR5886259

IgG CUT&RUN Thakur et al. 2018 SRR5886261

γH2A.X ChIP-seq - APH Lyu et al. 2019 SRR6986055

γH2A.X ChIP-seq + APH Lyu et al. 2019 SRR6986058

γH2A.X ChIP-seq input Lyu et al. 2019 SRR6986070

sBLISS siCTRL Hazan et al., 2019 SRR10045032

sBLISS siRAD51 Hazan et al., 2019 SRR10045033

2.2 Cloning and bacterial cell culture

2.2.1 Plasmid amplification

DB3.1 competent cells were thawed on ice and transformed by mixing ∼10 ng plasmid per 100 µl DB3.1

and tapping gently. After 30 min incubation on ice and a 30 second heat-shock at 42°C, cells were left

on ice for 2 minutes. Transformed cells were then allowed to recover for 1 hour at 37°C with gentle

perturbation. Finally, pellets formed by gentle centrifugation (200 rcf, 4 minutes) were resuspended in

100 µl filter-sterilized super optimal broth (SOB) containing 20 mM glucose. Cells were plated on LB

agar plates containing 100 µg/ml ampicillin and incubated at 37°C. Colonies formed over the following

24-48 hours were re-streaked to form single colonies. Single colonies were subsequently inoculated in 5-30

ml LB broth containing 100 µg/ml ampicillin for plasmid extraction the following day.

Plasmids were extracted from ∼5-30 ml bacterial overnight cultures using the Qiagen miniprep kit (Qia-

gen, 27106) or Qiagen plasmid Plus midiprep kit (Qiagen, 12943) according to manufacturer’s specifica-

tions.
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2.2.2 Glycerol stocks

Bacterial glycerol stocks for long-term storage at -80°C were formed by mixing 500 µl saturated bacterial

overnight cultures with 500 µl 50% glycerol, mixing thoroughly and placing in cryovials.

2.2.3 Construction of RAD51 variant plasmids

pDEST-FLAG FRT TO plasmids expressing FLAG, RAD51-WT, RAD51-K133R and RAD51-T131P

were generated by previous lab members (Wassing et al., 2020). RAD51-II3A point mutations (R130A,

R303A, K131A) were introduced using sequential site-directed PCR mutagenesis of pDEST-FLAG-

RAD51-WT.

For site-directed mutagenesis, pDEST-FLAG-RAD51-WT plasmids were PCR-amplified using PfuUltra

II (Agilent, 600670) and primers listed in section 2.1.3.1. Per PCR reaction, a final concentration of

1X PfuUltra reaction buffer, 100 mM dNTPs, 5-30 ng primer DNA template, 10 µM of forward and

reverse primers and 0.4 µl PfuUltra High Sensitivity polymerase were added to a final reaction volume

of 20 µl. Following initial denaturation (95°C, 2 min), 20 cycles of denaturation (95°C, 20 seconds),

annealing (50-60°C, 20 seconds) and extension (72°C, 105-135 seconds) were completed prior to a final

extension (72°C, 3 min). DpnI (NEB, R0176S) digestion was subsequently performed using 2 units DpnI

in 1X CutSmart buffer per 30 µl PCR product for 1 hour at 37°C. DpnI-digested PCR products were

transformed into DB3.1 for plasmid amplification section 2.2.1. Amplified colonies were submitted for

Sanger sequencing after each round of mutagenesis to ensure the desired sites were mutated.

To enable transfection of the RAD51 separation-of-function variants into the hTERT-RPE1 Flp-In T-REx

cell line, the hygromycin resistance cassette was switched for a neomycin resistance cassette for all pDEST-

FLAG FRT TO plasmids. First, the neomycin resistance cassette was PCR-amplified from the pcDNA

3.1+ vector backbone, with primers containing XbaI and PfoI recognition sequences. Both plasmids and

the PCR-amplified neomycin resistance cassette were then digested with 10 units restriction enzymes XbaI

(ThermoScientific, ER0685) and PfoI (ThermoScientific, ER1751) with 4 units Calf Intestinal Alkaline

Phosphatase per 1 µg plasmid DNA for 1 hour at 37°C. Digests were loaded onto a 1% agarose gel and

extracted using the Qiagen Gel Extraction kit. Ligations were then performed with 1:3 vector:insert molar

ratio using a Takara DNA Ligation Kit (Takara Bio, 6023) according to manufacturer’s specifications.

Ligation products were then used for plasmid amplification section 2.2.1.
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2.3 Mammalian cell culture

2.3.1 General cell culture

hTERT-immortalized retinal pigmented epithelial cells (hTERT-RPE-1) were cultured in standard growth

conditions (5% CO2, 37°C) in complete media (1:1 Dulbecco Modified Eagle Medium / Nutrient Mix-

ture F12 supplemented with 10% fetal bovine serum (FBS) (F9665, Merck), 1% penicillin-streptomycin

(15140122, Life Technologies) and 0.123% sodium bicarbonate (S8761, Sigma-Aldrich)). hTERT-RPE1

Flp-In T-REx were grown under similar conditions, including 100 µg/ml Zeocin (ant-zn-1, InvivoGen)

and 10 µg/ml Blasticidin (ant-bl-1, InvivoGen).

HeLa CENP-A-SNAP cells were cultured in standard growth conditions (5% CO2, 37°C) in complete me-

dia (Dulbecco Modified Eagle Medium supplemented with 10% fetal bovine serum (FBS) (F9665, Merck),

1% penicillin-streptomycin (15140122, Life Technologies) and 5 µg/ml blasticidin for the maintenance of

CENP-A-SNAP).

2.3.2 Transfections

hTERT-RPE1 Flp-In T-REx cells expressing RAD51 separation-of-function variants were generated by

transfecting cells with 500 ng pDEST-FRT plasmids containing FLAG, FLAG-RAD51-WT, FLAG-

RAD51-K133R, FLAG-RAD51-T131P or FLAG-RAD51-II3A with 2 µg pOG44 using Lipofectamine

LTX, according to manufacturer’s specifications. Selection was done in 500 µg/ml G418 (G8168, Sigma-

Aldrich), and maintained in 200 µg/ml G418 and 10 µg/ml Blasticidin. To induce variant expression,

cells were incubated with complete media containing 1 µg/ml doxycycline (D9891, Sigma Aldrich) for at

least 24 hours.

2.3.3 siRNA transfections

Lipofectamine RNAiMAX (13778075, ThermoFisher) was used for siRNA-mediated depletion according

to manufacturer’s recommendation. A final concentration of 20 nM siRNA was used for siRAD51,

siBRCA2, siCENP-A or the universal negative control siMisNeg (SIC001, Merck) using the sequences

listed in section 2.1.3.2. Cells were further incubated for 24 hours before changing media to fresh

complete media and harvesting at the indicated times for analysis.

2.3.4 Cell cycle regulation

To enrich for mitotic cells, cells were incubated with 5 µM S-trityl-L-cysteine (STLC) (164739, Sigma-

Aldrich) for the indicated period (usually ∼3-6 hours). Miotic cells were specifically collected by mitotic
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shake-off, by banging dishes against a hard surface and collecting dislodged cells in the supernatant.

To induce quiescence (i.e., non-replicating conditions), cells were treated with serum-starved media (media

with usual additives except for 0.5% FBS instead of 5% FBS). Following 24 hours serum starvation, cell

proliferation was effectively halted. When assessing the proportion of proliferating cells, samples were

incubated in 10 µM 5’ethynyl-2’-deoxyuridine (EdU) to label DNA replication and harvested for flow

cytometry analysis section 2.4.6 at the indicated times.

2.4 Molecular biology techniques

2.4.1 Western blotting

To verify protein depletion by western blot, cells were harvested by trypsinization at the indicated time

points by centrifugation (500g, 5 min) and washed twice with ice-cold PBS. After the second wash,

cell pellets were weighed to estimate pellet mass and resuspended in NETN150 buffer (50 mM Tris-

HCl pH 8.0, 150 mM NaCl, 2 mM EDTA, 0.5% NP-40, 10 mM Benzamidine HCl, 10 mM NaF, 1 mM

sodium glycerophosphate, 1 mM dithiothreitol, 25U/ml Benzonase nuclease supplemented with protease

inhibitor cocktail (P2714, Sigma-Aldrich)) at a volume of 50-100 µl per 10 mg cells. Cells were then

left on ice for 30 minutes with occasional agitation by vortex. Pellets were then centrifuged for >15

minutes at 16,100g to pellet debris, and the supernatant was collected as the whole cell extract (WCE).

Protein concentrations were measured by the Bradford protein concentration assay (BioRad, #5000006)

according to manufacturer’s recommendations. WCEs were diluted to 1-2 mg/ml protein, and ∼25 µg

protein was loaded on an SDS-PAGE gel (ThermoFisher, MP0322BOX) along with 2.5 µl protein ladder

protein ladder (Geneflow, S6-0024). The SDS-PAGE gel was run at 80-120V for 2-4 hours, or until the

desired resolution was reached.

Gels were then removed and transferred to 0.2 µM or 0.45 µM nitrocellulose membranes, depending on

the protein of interest, for 10V overnight, 70V for 3 hours, or 90V for 1 hour. For transfer, the gel and

membrane were surrounded by two layers of Whatman paper on either end in transfer buffer (100 mM

Tris, 767 mM glycine, 10% methanol). The membrane was stained with Ponceau (0.1% Ponceau in 5%

acetic acid) to visualize protein loading, and then blocked in PBST (PBS + 0.05% Tween-20) with 5%

milk for 30-60 minutes. Membranes were then incubated with primary antibodies (dilutions listed in

section 2.1.4.1) at 4°C overnight. The next day, membranes were washed thrice for 5 minutes in PBST,

incubated with secondary antibodies (dilutions listed in section 2.1.4.2) for 1 hour at room temperature

and washed thrice in PBST again. Finally, membranes were reacted with a 1:1 ECL Western Blotting

detection solution and developed using a Curix 60 tabletop processor.
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2.4.2 Cell lysis and DNA extraction

To extract DNA from cells directly, cells were harvested by trypsinization, washed in PBS, counted, and

lysed in cell lysis solution (10 mM Tris-Cl pH 8.0, 100 mM EDTA, 0.5% w/v SDS), adding ∼200 µl per

1M cells. RNaseA (Sigma, R6513) was added at ∼50 µg/ml and incubated at room temperature for ∼30

minutes. Proteinase K (Roche, 03115887001) was subsequently added (1:20 of stock), and samples were

incubated at 50°C for at least 1 hour and allowed to cool to room temperature before proceeding.

For DNA extraction, an equivalent volume 25:24:1 phenol-chloroform-isoamyl solution (P3803, Sigma)

was added to each sample in the chemical hood and mixed by vortexing for 2 minutes at max speed.

Samples were centrifuged for 2 minutes at max speed, and the top layer was subsequently transferred

to a new tube. These steps were then repeated using just chloroform (288306, Sigma), once again using

a chemical hood, and moving the top layer to a new tube. At this point, 1 µl glycogen (10901393001,

Roche) could be added to each sample and mixed vigorously to aid pellet formation. To each sample, 2X

volume ice-cold 100% EtOH was added, mixed vigorously, and samples were incubated for 20+ mins at

-80°C. Samples were then centrifuged for 30 minutes at max speed (4°C) and pellets were washed once

with ice-cold 70% EtOH, centrifuging for 10 minutes at max speed (4 °C) to form DNA pellets. Once any

residual EtOH was removed, pellets were air-dried for ∼20 minutes and resuspended in dH2O to desired

volume.

2.4.3 Chromatin immunoprecipitation (ChIP)

For chromatin immunoprecipitation (ChIP) experiments, cells were seeded in 15-cm dishes at densities to

reach desired confluence at the point of harvesting. Where indicated, siRNA transfections were performed

as described above (section 2.3.2). At the indicated time points, cells were harvested by trypsinization,

washed twice in ice-cold PBS, and counted. If needed, cell aliquots were collected at this time for

subsequent protein analysis by Western blotting (section 2.4.1). Cells were then fixed for 8 minutes,

RT in ice-cold PBS containing 1% formaldehyde (Sigma, F1635) at a concentration of ∼7 million cells per

ml, mixing initially by gentle vortex throughout. Fixation was then quenched by adding 125 mM glycine,

mixing thoroughly, and incubating for 5 minutes at room temperature. Samples were then washed twice

in ice-cold PBS. Samples were resuspended in cell lysis buffer (10 mM PIPES pH 7.5, 85 mM KCl, 0.5%

NP-40, 1X Sigma protease inhibitor cocktail, 10 mM benzamidine hydrochloride) to a final concentration

of 5 million cells per ml and incubated for 10 minutes on ice to isolate nuclei. Nuclei were then collected

by centrifugation (3 min, 1000g, 4°C) and resuspended in ChIP buffer (20 mM Tris-Cl pH 7.5, 150 mM

NaCl, 1 mM EDTA, 0.5 mM EGTA, 1% Triton X-100, 0.1% sodium deoxycholate, 0.1% SDS, 1X Sigma

protease inhibitor cocktail, 10 mM benzamidine hydrochloride) at ∼1 ml ChIP buffer per 10 million

cells. Samples were then sonicated for 5 cycles of 10 minutes (30 seconds on, 30 seconds off) to shear
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chromatin using an ultra sonicator water bath (Bioruptor, Diagenode). Note that sonication times should

be optimized for a given cell line and treatment condition.

Cellular debris was then pelleted by centrifugation (15 min, 16100g, 4°C) and supernatants were collected

for further processing. Western Blot aliquots (∼10 µl) were collected at this point as the ‘input’ sample.

While resting on ice, aliquots (30-60 µl) of the sheared chromatin were analyzed to ensure successful

shearing. First, aliquoted quality-control samples were incubated with 300 mM NaCl, ∼720 µg/ml

RNaseA (Sigma, R6513) and 4 µl Proteinase K (Roche, 03115887001) in nuclease free TE buffer for 3

hours at 65°C with moderate agitation on a mixer (∼600rpm). DNA was then extracted according to

the standard protocol (section 2.4.2), and concentrations were measured by Nanodrop, ideally ranging

between 50-200 ng/µl. 500 ng of DNA was then run on a 1.5% agarose gel to verify successful sonication

(∼300-500bp).

Using the concentrations calculated from the quality-control samples above, ∼40 µg sheared chromatin

was then incubated with 2.0 µg primary antibodies (listed in section 2.1.4.1)) overnight at 4°C with

gentle agitation, preferably on a rotator wheel. Protein G Dynabeads (ThermoFisher, 1003D) (∼20 µl

per sample) were washed twice in ChIP buffer using magnetic stands and blocked overnight in ChIP

buffer with 5 mg/ml BSA, at 4°C with gentle agitation.

The following day, Protein G Dynabeads were washed twice in ChIP buffer and resuspended in the

original volume. Samples incubated with primary antibodies were then added to 20 µl of Protein G

beads and further incubated at 4°C for 2 hours with gentle agitation. Beads were then washed twice in

low-salt wash buffer (20 mM Tris-Cl pH 8, 150 mM NaCl, 2 mM EDTA, 1% Triton X-100, 0.1% SDS,

1X Sigma protease inhibitor cocktail, 10 mM benzamidine hydrochloride), twice in high-salt wash buffer

(20 mM Tris-Cl pH 8, 500 mM NaCl, 2 mM EDTA, 1% Triton X-100, 0.1% SDS, 1X Sigma protease

inhibitor cocktail, 10 mM benzamidine hydrochloride), once in LiCl wash buffer (20 mM Tric-Cl pH 8,

250 mM LiCl, 1 mM EDTA, 1% sodium deoxycholate, 1X Sigma protease inhibitor cocktail, 10 mM

benzamidine hydrochloride), and once in TE buffer (10 mM Tris-Cl pH 8, 1 mM EDTA). Finally, beads

were resuspended in 200 µl Elution buffer (10 mM Tris-Cl pH 8, 1 mM EDTA, 1% SDS) and incubated

at 65°C for 20 minutes with strong agitation (1000 rpm). Supernatants were then collected, and Western

blot aliquots were taken at this point to verify immunoprecipitation efficiency. Crosslinks were then

reversed overnight by incubating samples in 300 mM NaCl, ∼720 µg/ml RNaseA (Sigma, R6513) and

1:20 Proteinase K (Roche, 03115887001) in nuclease free TE buffer at 65°C with moderate agitation on

a mixer (∼600rpm). DNA was extracted (section 2.4.2), and DNA samples were subsequently assessed

by qPCR.

Page 49



Xanita Saayman Materials and methods

For qPCR analysis, optimization curves were first performed on an input sample to determine optimal

DNA dilutions for linear amplification of each qPCR primer (listed in section 2.1.3.4). Following

dilution, 3 µl of DNA was assessed using SensiFAST SYBR No-ROX kit (BIO-98005, Meridian Bioscience)

on the Rotorgene Q Real-Time PCR System (Qiagen) using Q-Rex software. Amplification conditions

included an initial melting at 95°C for 30 seconds, followed by 40 cycles of amplification (95°C 5 seconds,

62°C 30 seconds). Technical triplicates were performed for each reading. Arbitrary thresholds were chosen

to determine Ct, and relative DNA levels were calculated as 2-∆ ∆Ct where Ct values are subtracted from

two controls, as specified in figure legends. Where indicated, qPCR products were run on a 2% agarose

gel along with a 100-bp molecular ladder to visualize product sizes.

2.4.4 Reverse transcription polymerase chain reaction (RT-PCR)

RNA was extracted from mitotic or quiescent populations using TRI reagent solution (AM9738, Thermo

Fisher Scientific) according to manufacturer’s recommendations. Extracted RNA was tested by Nanodrop

to verify nucleic acid quality and diluted to a consistent concentration between samples. If phenol

contaminations were evident by an elevated A280 peak, nucleic acids were re-precipitated. Briefly, 0.1X

volume 3M sodium acetate was added to contaminated samples along with 2.5X volume 100% Ethanol

(EtOH). Following robust mixture, samples were incubated at -80°C for >30 mins, and centrifuged at

12,000g, 4°C for 20 mins. Pellets were vigorously washed once in cold 70% EtOH and centrifuged again

at 12,000g, 4°C for 10 minutes. After removing supernatant and air-drying for 10 minutes, samples were

resuspended in 25 µl nuclease-free dH2O and diluted to a consistent concentration between samples.

Contaminating genomic DNA was then removed by two successive rounds of DNase treatment using

the TURBO DNA-free kit (AM1907, Invitrogen). Up to 2 µg RNA was then reverse-transcribed to

cDNA using a high-capacity cDNA reverse transcription kit (4368814, Applied Biosystems), including a

non-reverse transcribed (RT-) sample to detect any signal contributions from contaminating gDNA. The

equivalent of 1-100 ng cDNA input (as specified in section 2.1.3.3 or indicated in figure legends) was

then assessed by qPCR using SensiFAST SYBR No-ROX kit (BIO-98005, Meridian Bioscience) on the

Rotorgene Q Real-Time PCR System (Qiagen) using Q-Rex software. Amplification conditions included

an initial melting at 95°C for 30 seconds, followed by 40 cycles of amplification (95°C 5 seconds, 62°C

30 seconds). Technical triplicates were performed for each reading. Arbitrary thresholds were chosen to

determine Ct, and relative RNA levels were calculated as 2-∆Ct(treatment-control), with respective controls

indicated in each figure legend.
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2.4.5 Flow cytometry

First, cells were harvested by trypsinization and pelleted by centrifugation (500g, 5 min). Cell pellets

were then washed twice in PBS and fixed in 70% EtOH overnight at 4°C. The following day, fixed cells

were washed twice in PBS, followed by a resuspension in PBSTri-BSA (PBS, 0.1% Triton X-100, 1%

BSA) and incubation on ice for 15 minutes. Cells were then washed thrice in PBST-BSA (PBS, 0.1%

Tween 20, 1% BSA). To label EdU as a marker of cell proliferation, the Click-iT reaction was used

to label any incorporated EdU in Click-iT reaction buffer (PBS pH 7.2, 2 mM CuSO4, 10 mM sodium

ascorbate (A4034, Sigma-Aldrich), 10 µM Alexa Fluor Azide (A20012, ThermoFisher Scientific)) at room

temperature. Any remaining Click-iT solution was washed out with three washes in PBST-BSA, and cells

were finally resuspended in DAPI staining solution (PBS, 0.1% BSA, 100 µl RNaseA and 2 µg/ml DAPI)

prior to flow cytometry. Samples were analyzed on the Cytoflex LX using CytExpert (v.2.3.0.84) and data

processed using FlowJo (v10.6.2) (https://www.flowjo.com/). Single cells were selectively analyzed by

SSC-A, FSC-A and FSC-W using standard gating strategies, as described in text and EdU+ proportions

gated as shown in Figure 4.5D.

2.4.6 Cell survival analysis (WST-1)

To determine cell survival in the hTERT-RPE1 RAD51 variant lines, cells were seeded at 1K per well

in a 96-well plate in technical triplicate, with or without 1 µg/ml doxycycline, where indicated. The

following day, endogenous RAD51 was depleted using the protocol described above (section 2.3.3), and

cells received fresh media with or without 1 µg/ml doxycycline the following day. Fresh media was given

every second day. 96 hours following siRNA transfections, cells were incubated with complete media

containing 10% WST (5015944001, Roche) for 1 hour at 37°C before reading plate absorbance at 450 and

650 nm. Cell survival was calculated based on 450 nm readings subtracted from the background (650

nm) and converted to a percentage of the negative control.

2.5 Microscopy techniques

2.5.1 exo-FISH

At the indicated time points, cells were harvested by trypsinization, washed in 1X PBS and counted.

An equivalent number of cells (usually ∼100K) were aliquoted for downstream processing, keeping cell

numbers consistent between experimental conditions. Cells were then resuspended in 0.56% KCl (∼20K

cells / ml) and incubated at room temperature for 20 minutes. Cells were then spun down (4 min,

500g), resuspended in ∼100 µl PBS gently but thoroughly and fixed in 3:1 methanol:acetic acid for 20

minutes, adding fixative in gently while rocking samples to prevent cell aggregation. Fixed cells were
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then pelleted again (4 min, 500g), resuspended gently in ∼60 µl remaining fixative and spread onto glass

slides (12392138, Thermo Fisher Scientific) by dropping ∼10 µl cell solution onto a ∼20 µl drop of water.

Since the density of cells can influence the FISH signal intensity, a consistent number of cells (∼20-50K)

were spread homogenously on each slide and should be optimized for each cell line. Slides were dried

overnight at room temperature in the dark. Visual inspection by light microscopy should be performed

to ensure cell spreading is homogenous before proceeding with FISH processing.

The following day, slides were rehydrated in PBS for 5 minutes at room temperature in coplin jars and

treated with 0.5 mg/ml RNaseA (R6513, Sigma-Aldrich) for 10 minutes at 37°C in a humidified chamber.

Slides were then incubated with 50-200 mU/µl Exonuclease III (M1811, Promega) in 1X Exonuclease III

buffer (50 mM Tris-Cl, 5 mM MgCl2, 5 mM DTT, pH 8) for 30 minutes at 37°C in a humidified chamber.

Slides were serially dehydrated with 70%, 95% and 100% EtOH, 5 minutes each, and air-dried. Slides

were then treated with 200 nM CENPBR-Cy3 (F3009, PNABio) as well as 200 nM TelC-Cy5 (F1003,

PNABio) (where indicated) for 90-120 minutes at room temperature. Before treatment, PNA probes

were dissolved and mixed vigorously in hybridization solution (10 mM Tris-Cl pH 7.2, 70% formamide,

0.5% blocking solution (blocking solution: 10% blocking reagent (w/v, 11096176001, Roche) dissolved in

maleic acid buffer (100 mM maleic acid, 150 mM NaCl, pH 7.5))). Slides were washed for 15 minutes

in hybridization wash buffer #1 (10 mM Tris-HCl pH 7.2, 70% formamide, 0.1% BSA), followed by 3

5-minute washes in hybridization wash buffer #2 (0.1M Tris-HCl pH 7.2, 0.15 M NaCl, 0.08% Tween-

20). Finally, slides were once again serially dehydrated in 70%, 95% and 100% EtOH, 5 minutes each,

before air-drying and mounting on ProLong mounting media containing DAPI (P10144, ThermoFisher

Scientific).

Slides were finally imaged with the Olympus FV1000 Fluoview Laser Scanning Microscope with Becker

and Hickel FLIM system and FV10-ASW software (v4.2), and cell aggregates were avoided when imaging.

To ensure unbiased imaging and quantification, cells were selected by DAPI staining only and quantifica-

tion was automated. Image processing and quantification are described below (section 2.6.3). For the

validation of exo-FISH using restriction enzymes in vitro, cells were treated with 25 mU/µl (total 5U)

BsmAI (R0529S, NEB) or Nt.BsmAI (R0121S, NEB) in 1X CutSmart Buffer (NEB) for 1 hour at 37°C in

a humidified chamber, in between the RNaseA digestion and the ExoIII treatment. The negative control

was treated with 1X CutSmart Buffer alone. Where indicated, cells were treated with 25 µM Etoposide

(E1383, Sigma-Aldrich) or the corresponding volume of 100% DMSO (D2650, Sigma-Aldrich).

2.5.2 Native immuno-cytofluorescence (ICF)

Mitotic cells (enriched as in section 2.3.4) were collected by mitotic shake-off, washed in PBS, counted,

and diluted to a consistent cell concentration in 0.56% KCl (usually 100-250K cells/ml). Cells were then
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incubated for 10-15 minutes at room temperature with gentle rocking. Cells were spun down onto glass

slides (∼10K cells) using a cyto-spinner. Slides were then incubated in KCM buffer (10 mM KCl, 10

mM Tris-Cl pH 8.0, 1 mM EGTA, 0.1% Triton X-100, pH 7.5) for 10 minutes. For immunofluorescence

staining, slides were incubated with primary antibodies (as specified in section 2.1.4.1) for 1 hour at

37°C in KCM with 3% BSA, followed by a 15-minute wash in KCM buffer. Slides were then incubated

with secondary antibodies for 1 hour at 37°C in KCM with 3% BSA, washed in KCM for 15 minutes,

and fixed with 3.5% PFA in PBS for 20 minutes. After washing slides three times with PBS, with the

second wash containing 500 ng/ml DAPI (564907, BD Biosciences), slides were finally mounted using

ProLong mounting media containing DAPI (P10144, ThermoFisher Scientific). Slides were imaged with

the Olympus FV1000 Fluoview Laser Scanning Microscope with Becker and Hickel FLIM system and

FV10-ASW software (v4.2), and cell aggregates were avoided when imaging. To ensure unbiased imaging

and quantification, cells were selected by DAPI staining only and quantification was automated. Image

processing and quantification are described below (section 2.6.3).

2.5.3 Immunofluorescence (IF)

First, 12-mm coverslips were pre-treated with ∼1 ml poly-L-lysine for 15 minutes and air-dried for ∼15

minutes. Cells were harvested at the indicated times, washed in PBS, counted, resuspended to a consistent

cell concentration in PBS, and seeded at ∼50K cells per pre-treated coverslip for 15 minutes. Cells were

left at 4°C for 10 minutes until firmly attached to coverslips and fixed in 4% PFA in PBS (28906, Pierce)

in PBS at room temperature for 10 minutes. PFA solution was added very gently to avoid washing away

cells. Coverslips were then quenched in ∼1 ml 0.1M Tris-Cl pH 7.5 for 5 minutes, washed in PBS and

stored for up to 2 weeks in PBS containing 0.04% NaN3 at 4°C.

Slips were permeabilized in ∼500 µl PBS-TX (PBS, 0.1% (v/v) Triton X-100) for 10 minutes, incubated

in IF blocking buffer (PBS, 2% (v/v) FBS, 2% (w/v) BSA, 0.1% (v/v) Triton X-100, 0.04% (w/v) NaN3)

for 30 minutes at 37°C, and incubated with primary antibodies (as listed in section 2.1.4.1) diluted

in IF blocking buffer for 1 hour at 37°C, both in a humidified chamber. Slides were then washed thrice

with PBS-TX, incubated with secondary antibodies (as listed in section section 2.1.4.2) diluted in IF

blocking buffer for 1 hour at 37°C and washed again thrice in PBS-TX before mounting using ProLong

mounting media containing DAPI (P10144, ThermoFisher Scientific).

Slides were imaged with the Olympus FV1000 Fluoview Laser Scanning Microscope with Becker and

Hickel FLIM system and FV10-ASW software (v4.2), and cell aggregates were avoided when imaging. To

ensure unbiased imaging and quantification, cells were selected by DAPI staining only and quantification

was automated. Image processing and quantification are described below (section 2.6.3).
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2.5.4 SNAP labelling for CENP-A deposition and stability assays

For CENP-A-SNAP labelling in the loading assay, HeLa CENP-A-SNAP cells were seeded at 20K cells

per 12-mm poly-L-lysine-pre-treated coverslips. On the following day, siRNA treatments were performed

as described above (section 2.3.3). A day later, slides were quenched with complete mediate containing

2 µM SNAP blocking reagent (BTP) (S9106S, NEB) for 30 minutes at 37°C, followed by three washes

in 37°C PBS and another 30-minute incubation in complete media. Cells were then washed thrice in

37°C PBS and allowed to grow for 48 hours before pulse-labelling CENP-A-SNAP. For pulse-labelling,

cells were incubated with complete media containing 2 µM TMR-Star (S9105S, NEB) for 15 minutes at

37°C, followed by PBS and media washes as described in the quenching step. Slides were then fixed and

processed for immunofluorescence as described above (section 2.5.3).

For CENP-A-SNAP labelling in the stability assay, a single pulse using 2 µM TMR-Star was performed

as described above directly before siRNA treatment (section 2.2.3). Slides were collected every 24 hours

for 72 hours and fixed for immunofluorescence as described above (section 2.5.3).

Slides were imaged with the Olympus FV1000 Fluoview Laser Scanning Microscope with Becker and

Hickel FLIM system and FV10-ASW software (v4.2), and cell aggregates were avoided when imaging. To

ensure unbiased imaging and quantification, cells were selected by DAPI staining and quantification was

automated. Image processing and quantification are described below (section 2.6.3).

2.6 Data analysis

2.6.1 Frequency analysis of arm copy-number alterations (arm-CNAs)

First, all ‘early’ driver event, as identified in Gerstung et al., were manually aggregated from 38 different

tumor types, including base mutations (e.g., KRAS), chromosome arm gain/loss (e.g., -17p), whole

chromosome gain/loss (e.g., loss 2) and small structural variants (e.g., homdel 9p21.3). Each type of

mutation was then counted and divided by the total number of tumor types to calculate the proportion

of tumor types exhibiting that driver event as an ‘early’ event. Finally, the total number of events within

each subclass were divided by the total number of driver events, indicating the relative contribution of

each subclass to early carcinogenesis.

2.6.2 Short read sequencing analysis

Custom scripts are provided in the Appendix. First, short-read sequencing data were trimmed using

Trimmomatic (v. 0.39) (Bolger et al., 2014), ensuring read lengths were consistent between samples

to be compared, and read quality was verified using FASTQC (v.0.11.5). Reads were then aligned

Page 54



Xanita Saayman Materials and methods

to the CHM13v1.0 assembly (Nurk et al., 2021) using BWA-ALN (Li, 2013) with high stringency (no

mismatches allowed, -n 0). BWA-SAMSE and SAMtools (v1.8) (Li et al., 2009) were used to convert

aligned reads into BAM format. PCR duplicates were removed using SAMtools. To ensure multi-mappers

were only aligned once, BAM files were further filtered using SAMtools with FLAG score -F 2308. Using

deepTools (v. 3.5.1) (Ramı́rez et al., 2016), read scores across chromosomal coordinates were generated

after normalizing to RPKM for comparisons between datasets. To calculate enrichment scores across

centromeres of each chromosome (e.g., Figure 3.4B), the sums of RPKM-normalized read scores over

CHM13v1.0 centromeric coordinates (Nurk et al., 2021) (available on https://github.com/marbl/CHM13)

were compared to that of the relevant negative control or input sequence. To calculate enrichment

distributions within certain types of repeats (e.g., Figure 3.5A, B), percent of total dataset read scores

mapping to a given coordinate was compared to its size (i.e., percentage genome occupancy). Python

(v.3.8.8 )(Van Rossum and Drake Jr, 1995), Matplotlib (v.3.4.2) (Hunter, 2007), NumPy (v.1.19.1) (Harris

et al., 2020), pandas (v1.2.3) (McKinney, 2010) and pyGenomeTracks (v3.6) (Lopez-Delisle et al., 2021;

Ramı́rez et al., 2018) were all used for data processing and visualization.

2.6.3 exo-FISH, ICF and IF quantification and statistical analysis

Automated quantification scripts are provided in the Appendix. First, cells were segmented according

to DAPI staining to separate cells as regions of interest (ROI). cenFSH or telFISH foci were automat-

ically detected within each ROI using Fiji (v. 2.0.0-rc-69/1.52p) (Schindelin et al., 2012) based on an

arbitrarily determined threshold (usually ∼400 arbitrary units). A 10x10-12x12 pixel box was generated

around each focus and saved, after which the medial signal across all foci of a given cell (i.e., ROI) was

calculated to create a ‘median focus’ per cell. The median value of the perimeter readings was then

used to estimate the background signal, and this was subtracted from the median focus. Representa-

tive median foci were plotted using seaborn (v.0.11.1) (Waskom, 2021). For beeswarm plotting in Prism

(www.graphpad.com), the sum of fluorescence signal within the background-subtracted median focus was

calculated to encapsulate both focus intensity as well as size.

For native ICF and IF, the same approach as described above was used except CENP-B foci were

automatically detected using an arbitrarily chosen threshold and used to define the 10x10-12x12 pixel

box. The background-subtracted signal intensity of CENP-B as well as the secondary signal (e.g., CENP-

A / γH2A.X / TOPIIα/ Pol II / Pol II – S2P) was then calculated within the CENP-B-defined box.

Student’s two-sided paired t-tests were used to compare the medians/averages of three biological replicates

between experimental conditions using GraphPAD Prism 8 for Mac OSX (v.8.4.3) (www.graphpad.com).

p value ≤ 0.05 = *; ≤ 0.01 = **; ≤ 0.001 = ***; ≤ 0.0001 = ****. Since the sample size (n=3) for each

statistical test was too small to perform normality tests, parametric tests were chosen. No adjustments
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for multiple comparisons were made since any data with multiple comparisons only contained positive

controls as additional comparisons. Python (v.3.8.8) (Van Rossum and Drake Jr, 1995), Matplotlib

(v.3.4.2) (Hunter, 2007), NumPy (v.1.19.1) (Harris et al., 2020), pandas (v1.2.3)(McKinney, 2010) and

seaborn (v.0.11.1) (Waskom, 2021) were all used for data processing and visualization.
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Chapter 3

Investigating innate DNA fragility at human

centromeres

3.1 Introduction

3.1.1 Centromeres as sites of chromosomal breakage in human disease

As discussed in section 3.2.1.3, centromeres and surrounding pericentromeres can act as potent sources

of genome instability (Barra and Fachinetti, 2018; Black and Giunta, 2018). Perhaps one of the best

illustrations of (peri)centromeres as sources of genome instability is the high incidence of chromosome

arm copy-number alterations (arm-CNAs) observed in carcinogenesis. Chromosome arm-CNAs are a gain

or loss of an entire chromosome arm, and one of the most common forms of structural rearrangements in

tumour cells as identified by two pan-cancer genomic analyses (Beroukhim et al., 2010; Kim et al., 2013).

arm-CNAs can conceivably result from at least three mechanisms during cell division (Figure 3.1). First,

unrepaired DSBs at or near centromeres can result in a loss of a chromosome arm upon cell division.

Second, DSBs at or near centromeres can initiate NHEJ-mediated translocations, resulting in whole-arm

chromosomal translocations and eventually arm-CNAs. Finally, non-allelic homologous recombination

(HR) repair between non-allelic repeats can result in unbalanced arm translocations, ultimately forming

arm-CNAs. Importantly, all three mechanisms rely on an initiating double-stranded or single-stranded

DNA break. NHEJ requires two DSB ends that can be directly ligated. HR, on the other hand, can be

initiated by many different forms of DNA damage including DNA DSBs and SSBs (Li and Heyer, 2008;

Maizels and Davis, 2018) (section 1.1.1.4).
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Figure 3.1: Mechanisms of arm-CNAs due to centromeric breakage. A depiction of three potential
mechanisms by which chromosome arm copy-number alterations (CNAs) can conceivably form. Each
panel contains two non-homologous chromosomes, with the centromeres marked in bold. (A) Unrepaired
double-strand breaks (DSBs) at or near centromeres can produce an acrocentric fragment that is lost
upon cell division. (B) Two DSBs can be incorrectly ligated to induce chromosome arm translocations.
(C, D) DSBs or single-strand breaks (SSBs) can promote homologous recombination (HR). If between
non-allelic sequences, non-allelic HR (NAHR) can result in chromosomal arm rearrangements, once again
forming arm-CNAs upon cell division.

3.1.2 Current understanding of centromeres as fragile sites

While genomic rearrangements are often observed originating at (peri)centromeres, our understanding

of the relevance, nature, and source of centromeric DNA instability is still in its infancy. For example,

while arm-CNAs are frequently observed in tumor samples, it remains unclear whether arm-CNAs are

an active driving force of genome instability or an inadvertent outcome of global genome instability.

As comprehensively discussed in section 1.3.5, there is no no clear consensus on what induces (peri)centromere-

derived rearrangements, but several broad hypotheses exist based on either the atypical DNA or chromatin

structure at (peri)centromeres. First, secondary DNA structures at centromeres can theoretically inter-

fere with replication progression as well as act as targets for structure-specific endonucleases (section

1.3.5.1). Second, the specialized chromatin environment at centromeres may adopt unusual structures,

rendering centromeres inherently more susceptible to DNA breakage (section 1.3.5.2). Despite some
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preliminary data supporting the feasibility of these hypotheses, it remains largely unclear why centromeres

are inherently more fragile than the rest of the genome, and frequent drivers of genome instability (e.g.,

through arm-CNA formation).

In this chapter, I set out to first investigate the prevalence of arm-CNAs, a signature outcome of cen-

tromere instability, in early carcinogenesis, as a proxy for arm-CNAs potential role in driving human

disease. Second, I set out to determine whether centromeres are indeed more prone to DNA damage

than the rest of the genome, in the form of single- or double-stranded DNA breaks. Third, I worked to

investigate potential sources of DNA instability acting at human centromeres. Through these studies,

important questions are raised about the DNA damage signaling responses acting at human centromeres,

which are further explored.

3.2 Results

3.2.1 Investigating spontaneous DNA fragility originating at human cen-

tromeres

3.2.1.1 Chromosome arm gains and losses as early drivers of carcinogenesis

It has been known for many years that chromosome arm gains and losses, as well as DNA breaks origi-

nating at centromeres, occur frequently in tumours (Barra and Fachinetti, 2018; Black and Giunta, 2018;

Kim et al., 2013). However, an outstanding question is whether such arm-CNAs contribute to the onset

of cancer or whether they are an indirect result of a hyper-mutagenic cancer environment. For some

insight into this question, I analysed data from ‘The evolutionary history of 2,658 cancers’ as part of

the Pan-Cancer Analysis of Whole Genomes (PCAWG) (Gerstung et al., 2020). The authors of this

paper computationally reconstructed the life history of mutational processes across 2,658 cancer samples

to identify the early somatic drivers of carcinogenesis, integrating both gene mutations and structural

copy-number changes. Through this analysis, mutation events were classified as ‘early’, ‘intermediate/-

variable’ and ‘late’. Compiling all ‘early’ driver events across 38 tumour types in 2,658 cancer samples,

I first calculated the proportion of tumour samples containing each event as an early driver. These were

further classified as chromosome arm loss/gain events (e.g., loss 17p, gain 3q), base mutations (e.g., TP53,

APC), small structural variations (e.g., -19q13.43, + 7p11.2) and whole chromosome loss/gains (e.g., -6,

+7) (Figure 3.2A). While several known drivers such as TP53 and KRAS mutations were identified as

frequent early mutation events, there was also a striking frequency of chromosome arm loss/gain. Loss

of 17p, 9p and 3p were particularly frequent events, with the loss of 17p being an early driver event in

more that 60% of all tumour samples. Compiling the relative frequency of each class (Figure 3.2B), it
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became apparent that the most frequent class of mutation event was in fact chromosome arm loss/gain.

Chromosome arm copy-number alterations therefore appear to be not only highly prevalent in tumours

with an already mutated genome, but frequent drivers of early carcinogenesis. This ultimately suggests

that chromosome arm copy-number alterations occur frequently and spontaneously (i.e., without an al-

ready perturbed genome), and highlights the importance of understanding the inherent DNA fragility at

human centromeres.
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Figure 3.2: Investigating arm-CNAs as drivers of carcinogenesis. (A) Analyzing publicly available
data (Gerstung et al., 2020), somatic cancer mutations identified as ‘early’ were aggregated and classified
as chromosome arm loss/gain, base mutation, whole chromosome gain/loss or small structural variant.
Within each class, the proportion of tumor types exhibiting a particular early mutation is depicted. (B)
Total proportions of early mutations corresponding to each class described in (A).

3.2.1.2 Spontaneous DNA breaks at human centromeres

Given that chromosome arm-CNAs are recurrent events during early carcinogenesis, I wanted to inves-

tigate what drives such potent DNA instability apparent at human centromeres. As described above,

arm-CNAs can result from at least three mechanisms, all entailing DNA breaks as initiating substrates.

Therefore, I wanted to determine if, and under which conditions, DNA breaks occur at human cen-

tromeres. In recent years, next-generation-sequencing (NGS)-based methods such as GLOE-seq and

END-seq (and other methods recently reviewed elsewhere (Bouwman and Crosetto, 2018)), have been

developed to precisely label broken DNA ends in vitro and identify them at high resolution. Although

repetitive regions such as alpha satellite arrays are typically excluded from NGS analyses due to the

lack of an appropriate reference sequence, the recent completion of a full human sequence reference now
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enables the alignment of short-read sequencing dataset to centromeric arrays (Nurk et al., 2021).

To address this question, I analyzed publicly available datasets mapping the genome-wide distribution of

either SSBs (GLOE-seq) (Sriramachandran et al., 2020) or DSBs (END-seq) (Wong et al., 2021) (Figure

3.3A). Briefly, GLOE-seq identifies 3’hydroxy (OH) ends on DNA through the ligation of biotinylated

adaptors. Biotin capture, adaptor ligation and NGS analysis enables the detection of free 3’ ends of SSBs

as well as 3’ ends of DSBs, with the proximity of end detection distinguishing between SSBs and DSBs.

Alternatively, END-seq relies on direct in situ labeling of blunted DSBs with biotinylated linkers, thereby

selectively identifying DSBs following biotin capture, adaptor ligation and NGS analysis (Figure 3.3A).

As a marker for active centromeres, data from a CENP-A localization study was also included (Thakur

and Henikoff, 2018).

To this end, I developed a customized pipeline to enable NGS analysis at human centromeres (Figure

3.3B). In this pipeline, reads from candidate datasets are first aligned to the newly released T2T-CHM13

reference genome (Nurk et al., 2021). To prevent artificial amplification of the signal across repetitive

elements, any alignments that can map to multiple locations with equal confidence, as would be the case

at repetitive elements, are only reported once. However, because multi-mapping alignments are retained

to assess potential enrichment across repetitive elements, this pipeline circumvents conventional quality

filters (i.e., MAPQ filtering). Therefore, to ensure that alignments have high alignment scores, only

high-stringency alignments (i.e., 0 mismatch tolerance) are reported. Second, the reads are normalized

to the total number of sequencing reads (reads per thousand million, RPKM) to correct for differences in

sequencing depth and directly compare read densities between datasets. The resulting read densities are

then plotted to visualize chromosomal patterns or further processed to calculate centromeric ‘enrichment

scores’ for a more quantitative comparison between datasets (as depicted in (Figure 3.3B)). To calculate

centromeric enrichment scores, the sum of uniquely mapped reads within each centromere are compared

to an input sample of the corresponding cell line.
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Figure 3.3: Detecting DNA breaks at human centromeres. (A) Experimental schematic of GLOE-
seq (Sriramachandran et al., 2020) and END-seq (Wong et al., 2021) for the detection of DNA single-
strand breaks and DNA double-strand breaks genome-wide, respectively. (B) Computational pipeline
for the analysis of next-generation sequencing (NGS) datasets to T2T-CHM13. After read alignment
and normalization, NGS read densities can be visualized or further processed to calculate centromeric
enrichment scores per chromosome.

Surprisingly, this analysis revealed that SSBs, but not particularly DSBs, were strikingly enriched across

centromeric satellite arrays (Figure 3.4A). Calculating centromeric enrichment scores for a more quan-

titative and genome-wide comparison, it was evident that SSBs were enriched at centromeres across all

chromosomes, whereas DSBs were not (Figure 3.4B).
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Figure 3.4: DNA single strand breaks at human centromeres. (A) Alignment of short-read
sequencing data detecting HCT116 DNA single-strand breaks (GLOE-seq) (Sriramachandran et al.,
2020), HCT116 DNA double-strand breaks (END-seq) (Canela et al., 2019) and CENP-A localization
(CUT&RUN) (Thakur and Henikoff, 2018) across the complete sequence of chromosome 10 of the T2T-
CHM13 reference assembly. Centromeric regions (black bar) are composed of alpha satellites within
higher order repeats (HORs), monomeric / diverged alpha satellites, human satellites (HSat), beta satel-
lites, transition regions and other satellites. Inset of chr10 centromere depicts the alignment of GLOE-seq
and END-seq with the corresponding input cell line, as well CENP-A CUT&RUN with the corresponding
negative control (IgG). Read density is calculated as the reads per kilobase per million mapped reads
(RPKM), smoothed using a sliding window for visualisation. (B) Enrichment scores following GLOE-seq
or END-seq across human autosomal centromeres. Enrichment scores were calculated as the sums of
mapped reads within centromeres relative to that of the corresponding input control, after normalizing
to read depth. Chromosomes are organized by descending enrichment score.

A direct comparison between DNA break and CENP-A localization genome-wide revealed a similar

pattern of enrichment across chromosomes, with an additional accumulation of DNA breaks across other

satellite DNAs, rDNA loci (i.e., p arms of chr13, chr14, chr15, chr21, chr22) and telomeres (Figure

3.5A). To determine precisely which satellite DNAs are susceptible to DNA breakage, I extracted the

genomic coordinates of all human satellite annotations from RepeatMasker and asked whether DNA

breaks were enriched across each given satellite annotation. To this end, the percentage of GLOE-seq

reads aligning to a given satellite was quantified relative to the percentage genome occupancy of that

satellite (i.e., the cumulative size of the satellite annotation) (Figure 3.5B). As a control, the same

analysis was performed using a CENP-A localization dataset, and CENP-A was predominantly enriched

at centromeric alpha satellites. Similarly, DNA breaks appeared to enrich predominantly at alpha satellite
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repeats, although there was also a notable enrichment at HSat1/2 (HSATI, HSATII) repeats, which are

found in pericentromeric regions. There was no enrichment of DNA breaks evident at any other type of

human satellite DNA.
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Figure 3.5: Investigating the distribution of DNA breaks and CENP-A across human cen-
tromeres. (A) Same as in Figure 3.4A but displaying SSB positioning (GLOE-seq) (above) and
CENP-A positioning (CUT&RUN) (below) across all autosomal chromosomes of T2T-CHM13. p and q
chromosome arms indicated below. (B) Fold enrichment of GLOE-seq and CENP-A CUT&RUN reads
across annotated satellite repeats of the T2T-CHM13 reference sequence. Fold enrichment was calculated
by calculating the percentage of sequencing reads falling within the coordinates of an annotated repeat
type relative to the cumulative size of each repeat type, as a percentage of the full genome. (C) Fold
enrichment of GLOE-seq and CENP-A CUT&RUN reads as calculated in (B) but over centromeric alpha
satellites (ALR/alpha) annotated as being either HOR-associated or monomeric / diverged.

Upon closer inspection, the centromeric DNA breaks appeared to coincide specifically with alpha satellites

found within active centromere HORs, rather than individual alpha satellite monomers located towards

the periphery of active centromeres (Figure 3.5A). To verify this observation quantitatively, I used T2T-

CHM13 centromere annotations to extract the genomic coordinates of alpha satellites classified as either

‘monomeric’ or part of HOR arrays. Once again normalizing to the cumulative size of monomeric/HOR

alpha satellites, enrichment scores were calculated for both GLOE-seq and CENP-A datasets (Figure
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3.5C). Indeed, there was a notable enrichment of reads within HOR alpha satellite arrays, with an

under-enrichment across monomeric satellite repeats.

3.2.1.3 A novel assay for the detection of DNA breaks at repetitive elements

Given the unexpected extent of DNA break enrichment at centromeres, I wanted to validate and further

study this phenomenon in an independent assay without the possible cell-to-cell variation of ensemble

datasets. As discussed in section 1.2.4, several molecular biology and microscopy techniques exist for

the detection of DNA breaks on both a global and locus-specific level. However, these techniques are

either based on ensemble datasets (i.e., without single cell data), or they are only able to compare the

extent of DNA breaks between experimental conditions. Therefore, I sought to find a technique with

which to verify a potential baseline enrichment of DNA breaks at centromeres.
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Figure 3.6: exo-FISH for the detection of centromeric DNA breaks. (A) Schematic of the
detection of DNA single- and double-stranded breaks at repetitive elements using exo-FISH. (B) Depiction
of exo-FISH quantification. Foci are automatically detected and super-positioned for each cell, generating
a ‘median’ cell focus. FISH signal intensity is calculated as the sum of the FISH fluorescence signal within
the median focus following a perimeter-estimated background subtraction. (C, D) Quantification and
representative images of pooled biological replicates depicting the correlation between EXO concentration
and FISH signal intensity using a centromere probe (cenFISH). cenFISH and DAPI signals are shown in
white and blue, respectively. Scale bar represents 10 µm. FISH signal intensity is X10,000 arbitrary units
(A.U.). Each data point represents a median value of a cell, with the median value of each biological
repeat indicated in darker hues. At least 20 cells were imaged per experimental condition. The medians
of each experimental condition were used to perform a two-sided paired t-test (*p<0.05).

To this end, I developed a method with which to directly detect DNA breaks at defined repetitive

loci of the genome in single cells. This method (hereafter named exo-FISH) relies on an in vitro end

resection by Exonuclease III (ExoIII) on fixed cells. ExoIII digests DNA from 3’ ends, using either
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single- or double-strand DNA breaks as an initial substrate, thereby exposing single-strand DNA. This

single-stranded DNA can then be hybridized with a fluorescently labelled complementary probe using

fluorescence in-situ hybridization (FISH) (Figure 3.6A). Any change in the number of DNA breaks would

thereby initiate more ExoIII digestion, resulting in an increase in the exposed ssDNA and ultimately a

higher FISH signal intensity. To quantify FISH signal intensities, I developed an automated microscopy

quantification pipeline based on previous work (Bodor et al., 2012), which will be adopted throughout

this study (Figure 3.6B). First, foci are automatically detected using a signal threshold determined by

eye and consistently applied throughout all image quantification. A 10x10-12x12 pixel box is then drawn

around each focus. For each cell, all foci are super-positioned to generate a ‘median’ focus per cell. The

background signal intensity is estimated based on the perimeter signal readings of the median focus, and

the estimated background is subtracted from each pixel. Finally, a single signal value for each cell is

calculated based on the sum of the fluorescence signal within the background-subtracted median focus,

thereby encapsulating both focus size as well as intensity.

To avoid any potential artefacts due to the inherent DNA instability of cancerous cell lines, exo-FISH

was optimized and primarily used in the diploid, non-transformed, hTERT-immortalized retinal pigment

epithelial-1 (hTERT-RPE1) cell line. First, the concentration of ExoIII was optimized in hTERT-RPE1

to identify a concentration at which cenFISH foci in untreated controls (i.e., 0 mU/µl EXO) were still

detectable without saturating the signal in ExoIII-treated samples. Although there was some experimen-

tal variation in the FISH signal intensity between biological replicates, a comparison of exoFISH signals

between different experiments revealed that the median cenFISH signal per cell generally correlated with

increasing ExoIII concentrations (Figure 3.6C, D). This confirmed that using ∼100-200 mU/µl ExoIII

allows for the detection of centromeric foci in non-treated conditions while still maintaining dynamic

range for the detection of any changes in FISH signal intensity.

To validate that exo-FISH is able to detect both DSBs and SSBs at human centromeres, hTERT-RPE1

cells were collected in mitosis and fixed before inducing either DSBs or SSBs in vitro using the restriction

enzyme BsmAI or the DNA nicking enzyme Nt.BsmAI, respectively. BsmAI and Nt.BsmAI generate

DNA breaks within human centromeres every 895 bps, on average. In the absence of ExoIII treatment,

neither BsmAI nor Nt.BsmAI pre-treatment had any effect on the centromeric FISH signal. In the

presence of ExoIII treatment, pre-treatment with either BsmAI or Nt.BsmAI significantly increased the

signal intensity of the centromeric FISH probe (Figure 3.7A-D). The verification using BsmAI was also

performed in interphase cells to verify that exo-FISH could be applied to non-mitotic cells (Figure 3.7E,

F). The increase in signal intensity selectively upon ExoIII treatment therefore confirmed that exo-FISH

can be used to detect DNA breaks at centromeres.
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Figure 3.7: Validation of exo-FISH. (A-D) Quantification and representative images of DNA break
detection by exo-FISH. hTERT-RPE1 cells were arrested in mitosis by S-trityl-L-cysteine (STLC), har-
vested and fixed. Double-strand breaks (DSBs) or single-strand breaks (SSBs) were induced by restriction
enzyme digestion using BsmAI or Nt.BsmAI, respectively. Experimental controls not including Exonu-
clease III (EXO) digestion or restriction enzyme digestion are included. Quantification was performed
as in Figure 3.6B. (E, F) As in A-D, using hTERT-RPE1 asynchronous cells with or without BsmAI
treatment and EXO treatment (200 mU/µl). Quantification was performed as in Figure 3.6B. Scale bar
represents 10 µm. FISH signal intensity is X10,000 arbitrary units (A.U.). Each data point represents a
median value of a cell, with the median value of each biological repeat indicated in darker hues. At least
20 cells were imaged per experimental condition. The medians of each experimental condition were used
to perform a two-sided paired t-test (*p<0.05).

While optimizing exo-FISH, I observed a consistent increase in the centromeric FISH (cenFISH) signal

upon ExoIII treatment, suggesting the presence of spontaneous DNA breaks at human centromeres even
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in unperturbed conditions (Figure 3.6C, Figure 3.7A, C, E). This was always the case with the

exception of Figure 3.7A, where centromeres appeared to be less responsive to ExoIII treatment in

the absence of BsmAI. However, the normal responsiveness to ExoIII treatment may be masked in this

experiment series, as microscopy settings were amended to capture the FISH signal upon BsmAI-induced

DSBs without saturating the signal. As a result, smaller differences between the ExoIII- and ExoIII+

samples may no longer be readily apparent. To ensure that the ExoIII-dependence of centromere FISH

signals was not an artefact of the protocol itself, I included a FISH probe complementary to telomeric

sequences (telFISH) as an internal control. Indeed, there was no change in telFISH signal intensity upon

ExoIII treatment, suggesting that these spontaneous breaks are indeed specific to centromeres (Figure

3.8A, B). This trend was equally prevalent in interphase (i.e., asynchronously dividing, non-mitotic)

cells (Figure 3.8C, D), further suggesting that centromeric DNA breaks are not restricted to mitosis or

overtly dependent on cell-cycle stage.
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Figure 3.8: Characterizing spontaneous DNA breaks at centromeres. (A, B) Quantification and
representative images of exo-FISH applied to mitotic hTERT-RPE1 cells with and without Exonuclease III
(EXO) treatment. FISH signal intensity was calculated as described in Figure 3.6B for both centromeric
(cenFISH) or telomeric (telFISH) FISH foci. The same threshold was used to define cenFISH and telFISH
foci. cenFISH, telFISH and DAPI signals are shown in white, green, and blue, respectively. (C, D) Same
as in (A, B) but in hTERT-RPE1 asynchronous cells. Quantification performed as described in Figure
3.6B. Scale bar represents 10 µm. FISH signal intensity is X10,000 arbitrary units (A.U.). Each data
point represents a median value of a cell, with the median value of each biological repeat indicated in
darker hues. At least 20 cells were imaged per experimental condition. The medians of each experimental
condition were used to perform a two-sided paired t-test (*p<0.05).
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3.2.1.4 Centromere-specific chromatin in spontaneous centromeric DNA breakage

As described above, centromeres are unusually complex regions of the genome on both a genetic and

epigenetic level. Genetically, centromeres are composed of highly ordered tandem repeats that are prone

to secondary structure formation (Kasinathan and Henikoff, 2018). Epigenetically, centromeres contain

a highly specialized histone variant CENP-A that adopts unusual conformations within DNA (Takizawa

et al., 2020). In addition, CENP-A also precipitates the recruitment of hundreds of proteins as part of

the kinetochore plate, potentially subjecting centromeric chromatin to mechanical stress not experienced

by the rest of the genome (Barnhart et al., 2011; Hori et al., 2013; Mendiburo et al., 2011). Therefore, to

distinguish whether these spontaneous breaks are related to the DNA structure or chromatin structure of

centromeres, I asked whether the localization of CENP-A at centromeres affects the levels of spontaneous

centromeric breaks.

To verify that CENP-A could be efficiently depleted in hTERT-RPE1 cells, asynchronous cells were fixed

and stained for both CENP-A and CENP-B using immunofluorescence (IF). CENP-B, as a sequence-

specific centromere binding protein, serves as a marker of satellite repeats to define centromere location.

To quantify CENP-A intensity within CENP-B-defined centromeres, an approach is taken similar to the

exo-FISH quantification (Figure 3.6B), except quantifying CENP-A intensities based on CENP-B foci

positioning (Figure 3.9A). CENP-B, as a sequence-specific centromere binding protein, functions as

an important internal control to ensure that the efficiency of immunofluorescence staining is consistent

between experimental repeats. First, CENP-B foci are identified in an automated fashion based on a

threshold arbitrarily determined by eye. A 10x10-12x12 pixel centromere ‘box’ is then drawn around

each CENP-B focus. Second, the signal intensities of both CENP-B and CENP-A are measured within

each CENP-B-defined box. The superpositioning of all foci within a given experimental condition then

generates a ‘median focus’ for each channel, which can be plotted as a representative depiction of signal

intensity within centromeres. Finally, to quantify the signal intensity with minimal interference from

background staining, a background subtraction is performed based on the median perimeter reading. The

sum of the background subtracted IF signal within each cell is plotted to visualize biological variation

within each experimental condition (as in Figure 3.9B).

Using this pipeline, I verified that 96 hours of RNAi-mediated depletion of CENP-A was sufficient to

reduce CENP-A levels almost entirely within CENP-B-defined centromeres (Figure 3.9B, C, D). The

same long-term depletion strategy was then applied to assess the levels of centromeric breaks using exo-

FISH. Depletion of CENP-A did not affect the levels of spontaneous centromeric DNA breaks (Figure

3.9E, F), suggesting that these breaks are largely independent of the unique chromatin structure of

CENP-A-containing nucleosomes.
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Figure 3.9: Investigating the contribution of CENP-A to spontaneous centromeric SSBs. (A)
For the quantification of centromere-specific immunofluorescence signals, CENP-B foci were automati-
cally detected after a threshold was arbitrarily assigned by eye, and 10x10-12x12 pixel boxes were drawn
around CENP-B foci. The sum of signal intensities within the CENP-B-defined box were then quantified
following a background subtraction based on perimeter readings. Representative ‘median foci’ are de-
picted here, displaying the median signal of all centromeres across all cells within a single representative
biological repeat. (B, C, D) Quantification, representative images and representative median foci of im-
munofluorescence staining against CENP-A and CENP-B using the method described in Figure 3.9A.
hTERT-RPE1 cells were fixed 96 hours after siRNA-mediated depletion of CENP-A. (E, F) Quantifica-
tion and representative images of exo-FISH following the same experimental protocol as in (B, C, D).
Quantification was performed as described in Figure 3.6B. Scale bar represents 10 µm. FISH signal
intensity is X10,000 arbitrary units (A.U.). Each data point represents a median value of a cell, with
the median value of each biological repeat indicated in darker hues. At least 20 cells were imaged per
experimental condition. The medians of each experimental condition were used to perform a two-sided
paired t-test (*p<0.05).
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3.2.1.5 DNA replication in spontaneous centromeric DNA breakage
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Figure 3.10: DNA replication as a potential source for spontaneous centromeric SSBs. (A)
Validation of serum starvation halting cell proliferation. hTERT-RPE1 were incubated with serum-
starved media (0.5% FBS) for 24 hours and then incubated with EdU for another 24 hours, as proliferating
cells will incorporate EdU into DNA during replication. Cells were then fixed and analyzed by flow
cytometry. Gates were generated using -serum starvation to define the EdU+ population. Forward
scatter (FSC) is an indicator of cell size. (B, C) Quantification and representative images as in Figure
3.8 but in hTERT-RPE1 serum-starved (i.e., non-dividing G1 cells). cenFISH, telFISH and DAPI signals
are shown in white, green, and blue, respectively. Scale bar represents 10 µm. FISH signal intensity is
X10,000 arbitrary units (A.U.). Each data point represents a median value of a cell, with the median
value of each biological repeat indicated in darker hues. At least 20 cells were imaged per experimental
condition. The medians of each experimental condition were used to perform a two-sided paired t-test
(*p<0.05).

Given that the spontaneous centromeric DNA breaks appear to be independent of chromatin structure, I

next turned to the underlying DNA at centromeres. Human centromeres are repetitive and tend to form

secondary structures, suggesting they may be inherently difficult to replicate (Kasinathan and Henikoff,

2018), as supported by the observation that centromeres replicate late in the cell cycle (Erliandri et al.,

2014; Ten Hagen et al., 1990). Therefore, I hypothesized that replication difficulties may underlie the in-

herent propensity for DNA breakage at centromeres. To address this hypothesis, I induced hTERT-RPE1

cells into a state of quiescence using serum-starved media to prevent any proliferation and, thereby, DNA

replication. As little as 24 hours in serum-starved media was sufficient to entirely halt cell proliferation

as detected by EdU incorporation (Figure 3.10A). Under these conditions, the levels of spontaneous

centromeric and telomeric breaks were then assessed using exo-FISH (Figure 3.10B, C). The exo-FISH

signals of cenFISH, but not telFISH, showed the same response to ExoIII treatment as normally divid-
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ing cells (refer to Figure 3.8), suggesting that preventing DNA replication does not affect the levels of

spontaneous DNA breaks at centromeres.

These investigations overall suggest that spontaneous centromeric breaks are not overtly dependent of

DNA replication. While the source of spontaneous DNA nicks at centromeres remains to be identified,

these data ultimately imply the presence of an alternative source of DNA breakage that is particularly

enriched at human alpha satellite HORs and independent of CENP-A-defined chromatin environments.

3.2.2 Characterizing DNA damage signaling at human centromeres

3.2.2.1 DNA damage signaling in response to spontaneous centromeric DNA breaks

The spontaneous centromeric DNA breaks observed in non-transformed human cells was somewhat un-

expected, since a baseline level of DNA fragility in unstressed cells had not previously been reported

at human centromeres. In addition to direct break detection methods analyzed above (e.g., GLOE-seq,

BLESS), DNA breaks have also been commonly detected using indirect methods, such as the locus-specific

activation of the DNA damage response (DDR) by microscopy or chromatin immunoprecipitation. The

current gold standard for DDR activation is S139-phosphorylated H2A.X (γH2A.X), as H2A.X is robustly

phosphorylated in response to both double-strand breaks and extended ssDNA gaps (Mah et al., 2010;

Sedelnikova et al., 2002; Ward and Chen, 2001; Ward et al., 2004).

To test whether spontaneous centromeric breaks can initiate canonical DNA damage signaling, I looked

for an enrichment of γH2A.X phosphorylation at centromeres. Analyzing γH2A.X ChIP-seq performed in

unperturbed cells, there did not appear to be any baseline enrichment of γH2A.X across centromeres, as

would be expected given the spontaneous enrichment of DNA breaks (Figure 3.11A). On a mechanistic

level, this observation raises two distinct possibilities. The first possibility is that the single-strand breaks

accumulated at centromeres are insufficient to induce DNA damage signaling. The second possibility is

that centromeres are refractory to canonical DDR responses. To distinguish between these possibilities,

I sought conditions under which DNA double-strand breaks at centromeres were induced such that the

corresponding DDR could be analyzed.
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Figure 3.11: Investigating DNA damage signaling at human centromeres. (A) Enrichment
scores of γH2A.X ChIP-seq (Lyu et al., 2019) across human autosome centromeres as calculated by
the sum of mapped sequencing reads within centromeres relative to that of the corresponding input
control, after normalizing to read depth, as in Figure 3.3B. Chromosomes are ranked by descending
enrichment score. (B) Enrichment scores of DSB mapping (BLESS) (Crosetto et al., 2013) across human
autosome centromeres as calculated by the sum of mapped sequencing reads within centromeres following
replication stress treatment (0.4 µM aphidicolin; APH) relative to the non-treated control. Quantification
as in Figure 3.3B. (C) Enrichment scores of γH2A.X ChIP-seq (Lyu et al., 2019) across human autosome
centromeres as calculated by the sum of mapped reads within centromeres following replication stress
treatment (0.3 µM aphidicolin; APH) relative to the non-treated control. (D) Alignment of short-read
sequencing data detecting DNA double-strand breaks (BLESS) (Crosetto et al., 2013) with and without
APH as well as γH2A.X ChIP-seq (Lyu et al., 2019) with and without APH across chromosome 19
of T2T-CHM13. Centromeric regions (black bar) are composed of alpha satellites within higher order
repeats (HORs), monomeric / diverged alpha satellites, human satellites (HSat), beta satellites, transition
regions and other satellites. Read density is calculated as the reads per kilobase per million mapped reads
(RPKM), smoothed using a sliding window for visualisation.

3.2.2.2 DNA damage signaling capacity of centromeres

To understand the DDR capacity of centromeres, I wanted to determine whether γH2A.X at centromeres

could be detected under conditions whereby DNA breaks had been induced specifically at centromeres.

In Crosetto et al. 2013, replication stress was induced with the drug aphidicolin (APH) and DNA double-

strand breaks were detected genome-wide using BLESS. From this, the researchers identified aphidicolin-

sensitive regions (ASRs), which were enriched for alpha satellite repeats. This suggested that DNA DSBs

could be induced at centromeres under APH-induced replication stress. A study from another lab in 2019

similarly used a low-dose aphidicolin treatment, albeit in a different cell line, while mapping γH2A.X
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occupancy genome-wide using ChIP-seq. Analyzing both datasets, enrichment scores were calculated in

treated (+APH) relative to untreated (-APH) conditions to determine how replication stress impacted

both centromeric DSBs and γH2A.X signaling. Indeed, this analysis confirmed that DNA DSBs were

mildly induced upon APH treatment, whereas γH2A.X levels at centromeres did not change (Figure

3.11B, C, D). Importantly, caution should be exercised since these were two independent studies from

two independent labs, using different cell lines. However, these results served as an indicator that perhaps

centromeres are in fact refractory to canonical DDR mechanisms.

To further investigate this hypothesis experimentally, I sought to induce conditions under which DNA

DSBs could be induced at human centromeres to map both DNA breaks (using exo-FISH) and DDR

activation. Although CRISPR-mediated breaks targeting alphoid repeats is currently in use by other

groups and could precisely and efficiently induce DNA breaks, this approach would hypothetically gen-

erate tens of thousands of breaks within each centromere, hence exceeding a physiological representation

of canonical DDR signaling thresholds. Therefore, conditions were chosen that could induce DNA breaks

at centromeres at more physiologically representative levels. To this end, I took advantage of the natural

enrichment of the human Topoisomerase IIα (TOPIIα), which acts at mitotic centromeres and generates

transient DNA breaks while resolving topological stress (Rattner et al., 1996). I first verified that TOPIIα

is enriched at centromeres in mitosis in hTERT-RPE1 cells by co-staining TOPIIα and the centromere

marker CENP-B. While TOPIIα localization at centromeres was more diffuse than CENP-B foci, a clear

enrichment at centromeres was observed (Figure 3.12A, B).
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Figure 3.12: DNA damage signaling capacity at human centromeres. (A, B) Representative
image and quantification of native immuno-cytofluorescence (ICF), detecting CENP-B and TOPIIαat
mitotic hTERT-RPE1 cells. Quantification performed as in Figure 3.9A. (C) Experimental schematic.
hTERT-RPE1 cells were enriched in mitosis with S-trityl-L-cysteine (STLC) for 3-5 hours. Mitotic
cells were collected and treated with drugs (DMSO or Etoposide (ETOP)) for 2 hours in the presence
of STLC and harvested for ICF or exo-FISH. (D, E) Quantification and representative images of exo-
FISH following 2 hours DMSO or ETOP treatment. Quantification as described in Figure 3.6B, and
signal intensities normalized to the DMSO-EXO condition. cenFISH and DAPI signals are shown in
white and blue, respectively. (F, G) Quantification and representative images of γH2A.X and CENP-
B detection with ICF following 2 hours DMSO or ETOP treatment. Quantification of chromosomal
γH2A.X was performed by calculating the sum of the total γH2A.X fluorescence intensity relative to the
sum of the DAPI signal within each spread. (H) Median foci of γH2A.X and CENP-B within CENP-B
defined centromeres. (I) Quantification of centromeric γH2A.X and CENP-B within CENP-B defined
centromeres, quantified as in Figure 3.9A. (J) Quantification of centromeric pRPA(S4-8) and CENP-B
within CENP-B defined centromeres, quantified as in Figure 3.9A. Arbitrary enrichment thresholds
set at 10,000 A.U. Scale bar represents 10 µm. Each data point represents a median value of a cell,
with the median of each biological replicate indicated in darker hues. IF and FISH signal intensities are
X10,000 A.U., except for in (D) and (F). At least 10 (MSO-ICF) or 30 (cenFISH) cells were imaged per
experimental condition. The medians of each experimental condition were used to perform a two-sided
paired t-test (*p<0.05, **p<0.01).
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Poisoning TOPIIα with the drug Etoposide (ETOP) converts transient DNA breaks into permanent

breaks to rapidly induce DSBs at centromeres in hTERT-RPE1 mitotic cells, resulting in conditions in

which DDR activation can be assessed (Figure 3.12C). I first confirmed, using exo-FISH, that Etoposide

treatment for 2 hours in mitotically arrested cells resulted in an increase in centromeric DNA breaks

(Figure 3.12D, E). Under the same conditions, I then assessed DDR marker activation by quantifying

the levels of γH2A.X in response to Etoposide treatment. There was a notable induction of γH2A.X

signaling on chromosome arms in Etoposide-treated cells, as quantified by the sum of the signal intensity

on DAPI-stained DNA, normalized to the total DAPI intensity of a given cell (Figure 3.12F, G). When

quantifying the background-subtracted signal intensity within CENP-B-defined centromeres, there was

no baseline enrichment of γH2A.X at centromeres. Upon Etoposide treatment, there was a small but

non-significant (p=0.14) increase in γH2A.X staining (Figure 3.12H, I). An alternative marker for

DNA breaks - phosphorylated RPA - was also tested to determine if the DDR suppression was specific to

γH2A.X. A spontaneous enrichment of phosphorylated RPA (pRPA) at mitotic centromeres was detected,

as previously reported (Kabeche et al., 2018). However, there was no change in the levels of centromeric

pRPA upon DNA damage induction with Etoposide treatment, suggesting that other DDR markers are

also not responsive to the DNA damage induced at centromeres (Figure 3.12J).

Overall, these results do not unequivocally address whether the spontaneous DNA nicks observed at

centromeres can activate the DDR. However, these results do support the notion that DDR activation is

at least partially suppressed at human centromeres. This may explain how the spontaneous DNA breaks

at centromeres are able to accumulate over time without interrupting the cell cycle, and potentially why

this centromeric fragility has not been previously detected.

3.3 Discussion

3.3.1 Investigating innate fragility at human centromeres

Structural abnormalities originating at centromeres have been of increasing interest in recent years (Barra

and Fachinetti, 2018; Black and Giunta, 2018). Chromosome rearrangements and breaks originating at

or near centromeric regions have been identified in numerous tumour samples (Adeyinka et al., 2007;

Alsop et al., 2006; Backsch et al., 2011; Balachandar et al., 2007; Bièche et al., 1997; Cooke et al.,

2008; Fernandez-Banet et al., 2014; Ganly et al., 2004; Hermsen et al., 2005; Hermsen et al., 1996; Lacle

et al., 2015; Le Baccon et al., 2001; Mart́ınez et al., 2012; Martins et al., 1999; Smedley et al., 2000;

Thompson et al., 1997). Chromosome rearrangements originating at centromeres or pericentromeres

can result in chromosome arm copy-number alterations, which are one of the most common form of

copy-number alterations observed in a pan-cancer analysis of 3,131 cancer specimens (Beroukhim et al.,
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2010). Furthermore, the data presented here suggest that arm-CNAs are not only frequent outcomes of

highly mutagenic cancer environments but in fact act as potent drivers of early carcinogenesis (Figure

3.3). Centromeres therefore appear to act as drivers of genome instability. In this chapter, I set out to

investigate if and why centromeres are inherently fragile regions of the genome.

3.3.1.1 Potential sources of centromere-derived structural abnormalities

Arm-CNAs can be an outcome of unrepaired DSBs, NHEJ-mediated translocations or HR-mediated

rearrangements, all of which are initiated by either DNA DSBs or ssDNA gaps or nicks (collectively SSBs).

I therefore set out to determine if, and under which conditions, centromeres exhibit DNA breakage, either

in the form of DSBs or SSBs. Analyses of publicly available datasets revealed a notable accumulation of

spontaneous DNA single-strand breaks, with a very mild accumulation of DSBs, across human centromere

HORs as well as human satellites 1 (HSat1) and 2 (HSat 2).

To verify this observation and determine whether it was similarly the case in non-cancerous cell lines, I

developed a microscopy-based approach (exo-FISH), which can detect both DSBs and SSBs at repetitive

elements such as centromeres and telomeres. With exo-FISH, hTERT-RPE1 centromeres, but not telom-

eres, displayed a high degree of DNA breaks in unperturbed conditions, confirming the notion that DNA

breaks accumulate spontaneously at human centromeres. Notably, it is perhaps unexpected that telFISH

probes are unresponsive to EXOIII treatment because telomeres appear to accumulate some DNA breaks

in the GLOE-seq analysis (Figure 3.5). However, one possibility is that the DNA breaks detected by

GLOE-seq reflect only the ends of telomeres, and that telomere cap protection complexes prevent Ex-

onuclease III digestion. Another possibility is that the total number of breaks at centromeres is much

higher than breaks found at telomeres, and that exo-FISH is not sensitive to detect lower densities of

DNA breaks, as might be at telomeres. Regardless, the consistent increase in cenFISH signals upon Ex-

onuclease III treatment confirms that DNA breaks frequently occur at human centromeres. Centromeres

in lower eukaryotes also accumulate DNA breaks at centromeres as detected by GLOE-seq (Sriramachan-

dran et al., 2020), but to my knowledge this is the first evidence that this spontaneous accumulation of

centromeric DNA breaks also occurs in higher eukaryotes.

Given the predominance of SSBs over DSBs across human centromeres, it seems likely that SSBs are

primarily present at centromeres, of which a variable proportion are converted to DSBs. Further, given

that SSBs, which reflect both ssDNA gaps formed during active DNA replication and DNA nicks, can

be repaired by HR, the predominance of centromeric SSBs further imply that HR is more active at

centromeres in baseline conditions as compared to NHEJ, which predominantly acts on DSBs. It is

tempting to speculate that this accumulation of DNA SSBs at centromeres may underlie the propensity

for centromeric breaks and/or rearrangements that initiate the chromosome arm copy-number alterations
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observed during early carcinogenesis.

3.3.1.2 A potential role for DNA SSBs in driving chromosomal rearrangements

It was initially surprising to observe the incidence of endogenous SSBs, rather than DSBs, at human cen-

tromeres. Centromeric sister-chromatid exchanges, one of the two major outcomes of HR, are detectable

to some extent in almost all mitotic cells, suggesting that HR occurs frequently at centromeres even in un-

perturbed conditions (Giunta and Funabiki, 2017; Jaco et al., 2008). Because HR is typically considered

to a DSB repair pathway, the initial expectation was therefore that spontaneous DSBs at centromeres

would be at least somewhat detectable. However, the data revealed very little enrichment of sponta-

neous DSBs at centromeres (Figure 3.4), and only a mild induction upon treatment of drug-induced

replication stress (Figure 3.11). The disconnect between frequently observed SCEs and a paucity of

centromeric DSBs implies that centromeric recombination could, in fact, be driven independently of DSB

repair. Indeed, the high incidence of spontaneous SSBs at centromeres provides an attractive alternative

explanation.

As discussed fully in section 1.1, HR has not always been considered a DSB repair pathway. Earlier

models of HR posited single-strand nicks as initiating substrates for HR (Figure 1.1). Attention in-

creasingly shifted towards DSB as initiating substrates following the Szostak model in 1983. However,

more recent comparative studies using CRISPR-induced DNA breaks reveal that the originally proposed

SSB-induced model is also viable (section 1.1.1.4). It is therefore not inconceivable that the endoge-

nous SSBs at centromeres could drive HR and sister-chromatid exchanges seen at high baseline levels at

human centromeres. In turn, if this is improperly regulated, recombination between inverted repeats or

non-allelic chromosomes could in fact directly drive arm-CNAs.

3.3.1.3 The relative contribution of centromeric and pericentromeric breaks

One of the outstanding questions related to arm-CNA formation is whether the propensity towards re-

arrangements and/or DNA breaks near centromeres results from DNA fragility at centromeres or at

pericentromeres. Indeed, there has been some ambiguity on this matter in recent decades, especially

given the clear examples of structural abnormalities originating from pericentromeres. For example,

Robertsonion translocations are a form of rearrangement involving acrocentric chromosomes (chr13, 14,

15, 21 and 22) that have been shown to break at pericentromeres regions (Gravholt et al., 1992). In addi-

tion, the most common form of isochromosome (isochromosome X) involves pericentromeric, rather than

centromeric, breakage (Wolff et al., 1996). Neoplasia-associated isochromosome i17q also appears to orig-

inate from pericentromeric rearrangements (Barbouti et al., 2004). And finally, whole arm translocation

breakpoints in head and neck squamous cell carcinoma appear to originate from pericentromeres rather
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than centromeric cores (Mart́ınez et al., 2012). However, most studies assessing (peri)centromere-derived

rearrangements have lacked the spatial resolution to conclusively differentiate between centromeres and

pericentromeres, and so their relative contribution remain unclear.

The analysis of DNA SSBs through GLOE-seq revealed an enrichment of DNA SSBs at both inner HOR

alpha satellites and, to a slightly lesser extent, human satellite repeats 1 and 2, which are found at

pericentromeric regions (Lee et al., 1997). If it stands true that SSBs can drive rearrangement events

through NAHR, these data imply that both centromeres and pericentromeres can contribute to rear-

rangements, potentially underlying the historical ambiguity about their relative contributions towards

structural rearrangements. Moving forward, it will be imperative to determine whether pericentromeres

and centromeres accumulate SSBs through similar mechanisms, and how downstream repair dynamics

diverge between the two regions.

3.3.1.4 Investigating sources of spontaneous centromeric DNA breaks

Identifying the sources of spontaneous centromeric SSBs would be useful for two principal reasons. First,

to better understand the inherent fragility of centromeres. Second, and perhaps more importantly, to

experimentally interrogate the relationship between centromeric SSBs and downstream consequences

including centromeric recombination and chromosomal rearrangements. While this work was not able to

conclusively identify the source of spontaneous centromeric SSBs, significant progress has been made in

understanding its origins.

Endogenous SSBs constitute up to 75% of the estimated 70,000 DNA lesions experienced per cell per

day and can also result from a wide variety of cellular processes (Lindahl and Barnes, 2000). First, DNA

replication produces small DNA nicks not only at the junctions but also larger ssDNA gaps at stalled or

collapsed replication forks (Smith et al., 2009; Sriramachandran et al., 2020; Van et al., 2010). Second,

SSBs have also been associated with active transcription in both S. cerevisiae promoters and human

transcription termination sites (Hegedüs et al., 2018; Sriramachandran et al., 2020). Third, single-strand

cutting endonucleases such as Topoisomerase I and Topoisomerase II and various repair-associated en-

donucleases (e.g., XPF, XPG) generate SSBs. Topoisomerase I, for example, induces transient SSBs to

relax both positive and negative DNA supercoiling ahead and behind elongating Polymerase II as well as

initiate transcription (Pommier et al., 2016). SSBs are also generated as repair intermediates by endonu-

cleases during repair pathways such as the mismatch-repair pathway (MMR), nucleotide excision repair

(NER) and ribonucleotide excision repair (RER) (Sassa et al., 2019; Tubbs and Nussenzweig, 2017). XPF

and XPG can also target persistent RNA-DNA hybrids to generate SSBs (Cristini et al., 2019). Fourth,

endogenous SSBs can be directly induced by replicative DNA transposases such as DDE transposases

and HUH nucleases-like transposases (Y1-transposases and Y2-transposases), as well as domesticated
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transposases (Arinkin et al., 2019). Given the many potential sources of SSBs at centromeres, identifying

the source of spontaneous SSBs was a challenging task.

First, I set out to determine whether spontaneous centromeric SSBs were related to the DNA structure

or the CENP-A-defined chromatin structure of centromeres, both of which have atypical features. To

interfere with centromeric chromatin structure, I depleted CENP-A until levels of CENP-A were hardly

detectable at centromeres and found no notable change in the levels of spontaneous centromeric breaks

(Figure 3.9). These data suggest that centromeric chromatin structure imbued by CENP-A chromatin

occupancy probably does not underlie the susceptibility of centromeres to spontaneous breaks. An im-

portant caveat to this analysis is that I did not verify that kinetochore recruitment was fully abrogated

under these conditions, so it remains inconclusive as to whether spontaneous centromeric breaks are also

independent of kinetochore formation. These data further imply that the underlying DNA structure,

rather than chromatin structure, may render centromeres susceptible to DNA breaks.

DNA structure (i.e., non-B-form DNA conformations and RNA-DNA hybrids) at centromeres can inter-

fere with DNA replication as well as act as a target for various structure-specific endonucleases (fully

described in section 1.3.5). Therefore, I next addressed the role of DNA replication in the formation of

centromeric SSBs. An accumulation of secondary structures at centromeres can interfere with replication

progression and result in mitotic errors (Li et al., 2018), suggesting that centromeric SSBs may reflect

ssDNA gaps exposed by stalled or collapsed replication forks. To determine whether the SSBs observed

at centromeres are associated with ongoing DNA replication, I compared the levels of spontaneous cen-

tromeric breaks in serum-starved quiescent cells with that of actively replicating cells, using exo-FISH

(Figure 3.8, Figure 3.10). Although no direct comparison was made, it was evident that there was no

significant change in the responsiveness of the cenFISH signal to exonuclease treatment in the different

experimental settings. This suggests that the breaks observed at centromeres are not strongly associated

with replication-associated processes. An alternative possibility is that active DNA replication does in

fact underlie centromeric SSBs, but that the repair kinetics are too slow to see an effect at the point of

analysis. However, it should also be noted that SSBs at centromeres have also been observed in budding

yeast (Sriramachandran et al., 2020), where centromeres are replicated early in S-phase and lack complex

repetitive structures (Furuyama and Biggins, 2007; McCarroll and Fangman, 1988). The observation of

replication independence of human centromeric SSBs is therefore in line with the trends observed in S.

cerevisiae.

An important next step will be to address the role of DNA transcription in the generation of spontaneous

centromeric DNA breaks. In addition to hard-to-replicate regions, a recent review of NGS-based break

detection datasets revealed that spontaneous DNA breaks are frequently enriched at actively transcribed
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regions (Saayman and Esashi, 2021). Transcription-induced fragility could conceivably relate to both the

action of transcription itself, as well as RNA-DNA hybrids that are associated with ongoing transcription.

Indeed, centromeres have been shown to be both actively transcribed and spontaneously accumulate

RNA-DNA hybrids, particularly during mitosis (Chan et al., 2012; Liu et al., 2015; McNulty et al. 2017;

Kabeche et al. 2018). In future work, this possibility could be addressed using RNA polymerase degron

systems to transiently and efficiently reduce centromeric transcription with minimal off-target effects,

and subsequently assess the extent of centromeric DNA breakage. Alternatively, the levels of centromeric

transcription may be specifically up- or down- regulated by tethering transcription activators or repressors

to centromeres, as has been previously performed using human artificial chromosomes (Nakano et al.

2008), to determine directly how centromeric transcription impacts centromere DNA fragility.

Centromeric DNA structure can also act as a target for structure-specific nucleases. Yeast Rad51-Mre11

complexes have been shown to have endonuclease activity towards DNA hairpins and MRE11/RAD50

have been shown to be spontaneously enriched on centromeric DNA (Aze et al., 2016; Trujillo and Sung,

2001). In addition, DNA2 cleaves centromere secondary structures (Li et al., 2018) and Topoisomerase

IIα has been shown to directly target alpha satellite hairpins, providing further possibilities for the

source of centromeric SSBs described here (Jonstrup et al., 2008). Given these studies and the apparent

independence of spontaneous SSBs from centromeric chromatin structure and DNA replication, it seems

plausible that the source of centromeric SSBs may indeed be related to a structure-specific endonuclease

activity targeting secondary structures (e.g., hairpins) at human centromeres. However, this hypothesis

remains to be tested and there are several additional potential sources of centromeric SSBs including

intermediates of DNA repair mechanisms, topoisomerase activity and RNA-DNA hybrids.

One additional intriguing yet untested source of DNA breaks involves CENP-B, which has a nickase

domain homologous to transposases and which may still retain its nicking activity (Tudor et al., 1992).

Pogo-like transposases appear to have been domesticated independently at least three times in metazoans

(Mateo and González, 2014), arguing that there may be some evolutionary advantage to DNA nicking

activity at CENP-B-bound regions. Given the unexpected enrichment of DNA nicks on CENP-B-bound

alpha satellites, it is tempting to speculate that these nicks are directly generated by CENP-B. Whether

CENP-B nickase activity is truly still retained, and its relationship to spontaneous DNA breaks at

centromeres, remains to be addressed.
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3.3.2 Investigating DNA damage responses (DDR) at human centromeres

3.3.2.1 Evidence for DDR suppression at human centromeres

One of the most surprising outcomes of this study was the observation that γH2A.X signalling may be

suppressed at human centromeres. Indeed, prior to the development of exo-FISH, I and others spent

considerable time and effort exploring conditions with which to detect DDR markers such as γH2A.X as

a read-out for centromeric DNA damage. Despite testing a variety of different techniques (ChIP-qPCR,

immunofluorescence, PLA) in different experimental settings, I was unable to detection any convincing

induction of the DDR at centromeres.

There are three lines of evidence supporting the notion of DDR suppression at centromeres (Figure 3.11,

Figure 3.12). Firstly, while analysing publicly available datasets, I observed no spontaneous enrichment

of γH2A.X that would reflect the enrichment of spontaneous DNA breaks detected at centromeres.

Secondly, under low-dose replication stress conditions in which DSBs at alpha satellite regions have

previously been reported (Crosetto et al., 2013), there was no induction of γH2A.X at centromeres (Lyu

et al., 2019). And finally, inducing permanent centromeric DSBs by poisoning Topoisomerase IIα, which

is naturally enriched at mitotic centromeres, did not result in any notable increase in centromeric γH2A.X

signalling, despite a clear induction of γH2A.X signalling on chromosome arms.

There are several possible caveats to be considered with these data. For example, it is conceivable that the

absence of spontaneous centromeric γH2A.X signalling might be because single-stranded DNA breaks,

as detected by GLOE-seq and exo-FISH, are not sufficient to activate γH2A.X signalling, as previously

suggested (Vriend and Krawczyk, 2017). In addition, the datasets under comparison in both the first

and second lines of evidence were acquired by different lab groups, in different cell lines and several years

apart. Therefore, technical variation cannot be excluded as a reason for the discrepancy between DSBs

and γH2A.X induction. The experimental validation through TopoIIα poisoning in mitotically arrested

hTERT-RPE1 cells provides more direct evidence for the suppression of the DDR at human centromeres.

Although there was a small increase in γH2A.X staining within CENP-B-defined centromeres upon

Etoposide treatment, it should be noted that this could be due to peripheral staining and appears under-

enriched relative to DNA damage induction detected by exo-FISH and the chromosomal changes in

γH2A.X staining. However, it is worth consideration that exoFISH only assesses breaks at CENP-B-

containing satellite repeats. Therefore, one possibility is that centromeric TopoIIα is somehow resistant

to Etoposide poisoning, and that the breaks generated at centromeres are relatively infrequent compared

to surrounding regions, which is reflected in the pattern of γH2A.X staining. While this possibility seems

unlikely, it is nonetheless worth consideration.
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These data conflict with several reports of γH2A.X at centromeres using ChIP-based or immunofluo-

rescence methods (Giunta et al., 2021; Guerrero et al., 2010; Lee et al., 2014; Mendez-Bermudez et al.,

2018; Mendez-Bermudez et al., 2021; Yilmaz et al., 2021). For example, a recent paper detailing the role

of CENP-A in preventing replication stress-induced DNA damage at centromeres reports an increase in

centromeric γH2A.X signal upon CENP-A depletion (Giunta et al., 2021). It is plausible that the discrep-

ancy between the data reported here, and these studies, is because these reports are primarily quantifying

relative amounts, rather than definitive amounts, of γH2A.X between experimental conditions. For ex-

ample, while some detectable level of γH2A.X can be found at centromeres in certain conditions, this

may be largely under-enriched relative to the degree of actual physical breaks or DNA damage in the

region. Indeed, Yilmaz et al., 2021 found a spontaneous colocalization of γH2A.X at centromeres, but

γH2A.X foci appeared to colocalize adjacent to, rather than directly overlapping, centromeres cores.

More convincing microscopy-based reports of γH2A.X at centromeres use CRISPR-induced breaks tar-

geting satellite repeats (Tsouroula et al., 2016; Yilmaz et al., 2021), which would hypothetically generate

tens of thousands of breaks within each centromere, hence exceeding a physiological representation of

canonical DDR signalling thresholds.

In support of these observations, studies in Arabidopsis quantifying the activation of γH2A.X at pericen-

tric heterochromatin relative to the genome-wide distribution of H2A.X also report an under-enrichment

of γH2A.X at peri-centromeres following DNA damage, with which the authors conclude that pericen-

tromeric heterochromatin may be refractory to DDR (Lorkovic et al., 2017). In addition, earlier studies

using γH2A.X also report a remarkably lower detection of γH2A.X at satellite 2 (pericentromeres) and

alpha satellites (centromeres) in response to DNA damage as compared to euchromatin, although the

authors of this study conclude this to mean that fewer DSBs were generated in these regions upon IR

treatment (Karagiannis et al., 2007). These data ultimately suggest that caution should be exercised

in the use of γH2A.X as a reliable read-out of DNA damage at centromeres, and that greater emphasis

should be placed on more direct read-outs for DNA breaks. While the evidence reported here points to a

suppression of the DDR (or at least γH2A.X and phosphorylated RPA) at centromeres, further research

explicitly exploring this possibility is warranted.

3.3.2.2 Potential mechanisms and implications of centromeric DDR suppression

There are several potential mechanisms underlying the suppression of γH2A.X. The first possibility is

that the lack of γH2A.X induction at centromeres is due to inherently low levels of the histone variant

H2A.X at centromeres. Indeed, previous reports have found a depletion of H2A.X near centromeres, as

little as 25% of the genome average H2A.X signal in areas directly surrounding centromeres (Iacovoni

et al., 2010). Although it is unlikely that H2A.X is entirely depleted within centromeres, this could
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be one potential contributing factor towards the diminished levels of γH2A.X induction at centromeres.

The second possibility is based on reports that γH2A.X spreading is inhibited by the presence of co-

hesin (Caron et al., 2012), thereby restricting its localization between topologically-associated domains

(Arnould et al., 2020). Cohesin loading is enriched at simple centromeres of S. cerevisiae (Blat and

Kleckner, 1999; Glynn et al., 2004), yet cohesin at longer region centromeres such as those found in S.

pombe seems to depend on heterochromatin formation, suggesting cohesin is primarily recruited to adja-

cent pericentromeres (Bernard et al., 2001; Nonaka et al., 2002). Therefore, the high density of cohesin

at (peri)centromeres may block the amplification or spreading of γH2A.X signalling in response to DNA

damage. These two possibilities could explain why γH2A.X specifically is suppressed at centromeres.

However, the observation that another frequently used DNA damage marker (i.e., phosphorylated RPA)

is also unresponsive to DSBs at mitotic centromeres suggests that the suppression may in fact be a more

universal suppression of the DDR, beyond just γH2A.X. Attempts were made to assess other markers of

DNA damage including PARylation and 53BP1, but the fluorescent signals of these markers could not

be validated. Therefore, the third possibility is that the upstream kinases of γH2A.X signalling (ATM,

ATR and DNA-PKcs) or even the damage recognition machinery (e.g., MRN for DSBs, RPA for SSBs)

are somehow suppressed in their canonical functions at centromeres.

Despite the underlying mechanisms of centromeric DDR suppression, such a phenomenon would undoubt-

edly have significant impacts for genome stability. First, this observation could explain how DNA nicks

at centromeres are able to accumulate over time without significantly perturbing cell cycle progression

and why the inherent fragility at centromeres has not been previously detected. Second, an inefficient

DNA response and repair system may explain why arm-CNAs occur so frequently, potentially increasing

the incidence of failed break repair as well as translocations or non-allelic recombination events. To my

knowledge, this work is one of the first to highlight potential pitfalls in relying on signalling cascades as

markers for DNA damage, highlighting that DNA damage signalling thresholds or mechanisms may not

be as spatially homogenous as previously anticipated.

Altogether, these findings are especially interesting considering the recent attention to genome instabil-

ity originating at centromeres (Barra and Fachinetti, 2018; Black and Giunta, 2018). One intriguing

possibility is that the high incidence of spontaneous DNA SSBs in combination with a suppressed DNA

damage response may in fact underlie this propensity towards breakage, genome rearrangements and the

onset of cancer. We are now beginning to understand the mechanism underlining centromere integrity

control, which undoubtedly deserves further investigation.
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Chapter 4

Investigating the role of homologous recom-

bination (HR) in the repair of centromere

breaks

4.1 Introduction

Human centromeres are prone to DNA breakage and rearrangements, contributing to human disease

(Barra and Fachinetti, 2018; Black and Giunta, 2018). In Chapter 3, evidence is provided that human

centromeres spontaneously accumulate DNA strand breaks, primarily in the form of single-stranded DNA

breaks, even in non-cancerous cells and without exogenous perturbation. This surprising observation

raises important questions about how centromeric breaks are repaired to ensure genome stability. As

comprehensively discussed in section 1.3.6, there are several lines of evidence suggesting that the repair

pathway homologous recombination (HR) acts at centromeres. Therefore, in this chapter, I set out to

investigate the role of HR in the protection of human centromeric DNA from spontaneous DNA damage.

4.1.1 Homologous recombination: mechanisms and regulation

HR is catalysed by the highly conserved RecA/RAD51 family of DNA recombinases, using homologous

sequences as repair templates (Baumann et al., 1996; Li and Heyer, 2008; Sung, 1994). The substrates

initiating HR as well as the proposed mechanism of crossover formation vary according to the HR model

(Holliday, 1964; Meselson and Radding, 1975; Radding, 1982; Szostak et al., 1983) (Figure 1.2). Al-

though the current consensus model is the DSB-initiated Szostak model (Figure 1.2D), HR can be

initiated by DNA DSBs and SSBs, the latter including both ssDNA nicks and ssDNA gaps (section

1.1.1.4).

As repair templates, homologous sequences can be alleles on sister chromatid following DNA replication,
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known as allelic recombination. Alternatively, using DNA sequences with high sequence homology but on

distinct parts of the chromosome is known as non-allelic homologous recombination (NAHR) (Stankiewicz

and Lupski, 2002). NAHR can occur both within the same chromosome (intra-chromosomal NAHR) or

between chromosomes (inter-chromosomal NAHR) and is particularly prevalent within repetitive regions

given the abundance of non-allelic templates available for repair (Figure 4.1).
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(e.g., direct repeats)
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Figure 4.1: Models of homologous recombination at repetitive regions. Depictions of allelic
and non-allelic homologous recombination between chromosomes (inter-chromosomal) and within chro-
mosomes (intra-chromosomal). p and q arms of chromosomes denote chromosome orientation.

As discussed in the Chapter 1, RAD51 is canonically recruited by the HR mediator complex composed

of breast cancer 1 (BRCA1) and breast cancer 2 (BRCA2) as well as the partner and localiser of BRCA2

(PALB2) proteins (Jensen et al., 2010; Sy et al., 2009; Yuan et al., 1999). However, numerous alternative

RAD51 loaders including the MMSL-TONSL complex, NBS1, and RAD52 have been identified, high-

lighting the complexity of HR regulation in genome maintenance (Chastain et al., 2016; O’Donnell et al.,

2010; Park et al., 2019; Teng et al., 2018; Yata et al., 2014; Yata et al., 2012).

4.1.2 Investigating homologous recombination at human centromeres

The evidence for HR actively repairing centromeres come from two principal observations, as fully dis-

cussed in section 1.3.6.1. First, reciprocal exchanges (i.e., SCEs) are observed between mammalian

centromeres at much higher frequencies than other regions of the genome, and in the absence of any kind
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of exogenous perturbation (Giunta and Funabiki, 2017; Jaco et al., 2008). Second, alpha satellite arrays

appear to homogenize from within functionally active centromere cores, providing evidence for frequent

unidirectional genetic exchanges at centromeres (Alexandrov et al., 2001; Lee et al., 2005; Miga, 2019;

Talbert et al., 2018; Warburton and Willard, 1995; Willard, 1985). This is backed by experimental data

finding high rates of gene conversion between centromeric repeats in maize (Shi et al., 2010). However,

no direct assessment of constitutive HR functionality at human centromeres has been performed. In this

chapter, I set out to determine whether HR constitutively acts at human centromeres by assessing the

role of the recombinase RAD51 at centromeres.

Up until now, centromeric recombination has been primarily evaluated using CO-FISH, which detects

centromere SCEs (Giunta and Funabiki, 2017; Jaco et al., 2008). While SCEs can be used as a proxy

for centromeric HR (Bailey et al., 2004), this approach is limited for three principal reasons. First,

SCEs are relatively rare in non-cancerous cells such as hTERT-RPE1 cells, limiting the dynamic range

to detect changes upon candidate protein depletion. Second, SCEs only reflect a fraction of actual

recombination events, as HR can equally act between intra-chromosomal repeats and/or in a non-crossover

mode. Indeed, crossovers may even be actively suppressed at centromeres independently of the rate of

recombination (section 1.3.6.2), complicating the relationship between SCE and recombination rates

(Onaka et al., 2016; Zafar et al., 2017). Third, CO-FISH relies on actively dividing cells that reach mitosis,

systematically preventing CO-FISH analysis when depleting candidate factors that severely impact cell

cycle progression.

Assessing a direct role for the canonical HR machinery at centromeres has therefore been technically

challenging until now. With the development of exo-FISH (as described and validated in Chapter

3), I was in the position to experimentally investigate whether the HR recombinase RAD51 facilitates

homologous recombination repair at centromeric DNA. An inability to facilitate DNA repair by HR would

result in an accumulation of DNA breaks, which can be detected using exo-FISH independently of any

downstream crossover suppression mechanisms. I also set out to assess the contribution of BRCA2, as a

key regulator of RAD51, to centromeric recombination.

4.1.3 Human artificial chromosomes (HACs) as centromere models

qPCR analyses of repetitive elements can be challenging due to their repetitive nature and propensity

towards DNA secondary structures. Therefore, performing ChIP-qPCR for the assessment of protein

localization to centromeres poses several technical limitations. To circumvent this issue, this study

makes use of small extrachromosomal elements called human artificial chromosomes (HACs). HACs

have recently been widely adopted for the study of centromere assembly and function (Molina et al.,

2017). HACs replicate autonomously and form functional centromeres, thereby segregating independently
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(Kouprina et al., 2012). They are therefore valuable centromere models that can be easily manipulated

and studied with little impact to overall cell survival.

Several iterations of HACs have been developed. In this study, I use a HeLa cell line containing a HAC

composed of alphoidtetO repeats and constitutively expressing tetR-eYFP, as was previously generated

and validated (Ohzeki et al., 2012) (Figure 4.2). These alphoid repeats were synthetically generated by

rolling-circle amplification and transformation-associated recombination. In this particular iteration, the

synthetic alphoidtetO HACs were generated based on a native dimer from chromosome 21 alpha satellite

DNA, with one of the monomers containing a tetO sequence instead of a CENP-B box (Ohzeki et al.,

2012). The tetO repeat is bound by tetR-eYFP, which can be used for selective targeting of fusion

proteins, but also functions as a read-out for protein-HAC association without any complications from

DNA secondary structures.

α satellite monomer 

chr21 alphoid dimer

CENP-B box

tetO

tetR-eYFP

alpha satellite array

HeLa HAC2-4

kanamycinR
(kanR)

Figure 4.2: Human Artificial Chromosomes (HACs) as centromere models. Schematic of the
HeLa HAC2-4 cell line containing a human artificial chromosome (HAC) composed of native alpha satellite
dimers from chromosome 21. Within each dimer, one alpha satellite monomer contains the canonical 17-bp
CENP-B box, whereas the other contains a tetO sequence. Constitutive expression of tetR-eYFP results
in binding of tetR-eYFP to tetO repeats. A kanamycin resistance cassette enables HAC maintenance
selection.

4.2 Results

4.2.1 HR factor localization to centromeres

To establish a potential role for RAD51 in centromere DNA repair, I first sought to investigate whether

RAD51 localizes to centromeres. To this end, I used the HeLa cell line containing a HAC composed of

alphoidtetO repeats and constitutively expressing tetR-eYFP (Figure 4.2). ChIP-qPCR was performed

to detect RAD51 association with tetO sequences as a proxy for centromere binding. First, I optimized

the chromatin shearing sonication conditions to generate ∼300-500bp fragments, as recommended for the

detection of protein-DNA interactions (Figure 4.3A). I also ensured that RAD51 was being immuno-

precipitated appropriately by Western blotting (Figure 4.3B). Using agarose gel analysis, I assessed

the final ChIP qPCR products to ensure single products were obtained using the chosen probes against
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both HAC centromeres (tetO) and endogenous centromeres. The HAC resistance cassette kanamycinR

(kanR) was also assessed to determine any non-centromeric HAC binding (Figure 4.3C). Both the kanR

and endogenous centromere probes produced products that were slightly larger than is optimal for qPCR

analysis, and so longer extensions times were used to account for their size. In addition, the probe for

endogenous centromeres produced multiple bands, an important caveat that highlights the value of using

tetO as a proxy for centromere binding using qPCR.

Using these conditions, I assessed the localization of RAD51 to tetO repeats at the HAC as a proxy

for centromere binding, using tetR-eYFP association with tetO as a positive control (Figure 4.3D).

qPCR signals were normalized to both IgG and GAPDH to estimate fold enrichment. From these results,

an enrichment of tetO sequences was consistently detected when pulling down RAD51. To ensure the

specificity of the RAD51-HAC signal, I treated HAC2-4 tetR-eYFP asynchronous cells for 1 hour with

the RAD51 small molecule inhibitor B02 (Huang et al., 2011) (Figure 4.3E). Once again normalizing

to both IgG and GAPDH, there was a reduction of RAD51 association with both tetO and kanR upon

B02 treatment, suggesting that the detected RAD51-HAC association is indeed specific.
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Figure 4.3: Investigating HR factor localization to HAC centromeres. HeLa cell line containing
human artificial chromosome (HAC) with tetO-containing alpha satellite repeats as a proxy for human
centromeres and expressing tetR-eYFP. (A) HeLa HAC2-4 tetR-eYFP cell line harvested and fixed.
Chromatin shearing was optimized to produce ∼300-500bp fragments, as recommended for the detection
of protein-DNA interactions. Agarose gel depicted here visualizing the fragment size distribution. (B)
Verification of immunoprecipitation of RAD51. Western blot showing whole-cell extract (WCE) illustrates
RAD51 antibody staining patterns. Following ChIP pull-down with RAD51, but not the negative control
IgG, the RAD51 band were detected at the predicted molecular weight ( 36 kDa). For visualisation, the
Western blot was cropped as indicated by the dashed line. (C) Agarose gel analysis of qPCR products
for the detection of the tetO sequence, the HAC resistance marker kanR and a pan-alpha satellite probe
for endogenous centromeres (endo. cen). (D) ChIP-qPCR analysis in HeLa HAC2-4 tetR-eYFP cell line,
pulling down either eYFP, RAD51 or the negative control IgG. qPCR was used to detect enrichment
of the tetO sequence as a proxy for centromeres, kanR as a control for general non-centromeric HAC
binding, and GAPDH as a negative genomic control. Fold enrichment was calculated as 2-ddCt, using
IgG and GAPDH for normalization. (E) ChIP-qPCR repeated following a 1-hour in vivo treatment with
the RAD51 small molecular inhibitor B02 (Huang et al., 2011), which prevents RAD51-DNA association.
Fold enrichment was calculated as 2-∆ ∆Ct, using IgG and GAPDH for normalization. (F) ChIP-qPCR
repeated but assessing the enrichment of RAD51 at HAC centromeres (tetO) as well as endogenous
centromeres (endo. cen). CENP-A was used as a positive control for endogenous centromere binding.
Fold enrichment was calculated as 2-∆ ∆Ct, using IgG and GAPDH for normalization.

To determine whether RAD51 binding could be detected at endogenous centromeres as well as HAC

centromeres, I repeated the ChIP-qPCR in the HAC2-4 tetR-eYFP cell line assessing both tetO enrich-
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ment as well as a probe for alpha satellite sequences found at endogenous centromeres (Figure 4.3F).

Although this analysis is more complicated due to unusual DNA structure of alpha satellites, CENP-A

was used as a positive control to ensure endogenous centromere binding could be detected. Curiously,

RAD51 appeared to only bind the tetO-containing HAC sequences but not endogenous centromeres,

suggesting that either RAD51 binding is exclusive to HAC centromeres, RAD51 binding is specific to

chromosome 21 alphoid DNA found in the HAC, or that RAD51 binding at endogenous centromeres

cannot be adequately detected using the chosen alpha satellite probe. Therefore, while it appears that

there is some RAD51 association with HAC centromeres, it remains uncertain whether RAD51 interacts

with endogenous centromeres at detectable levels.
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Figure 4.4: BRCA2 in the recruitment of RAD51 to centromeres. (A) Verification of efficient
siRNA-mediated knockdown of BRCA2 48 hours after siRNA treatment. Western blot of whole-cell
extract (WCE) staining against BRCA2, with the BRCA2 protein band indicated with an arrow. Lamin-
A was used as a loading control. (B) ChIP-qPCR repeated as in Figure 4.3, assessing RAD51 localization
to both HAC centromeres (tetO) as well as endogenous centromeres (endo. cen). Fold enrichment was
calculated as 2-∆ ∆Ct, using the percentage input and a negative control genome sequence 160/161 for
normalization in place of GAPDH.

I next sought to determine whether RAD51-HAC association is dependent on the canonical RAD51

regulator BRCA2. BRCA2 was depleted in HAC2-4 tetR-eFYP cells, as verified by Western blotting

(Figure 4.4A). ChIP-qPCR was performed, but in this series using the percentage input and a new

negative control (160/161) for normalization, as it was subsequently observed that RAD51 displays a small

degree of binding to GAPDH. Under these conditions, RAD51-HAC interaction did not decrease, and

perhaps even slightly increased (Figure 4.4B). Therefore, it appears that the RAD51-HAC association

is not positively promoted by its canonical regulator BRCA2.
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4.2.2 RAD51-mediated protection of human centromeres
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Figure 4.5: Optimization for the investigation of HR at centromeres. (A) Experimental schematic
for the detection of centromeric breaks using exo-FISH upon RAD51 or BRCA2 siRNA-mediated deple-
tion in hTERT-RPE1 serum-starved cells. (B) Western blot confirming the depletion of RAD51 and
BRCA2 protein levels following 72 hours of siRNA-mediated depletion in hTERT-RPE1 serum-starved
cells. Lamin-A levels were used as a loading control. (C) RT-qPCR of RNA extracted from serum-starved
hTERT-RPE1 cells following 96 hours depletion of RAD51, BRCA2 or a negative control (siMisNeg).
RNA subsequently probed for GAPDH, RAD51 and BRCA2 mRNA to determine expression levels. (D)
Validation of serum starvation preventing cell proliferation. hTERT-RPE1 were incubated with serum-
starved media (0.5% FBS) for 24 hours and then incubated with EdU for another 24 hours, as proliferating
cells will incorporate EdU into DNA during replication. Cells were then fixed and analyzed by flow cy-
tometry. Gates were chosen using the -EdU negative control to define the EdU+ population. Forward
scatter (FSC) is an indicator of cell size. (E) Cells were incubated with serum-starved media (0.5%
FBS) for 24 hours and then treated with siRNA targeting either RAD51, BRCA2 or a universal negative
control. Cells were then incubated for 96 hours in the presence of EdU in serum-starved media, fixed
and analyzed by flow cytometry to determine what proportion of the population had incorporated EdU
during proliferation. Gates were chosen using the -EdU negative control to define the EdU+ population.
Forward scatter (FSC) is an indicator of cell size.

To investigate HR repair at centromeres, I next sought to investigate the roles of RAD51 and BRCA2

in repairing centromeric DNA breaks using exo-FISH. Given that both RAD51 and BRCA2 play several

roles in DNA metabolism including DNA replication and repair, I decided to test whether RAD51 or

BRCA2 protect centromeres independently of their roles in DNA replication. To this end, hTERT-
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RPE1 cells were serum starved for 24 hours to induce quiescence and subsequently treated with siRNA

targeting RAD51 or BRCA2. Following 96 hours of further incubation, centromere breaks were assessed

using exo-FISH (Figure 4.5A). RAD51 and BRCA2 depletion was verified with both western blotting

(Figure 4.5B) and RT-qPCR (Figure 4.5C). The induction of quiescence was verified by quantifying

the proportion of cells having incorporated the thymidine analog EdU over 24 hours with and without

serum starvation, as EdU will only be incorporated in actively replicating cells (Figure 4.5D). Finally, I

verified that the RNAi treatment over 96 hours did not result in the resumption of cellular proliferation,

as relatively few cells had incorporated any EdU over the full 96 hours of siRNA treatment (Figure

4.5E).

After having verified that cellular proliferation was indeed halted and that BRCA2 and RAD51 could be

adequately depleted in the hTERT-RPE1 cells, exo-FISH was used to determine the extent of centromere

breaks (Figure 4.6). As described in Chapter 3, FISH foci were automatically detected based on an

arbitrarily chosen threshold and the ‘median focus’ analysis, including background subtraction, was used

to estimate a median FISH focus signal intensity per cell. From this analysis, I observed that siRNA-

mediated depletion of RAD51 for 96 hours resulted in an increase in centromeric, but not telomeric,

FISH signals in response to ExoIII treatment (Figure 4.6A, B). Studies assessing the role of BRCA2 in

centromere protection revealed that BRCA2 depletion did not have any major impact on cenFISH signals

upon ExoIII treatment, although these results were more variable between biological replicates (Figure

4.6C, D, E). These data support a role for RAD51, but not BRCA2, in suppressing the accumulation

of spontaneous DNA breaks observed specifically at centromeres. The analyses of publicly available

datasets revealed that RAD51 depletion in MCF7 cells did not induce DSBs at centromeres as detected

by sBLISS (Figure 4.6F) (Hazan et al., 2019), suggesting that the breaks detected by exo-FISH most

likely correspond to an accumulation of SSBs rather than de novo DSBs.
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Figure 4.6: RAD51 prevents the accumulation of centromeric DNA breaks. (A, B) Quantifica-
tion and representative images of exo-FISH probing for both telomeric (telFISH) and centromeric (cen-
FISH) sequences with and without Exonuclease III (EXO) treatment following RAD51 siRNA-mediated
depletion. cenFISH, telFISH and DAPI signals are shown in white, green and blue, respectively. (C,
D, E) Quantification and representative images of exo-FISH with and without Exonuclease III (EXO)
treatment following BRCA2 siRNA-mediated depletion. cenFISH and DAPI signals are shown in white
and blue, respectively. Quantification was performed as described in Chapter 3. Scale bar represents
10 µm. FISH signal intensity is X10,000 arbitrary units (A.U.). Each data point represents a median
value of a cell, with the average of each biological replicate indicated in darker hues. The averages of
each experimental condition were used to perform a two-sided paired t-test (*p<0.05, **p<0.01). (F)
Enrichment scores of DNA double-strand break (DSB) mapping (sBLISS) (Hazan et al., 2019) following
siRNA-mediated RAD51 depletion across human autosome centromeres. Enrichment scores were cal-
culated as described in Figure 3.3, defining the centromeric DSB read density in siRAD51 relative to
siCTRL. Chromosomes are ranked by descending enrichment score.

To determine whether any DDR activation (i.e., γH2A.X) could be detected upon RAD51 depletion, I

co-stained γH2A.X and CENP-B under the same experimental conditions employed in Figure 4.5 and

Figure 4.6 and quantified the centromeric γH2A.X signal by median focus analysis. Supporting previous

Page 94



Xanita Saayman HR in centromere DNA repair

observations of DDR suppression at centromeres (Chapter 3), RAD51 depletion did not result in any

induction of γH2A.X at centromeres in quiescent cells (Figure 4.7A, B, C).
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Figure 4.7: Centromeric DDR activation in the absence of RAD51. (A-C) Representative im-
ages, representative median foci and quantification of immunofluorescence staining against γH2A.X and
CENP-B. hTERT-RPE1 cells were fixed 96 hours after siRNA-mediated depletion of RAD51. γH2A.X
and CENP-B levels were subsequently quantified at CENP-B-defined centromeres. Quantification was
performed as described in Figure 3.9. Scale bar represents 10 µm. IF signal intensity is X10,000 arbi-
trary units (A.U.). Each data point represents a median value of a cell, with the median of each biological
replicate indicated in darker hues. At least 30 cells were imaged per experimental condition. The medians
of each experimental condition were used to perform a two-sided paired t-test (*p<0.05, **p<0.01).

4.2.3 RAD51 mechanism of protection

After observing an increase in centromeric DNA breaks in the absence of RAD51, I next sought to

determine whether this was an accumulation of DNA breaks as a result of defective HR repair or rather

due to an incidence of de novo DNA breaks in the absence of RAD51. Aside from directly repairing

DNA breaks via HR, RAD51 also has protective roles through its ability to bind exposed ssDNA. For

example, RAD51 binds ssDNA (e.g., at stalled replication forks) to prevent excessive nuclease degradation

independently of its enzymatic activity (Mason et al., 2019; Schlacher et al., 2011; Schlacher et al., 2012).

Therefore, the observed increase in centromeric DNA breaks in the absence of RAD51 could conceivably

be a result of either defective RAD51 strand-exchange (i.e., recombinational repair) or protective ssDNA

Page 95



Xanita Saayman HR in centromere DNA repair

binding.

To investigate the mode of RAD51 function in suppressing centromeric DNA breaks, I exploited a series

of RAD51 separation-of-function variants (Figure 4.8A). During HR, human RAD51 binds ssDNA to

form presynaptic filaments prior to initiating homology search and DNA strand exchange in an ATP-

dependent manner (Benson et al., 1994) (Figure 1.3). RAD51 also exhibits DNA-dependent ATPase

activity, and ATP hydrolysis by RAD51 is required for the disassembly of filaments from dsDNA (Chi

et al., 2006; Morrison et al., 1999; van Mameren et al., 2009). Therefore, the first RAD51 variant is

RAD51-K133R, which binds ATP and is defective in ATP hydrolysis, hence retaining its DNA binding

and strand exchange activities (Chi et al., 2006; Morrison et al., 1999). Second, RAD51-II3A contains

three amino acid substitutions (R130A, R303A, K313A) and can bind DNA but is unable to catalyze

strand exchange (Cloud et al., 2012; Mason et al., 2019). Finally, RAD51-T131P is unable to bind DNA

on its own in any capacity (Wang et al., 2015). Using these tools, I set out to determine whether RAD51

DNA binding and/or strand exchange activity is important in its ability to protect centromeres from

DNA break accumulation.
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Figure 4.8: Generation and validation of RAD51 separation-of-function (SOF) variants. (A)
Schematic of RAD51 separation-of-function variant functionalities, as generated using the hTERT-RPE1
Flp-In T-Rex cell line. (B) Western blot confirming the depletion of endogenous RAD51 (end. RAD51)
protein levels upon siRNA treatment for 48 hours, as well as the conditional expression of separation-of-
function variants upon doxycycline (DOX) treatment. Lamin-A levels were used as a loading control. (C)
WST-1 assay to measure the cell survival after 120 hours endogenous RAD51 siRNA-mediated depletion
and following expression of the RAD51 separation-of-function mutants.
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The RAD51 separation-of-function variants were generated using the Flp-In T-REx integration system,

which produces isogenic stable cell line using an hTERT-RPE1 Flp-In T-REx parental cell line. Un-

like random integration, this form of integration allows for precise insertion of the desired sequences

at a targeted locus and limits variation in construct copy number and expression. Flp-In constructs

expressing Flag-tagged wildtype RAD51 (RAD51-WT), RAD51-K133R and RAD51-T131P were previ-

ously generated in the lab (Wassing et al., 2020). A construct expressing RAD51-II3A was generated

through site-directed mutagenesis of RAD51-WT at R130A, R303A and K131A. The existing resistance

cassette of all constructs (hygromycin resistance) was switched with a neomycin resistance cassette, as

the hTERT-RPE1 Flp-In T-REx cell line was already resistant to hygromycin. Constructs were analyzed

by sequencing to verify both individual base mutations as well as resistance marker switches.

Genes encoding FLAG-fusions of these RAD51 variants were then stably integrated in the hTERT-RPE1

Flp-In T-REx cell line, such that their expression could be conditionally induced by doxycycline. I de-

pleted endogenous RAD51 by siRNA targeting the 3’UTR and asked whether expression of the RAD51

variants would be able to rescue the centromeric DNA damage phenotype. First, I verified that en-

dogenous RAD51 could be depleted and that the RAD51 variants were conditionally expressed (Figure

4.8B). An additional band was detected at the endogenous RAD51 predicted size upon variant expres-

sion, which might reflect some stabilization of endogenous RAD51 protein due to physically interaction

between variant RAD51 and endogenous RAD51 monomers, or a cleavage product of the RAD51 vari-

ants. Therefore, I sought to verify that no endogenous RAD51 functionality was maintained, which could

conceivably interfere with downstream analyses. Assessing cell survival using the cell proliferation and

viability marker WST-1 after 120 hours of endogenous RAD51 depletion, it was evident that there was

no rescue of cell viability even in conditions with an apparent protein band corresponding to endogenous

RAD51 (Figure 4.8C).

I then used exo-FISH to determine the level of centromeric breaks in these cells in the absence of en-

dogenous RAD51 (Figure 4.9A, B, C). Although depletion of endogenous RAD51 was less apparent

in the hTERT-RPE1 Flp-In T-REx cells than what was previously observed in the hTERT-RPE1 cells,

there was still a notable accumulation of centromeric DNA breaks in the absence of RAD51. Expression

of either RAD51-WT or RAD51-K133R was able to rescue this phenotype to a similar degree. However,

expression of RAD51-II3A or RAD51-T131P did not reduce the proportion of cells with high levels of

centromeric breaks. These data suggest that RAD51 strand-exchange activity, which is selectively present

in RAD51-WT and RAD51-K133R, is critical for preventing the accumulation of DNA breaks at human

centromeres. Conversely, the ability of RAD51 to bind single-stranded DNA in a protective capacity,

which is present in the RAD51-II3A variant, appears inconsequential to the overall levels of DNA breaks

at centromeres. These data support a model whereby both the homology-pairing and strand-exchange
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activities of RAD51 (i.e., recombinational repair activity) are critical for limiting the accumulation of

centromeric breaks.
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Figure 4.9: Investigating RAD51 mechanism of centromeric protection. (A) Western blot con-
firming the depletion of endogenous RAD51 (end. RAD51) protein levels upon siRNA treatment for 48
hours, as well as the conditional expression of separation-of-function variants upon doxycycline (DOX)
treatment. Lamin-A levels were used as a loading control. (B, C) Quantification and representative im-
ages of exo-FISH upon endogenous RAD51 depletion and RAD51 variant re-expression. Quantification
of cenFISH and telFISH signals was done as described in Chapter 3. The p-values corresponding to
each treatment condition, as calculated relative to the siMisNeg control, were attained using a two-sided
paired t-test. At least 30 cells were imaged per experimental condition. cenFISH, telFISH and DAPI
signals are shown in white, green, and blue, respectively. Scale bar represents 10 µm.
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4.3 Discussion

In this chapter, I set out to investigate whether centromeric DNA breaks are repaired by homologous

recombination. As described above, there are several lines of evidence suggesting that HR actively repairs

centromeric DNA. First, high rates of sister-chromatid exchanges (SCEs) have been observed at both

murine and human centromeres (Giunta and Funabiki, 2017; Jaco et al., 2008). Second, evolutionary

analyses of centromeric alpha satellites suggests that arrays undergo frequent array rearrangements and

gene conversions (Shi et al., 2010). However, both observations are based on indirect read-outs of HR,

and rates of centromeric SCEs are very low in non-cancerous cells (i.e., hTERT-RPE1). It therefore

remained unclear to what extent recombination is active at human centromeres in baseline conditions

(i.e., non-cancerous cells, unperturbed conditions), when spontaneous DNA breaks are observed. Given

that HR is typically catalyzed by the evolutionarily conserved RecA/RAD51 family of DNA recombinases

(Baumann et al., 1996; Sung, 1994), I addressed this question by investigating the role of the recombinase

RAD51 in the repair of centromeric DNA breaks.

4.3.1 HR factor recruitment to human centromeres

To determine whether HR recombinase RAD51 functions at centromeres, I first sought to investigate their

localization to centromeres by ChIP-qPCR (Figure 4.3). Using the synthetic HAC alphoidtetO system,

RAD51 appeared to consistently interact with tetO sequences found within alpha satellite dimers.

It was peculiar to note that although RAD51 reproducibly interacted with HAC centromeres, no en-

richment could be detected at endogenous centromeres when probing for the consensus alpha satellite

sequence. This observation can be explained by several possibilities. First, it is plausible that the probe

used to assess endogenous centromere enrichment is not sensitive enough to detect a transient RAD51-

centromere enrichment. Indeed, CENP-A itself is enriched only ∼10-fold at endogenous centromeres,

which is perhaps lower than might be expected given that CENP-A is almost exclusively found at cen-

tromeres. Second, there may be mechanisms in place to actively prevent the stable association of RAD51

to endogenous centromeres, perhaps to prevent excessive recombination between non-allelic centromeric

repeats. If these mechanisms do not function at HAC centromeres, this could explain the disparity in

enrichment patterns. Third, the HAC system specifically uses alphoid arrays from chromosome 21, and

the association of RAD51 may reflect some chromosome-specific trends. For example, chromosome 21 is

the only chromosome to exhibit CENP-A localization and DNA breaks outside of the annotated HOR

(Figure 3.5A), a phenomenon which has not been experimentally investigated to date. Finally, there

may be some intrinsic feature of the HAC that renders HAC centromeres more susceptible to DNA dam-

age and/or replication stress which could result in RAD51 association. One possibility is that the frequent
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tetR-eYFP binding of the cell line results in excessive replication stress, although to my knowledge this

possibility has not been experimentally addressed.

Overall, while there is some indication that RAD51 is enriched at centromeric DNA, the inability to

detect RAD51 at endogenous centromeres remains an important caveat, and the conflicting evidence

warrants further investigation into the localization of RAD51 at centromeres. However, a recent report

shows RAD51 recruitment to centromeres upon Cas9-induced DSBs, suggesting that RAD51 can in

fact be recruited to centromeres, but it is possible that SSB-induced RAD51 recruitment is less readily

detectable (Yilmaz et al., 2021).

An important aspect of this study was also to identify potential regulatory factors in centromeric re-

combination. Specifically, I set out to determine whether BRCA2 influences RAD51 recruitment to and

function at centromeres. BRCA2, as part of the HR mediator complex, generally promotes the recruit-

ment of RAD51 to sites of DNA damage in S and G2 phases of the cell cycle (Jensen et al., 2010; Yuan

et al., 1999). However, BRCA2 can also have a negative regulatory role in certain contexts, such as

when CDK2-mediated phosphorylation of BRCA2 prevents the C-terminal RAD51 interaction (Esashi et

al., 2005), which can de-stabilize RAD51 filaments. Therefore, it was conceivable that BRCA2 has both

positive and negative regulatory effects on RAD51 centromere interaction. The depletion of BRCA2 had

little to no effect on RAD51 association with the HAC, perhaps even slightly increasing RAD51-HAC

interaction, and no effect on RAD51 enrichment at endogenous centromeres (Figure 4.4). This obser-

vation implies that RAD51 recruitment to centromeres is largely independent of its canonical regulator

BRCA2, or perhaps even negatively regulated. Several BRCA2-independent RAD51 loaders have been

identified including MMS22L-TONSL, NBS1, RAD52, etc. (Moudry et al., 2016; O’Donnell et al., 2010;

Teng et al., 2018; Yata et al., 2014; Yata et al., 2012), providing potential avenues for future research.

4.3.2 HR as a repair mechanism for centromere DNA breaks

To address the role of HR in the repair of centromeric breaks in physiological settings, I sought to deter-

mine whether centromeric DNA breaks would accumulate in the absence of the mammalian recombinase

RAD51. To avoid any major cell cycle or cell death impacts of RAD51 depletion, I applied exo-FISH

in non-dividing hTERT-RPE1 cells. These analyses revealed that the depletion of RAD51 reproducibly

increased the cenFISH, but not telFISH, signal, implying a specific accumulation of centromeric DNA

breaks in the absence of RAD51 (Figure 4.6). In support of the previous observation that BRCA2

does not impact RAD51 recruitment to centromeres, no change in the level of centromeric breaks were

observed upon BRCA2 depletion (Figure 4.6). These results collectively imply that RAD51 function in

centromeric DNA break repair is largely independent of its canonical regulator BRCA2.
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An accumulation of centromeric DNA breaks in the absence of RAD51 implies that RAD51 functions

at centromeres, conceivably either by repairing existing DNA breaks or by preventing the incidence of

new DNA breaks. While the analysis of publicly available datasets suggests that RAD51 depletion does

not result in de novo DSBs at centromeres (Figure 4.6F), it is difficult to entirely exclude the latter

possibility using exo-FISH alone. Therefore, to distinguish between the possibilities, I sought to determine

whether RAD51 recombinase/catalytic activity is required for preventing the accumulation of centromeric

DNA breaks, as this would imply that RAD51 was actively repairing existing centromeric breaks.

Exploiting a series of RAD51 variants, I determined that exogenously expressing RAD51 variants retaining

both ssDNA binding and DNA strand-exchange activities (RAD51-WT, RAD51-K133R) were able to

rescue the level of centromeric breaks upon endogenous RAD51 depletion (Figure 4.9). Conversely,

expression of RAD51 variants lacking strand-exchange activity (RAD51-T131P, RAD51-II3A) was unable

to rescue the level of centromeric breaks. This observation suggests that RAD51 strand-exchange activity

is imperative for preventing the accumulation of centromeric breaks, further implying that RAD51 is

acting in a repair capacity at centromeres.

Collectively, these data support the notion that HR does in fact play a role in the repair of centromeric

DNA breaks, even in non-cancerous cell lines and without exogenous perturbation. This finding highlights

a previously unappreciated role for HR in cell physiology, perhaps even relating to the poorly understood

embryonic lethality observed upon RAD51 depletion in mammalian cells (Tsuzuki et al., 1996). This

finding also provides experimental evidence supporting conclusions derived from both evolutionary studies

and CO-FISH observations, improving our understanding of DNA metabolism at human centromeres.

4.3.3 Additional repair pathways in the repair of centromeric DNA breaks

One critical limitation of this study is that only one repair pathway (i.e., HR) was addressed as a potential

repair mechanism for centromeric DNA breaks. Therefore, while the data suggest that HR is at least

partially required for the repair of centromeric breaks, there is no indication as to the relative importance

or HR as compared to other repair pathways. NHEJ, often cited as a parallel pathway choice to HR,

is an unlikely competing pathway in this context since NHEJ uses DSBs as an initiating substrate, and

centromeric DNA breaks appear to be predominantly single-stranded. However, several other SSB repair

pathways have been well established.

A ‘global’ SSB repair mechanism, as proposed by Keith Caldecott (Caldecott, 2008), is comprised of

four principal stages: detection, end processing, gap filling and ligation. Several pathways involving

SSB repair (i.e., base excision repair, sugar damage repair, abortive TOP1-SSB repair) have distinct

enzyme complexes facilitating each step of the response. It will be of interest to investigate a potential
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role of these different enzyme complexes in the repair spontaneous centromeric SSBs. It is, however,

intriguing to note that global SSB repair pathways are thought to occur rapidly (i.e., within minutes)

(Frankenberg-Schwager, 1989). The observation that SSBs accumulate at centromeres therefore suggests

that either their incidence is extremely frequent, or that they are repaired with unusually slow kinetics.

To my knowledge, no work has addressed any spatial heterogeneity in SSB repair pathways, so it is unclear

whether centromeres specifically could be refractory to the canonical and rapid SSB repair pathways. SSB

repair pathways, like other DNA damage repair pathways, rely on detection and signalling mechanisms.

It will therefore be crucial to address whether these signalling pathways are suppressed, analogous to the

γH2A.X suppression described in Chapter 3. A spatial disparity in SSB repair signalling could perhaps

explain why HR might play a more predominant role in the repair of SSBs at centromeres compared to

the rest of the genome, and why SSBs are able to accumulate at centromeres despite the presence of

highly efficient and global SSB repair pathway.

In addition, the predominant SSBs observed at human centromeres may alternatively represent inter-

mediates of a DNA repair pathway itself, suggesting the activity of alternative DNA repair pathways at

human centromeres. Repair pathways such as mismatch repair (MMR) and ribonucleotide excision repair

(RER) both involve transient SSB intermediates. In humans, base mismatch recognition is facilitated

by the MSH2-6 complex, which initiates downstream strand nicking and repair synthesis (Jiricny, 2006).

Indeed, mass spectrometry analysis of replicating human centromeric alpha-satellite bacterial artificial

chromosomes (BACs) using Xenopus laevis egg extract revealed an enrichment of the MMR complex

MSH2-6 as well as MRE11-RAD50, XRCC1, XRCC5 and PARP1 (Aze et al., 2016). Therefore, MMR

may be active on centromeric DNA, and may initiate the nicks described here. However, MSH2-6 in

S. cerevisiae has also been shown to interact with Holliday Junctions (Marsischky et al., 1999), so the

exact mode of MSH2-6 recruitment to and function at alpha satellite DNA remains unclear. Alterna-

tively, ribonucleotide excision repair (RER) is initiated by RNaseH for the removal of mis-incorporated

ribonucleotides (Eder et al., 1993; Rydberg and Game, 2002). Curiously, GLOE-seq analysis of SSBs

genome-wide revealed a slight bias towards leading strand synthesis, which experiences elevated levels of

mis-incorporated ribonucleotides (Nick McElhinny et al., 2010). The authors subsequently proposed that

ribonucleotide incorporation significantly contributes to spontaneous SSBs genome-wide (Sriramachan-

dran et al., 2020), opening the possibility that centromeric SSBs may in fact reflect RER intermediates.

However, as with MMR, RER is finalized by nick ligation with DNA ligase I (Sparks et al., 2012).

Therefore, if centromeric SSBs do indeed reflect repair intermediates, it stands to reason that either the

frequency of repair is extremely high or that the downstream ligation is inefficient.

Although this study does not comprehensively address the role of all DNA repair pathways in the repair

of centromeric DNA breaks, the establishment of exo-FISH provides a useful tool with which questions

Page 102



Xanita Saayman HR in centromere DNA repair

such as these can be addressed in future studies. HR appears to play at least some role in the repair of

centromeric breaks, but it will be important to determine how centromere integrity is maintained with

respect to other potential repair mechanisms.
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Chapter 5

Investigating RAD51 function in centromere

specification

5.1 Introduction

5.1.1 CENP-A in the specification of centromeres

CENP-A positioning within chromatin spatially defines centromere functionality in terms of kinetochore

assembly and microtubule attachment (Heun et al., 2006; Ho et al., 2014; Logsdon et al., 2019; Mendiburo

et al., 2011; Van Hooser et al., 2001). As fully described in section 1.3.3 and section 1.3.4, CENP-A

has a well-characterized self-propagating deposition pathway mediated by its chaperone HJURP and the

MIS18 complex (Carroll et al., 2010; Dunleavy et al., 2009; Foltz et al., 2009; Moree et al., 2011; Shuaib

et al., 2010). In brief, the presence of pre-existing CENP-A directs the deposition of new CENP-A within

centromeric chromatin in early G1, following each round of cell division (Figure 1.7) (Jansen et al.,

2007; Mellone et al., 2011).

5.1.2 Alternative pathways for CENP-A deposition

The presence of CENP-A nucleosomes within non-centromeric chromatin as well as the formation of

neocentromeres implies that alternative chromatin landscapes can support CENP-A deposition (Bodor et

al., 2014). However, our current understanding of alternative mechanisms promoting CENP-A deposition

remains limited. In recent years, roles for centromeric transcription and, to a lesser extent, DNA damage

have been increasingly studied as potential alternative mechanisms.

5.1.2.1 Transcription in the epigenetic definition of centromere identity

A role for transcription has been recently investigated as a potential contributor to centromere definition.

Centromeres are transcribed by RNA Polymerase II to produce non-coding RNA (ncRNA) that is re-
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quired for the correct localization of CENP-A, HJURP and other centromere-associated factors (Blower,

2016; Chan et al., 2012; Quenet and Dalal, 2014; Rosic et al., 2014). RNA polymerase II and other

transcription-associated factors localize to human centromeres in mitosis and disrupting transcription

results in CENP-A deposition defects (Chan et al., 2012; Quenet and Dalal, 2014). In support of this

notion, histone modifications indicative of active transcription (e.g., H3K4me2 and H3K9 acetylation) as

well as chromatin remodelling factors associated with active transcription (e.g., FACT, RbAp48) have

been shown to promote CENP-A deposition (Bergmann et al., 2011; Chen et al., 2015; Furuyama et

al., 2006; Ohzeki et al., 2012; Okada et al., 2009). Curiously, excessive centromeric transcription can

also interfere with CENP-A chromatin occupancy, suggesting that while transcription is mechanistically

important, it’s levels must be finely regulated to ensure optimal centromere function (Bergmann et al.,

2011).

An ongoing debate exists on precisely how centromeric transcription promotes CENP-A deposition, and

why such additional specification should exist. Some evidence supports a model in which chromosome-

specific centromeric ncRNAs remain associated at their origin centromeres, complex with CENP-A and

CENP-C, and directly recruit CENP-A to centromeres to facilitate its deposition (McNulty et al., 2017;

Rosic et al., 2014; Wong et al., 2007). However, other reports claim that centromeric RNAs do not remain

associated with centromeres, suggesting that the physiological importance of centromeric transcription

is through establishing a permissive chromatin environment for CENP-A deposition rather than a direct

role of the RNA itself (Bury et al., 2020). Centromeric transcription has alternatively been proposed to

convert CENP-A from a transient chromatin association to stable incorporation (Bobkov et al., 2018).

However, the temporal discrepancy between centromeric transcription and CENP-A deposition argues

against this hypothesis. Indeed, centromeric transcription is thought to peak in G2 and mitosis, although

centromeric transcripts have been detected throughout the cell cycle by other groups (Bobkov et al.,

2018; Bury et al., 2020; Chan et al., 2012; Ferri et al., 2009; Liu et al., 2015; McNulty et al., 2017).

5.1.2.2 DNA repair in the epigenetic definition of centromere identity

As described above, the recruitment of CENP-A to ectopic sites and formation of neocentromeres im-

plies the presence of CENP-A assembly mechanisms independent of the feed-forward centromere-defined

deposition pathway (Bodor et al., 2014). The precise mechanisms of neocentromere formation in humans

are poorly understood, although one study revealed a close association between neocentromere formation

sites and rearrangement boundaries following chromosome breakage (Ventura et al., 2003). An associa-

tion between neocentromere formation and recombination sites has also been described in chromosome

13-derived neocentromeres, and it has been subsequently proposed that genome rearrangements may

initiate neocentromere formation (Marshall et al., 2008).
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On the basis of these observations, an alternative centromere specification pathway could be related to

DNA damage and repair. As described above (section 1.3.4), HJURP is entirely sufficient for CENP-A

deposition. Curiously, HJURP was originally identified as a DNA damage repair protein involved in

HR repair and named after its ability to directly bind Holliday junctions in vitro (Kato et al., 2007). In

addition, HJURP directly binds both members of the MRN complex as well as structural intermediates of

the HR repair pathway (Barnhart et al., 2011; Kato et al., 2007). It is thereby feasible that DNA damage

or repair intermediates may directly promote or reinforce HJURP recruitment and, in turn, CENP-A

deposition. Although very few studies have investigated a potential connection between DNA damage,

repair and centromere specification, some preliminary evidence may support its feasibility.

First, HJURP forms nuclear foci in response to DNA damage and CENP-A itself can also be recruited to

sites of DNA DSBs (Kato et al., 2007; Yilmaz et al., 2021; Zeitlin et al., 2009), providing evidence that

DNA damage leads to the recruitment of centromere-associated proteins. Curiously, CENP-A recruitment

to DNA breaks seems to depend on active DNA repair mechanisms (in this report, NHEJ repair factors),

suggesting that it is the process of DNA repair, rather than the DNA damage itself, underlying CENP-A

recruitment (Zeitlin et al., 2009). Second, two studies have identified potential roles for HR repair factors

in promoting CENP-A occupancy at centromeres. In C. albicans, depletion of HR proteins Rad51 and

Rad52, but not NHEJ repair factors, resulted in a reduction of CENP-A (Cse4) at centromeres (Mitra

et al., 2014). A recent study also reported the reduction of centromeric CENP-A upon depletion of HR

mediator complex factor BRCA1 (Racca et al., 2021). Therefore, it remains conceivable that active DNA

repair somehow functions to promote CENP-A chromatin occupancy at centromeres. Importantly, these

observations would collectively imply that a DNA repair-induced CENP-A recruitment pathway is inte-

grated with canonical centromere specification mechanisms at endogenous centromeres, and not specific

to de novo neocentromere formation. However, few additional studies have addressed this hypothesis and

no consensus has been reached as to the mechanisms underlying these observations.

5.2 Results

5.2.1 Reduction of CENP-A in the absence of HR recombinase RAD51

While assessing the localization of RAD51 to endogenous centromeres in HeLa HAC2-4 cells (Figure

4.4), I observed that CENP-A association with endogenous centromeres was reduced to ∼50% upon

BRCA2 depletion (data not shown). Given the previously reported association between HR factors and

CENP-A occupancy at centromeres (Mitra et al., 2014; Racca et al., 2021), I sought to further investigate

this association through an independent assay and in the non-cancerous human hTERT-RPE1 cell line.
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First, I asked whether CENP-A was lost at centromeres following long-term depletion of the central

mammalian recombinase RAD51. Depleting RAD51 for 96 hours in dividing hTERT-RPE1 cells, I

determined the level of CENP-A at centromeres by immunofluorescence. I verified that RAD51 and

CENP-A, as a positive control, could be efficiently depleted 72 hours after siRNA treatment (as shown

later in Figure 5.3A, C). The depletion of CENP-A was not very apparent by Western blot even after

72 hours of depletion, presumably due to its previously described stability on chromatin (Bodor et al.,

2013; Falk et al., 2015; Jansen et al., 2007).
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Figure 5.1: Reduction of CENP-A in the absence of HR recombinase RAD51. (A, B, C)
Quantification, representative images, and representative median focus analysis of immunofluorescence
staining against CENP-A and CENP-B. hTERT-RPE1 cells were fixed 96 hours after siRNA-mediated
depletion of RAD51, or CENP-A. CENP-A and CENP-B levels were subsequently quantified at CENP-
B-defined centromeres, as described in Figure 3.9. Scale bar represents 10 µm. IF signal intensity is
X10,000 arbitrary units (A.U.). Each data point represents a median value of a cell, with the median
of each biological replicate indicated in darker hues. At least 30 cells were imaged per experimental
condition. The medians of each experimental condition were used to perform a two-sided paired t-test
(*p<0.05, **p<0.01).

Co-staining for both CENP-A and CENP-B, I used the previously described centromere box analysis

(Figure 3.9A) to quantify the levels of centromeric CENP-B and centromeric CENP-A at CENP-B-

defined centromeres. Upon depletion of RAD51 or CENP-A itself, I observed a consistent reduction of

centromeric CENP-A without any changes in CENP-B levels (Figure 5.1A, B, C). Indeed, even though

the depletion of CENP-A was only minimally apparent by Western blotting (Figure 5.3C), there was
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an almost complete reduction of CENP-A at CENP-B-defined centromeres upon CENP-A depletion.

This observation highlighted that the analysis of CENP-A protein levels by Western blotting is a poor

indicator of centromeric occupancy. These data also supported a role for the HR recombinase RAD51

in promoting CENP-A occupancy at centromeres. Although the decrease in CENP-A upon RAD51

depletion is relatively mild, it should be noted that RAD51-depleted cells typically exhibit striking cell

cycle arrests, thereby preventing cellular proliferation and limiting CENP-A turnover. Therefore, the

changes in CENP-A centromere occupancy upon RAD51 depletion are likely an under-estimation of the

role of RAD51 in maintaining centromeric CENP-A levels.

5.2.2 CENP-A reduction upon RAD51 depletion is independent of active

DNA replication

As with the centromeric DNA breaks described in Chapter 3, I sought to determine whether the reduc-

tion of CENP-A upon RAD51 depletion was dependent on active DNA replication, to determine whether

cell cycle effects or replication stress upon RAD51 depletion could interfere with CENP-A centromeric oc-

cupancy. Using the same experimental protocol for serum starvation (as described and verified in Figure

4.5), I quantified CENP-A centromere occupancy upon RAD51 and CENP-A depletion. Depletion of

RAD51 or CENP-A itself reduced CENP-A occupancy at centromeres even in the absence of active DNA

replication (Figure 5.2A, B, C), suggesting that defective centromeric replication does not underlie the

reduction of CENP-A upon RAD51 depletion.
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Figure 5.2: Reduction of CENP-A upon RAD51 depletion is independent of active DNA
replication. (A, B, C) Quantification, representative images, and representative median focus analysis
of immunofluorescence staining against CENP-A and CENP-B. hTERT-RPE1 cells were serum-starved
for 24 hours before undergoing 96 hours siRNA-mediated depletion of RAD51 or CENP-A. CENP-A and
CENP-B levels were subsequently quantified at CENP-B-defined centromeres, as described in Figure
3.9, 96 hours after depletion. Scale bar represents 10 µm. IF signal intensity is X10,000 arbitrary units
(A.U.). Each data point represents a median value of a cell, with the median of each biological replicate
indicated in darker hues. At least 30 cells were imaged per experimental condition. The medians of each
experimental condition were used to perform a two-sided paired t-test (*p<0.05, **p<0.01).

5.2.3 CENP-A protein and mRNA levels in the absence of RAD51

The initial observation that HR mediator RAD51 promotes CENP-A levels at centromeres was interesting

in light of previously reported links between centromere specification and DNA repair (as described in

section 5.1.2). However, it was important to determine whether the reduction of CENP-A was in

fact due to defective RAD51 function, rather than an indirect outcome of total CENP-A protein level

disruptions. Therefore, I assessed total CENP-A protein levels byWestern blotting upon RAD51 depletion

in hTERT-RPE1 dividing cells (Figure 5.3A). Intriguingly, depletion of RAD51 resulted in a reduction

of CENP-A protein levels, suggesting a potential indirect mechanism through which RAD51 promotes

CENP-A occupancy at centromeres. In hTERT-RPE1 quiescent (i.e., serum-starved) cells, a similar

phenomenon was observed whereby RAD51 depletion reduced CENP-A protein levels (Figure 5.3B).
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Figure 5.3: CENP-A protein and mRNA in the absence of RAD51. (A) Western blot depiction
and quantification of Lamin-A, RAD51 and CENP-A protein levels following 72 hours RAD51 siRNA-
mediated depletion in asynchronous hTERT-RPE1 cells. Protein levels were quantified as the total
background-subtracted signal intensity of protein bands, normalizing to both the universal negative con-
trol siMisNeg and Lamin-A. (B) Western blot depiction and quantification, as in (A), for hTERT-RPE1
quiescent cells serum-starved 24 hours prior to siRNA treatment. (C) Western blot depiction and quan-
tification of Lamin-A, RAD51 and CENP-A protein levels following 72 hours CENP-A siRNA-mediated
depletion in asynchronous hTERT-RPE1 cells. Quantification as in (A). (D) Western blot depiction
and quantification, as in (A), for hTERT-RPE1 quiescent cells serum-starved 24 hours prior to siRNA
treatment. (E) GAPDH, RAD51 and CENP-A mRNA levels assessed by RT-qPCR following 96 hours
depletion of RAD51, CENP-A or the universal negative control siMisNeg. mRNA levels were calculated
as 2-∆ ∆Ct, using siMisNeg and GAPDH for normalization.

Curiously, a reciprocal relationship was noted whereby the depletion of CENP-A in both dividing and

non-dividing hTERT-RPE1 cells resulted in a striking reduction in RAD51 protein levels (Figure 5.3C,

D). Initially, this suggested that these proteins may be part of a mutual protein complex, whereby the

depletion of one factor destabilizes other complex constituents. However, analysis of mRNA levels in

hTERT-RPE1 quiescent cells subsequently refuted this hypothesis (Figure 5.3E). Depletion RAD51

resulted in a notable reduction of CENP-A mRNA levels. Equally, the depletion of CENP-A reduced
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RAD51 mRNA levels. Therefore, the observed changes in protein levels most likely reflects disruptions

in upstream transcription levels rather than protein stability.

Several potential explanations could account for the disruption in CENP-A transcription upon RAD51

depletion. First, this effect could be due to off-target siRNA effects. This explanation is unlikely since

the siRNA concentrations used were towards the lower end of the manufacturers recommendations, and

a dual-targeting siRNA system was used to target RAD51, thereby minimizing the chances of off-target

effects. Second, accumulated DNA damage in the absence of HR-mediated repair could interfere with

the transcription of CENP-A. For both the first and second possibilities, however, the reciprocity of

mRNA disruption between RAD51 and CENP-A argues against this explanation. Finally, it is possible

that depletion of RAD51 or CENP-A induce a cellular state whereby transcription networks are altered,

perhaps through activation of the p53 response. Indeed, depletion of CENP-A has been shown to in-

duce premature p53-dependent cellular senescence, which can directly impact RAD51 protein expression

(Arias-Lopez et al., 2006; Maehara et al., 2010).

In support of the third possibility, I observed different trends using a HeLa cervical cancer cell line

in which the p53 response is innately absent. Analysis of proteins levels upon RAD51 and CENP-A

depletion in a SNAP-tagged CENP-A HeLa cell line revealed that depletion of RAD51 had little impact

on CENP-A levels, and depletion of CENP-A similarly did not impact RAD51 levels to the same extent

(Figure 5.4A). Therefore, it seems plausible that disruptions in CENP-A transcript and protein levels

upon HR factor depletion in hTERT-RPE1 cells (Figure 5.3) are at least partially due to p53-induced

transcription changes.

Importantly, in the HeLa CENP-A-SNAP system, without any evident changes in CENP-A protein levels

upon HR factor depletion, RAD51 depletion continued to reduce centromeric CENP-A occupancy equiv-

alent to that of CENP-A depletion itself (Figure 5.4B, C). Therefore, these data support a functional

link between RAD51 activity and CENP-A centromere occupancy.
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Figure 5.4: CENP-A centromeric occupancy in HeLa CENP-A-SNAP. (A) Western blot and
quantification verifying the depletion of RAD51 and CENP-A in HeLa CENP-A-SNAP cells. Lamin-A
is indicated as loading control. Protein levels were quantified as the total background-subtracted signal
intensity of protein bands, normalizing to both the universal negative control siMisNeg and Lamin-A.
(B, C) Quantification and representative median focus analysis of immunofluorescence staining against
CENP-A and CENP-B. HeLa CENP-A-SNAP cells were fixed 72 hours after siRNA-mediated depletion
of RAD51, or CENP-A. CENP-A and CENP-B levels were subsequently quantified at CENP-B-defined
centromeres, as described in Figure 3.9. IF signal intensity is X10,000 arbitrary units (A.U.). Each
data point represents a median value of a cell, with the median of each biological replicate indicated in
darker hues. At least 30 cells were imaged per experimental condition. The medians of each experimental
condition were used to perform a two-sided paired t-test (*p<0.05, **p<0.01).

5.2.4 HeLa CENP-A-SNAP to distinguish CENP-A deposition and stability

Previously, DNA replication was excluded as a potential mechanism by which RAD51 influences CENP-

A centromere occupancy (Figure 5.2). However, there remained many potential mechanisms by which

RAD51 activity could impact CENP-A centromeric occupancy. These mechanisms ranged from defec-

tive DNA repair impacting local nucleosome stability to non-repair functions disrupting the centromeric

chromatin environment to interfere with the deposition of new CENP-A. I sought to narrow down the

possibilities by determining whether the reduction of CENP-A at centromeres was due to reduced stabil-

ity within centromeric chromatin, or due to an inability to deposit new CENP-A upon cellular division, or

some combination of the two. To address this question, I made use of a HeLa cell line expressing CENP-A

tagged to a SNAP moiety. This system was designed to distinguish between CENP-A deposition and
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stability (Bodor et al., 2012; Jansen et al., 2007). As previously described, the HeLa CENP-A-SNAP cell

line had been validated for the depletion of RAD51 as well as the disruption to CENP-A centromeric

occupancy (Figure 5.4).

5.2.4.1 CENP-A-SNAP deposition in the absence of RAD51

In the HeLa CENP-A-SNAP system, CENP-A is tagged with a SNAP moiety, which can be either be

rapidly fluorescently labelled (‘pulsed’) or blocked (‘quenched’) in vivo (Figure 5.5A). The deposition

of new CENP-A can therefore be assessed in cells that are initially quenched to block all available SNAP

moieties of existing CENP-A and subsequently pulsed to fluorescently label any newly synthesized CENP-

A (Figure 5.5B). The extent of newly deposited CENP-A is then determined by quantifying SNAP

intensity at CENP-B-defined centromeres. Typically, there is a 24-hour chase window between quenching

and pulsing to allow at most one round of CENP-A-SNAP incorporation into centromeric chromatin.

However, a chase time course over 24-72 hours was performed including siRNA treatment against the

negative control (Figure 5.5C, D) and it was evident that in these conditions, SNAP deposition (i.e.,

SNAP foci) could only be observed 48 hours after the initial quenching. This is conceivably because the

RNAi treatment itself increases the division time of cells, therefore requiring up to 48 hours for a single

round of CENP-A-SNAP incorporation.

With these conditions optimized, I tested the impact of RAD51 depletion on the deposition of new CENP-

A-SNAP, with CENP-A depletion included as a positive control. One important caveat to this analysis

is that if there are any significant disruptions in cell-cycle progression upon depletion of a candidate

protein, fewer cells may have incorporated any CENP-A-SNAP (i.e., having not reached early G1),

which may produce false positives. Therefore, to ensure that cell cycle perturbations were not biasing

the quantification, only cells that were classified as ‘SNAP-positive’ were included in the quantification.

More specifically, if cells had >10 SNAP foci, as detected by an automated algorithm, they are classed

as SNAP-positive and included in the quantification. From this analysis, RAD51 depletion reduced

the deposition of new CENP-A-SNAP at CENP-B-defined centromeres to a similar extent as CENP-A

depletion itself (Figure 5.5E, F). The recombinase RAD51 therefore promotes CENP-A deposition at

centromeres.
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Figure 5.5: CENP-A deposition in the absence of RAD51. (A) Schematic of CENP-A-SNAP
functionality in HeLa system. CENP-A molecules are tagged with a SNAP moiety, which can either
be covalently labelled with a fluorescent molecule (‘pulsed’) or blocked with a non-fluorescent chemical
modification (‘quenched’). (B) Experimental schematic of CENP-A deposition assay (‘quench-chase-
pulse’) using HeLa CENP-A-SNAP cells. After 24 hours siRNA-mediated depletion of candidate factors,
cells are quenched to block all existing CENP-A-SNAP molecules. After the indicated time (24-72
hours), any newly incorporated CENP-A is pulsed to quantify newly deposited CENP-A molecules.
(C, D) Representative images and quantification of chase optimization of quench-chase-pulse assay to
determine pulse timing for the detection of newly loaded CENP-A-SNAP molecules. (E, F) Quantification
and representative images of quench-chase-pulse assay following the siRNA treatment against RAD51,
CENP-A or the universal negative control (siMisNeg). Quantification of SNAP within CENP-B-defined
centromeric loci was performed as in Figure 3.9. Importantly, only cells classed as SNAP-positive (i.e.,
> 10 SNAP foci) were included in the quantification. Each data point represents a median value of a cell,
with the median of each biological replicate indicated in darker hues. At least 20 cells were imaged per
experimental condition. The medians of each experimental condition were used to perform a two-sided
paired t-test (*p<0.05, **p<0.01).

5.2.4.2 CENP-A-SNAP stability in the absence of RAD51

I next wanted to determine whether RAD51 depletion would have any impact on the stability of existing

CENP-A within centromeric chromatin. Indeed, one intriguing possibility is that the failure to repair

centromeric DNA breaks, for example, might result in nucleosome eviction or remodelling. To test this

possibility, I used a complementary experiment measuring CENP-A stability over time upon a single
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pulse (Figure 5.6A, B). The levels of fluorescently labelled CENP-A-SNAP decreased by roughly two-

fold every 24 hours, consistent with cellular division halving the existing CENP-A chromatin association.

However, the depletion of RAD51 did not appear to have any significant impact of the levels of CENP-

A-SNAP after 24 or 48 hours pulsing (Figure 5.6C, D). Together, these data suggest that RAD51

promotes CENP-A centromere occupancy by enabling the deposition of new CENP-A, rather than the

retention of existing CENP-A.
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Figure 5.6: CENP-A stability in the absence of RAD51. (A) Experimental schematic of CENP-A
stability assay (‘pulse-chase’) using HeLa CENP-A-SNAP cells. siRNA-mediated depletion of candidate
factors is performed directly after initial pulse. Centromeric SNAP intensity is measured every 24 hours
to determiner chromatin stability. (B) Representative images of SNAP foci intensity 0, 24 and 48 hours
after initial pulse in untreated cells. Scale bar represents 10 µm. (C, D) Quantification of SNAP and
CENP-B signal intensities at CENP-B-defined centromeres 0, 24 and 48 hours following SNAP pulsing
and siRNA mediated depletion of RAD51 or the universal negative control (siMisNeg). CENP-B is used
to defined centromeres and the SNAP intensity is quantified as in Figure 3.9. Each data point represents
a median value of a cell, with the median of each biological replicate indicated in darker hues. At least
20 cells were imaged per experimental condition. The medians of each experimental condition were used
to perform a two-sided paired t-test (*p<0.05, **p<0.01).

5.2.5 Centromeric transcription in the absence of RAD51

Based on the observation of reduced CENP-A deposition, but not stability, upon RAD51 depletion,

the potential mechanisms by which RAD51 promotes CENP-A centromere occupancy were significantly

narrowed down. The deposition of de novo CENP-A at centromeres is a well-characterized mechanism
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that occurs in late mitosis / early G1 of each cell cycle (Jansen et al., 2007; Mellone et al., 2011). As

described fully in section 1.3.4, HJURP and the MIS18 complex function to direct CENP-A deposition

to pre-existing CENP-A-containing chromatin. In addition, a potential role for centromeric transcrip-

tion has emerged in promoting CENP-A deposition (section 5.1.2.2). Based on this, I reasoned that

defects in CENP-A deposition upon RAD51 depletion could be related to centromeric transcription or

the recruitment of CENP-A chaperones such as HJURP.

I set out to determine whether HR could impact non-coding transcription at centromeres. Centromeric

transcripts were detected using a RT-qPCR approach, whereby total cellular RNA is reverse-transcribed

into cDNA followed by quantification by qPCR. I sought to quantify the RNA levels of centromeric

transcripts as well as another RNA Polymerase II-transcribed, non-coding RNA (e.g., telomeric TERRA)

and the RNA Polymerase I-transcribed 5S rDNA, as negative controls. First, I optimized the cDNA input

to be within a linear range of amplification to allow the detection of changes in cDNA levels (Figure

5.7A). I tested 5S rDNA and two telomeric TERRA probes, two centromeric probes, as well as two

non-coding but non-repetitive RNA controls. From this, it was clear that at higher cDNA inputs, RNA

from repetitive regions resulted in a saturation of the qPCR signal. Therefore, 10 ng cDNA input (or

an input corresponding to the equivalent Ct value) was used to prevent be within the optimized linear

amplification range. In addition, the analysis of RNA from repetitive regions can be challenging due to

interference from the high abundance of contaminating genomic DNA (gDNA). Despite two successive

rounds of DNA removal using DNaseI prior to reverse transcription, there was still a notable qPCR

signal from the non-reverse-transcribed control samples. Therefore, I verified that the qPCR signal from

the centromeric probes using 10 ng cDNA was still sufficient to detect RNA levels (RT+) above that of

the gDNA contamination (RT-) (Figure 5.7B). For alphoid transcripts, this was 66-fold enrichment

of RNA over contaminating gDNA using 10 ng cDNA. However, the D17Z-1 centromeric probe did not

show sufficient enrichment of the RT+ signal over RT-, and so this probe was discontinued.
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Figure 5.7: Centromeric transcription in the absence of RAD51. (A) Optimization of RT-
qPCR conditions for the detection of RNA produced at repetitive regions. Probes for 5S rDNA, cen-
tromeres (D17Z-1, alphoid), telomeres (TERRA-17P, TERRA-Xq) and non-coding non-repetitive regions
(MALAT-1, NEAT-1) were tested. After reverse-transcribing whole cell RNA, increasing inputs of cDNA
were quantified by qPCR, after which the cDNA enrichment was calculated by the fold enrichment
compared to the 1ng cDNA input. (B) Verification of RNA-specific signal (RT+) enrichment over con-
taminating genomic DNA signal (RT-) for 5S rDNA, D17Z1 and alphoid qPCR probes over various
cDNA inputs. (C) Assessment of whether long-term depletion of RAD51 impacts centromeric transcript
levels in serum-starved hTERT-RPE1 cells. After 96 hours siRNA treatment, RNA was extracted and
transcripts were quantified for 5S rDNA, alpha satellite transcripts, and non-coding telomeric transcripts
TERRA-Xq by RT-qPCR. (D) Assessment of whether short-term inhibition of RAD51 with the small
molecule inhibitor B02 impacts centromeric transcript levels in mitotic hTERT-RPE1 cells. Mitotic cells
were enriched with 3-5 hours treatment using S-trityl-L-cysteine (STLC), collected by mitotic shake-off
and treated with DMSO, B02 or DRB for 2 hours in the presence of STLC prior to RNA extraction.
As in (C), 5S rDNA, alpha satellite, and telomeric ncRNA (TERRA-Xq) were analyzed and normalized
to DMSO and 5S rDNA. (E) As in (D) but for HeLa CENP-A-SNAP mitotic cells instead of mitotic
hTERT-RPE1 cells. For all qPCR reactions, the equivalent of 10-30ng cDNA was used for input (corre-
sponding to optimized Ct values) and RT- controls were included when possible. Where indicated, the
averages of each experimental condition were used to perform a two-sided paired t-test (*p<0.05).
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Having optimised the conditions for RT-qPCR detection of centromeric transcripts, I tested the long-

term depletion of RAD51 in quiescent hTERT-RPE1 cells and observed a consistent reduction in alpha-

satellite transcripts, but not telomeric transcripts (Figure 5.7C). Additional analysis of the RT- sample

was included, where possible, to verify that the change in qPCR signal upon RAD51 depletion was

not an indirect reflection of the levels of contaminating gDNA. Curiously, the depletion of CENP-A

seemed to markedly reduce both alpha-satellite as well as telomeric transcripts. Therefore, although there

appeared to be a disruption in centromeric transcription upon HR factor depletion, this interpretation is

complicated by the observation that CENP-A depletion itself interferes with centromeric transcription. In

other words, it is challenging to discern whether RAD51 first reduces centromeric transcription, thereby

impacting CENP-A deposition, or whether a decrease in CENP-A chromatin occupancy is sufficient to

produce the observed disruptions in centromeric transcription.

To discern between these two scenarios, centromeric transcripts were once again quantified following

short-term RAD51 inhibition using the small-molecule inhibitor B02. After arresting hTERT-RPE1 cells

in mitosis with STLC, mitotic cells were collected and treated with B02, the negative control DMSO, or

a positive control for transcriptional inhibition, DRB, for 2 hours (Figure 5.7D). Short-term inhibition

of RAD51 was sufficient to reduce centromeric transcripts, about 50% the effect size of DRB itself, and

a similar trend was observed in HeLa CENP-A-SNAP cells (Figure 5.7E). Once again, RT- controls

were included when possible. Curiously, the RT- samples similarly showed a reduction in alpha satellite

levels upon B02 and DRB treatment, but to a lesser extent than the RT+ samples. Overall, under these

short-term inhibition conditions, when CENP-A levels could not yet be affected by RAD51 inhibition,

centromeric transcription appears to already be disrupted. Therefore, the perturbation of transcription

upon RAD51 depletion is likely upstream of CENP-A deposition defects, providing a potential mechanism

through which RAD51 can promote CENP-A deposition at centromeres.

5.2.6 Involvement of the canonical RAD51 regulator BRCA2 in centromere

specification

During this investigation, I once again sought to determine whether the function of RAD51 in centromere

specification was shared by its canonical regulator BRCA2. To that end, several of the experiments

described above were performed in tandem with BRCA2 depletion. Remarkably, and unlike the DNA

break results described in Chapter 4, BRCA2 depletion appeared to largely phenocopy RAD51 depletion

in terms of centromere specification. First, long-term BRCA2 depletion in hTERT-RPE1 cells reduced

CENP-A occupancy at CENP-B-defined centromeres (Figure 5.8A). This was also the case, to a lesser

extent, in quiescent hTERT-RPE1 cells (Figure 5.8B). As with RAD51 depletion, BRCA2 depletion

in the HeLa CENP-A-SNAP cell line also reduced CENP-A centromeric occupancy (Figure 5.8C)
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and reduced the deposition of new CENP-A-SNAP to centromeres (Figure 5.8D). Finally, I measured

whether centromeric transcript levels were also dependent on BRCA2 (Figure 5.8E). However, BRCA2

depletion in quiescent hTERT-RPE1 cells produced variable results between biological replicates, and so

it remains unclear whether BRCA2 function maintains centromeric transcript levels.
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Figure 5.8: Involvement of the canonical RAD51 regulator BRCA2 in centromere specifica-
tion. (A) As described in Figure 5.2 but for BRCA2 depletion in asynchronously dividing hTERT-RPE1
cells. Western blot confirming BRCA2 depletion 72 hours after siRNA treatment, quantification of CENP-
B and CENP-A within CENP-B-defined centromeres and representative median foci. Immunofluorescence
was performed 96 hours after siRNA-mediated depletion of BRCA2. (B) As in (A) but for BRCA2 deple-
tion in serum-starved (i.e., non-dividing) hTERT-RPE1 cells, 96 hours after siRNA-mediated depletion.
(C) As in (A) but for BRCA2 depletion in asynchronously dividing HeLa CENP-A-SNAP cells, 72 hours
after siRNA-mediated depletion. (D) Quantification and representative images of SNAP quench-chase-
pulse assay, as described in Figure 5.6. (E) As in Figure 5.7, RT-qPCR analysis for the quantification
of transcript levels, 96 hours after siRNA-mediated depletion. Transcript levels of of 5S rDNA, alpha
satellite transcripts, and non-coding telomeric transcripts TERRA-Xq were quantified RT-qPCR. Opti-
mization of probes in Figure 5.7, and RT- samples included where possible. All microscopy quantification
as described in Figure 3.9. Scale bar represents 10 µm. IF signal intensity is X10,000 arbitrary units
(A.U.). Each data point represents a median value of a cell, with the median of each biological replicate
indicated in darker hues. At least 30 cells were imaged per experimental condition. The medians of each
experimental condition were used to perform a two-sided paired t-test (*p<0.05, **p<0.01).
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Overall, BRCA2 appears to play a comparable role in CENP-A deposition to RAD51, suggesting that

this previously unrecognized role of RAD51 in centromere specification may be shared by the canonical

HR mediator complex.

5.3 Discussion

5.3.1 Evidence for the role of HR recombinase RAD51 in promoting CENP-

A deposition

In this chapter, I investigate a potential role for HR in promoting centromere specification through

CENP-A occupancy. In the absence of the central mammalian recombinase RAD51, I observed a re-

duction of CENP-A at CENP-B-defined centromeres in both dividing and non-dividing hTERT-RPE1

cells (Figure 5.1, 5.2). This phenotype was also apparent upon depletion of the canonical RAD51

regulator BRCA2 (Figure 5.8). Although initially there were some potentially confounding disruptions

in CENP-A transcription and protein levels (Figure 5.3), these disruptions appeared to correspond at

least partially to cellular p53 status, as p53-negative cell lines did not exhibit similar disruptions (Figure

5.4A). Importantly, I confirmed that CENP-A centromere occupancy was reduced upon RAD51 deple-

tion, under conditions where CENP-A protein levels were largely unchanged (Figure 5.4). From these

results, it is evident that both RAD51 and BRCA2 function to ensure centromere specification. This

finding coincides with previous reports of CENP-A (or Cse4 in S. cerevisiae) reduction upon HR factor

depletion, contributing to a growing body of literature detailing a potential link between DNA repair

proteins and centromere specification (Mitra et al., 2014; Racca et al., 2021).

Exploiting the HeLa CENP-A-SNAP cell line to distinguish between CENP-A deposition and stability,

it further became evident that depletion of RAD51 or BRCA2 reduced the deposition of CENP-A at

centromeres (Figure 5.5,5.8). Although no clear defect in CENP-A stability was observed (Figure

5.6), an important caveat to this interpretation is that the experiment is missing a positive control for

CENP-A stability defects. For example, including a known CENP-A maintenance factor such as CENP-

C or Spt6 could have ensured that the experimental conditions suffice to detect changes in CENP-A

stability (Bobkov et al., 2020; Falk et al., 2015).

5.3.2 Specificity of RAD51 at centromeres in CENP-A deposition

An important question stands regarding the specificity of RAD51 function for CENP-A deposition at

centromeres. First, it is unclear whether this phenomenon is restricted to CENP-A-containing nucle-

osomes or applicable to all nucleosomes. Second, it is unclear whether this phenomenon is restricted

to centromeres or a genome-wide phenomenon. Indeed, it is entirely plausible that RAD51 supports
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nucleosome occupancy on a genome-wide level.

Increased chromatin mobility, for example, occurs in response to DNA breaks both locally at the site

of the break as well as genome-wide (Dion and Gasser, 2013; Dion et al., 2012; Herbert et al., 2017;

Mine-Hattab and Rothstein, 2012). Although the mechanisms of chromatin mobility changes upon DNA

breaks are still being investigated, chromatin decompaction (i.e., removal or remodelling of nucleosomes)

is thought to drive changes in chromatin mobility (Amitai et al., 2017; Hauer et al., 2017; Hinde et al.,

2014). Therefore, it is feasible that a global decompaction of nucleosomes, including but not specific

to CENP-A-containing nucleosomes, occurs upon depletion of the repair factor RAD51, explaining the

reduction of centromeric CENP-A. However, it should be noted that other models for damage-induced

chromatin mobility changes propose a stiffening of chromatin, rather than chromatin decompaction, as

well as deposition, rather than eviction, of H3.3 at sites of DNA damage (Herbert et al., 2017; Luijsterburg

et al., 2016). The notion of global chromatin decompaction upon DNA damage is therefore still a

matter of debate. In addition, a chromatin decompaction hypothesis would imply that BRCA2-RAD51

depletion impact CENP-A chromatin retention, rather than CENP-A deposition. The observation of

defective CENP-A deposition upon BRCA2-RAD51 depletion thereby supports an alternative mechanism.

Unfortunately, the current data cannot assess whether this phenomenon is restricted to CENP-A or even

centromeres, warranting further investigation into the specificity of this previously unrecognised function

for HR factors BRCA2 and RAD51.

5.3.3 Potential mechanisms by which RAD51 promotes CENP-A deposition

Given the many cellular functions mediated by RAD51, there are several potential mechanisms by which

RAD51 promote CENP-A deposition. One immediate question is whether the role of RAD51 in CENP-

A deposition is related their repair functionality during homologous recombination (Figure 5.9). If

HR is involved, it is feasible that the direct repair of SSBs, or the formation of recombination inter-

mediates bound by HJURP, serve as links between RAD51 and CENP-A deposition. Alternatively,

HR-independent pathways could include DNA replication (i.e., related to the replication fork stabiliza-

tion roles of BRCA2 and RAD51), DNA transcription, RNA-DNA hybrids, or even a physical association

between HR factors and CENP-A. Given the involvement of both BRCA2 and RAD51 and the sim-

ilarity of their phenotypic expression, it would seem likely that the mechanism in question relates to

BRCA2-RAD51 complex functionality, and likely HR. However, the current data do not suffice to direct

address this possibility and both HR-dependent and HR-independent potential mechanism are therefore

considered.
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Figure 5.9: Potential mechanisms by which RAD51 promotes CENP-A deposition. CENP-A
deposition defects in the absence of RAD51 can be explained by several different possibilities, loosely cat-
egorized into repair-related or non-repair-related pathways. Homologous recombination (HR)-dependent
pathways include single-strand DNA break (SSB) repair or the generation of centromeric recombination
intermediates. Pathways that are HR-independent including centromeric transcription and DNA repli-
cation, as well as physical binding to CENP-A and accumulated RNA-DNA hybrids.

5.3.3.1 HR-dependent pathways linking RAD51 and CENP-A deposition

In previous chapters, I provide evidence that RAD51 facilitates DNA repair at centromeres, raising

a potential link between centromeric DNA repair and CENP-A centromeric occupancy. There are at

least two potential mechanisms by which HR as a repair mechanism could promote CENP-A deposition

(Figure 5.9A).

First, defects in HR may lead to an accumulation of unrepaired DNA breaks at centromeres, indirectly

interfering with CENP-A deposition. While this possibility accounts for RAD51-related phenotypes, a

notable counterargument is that long-term depletion of BRCA2 does not appear to induce centromeric

DNA breaks, as detected by exo-FISH (Figure 4.5C, D). This is in direct contrast with the observation

that BRCA2 depletion consistently reduces CENP-A centromeric occupancy, as well as CENP-A deposi-

tion, to a similar degree as RAD51 (Figure 5.8). However, given the inconsistent exo-FISH results upon

BRCA2 depletion, this possibility cannot be entirely excluded. Alternatively, it is equally plausible that

BRCA2 prevents ssDNA gap accumulation independent of HR-mediated SSB repair. Supporting a role

for BRCA2 in preventing ssDNA gap accumulation, several recent reports have argued that the basis of

chemosensitivity in BRCA2-deficient cell lines is ssDNA gap accumulation behind re-primed replication

forks, rather than the previously proposed DSB accumulation (Cong et al., 2021; Panzarino et al., 2019;

Taglialatela et al., 2017; Tirman et al., 2021). While these reports conclude that RAD51 prevents ss-

DNA gap accumulation by directly catalysing recombination repair, BRCA2 appears to prevent ssDNA

gap accumulation by regulating MRE11 nuclease resection (Piberger et al., 2020; Tirman et al., 2021).

Therefore, it is possible that BRCA2 and RAD51 both prevent ssDNA accumulation through different
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mechanisms. In this model, BRCA2 depletion results in extended ssDNA gaps through MRE11 resection,

thereby interfering with CENP-A deposition, without affecting the number of ssDNA gaps, as detected

by exo-FISH.

It is challenging to envision all the indirect ways through which CENP-A deposition could be perturbed

upon ssDNA gap accumulation, some of which may not have been identified yet, and I discuss only three

possibilities here. First, a strong contender based on our current knowledge about CENP-A deposition

mechanisms is centromeric transcription. Indeed, unrepaired SSBs can block RNA polymerase progression

(Kathe et al., 2004; Zhou and Doetsch, 1993, 1994), and this relationship could explain how DNA repair

defects selectively interfere with CENP-A deposition rather than CENP-A chromatin stability. This

possibility is supported by observations that the depletion of RAD51 as well as BRCA2, albeit less

consistently, reduce centromeric transcript levels (Figure 5.7).

Second and third, the inability to perform HR at centromeres could impact the local density of recombi-

nation intermediates at centromeres, which could subsequently influence either centromeric transcription

or HJURP recruitment. For the former, given that centromeres appear to lack canonical transcription

initiation sites, it remains unclear how transcription is initiated in these regions. Recent evidence has

emerged that secondary DNA structures such as RNA-DNA hybrids can initiate transcription of long

non-coding RNAs (Tan-Wong et al., 2019), opening the possibility that Holliday junctions could similarly

expose DNA and initiate transcription. Once again, the reduced centromeric transcript levels observed

upon RAD51 and BRCA2 depletion support this possibility (Figure 5.7). For the latter, changes to

recombination intermediate densities could directly influence HJURP recruitment. This model posits

that part of the spatial specification for CENP-A deposition is through HJURP directly binding recom-

bination intermediates (Kato et al., 2007). Indeed, centromeres likely have an elevated frequency of

recombination intermediates based on the high frequency of SCEs observed as centromeres compared to

the rest of the genome (Jaco et al., 2008). In addition, depletion of the MIS18 complex members Mis18α

and Mis18β only reduce HJURP centromere recruitment by ∼60-70%, implying that there may be alter-

native mechanisms recruiting HJURP to centromeres that have yet to be identified (Wang et al., 2014).

It is therefore feasible that recombination intermediates at centromeres act as a redundant mechanism

to direct CENP-A towards regions of the genome with high recombination activity.

5.3.3.2 HR-independent pathways linking RAD51 and CENP-A deposition

Independent of HR activity, there are several potential mechanisms by which RAD51 and/or BRCA2

could promote the deposition of CENP-A at centromeres (Figure 5.9B).

First, BRCA2 could theoretically influence centromeric transcription independent of its DNA repair role.
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BRCA2 has been known to have transcriptional activation functions through its transactivation domain

for several decades (Milner et al., 1997). Although both the mechanism and targets of transactivation

are still being investigated, BRCA2 has been shown to interact with transcriptional co-activators such

as P/CAF (Fuks et al., 1998). More recently, researchers have shown that BRCA2 directly interacts

with RNA Polymerase II to allow transcription elongation by preventing the accumulation of RNA-DNA

hybrids at transcriptionally active loci (Shivji et al., 2018). Therefore, one possibility is that BRCA2

promotes centromeric transcription through this functionality, in turn promoting CENP-A deposition.

However, one flaw with the latter possibility is that the proposed mechanism involves BRCA2 facilitating

the release of RNA Polymerase II from promoter-proximal pausing (PPP) sites. PPP sites are positioned

20-50 nucleotides downstream of transcription start sites and found in most RNA Pol II-transcribed

genes (Krumm et al., 1995; Rasmussen and Lis, 1993; Rougvie and Lis, 1988). As centromeres do not

contain active promoters and the mechanism of centromeric transcription initiation remains unclear, it is

unlikely that this explains the observed disruptions in centromeric transcription or CENP-A deposition

upon BRCA2 depletion. Notably, this would also not explain the disruptions in CENP-A centromeric

occupancy observed upon RAD51 depletion.

Second, CENP-A deposition defects could be related to incomplete centromeric DNA replication. As dis-

cussed more extensively in Chapter 3, centromeres are frequently described as ‘difficult-to-replicate’ due

to their propensity to form DNA secondary structures (Erliandri et al., 2014; Kasinathan and Henikoff,

2018; Ten Hagen et al., 1990). RAD51, independently of BRCA2, can protect stalled replication forks

from degradation and even facilitate the restart of stalled or collapsed replication forks (Petermann et

al., 2010; Thangavel et al., 2015; Zellweger et al., 2015). BRCA2 has also been shown to protect stalled

replication forks, preventing replication fork collapse (Lomonosov, 2003; Mijic et al., 2017). Therefore,

an inability to complete centromeric DNA replication could theoretically impede CENP-A deposition in

the subsequent mitosis or early G1. The observation that CENP-A levels are disrupted upon RAD51

depletion in non-dividing, quiescent hTERT-RPE1 cells argues against a DNA replication hypothesis

(Figure 5.2). However, it should be noted that this was only observed in hTERT-RPE1 cells, in which

CENP-A protein and mRNA levels are also disrupted upon RAD51 depletion (Figure 5.3). Therefore,

the possible contribution of incomplete DNA replication to CENP-A deposition defects in the absence of

RAD51 cannot be entirely excluded.

Third, both RAD51 and BRCA2 have proposed roles in chromatin remodelling. RAD51 can form nu-

cleoprotein filaments on double-stranded DNA to promote DNA unwrapping to disassemble nucleosomes

(Dupaigne et al., 2008; North et al., 2013). In addition, BRCA2 physically interacts with several chro-

matin remodelling factors including P/CAF and EMSY (Fuks et al., 1998; Hughes-Davies et al., 2003).

Indeed, transient depletion of BRCA2 results in large chromatin state changes associated with histone
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acetylation (Gruber et al., 2019). In this model, BRCA2 and RAD51-mediated chromatin remodelling

at centromeres may contribute to a permissive chromatin environment for CENP-A deposition, although

the precise chromatin landscape required has not yet been determined.

Fourth, a physical interaction between RAD51 and CENP-A could theoretically explain the observed

inability to deposit new CENP-A at centromeres. Previously, it has been found that C. albicans Rad51

and Rad52 physically associate with CENP-A (Cse4), and Rad51-Rad52 was subsequently proposed to

directly recruit CENP-A (Cse4) to sites of DNA replication fork stalling for deposition. Indeed, initial

observations of reciprocal protein level disruptions between RAD51 and CENP-A supported a notion that

they may physically interact (Figure 5.3). However, this protein level disruption is reflected by upstream

transcription disruptions, and not observed to the same extent in p53-negative cell lines (Figure 5.4).

Despite this, there was still ∼20% reduction in proteins levels upon RAD51 depletion, when normalizing

to the input control, even in p53-negative cell lines. Further investigation will therefore be required to

determine whether a RAD51-CENP-A interaction occurs in humans, as has been observed in C. albicans.

Finally, recent studies have revealed a potential role for RNA-DNA hybrids as a mediator of CENP-A

reduction in the absence of HR factors. BRCA1 was shown to maintain CENP-A levels at centromeres

by preventing the accumulation of RNA-DNA hybrids (Racca et al., 2021). Since accumulated RNA-

DNA hybrids have been shown to de-repress centromeric transcription, which can interfere with CENP-

A deposition, it was proposed that centromeric RNA-DNA hybrids may negatively impact CENP-A

centromere occupancy (Bergmann et al., 2011; Giunta et al., 2021). Given that BRCA2 has been shown

to have similar roles in preventing the accumulation of RNA-DNA hybrids (D’Alessandro et al., 2018;

Shivji et al., 2018), it is possible that RNA-DNA hybrids accumulate at centromeres in the absence of

BRCA2. However, the observed disruption, rather than de-repression, of centromeric transcription in the

absence of BRCA2 does not support this hypothesis (Figure 5.7). In addition, the RNA-DNA hybrids

found to accumulate in the absence of BRCA2 are due to PPP stalling which are not endogenously found

at human centromeres (Shivji et al., 2018). However, once again this possibility also does not explain the

phenotypes observed upon RAD51 depletion.

5.3.4 Physiological significance of CENP-A reduction in the absence of RAD51-

BRCA2

Regardless of the potential mechanisms underlying this relationship, the reduction of CENP-A upon

RAD51-BRCA2 depletion still holds physiological significance. For example, BRCA2- and BRCA1-

defective cell lines exhibit abnormal karyotypes harbouring both structural rearrangements as a function

of defective DNA repair, as well as numerical chromosome changes (Grigorova et al., 2004). The mech-
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anisms resulting in numerical chromosome changes in BRCA2-deficient cells, usually an indication of

chromosome mis-segregation, are poorly understood. However, the reduction of CENP-A upon BRCA2

depletion could theoretically explain such chromosome segregation defects. The connection between

CENP-A reduction and whole-chromosome mis-segregation in the absence of RAD51-BRCA2 therefore

warrants further investigation in the understanding of human health and disease.

The data presented in this chapter remain largely descriptive, and further work will be required to fully

deduce the mechanistic basis of these observations. The results presented here will hopefully guide future

work to elucidate how RAD51 promotes CENP-A deposition and, in turn, the faithful inheritance of

centromere specification.

Page 127



Chapter 6

Discussion

6.1 Thesis summary and future perspectives

In recent years, attention has increasingly focused on centromeres and pericentromeres as potential sources

of genome instability (Barra and Fachinetti, 2018; Black and Giunta, 2018). This has led to the proposal

that (peri)centromeres, either despite or because of their physiologically essential function, are intrinsically

prone to DNA breaks and rearrangements. However, we are only just beginning to investigate DNA

fragility originating at (peri)centromeres and the subsequent implications for human disease.

In this work, I explore the inherent DNA fragility proposed to occur at human centromeres. First, I

describe and investigate a striking enrichment of spontaneous DNA strand breaks at human centromeres,

which appear to be predominantly single-stranded, and potential suppression of canonical DNA damage

signalling. Investigating the role of the repair pathway homologous recombination (HR), I find that the

mammalian recombinase RAD51 catalyses strand exchange at human centromeres in unperturbed condi-

tions, providing the first mechanistic insight into pathways driving frequent centromeric recombination.

Finally, I uncover a new and unanticipated role for RAD51 in promoting centromere specification through

the deposition of the centromere-specific histone CENP-A at centromeres, adding to a growing body of ev-

idence linking DNA repair factors and centromere specification. Together, these findings lead to a model

wherein innate DNA fragility at centromeres drives frequent RAD51-mediated recombination, further

enabling a chromatin environment conducive to CENP-A deposition (Figure 6.1). While the mechanis-

tic links between recombination activity and CENP-A occupancy remain to be elucidated, preliminary

evidence suggests that local recombination enables centromeric transcription, thereby directly promoting

CENP-A deposition. As discussed further below, these observations lead to several outstanding questions

in our pursuit of understanding the structure and stability of the human genome.
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Figure 6.1: Model for RAD51-mediated recombination at spontaneous centromeric DNA
breaks. An accumulation of DNA strand breaks at human HOR arrays in unperturbed conditions drives
RAD51-mediated recombination between inter/intra-chromosomal satellite repeats. CENP-A localization
at centromeres is promoted by the recombination capacity (i.e., presence of RAD51) of cells, supporting
the notion that CENP-A positioning may be reinforced by active break-and-repair cycles at human
centromeres.

6.1.1 Spontaneous DNA fragility at human centromeres

Centromeres and flanking pericentromeres have been proposed to act as genome instability hotspots

(section 1.3.5), a notion primarily based on (peri)centromere-derived rearrangements frequently ob-

served in human tumors. However, it has remained unclear whether (peri)centromere-derived rear-

rangements are an indirect outcome of the highly mutagenic cancer genome environment, or whether

(peri)centromere-derived DNA fragility can drive genome instability. In Chapter 3, I provide evidence

that chromosomal arm copy-number alterations (arm-CNAs), a direct outcome of (peri)centromeric DNA

breaks, are the most common mutation class driving early carcinogenesis. Notably, this implies that

(peri)centromeres are highly prone to DNA breaks even in non-cancerous cells and with significant rami-

fications for human health, highlighting the importance of understanding (peri)centromeric DNA fragility.

Supporting the notion of (peri)centromere fragility, analyses of publicly available NGS datasets reveal

a striking enrichment of spontaneous DNA breaks across inner centromere cores as well human satel-
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lite repeats found in pericentromeric regions. These breaks appear to be predominantly single-stranded.

Therefore, I propose that SSBs incurred at centromeres, of which a variable proportion are converted

to DSBs, underlie innate centromere fragility and frequent rearrangements implicated in carcinogenesis.

The observation that DNA breaks are enriched within both centromeric cores as well as pericentromeric-

associated satellite repeats suggests that both centromeres and pericentromeres can act as potential

sources of genome instability. These results therefore shed light onto the ambiguity regarding the respec-

tive roles of centromeres and pericentromeres in driving genome instability (section 3.3.1.3).

An important next step will be identifying the source of centromeric DNA breaks for two principal rea-

sons. First, to interrogate the relationship between spontaneous DNA breaks and downstream structural

rearrangements originating at centromeres (e.g., arm-CNAs). Indeed, while it seems plausible that cen-

tromeric DNA breaks drive the innate fragility reflected in arm-CNA formation, supporting experimental

evidence will be required. Second, to identify whether centromeric DNA breaks are an indirect outcome

of some physiological process, or whether they serve a cellular function. For example, centromeric DNA

single-stranded breaks may reflect replication or repair intermediates, but it is also feasible that they

are directed at centromeres to resolve topological stress or even act in some signaling capacity (a notion

explored in Chapter 5). Identifying and subsequently modulating the source of centromeric DNA breaks

could help address these critical questions.

In Chapter 3, I also develop and validate exo-FISH, a new technique with which to detect DNA breaks

at repetitive regions of the genome. exo-FISH is subsequently applied to further investigate the source

of DNA fragility at human centromeres. Although the source of DNA breaks could not be identified,

this work reveals that spontaneous centromeric DNA breaks are largely independent of active cellular

proliferation and CENP-A chromatin occupancy. It seems probable that some feature of centromeric

DNA renders centromeres inherently susceptible to SSBs. As further explored in section 3.3.1.4, likely

candidates include structure-specific endonucleases such as DNA2 or Topoisomerase IIα, transcription,

DNA repair intermediates, or even centromeric proteins with domesticated transposons (i.e., CENP-B).

The development of exo-FISH as a high-throughput and direct single-cell DNA break detection method

will hopefully enable future studies into the source of spontaneous centromere fragility.

6.1.2 DNA damage signalling at human centromeres

Genome stability is globally maintained through efficient DNA damage recognition, signaling and repair

pathways, collectively termed the DNA damage response (DDR). Surprisingly, the work done in Chapter

3 led to the observation that canonical DDR signals, more specifically γH2A.X and phosphorylated RPA,

are unresponsive to centromeric DNA breaks. Indeed, both spontaneous SSBs as well as induced DSBs

(i.e., replication stress treatment or Topoisomerase IIα poisoning) are insufficient to elicit detectable
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H2A.X or RPA phosphorylation at centromeres. While these observations will require more comprehen-

sive validation, the observed DDR suppression is notable for two reasons. First, DDR suppression at

centromeres could explain why such a striking innate fragility at human centromeres has not previously

been reported, as DNA instability is frequently assessed using markers of DDR activation. Second, these

data raise important questions in understanding centromere-derived genome instability. Indeed, it is

tempting to speculate that arm-CNAs are so frequently observed in early carcinogenesis partly because

centromeric DNA breaks are not adequately signalled for efficient repair.

Potential mechanisms for DNA damage response suppression are further explored in section 3.3.2.2,

and it will be important to both verify and further investigate these possibilities in future studies. For

example, one pressing question is whether upstream DDR factors (e.g., MRN complex or PARP1) are

recruited to centromeres upon DNA break induction, to determine whether this suppression is universal

to all DDR factors. However, regardless of the mechanism, such a phenomenon could provide significant

insight into understanding centromere-derived genome instability.

The notion of DDR suppression is not entirely novel, as telomeres have similarly been shown to evade

canonical DDR recognition (Carneiro et al., 2010), but it remains unclear why centromeres should be

refractory to DNA break detection. One possibility is that centromere functionality itself is inherently

harmful to DNA integrity, and so centromeres require a higher DNA break tolerance to allow continued

cellular proliferation. Alternatively, it is plausible that repetitive regions have as-of-yet uncharacterized

DNA damage signalling mechanisms. Indeed, DNA repair at repetitive regions is prone to mishaps

due to the abundance of repair templates and may require specialized mechanisms to prevent excessive

chromosomal rearrangements. Finally, due to the high abundance of repair templates, DNA damage

signalling may not be necessarily required for efficient repair, and so centromeric DNA breaks could

avoid signalling by the canonical DDR to prevent cell toxicity induced by excessive DDR signalling.

6.1.3 RAD51-driven recombination in the repair of centromeric DNA breaks

Given the innate centromere fragility and DDR suppression described in Chapter 3, a large portion of

this work is dedicated to investigating how centromeric DNA breaks are repaired in human cells. More

specifically, this thesis explores the role of the repair pathway homologous recombination (HR) in the

repair of centromeric breaks, as previous works have observed high rates of sister chromatid exchanges

(SCEs), one of two major HR outcomes, at mammalian centromeres (Giunta and Funabiki, 2017; Jaco

et al., 2008). To this end, I investigate the role of the central mammalian recombinase RAD51, which

catalyzes HR in mammalian cells, at human centromeres (Baumann et al., 1996).

Through exo-FISH analyses in non-proliferating hTERT-RPE1 cells, it is evident that RAD51 actively
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repairs centromeric DNA breaks in a recombination-dependent manner (i.e., requiring RAD51 strand

exchange functionality). Notably, specificity for centromeres is demonstrated as other repetitive regions

of the genomes (i.e., telomeres), are not similarly targeted by RAD51. The specificity of RAD51 is further

supported by a localization study that reveal a consistent enrichment of RAD51 at artificial centromeric

alpha satellites, although curiously not at endogenous centromeres. One compelling hypothesis is that the

centromeric DNA breaks identified in Chapter 3 drive RAD51-mediated recombination, explaining the

striking rates of basal SCEs observed at human centromeres in the absence of exogenous perturbation.

While some ambiguity remains as to whether SSBs or DSBs specifically drive RAD51-mediated recom-

bination, both forms of lesions can theoretically initiate HR (section 1.1.1.4). To my knowledge, this

is the first experimental evidence supporting the role of canonical HR factors in mammalian centromeric

recombination, highlighting a previously unappreciated role for HR in genome stability.

Curiously, RAD51 recruitment to artificial centromeres appears to be largely independent of its canonical

recruiter and regulator BRCA2. BRCA2 also does not appear to be important for the prevention of DNA

breaks at centromeres, suggesting that RAD51 acts independently of the canonical HR mediator complex

during DNA break repair at centromeres.

Notably, this work does not systematically address all repair pathways which may contribute to the

protection of centromeric DNA, which undoubtedly requires further investigation. However, the observed

role for HR in repairing centromeric breaks is still an important breakthrough on at least two fronts. First,

as centromeric breaks can act as substrates of HR-mediated repair, this provides a compelling mechanism

by which arm-CNAs are so frequently observed. Indeed, non-allelic HR (NAHR) between satellite repeats

could feasibly drive arm-CNAs observed in early carcinogenesis. Second, this observation also holds

significant implications for our understanding of centromeric satellite DNA evolution. Many decades of

evolutionary modelling of centromeric arrays have been based on the assumption of frequent expansions,

contractions, and homogenization of satellite arrays through genetic exchanges and unequal crossovers.

While some studies have identified high gene exchange frequencies at centromeres, the mechanisms driving

these rearrangements have remained largely unexplored. The identification of RAD51-driven centromeric

recombination in generally physiological (i.e., unperturbed) conditions provides some mechanistic insight

into why and how centromeres are among the most rapidly evolving regions of the genome (Figure 6.2).
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Figure 6.2: Model for RAD51-mediated recombination in the evolution of centromeric satel-
lite arrays. Active centromeres contain alpha satellites repeats organized into large repeat units known
as higher-order repeats (HORs), with more divergent and monomeric alpha satellites towards centromere
peripheries. Spontaneous DNA strand breaks promote frequent recombination between centromeric alpha
satellite arrays, either inter- or intra-chromosomally, such that random sequence mutations are homoge-
nized efficiently, resulting the rapid evolution observed with centromeric repeat arrays.

6.1.4 Proposed relationship between DNA repair factors and centromere

specification

The final chapter in this thesis explores the relationship between DNA repair factors and centromere

specification. Centromeres exhibit remarkable spatial plasticity, as they are primarily defined by the

presence of the centromere-specific histone variant CENP-A. However, the processes facilitating permis-

sive chromatin environments for CENP-A positioning remain to be fully identified.

In this work, I show that the central recombinase RAD51 as well its canonical regulator BRCA2 promote

CENP-A occupancy at centromeres by enabling new CENP-A deposition at centromeres. An important

caveat remains regarding the specificity of RAD51-BRCA2 in CENP-A loading (section 5.3.2). Indeed,
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it is unclear whether RAD51-BRCA2 promotes the deposition of nucleosomes genome-wide, or specifi-

cally CENP-A-containing nucleosomes at centromeres. To my knowledge, the former possibility has not

previously been observed, but warrants consideration. Canonical SNAP-tagged H3 histones should be

used as a direct control in future experiments to determine whether there are any defects in H3 chromatin

loading at CENP-B-defined centromeres in the absence of RAD51-BRCA2.

As thoroughly discussed in section 5.3.3, there are several potential mechanisms by which RAD51 could

promote CENP-A deposition. An immediate question is whether CENP-A deposition is dependent on

the recombination role of RAD51 or some HR-independent function. This question could be addressed by

making use of the RAD51 separation-of-function variants generated and validated inChapter 4, to deter-

mine whether RAD51 strand exchange activity is required for promoting CENP-A chromatin occupancy.

If recombination activity is indeed involved, the link between HR and CENP-A deposition could be indi-

rect, through the disruption of centromeric transcription upon DNA break accumulation for example, or

direct, through recombination intermediates (Figure 5.9). An intriguing hypothesis is that centromeric

recombination induced by spontaneous centromeric DNA breaks helps initiate centromeric transcription,

thereby enabling CENP-A deposition to highly recombinergic alpha satellite repeats (Figure 6.1).

If recombination intermediates are required for CENP-A deposition, there are at least two highly intrigu-

ing implications concerning the link between DNA damage repair and centromere specification. First,

such a link might imply that part of the centromeric specification paradigm is an innate propensity for

centromeres to undergo DNA damage and repair, notions explored in Chapters 3 and Chapter 4. For

example, if centromere activity were inherently damaging to DNA, a feedback loop would be created

ensuring that centromere-induced DNA damage only occurs within regions already susceptible to DNA

damage, protecting more regions of the genome where sequence fidelity is more important (i.e., protein-

coding loci). It would be, to my knowledge, one of the first instances in which cells have evolved to

capitalize on localized DNA fragility in such a significant sense. Second, already established centromere

specification mechanisms (as described in section 1.3.4) are primarily based on pre-existing CENP-A

levels, such that CENP-A levels can only be maintained at equivalence. It is therefore intriguing to

speculate whether under certain conditions, plasticity in centromere ‘strength’ might enable adaptation.

For example, situations in which stronger microtubule-chromatin associations are required because sister

chromatid are more physically intertwined might necessitate more CENP-A molecules per centromere,

thereby initiating larger kinetochores and increased microtubule attachment. Intermediates of HR, as

one of the mechanisms likely intertwining sister chromatid, might be a useful mechanism by which cells

sense whether the levels of CENP-A deposition should be modulated.
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6.2 Concluding remarks

Centromeres, having been identified as early as 1882 (Flemming, 1882), still remain largely enigmatic

today. As we move forward in understanding these complex regions of the genome, we uncover new

and surprising insights into genome biology. This thesis provides evidence that centromeres harbor a

striking and previously unrecognized DNA fragility, the purpose for which remains unknown. However,

it is evident that centromeric DNA breaks can be targeted by the recombination machinery, provid-

ing mechanistic evidence for the recombinational activities thought to occur at centromeres for several

decades. Emerging evidence also opens the possibility that this intrinsic fragility is somehow implicated

in a signaling capacity, given the connection between DNA break repair and centromere specification

described in Chapter 5. Overall, this work will hopefully guide new avenues of research to further our

understanding of the structure and stability of the human genome.
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6.3 Sequencing: NGS alignment pipeline [bash]

# run the f o l l ow i ng f i l e from termina l as : sh . / f i l e . sh SRR695402

# where a c c e s s i on o f i n t e r e s t i s only input

#!/ usr / bin /env bash

FILE=${1? Error : no f i l e g iven .}

echo −e ”working with f i l e : ” $FILE ” \n ”

# downloading FASTQ f i l e

. . / packages / s r a t o o l k i t / bin / f a s t e rq−dump ./ $FILE # input

# trimming FASTQ f i l e

# HEADCROP and CROP parameters should be manually determined f o l l ow i n g FASTQC on

un−trimmed f i l e

java −j a r . . / packages /Trimmomatic−0.39/ trimmomatic −0.39. j a r SE −phred33 . / f$FILE .

f a s t q ”$FILE” trimmed . f a s t q ILLUMINACLIP : . . / packages /Trimmomatic−0.39/ adapters

/NexteraPE−PE. fa : 2 : 3 0 : 1 0 LEADING:5 TRAILING:5 SLIDINGWINDOW:4 : 1 5 MINLEN:20

# performing QC

fa s t q c ”$FILE” trimmed . f a s t q

# a l i g n i n g to hg38 r e f e r e n c e genome with bwa aln

bwa aln −t 16 −n 0 . . / r e f s e q /chm13/chm13 v1 . 1 . f a s t a ”$FILE” trimmed . f a s t q > ”$FILE

” chm13 . s a i

# conver t ing to sam f i l e
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bwa samse . . / r e f s e q /chm13/chm13 v1 . 1 . f a s t a ”$FILE” chm13 . s a i ”$FILE” trimmed . f a s t q

> ”$FILE” chm13 . sam

# conver t ing to bam f i l e

samtools view −bSu ”$FILE” chm13 . sam −o ”$FILE” chm13 .bam

echo ” removing any dup l i c a t e reads to remove PCR dup l i c a t e s ”

samtools f ixmate −m ”$FILE” chm13 .bam ”$FILE” chm13 fixmate . bam

samtools s o r t ”$FILE” chm13 fixmate . bam −o ”$FILE” chm13 fixmate . s o r t ed .bam

samtools markdup −r ”$FILE” chm13 fixmate . s o r t ed .bam ”$FILE” chm13 nodup . so r t ed .

bam

# index ing so r t ed & unique bam f i l e

samtools view −bu −F 2308 ”$FILE” chm13 nodup . so r t ed .bam −o ”$FILE”

chm13 nodup 2038 . so r t ed .bam

samtools index ”$FILE” chm13 nodup 2038 . so r t ed .bam

samtools f l a g s t a t ”$FILE” chm13 nodup 2038 . so r t ed .bam

# conver t ing to bw, normal i z ing us ing RPKM.

# bw can be used to v i s u a l i z e sample in reader e . g . , In t eg ra t ed Genome Browser

bamCoverage −b ./” $FILE” chm13 nodup 2038 . so r t ed .bam −o ./” $FILE” chm13 . so r t ed .bw

−−normal izeUsing RPKM

# conver t ing to bedgraph

bigWigToBedGraph ./” $FILE” chm13 . so r t ed .bw ”$FILE” chm13 . bedgraph

# conver t ing to bed f i l e

awk ’{ \

i f ( $1 ˜ /ˆ chr /) { \

pr in t $1”\ t ”$2”\ t ”$3”\ t id −”NR”\ t ”$4 ; \

} \

} ’ ”$FILE” chm13 . bedgraph > ”$FILE” chm13 . bed

sort−bed ”$FILE” chm13 . bed > ”$FILE” chm13 sorted . bed

# f i n a l l y , c r e a t e bed f i l e s spanning read s c o r e s over centromeres as annotated by

T2T

# cen merged . bed must be bed f i l i n g l i s t i n g a l l centromere coo rd ina t e s

bedmap −−echo −−sum ./ cen merged . bed ”$FILE” chm13 sorted . bed > ”$FILE” cen . bed
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6.4 NGS: per-chromosome enrichment score analysis [python]

from matp lo t l i b import pyplot as p l t

from matp lo t l i b import rc

import pandas as pd

import numpy as np

import os

import sys

tx=s t r ( sys . argv [ 1 ] )

c t r l=s t r ( sys . argv [ 2 ] )

# s e t working d i r e c t o r y conta in ing your sequence ana l y s i s f i l e s :

os . chd i r ( ’ / . . / . . / . . / ’ )

# s e t p l o t t i n g parameters

p l t . s t y l e . use ( ’ ggplot ’ )

#p l t . rcParams [ ’ f ont . sans−s e r i f ’ ] = ’ G i l l Sans ’

rc ( ’ font ’ ,∗∗{ ’ fami ly ’ : ’ sans−s e r i f ’ , ’ s e r i f ’ : [ ’ He lvet i ca ’ ] } )

p l t . rcParams [ ’ pdf . fonttype ’ ] = 42

p l t . rcParams [ ’ axes . edgeco lor ’]= ’#333F4B ’

p l t . rcParams [ ’ axes . l inewidth ’ ]=0 . 8

p l t . rcParams [ ’ x t i c k . co lo r ’]= ’#333F4B ’

p l t . rcParams [ ’ y t i c k . co lo r ’]= ’#333F4B ’

# import BED f i l e s denot ing reads at centromer i c r e g i on s

t x d f = pd . r ead c sv ( tx , sep = ’ [ | \ t ] ’ , header=None , eng ine=’python ’ )

header = [ ’ chrom ’ , ’ chromStart ’ , ’ chromEnd ’ , ’ score ’ ]

t x d f . columns = header [ : l en ( t x d f . columns ) ]

t x d f [ ’ score ’ ]=pd . to numeric ( t x d f [ ’ score ’ ] , e r r o r s =’ coerce ’ )

c t r l d f = pd . r ead c sv ( c t r l , sep = ’ [ | \ t ] ’ , header=None , eng ine=’python ’ )

header = [ ’ chrom ’ , ’ chromStart ’ , ’ chromEnd ’ , ’ score ’ ]

c t r l d f . columns = header [ : l en ( c t r l d f . columns ) ]

c t r l d f [ ’ score ’ ]=pd . to numeric ( c t r l d f [ ’ score ’ ] , e r r o r s =’ coerce ’ )

# c a l c u l a t e enrichment o f treatment vs . c on t r o l samples
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columns=[ ’ chr ’ , ’ enrichment score ’ ]

enr i chment df=pd . DataFrame ( columns=columns )

enr ichment df [ ’ chr ’ ]= tx d f [ ’ chrom ’ ]

enr i chment df [ ’ enrichment score ’ ]= tx d f [ ’ score ’ ] / c t r l d f [ ’ score ’ ]

enr i chment df . r ep l a c e ( [ np . in f , −np . i n f ] , np . nan , i np l a c e=True )

enr ichment df [ ’ enrichment score ’ ]= enr ichment df [ ’ enrichment score ’ ] . f i l l n a (0 )

enr ichment df . columns=[ ’ chrom ’ , ’ enrichment score ’ ]

enr i chment df=enr ichment df . s o r t v a l u e s (by=[ ’ enrichment score ’ ] )

# s e t a numeric p l a c eho lde r f o r the y ax i s

y range=l i s t ( range (1 , l en ( enr ichment df . index )+1) )

f i g , ax = p l t . subp lo t s ( f i g s i z e =(4 ,8) )

ax . s e t f a c e c o l o r ( ’ white ’ )

# opt ion to export data f o r f u r t h e r p ro c e s s i ng

enr ichment df . t o c sv ( ’ . / f inal summary /’+ s t r ( tx )+’ ’+ s t r ( c t r l ) + ’. csv ’ )

p l t . h l i n e s ( y=y range , xmin=0, xmax=enr ichment df [ ’ enrichment score ’ ] , c o l o r=’#2

a6f52 ’ , alpha =0.2 , l i n ew id th=5)

p l t . p l o t ( enr i chment df [ ’ enrichment score ’ ] , y range , ”o ” , markers i ze=5, c o l o r=’#2

a6f52 ’ , alpha =0.6)

# se t l a b e l s

ax . s e t x l a b e l ( ’ enrichment score ’ , f o n t s i z e =20, fontwe ight=’black ’ , c o l o r = ’ black

’ )

ax . s e t y l a b e l ( ’ chromosome ’ , f o n t s i z e =20, fontwe ight=’black ’ , c o l o r = ’ black ’ )

ax . s e t x l im ( [ −1 ,10 ] )

f i g . s u p t i t l e ( ’ Read enrichment at ’+tx . s p l i t ( ’ ’ ) [ 0 ]+ ’ vs . ’+ c t r l . s p l i t ( ’ ’ ) [ 0 ] ,

f o n t s i z e =30, c o l o r =’black ’ )

# s e t ax i s

ax . t i ck params ( ax i s =’both ’ , which=’major ’ , l a b e l s i z e =12)

Page 159



Xanita Saayman Bibliography

p l t . y t i c k s ( y range , enr i chment df . index )

y l a b e l s = enr ichment df [ ’ chrom ’ ] . t o l i s t ( )

ax . s e t y t i c k l a b e l s ( y l a b e l s )

# change the s t y l e o f the ax i s sp in e s

ax . sp in e s [ ’ top ’ ] . s e t c o l o r ( ’ none ’ )

ax . sp in e s [ ’ r i ght ’ ] . s e t c o l o r ( ’ none ’ )

# s e t the sp in e s p o s i t i o n

ax . sp in e s [ ’ bottom ’ ] . s e t p o s i t i o n ( ( ’ axes ’ , −0.04) )

ax . sp in e s [ ’ l e f t ’ ] . s e t p o s i t i o n ( ( ’ axes ’ , 0 . 015 ) )

# s e t a v e r t i c a l l i n e at x=1 to show no enrichment

p l t . axv l i n e (x=1, ymin=0.02 , ymax=0.98 , dashes =(4 ,4) , c o l o r =’black ’ , alpha =0.5)

p l t . s a v e f i g ( ’ . . / chm13 ’+ s t r ( tx )+’ ’+ s t r ( c t r l ) + ’. pdf ’ )

p l t . show ( )

6.5 Automated microscopy analysis [Macro, Fiji]

// save t h i s f i l e as a . java and run from with in F i j i

// t h i s s c r i p t i s wr i t t en f o r a n a l y s i s o f two channels , us ing each channel to

c r e a t e i t s own boxes

// i . e . , as i s done during cenFISH / telFISH ana l y s i s

// modi f i ed to use one channel f o r boxing by changing which channel f o c i are used

// outputs o f t h i s a n a l y s i s :

// 1 . boxes f o r each focus with in each c e l l , which w i l l then be f u r t h e r proce s sed

// 2 . DAPI and a l l channel i n t e n s i t i e s per c e l l in ’ dap i in t ’

// manual s e t t i n g s r equ i r ed :

// 1 . ’ prominence ’ f o r f o c i s e l e c t i o n , should be de f ined manually be f o r e running

macro

// 2 . working d i r e c t o r y to s p e c i f i c y path to f i l e s o f i n t e r e s t

// 3 . box s i z e , once again f o l l ow i n g manual i n sp e c t i on ( can be adjusted l a t e r )

// s e t the d i r e c t o r y f o r image ana l y s i s conta in ing only the images you want
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analysed

d i r = ” / . . . / ”

f i l e s = g e tF i l e L i s t ( d i r )

// make f o l d e r s that w i l l conta in the downstream ana l y s i s

f o c i i n t e n s i t y = d i r+”f o c i c o un t”+F i l e . s epa ra to r ;

F i l e . makeDirectory ( f o c i i n t e n s i t y ) ;

f o c i c o l o c C2 = d i r+”C2 f o c i c o l o c”+F i l e . s epa ra to r ;

F i l e . makeDirectory ( f o c i c o l o c C2 ) ;

C2 med fo cu s pe r c e l l = d i r+”C2 med fo cu s pe r c e l l”+F i l e . s epa ra to r ;

F i l e . makeDirectory ( C2 med fo cu s pe r c e l l ) ;

C2 med foc i images = d i r+”C2 med foc i images”+F i l e . s epa ra to r ;

F i l e . makeDirectory ( C2 med foc i images ) ;

f o c i c o l o c C3 = d i r+”C3 f o c i c o l o c”+F i l e . s epa ra to r ;

F i l e . makeDirectory ( f o c i c o l o c C3 ) ;

C3 med fo cu s pe r c e l l = d i r+”C3 med fo cu s pe r c e l l”+F i l e . s epa ra to r ;

F i l e . makeDirectory ( C3 med fo cu s pe r c e l l ) ;

C3 med foc i images = d i r+”C3 med foc i images”+F i l e . s epa ra to r ;

F i l e . makeDirectory ( C3 med foc i images ) ;

d ap i i n t = d i r+”dap i i n t”+F i l e . s epa ra to r ;

F i l e . makeDirectory ( dap i i n t ) ;

f inal summary = d i r+”f inal summary”+F i l e . s epa ra to r ;

F i l e . makeDirectory ( f inal summary ) ;

f o r ( f = 0 ; f < f i l e s . l ength ; f++){

i f ( endsWith ( f i l e s [ f ] , ”/”) )

cont inue ;

name = f i l e s [ f ] ;

i f ( F i l e . e x i s t s ( d i r+”/ f o c i c o un t /”+name+”−C2−0. csv ”) ) {

pr in t ( f i l e s [ f ]+” has a l r eady been analyzed . ” ) ;
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cont inue ;

} e l s e {

open ( d i r+f i l e s [ f ] , ”OK”) ;

selectWindow (name) ;

//

// i f mu l t ip l e s l i c e s were imaged , i n c lude the f o l l ow i n g :

// run (”Z Pro j e c t . . . ” , ” p r o j e c t i o n =[Sum S l i c e s ] ” ) ;

//

run (” Sp l i t Channels ”) ;

//

// de f i n e c e l l r e g i on s o f i n t e r e s t (ROIs ) to ana lyze

//

selectWindow (”C1−”+name) ;

run (” Dupl i cate . . . ” , ” t i t l e=dup”) ;

selectWindow (”dup”) ;

run(”8− b i t ”) ;

run (”Auto Threshold ” , ”method=Li white ”) ;

run (” Convert to Mask”) ;

run (” D i l a t e ”) ;

run (” F i l l Holes ”) ;

run (” Erode ”) ;

//

// i f c e l l s are aggregrated , i n c l ud ing the f o l l ow i ng :

// run (”Watershed ”) ;

//

run (” Analyze Pa r t i c l e s . . . ” , ” s i z e=30− I n f i n i t y d i sp l ay

exc lude c l e a r summarize add”) ;

selectWindow (”C1−”+name) ;

run (”Grays ”) ;

//

// manual i n sp e c t i on to v e r i f y that c e l l segmentat ion was

done proper ly :

//

waitForUser (”Choose c e l l s . ” ) ;

run (” Clear Resu l t s ”) ;

//

// measure number C2 and C3 f o c i in each c e l l

//
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nROIs = roiManager (” count ”) ;

selectWindow (”C2−”+name) ;

f o r ( x=0; x<nROIs ; x++){

roiManager (” S e l e c t ” , x ) ; //newArray (1 ) ?

run (” Find Maxima . . . ” , ”prominence=400 output=L i s t

”) ;

saveAs (” Resu l t s ” , d i r+”/ f o c i c o un t /”+name+”−C2−”+x

+”. csv ”) ;

run (” Clear Resu l t s ”) ;

}

selectWindow (”C3−”+name) ;

f o r ( x=0; x<nROIs ; x++){

roiManager (” S e l e c t ” , x ) ; //newArray (1 ) ?

run (” Find Maxima . . . ” , ”prominence=400 output=L i s t

”) ;

saveAs (” Resu l t s ” , d i r+”/ f o c i c o un t /”+name+”−C3−”+x

+”. csv ”) ;

run (” Clear Resu l t s ”) ;

}

//

// export each box surrounding f o c i with in C2 and C3

channe l s

// s e t box s i z e below ( i . e . , 4 , 8 , 6 , 12 , e t c . )

// use s i n g l e channel f o c i i f us ing box de f ined with one

channel

//

f o r ( x=0; x<nROIs ; x++){

selectWindow (”C1−”+name) ;

run (” Clear Resu l t s ”) ;

roiManager (” S e l e c t ” , x ) ;

run (”Measure ”) ;

saveAs (” Resu l t s ” , d i r+”/dap i i n t /”+name+”−”+x+”.

csv ”) ;

run (” Clear Resu l t s ”) ;

f i l e s t r i n g=F i l e . openAsString ( d i r+”/ f o c i c o un t /”+

name+”−C3−”+x+”. csv ”) ;

x l i n e s=s p l i t ( f i l e s t r i n g ,”\n”) ;

f o r ( i =1; i<x l i n e s . l ength ; i++){

Page 163



Xanita Saayman Bibliography

l i n e=s p l i t ( x l i n e s [ i ] , ” , ” ) ;

index=l i n e [ 0 ] ;

x coord=par s e In t ( l i n e [ 1 ] ) −4;

y coord=par s e In t ( l i n e [ 2 ] ) −4;

p r i n t ( x coord , y coord ) ;

selectWindow (”C3−”+name) ;

makeRectangle ( x coord , y coord , 8 , 8) ;

run (” Dupl i cate . . . ” , ” t i t l e=”+name+” ”+i+”

dup l i c a t e channe l s=3”) ;

selectWindow (name+” ”+i ) ;

saveAs (”Text Image ” , d i r+”/C3 f o c i c o l o c

/”+name+” C3 ”+x+” ”+i +”. txt ”) ;

c l o s e ( ) ;

}

run (” Clear Resu l t s ”) ;

f i l e s t r i n g=F i l e . openAsString ( d i r+”/ f o c i c o un t /”+

name+”−C2−”+x+”. csv ”) ;

x l i n e s=s p l i t ( f i l e s t r i n g ,”\n”) ;

f o r ( i =1; i<x l i n e s . l ength ; i++){

l i n e=s p l i t ( x l i n e s [ i ] , ” , ” ) ;

index=l i n e [ 0 ] ;

x coord=par s e In t ( l i n e [ 1 ] ) −6;

y coord=par s e In t ( l i n e [ 2 ] ) −6;

p r i n t ( x coord , y coord ) ;

selectWindow (”C2−”+name) ;

makeRectangle ( x coord , y coord , 12 , 12) ;

run (” Dupl i cate . . . ” , ” t i t l e=”+name+” ”+i+”

dup l i c a t e channe l s=2”) ;

selectWindow (name+” ”+i ) ;

saveAs (”Text Image ” , d i r+”/C2 f o c i c o l o c

/”+name+” C2 ”+x+” ”+i +”. txt ”) ;

c l o s e ( ) ;

}

run (” Clear Resu l t s ”) ;

}

roiManager (” S e l e c t Al l ”) ;

roiManager (” Delete ”) ;

run (” Close Al l ”) ;
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}

}

6.6 Down-stream processing of microscopy data [Python]

# analyze a l l f o c i boxes generated us ing the Macro java−based program ( s e c t i o n

2 . 6 . 4 . 3 )

# these should be with in sub f o l d e r s i . e . C 2 f o c i c o l o c where the C2 denotes the

boxing channel , and i t should conta in a matrix f o r each channel with in each

focus box .

# th i s s c r i p t w i l l then generate an ’ average ’ ( a c tua l l y , median ) f o cus f o r each

c e l l and save i t under the ’ med f o cu s pe r c e l l ’ s ub f o l d e r .

# importantly , np . nanmedian has to be used in s t ead o f np . median to prevent some

anomalous data po in t s from the image p ro c e s s i ng .

# import dependenc ies

import numpy as np

import seaborn as sns

import matp lo t l i b . pyplot as p l t

import pandas as pd

import os

# se t the boxing channel and s i z e

# box trimming can be done by changing the d e s i r e d s i z e

channel = ’C2 ’

s i z e = 12

d e s i r e d s i z e=12

# input the f o l l ow i ng in to te rmina l .

cwd = os . getcwd ( )

l i s t = os . l i s t d i r ( cwd+’/’+ s t r ( channel )+’ f o c i c o l o c / ’ )

d a p i l i s t=os . l i s t d i r ( cwd+’/ dap i i n t / ’ )

f o r f i l e in os . l i s t d i r ( cwd) :
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i f f i l e . endswith ( ’ . oib ’ ) :

treatment=” ” . j o i n ( f i l e . s p l i t ( ’ ’ ) [ : −1 ] )

sample=f i l e . s p l i t ( ’ . ’ ) [−2]

# i d e n t i f y number o f c e l l s per sample

dapi sample matching = [ s f o r s in d a p i l i s t i f s . s t a r t sw i t h (

sample ) ]

ce l l num = max( i n t ( x . s p l i t ( ’− ’) [ −1 ] . s p l i t ( ’ . ’ ) [ −2]) f o r x in

dapi sample matching )

#

sample matching = [ s f o r s in l i s t i f s . s t a r t sw i t h ( sample ) ]

# parse through c e l l s , i d e n t i f y i n g number o f f o c i and par s ing

through f o c i

f o r c e l l in range (0 , ce l l num+1) :

#

cum data C2 = np . empty ( ( s i z e , s i z e , 1) )

cum data C3 = np . empty ( ( s i z e , s i z e , 1) )

#

ce l l mat ch ing = [ c f o r c in sample matching i f c .

s t a r t sw i t h ( f i l e +’ ’+ s t r ( channel )+’ ’+ s t r ( c e l l )+’ ’ ) ]

i f l en ( c e l l ma t ch ing )==0:

p r i n t ( ’ Ass ign ing ’+ s t r ( sample )+’ c e l l ’+ s t r ( c e l l )

+’ with 0 due to i n s u f f i c i e n t f o c i . ’ )

np . save txt ( ’ ./ ’+ s t r ( channel )+’ med f o c u s p e r c e l l /’+ s t r ( sample )+’ ’+ s t r ( c e l l )+’ ’+

s t r ( channel )+’ med focus . txt ’ , np . z e r o s ( ( s i z e , s i z e ) ) )

cont inue

e l s e :

foc i num = max( i n t ( x . s p l i t ( ’ . ’ ) [ −2 ] . s p l i t ( ’ ’ )

[ −1]) f o r x in c e l l ma t ch ing )

f o c i s i z e c e l l=pd . DataFrame ( columns=[ ’ Sample ’ , ’

Cel l ’ , ’ Foci ’ , ’ C2 Foci S ize ’ , ’ C3 Foci S ize ’ , ’ C4

Foci S ize ’ ] )

# parse through a l l f o c i and generate heatmaps

f o r f o c i in range (1 , foc i num+1) :

data C3 = np . l oadtx t ( ’ . / ’+ s t r ( channel )+’

f o c i c o l o c /’+ f i l e +’ C3 ’+ s t r ( c e l l )+” ”+s t r (

f o c i )+”. txt ”)

#f data C3 . shape==(s i z e , s i z e ) :

cum data C3 = np . dstack ( ( cum data C3 ,
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data C3 ) )

data C2 = np . l oadtx t ( ’ . / ’+ s t r ( channel )+’

f o c i c o l o c /’+ f i l e +’ C2 ’+ s t r ( c e l l )+” ”+s t r (

f o c i )+”. txt ”)

i f data C2 . shape==(s i z e , s i z e ) :

cum data C2 = np . dstack ( ( cum data C2 ,

data C2 ) )

#

np . savetxt ( ’ ./ ’+ s t r ( channel )+’ med f o c u s p e r c e l l /’+ s t r ( sample )+’ ’+ s t r ( c e l l )+’

C2 med focus . txt ’ , np . nanmedian ( cum data C2 , ax i s=2) )

np . save txt ( ’ ./ ’+ s t r ( channel )+’ med f o c u s p e r c e l l /’+ s t r ( sample )+’ ’+ s t r ( c e l l )+’

C3 med focus . txt ’ , np . nanmedian ( cum data C3 , ax i s=2) )

e l s e :

cont inue

# c o l l e c t the c e l l data f o r each treatment and generate a heatmap f o r the ’ average

’ ( ac tua l l y , median ) f o cus .

# a background subt ra c t i on step w i l l be done on the c e l l u l a r l e v e l .

# s e t the samples here , images names should begin with these s t r i n g s :

txs = [ ’ ’ , ’ ’ ]

t x l i s t = os . l i s t d i r ( cwd+’/’+ s t r ( channel )+’ med f o c u s p e r c e l l / ’ )

de f c r op c en t e r ( array ) :

y , x = array . shape

s t a r t x = x//2−( d e s i r e d s i z e //2)

s t a r t y = y//2−( d e s i r e d s i z e //2)

re turn array [ s t a r t y : s t a r t y+d e s i r e d s i z e , s t a r t x : s t a r t x+d e s i r e d s i z e ]

f o r tx in txs :

tx sample matching = [ s f o r s in t x l i s t i f s . s t a r t sw i t h ( tx ) ]

tx num = len ( tx sample matching )

#

data C2 a l l = np . empty ( ( d e s i r e d s i z e , d e s i r e d s i z e , 1) )

data C2 al l BG sub = np . empty ( ( d e s i r e d s i z e , d e s i r e d s i z e , 1) )

#
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da ta C3 a l l = np . empty ( ( d e s i r e d s i z e , d e s i r e d s i z e , 1) )

data C3 al l BG sub = np . empty ( ( d e s i r e d s i z e , d e s i r e d s i z e , 1) )

#

f o c i s i z e s amp l e=pd . DataFrame ( columns=[ ’ Sample ’ , ’ Cel l ’ , ’ Foci ’ , ’ C2 Foci

S ize ’ , ’ C3 Foci S ize ’ , ’ C4 Foci S ize ’ ] )

#

f o r f i l e in tx sample matching :

#

i f f i l e . s p l i t ( ’ ’ ) [−3]==’C2 ’ :

data C2 = crop c en t e r (np . l oadtx t ( ’ . / ’+ s t r ( channel )+’

med f o c u s p e r c e l l /’+ f i l e ) )

background C2 = np . nanmedian ( [ np . nanmedian ( data C2 [ : 1 ] ) , np

. nanmedian ( data C2 [ −1 : ] ) , np . nanmedian ( data C2 [ : , 0 ] ) , np

. nanmedian ( data C2 [ : , −1 ] ) ] )

net data C2 = data C2 − background C2

#

data C2 a l l = np . dstack ( ( data C2 a l l , data C2 ) )

data C2 al l BG sub = np . dstack ( ( data C2 al l BG sub ,

net data C2 ) )

#

i f f i l e . s p l i t ( ’ ’ ) [−3]==’C3 ’ :

data C3 = crop c en t e r (np . l oadtx t ( ’ . / ’+ s t r ( channel )+’

med f o c u s p e r c e l l /’+ f i l e ) )

background C3 = np . nanmedian ( [ np . nanmedian ( data C3 [ : 1 ] ) , np

. nanmedian ( data C3 [ −1 : ] ) , np . nanmedian ( data C3 [ : , 0 ] ) , np

. nanmedian ( data C3 [ : , −1 ] ) ] )

net data C3 = data C3 − background C3

#

data C3 a l l = np . dstack ( ( data C3 a l l , data C3 ) )

data C3 al l BG sub = np . dstack ( ( data C3 al l BG sub ,

net data C3 ) )

#

#

# plo t each median focus , as we l l as background−subtracted focus

#

f i n a l C2 = np . nanmedian ( data C2 a l l , a x i s=2)

f inal C2 BG sub = np . nanmedian ( data C2 al l BG sub , ax i s=2)

#
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sns . heatmap ( f ina l C2 , vmin=0,vmax=1000)

p l t . s a v e f i g ( ’ . / ’+ s t r ( channel )+’ med foc i images /’+tx+’ C2 . pdf ’ )

p l t . c l o s e ( )

sns . heatmap ( f inal C2 BG sub , vmin=0,vmax=1000)

p l t . s a v e f i g ( ’ . / ’+ s t r ( channel )+’ med foc i images /’+tx+’ C2 BG sub . pdf ’ )

p l t . c l o s e ( )

#

f i n a l C3 = np . nanmedian ( data C3 a l l , a x i s=2)

f inal C3 BG sub = np . nanmedian ( data C3 al l BG sub , ax i s=2)

#

sns . heatmap ( f ina l C3 , vmin=0,vmax=2000)

p l t . s a v e f i g ( ’ . / ’+ s t r ( channel )+’ med foc i images /’+tx+’ C3 . pdf ’ )

p l t . c l o s e ( )

sns . heatmap ( f inal C3 BG sub , vmin=0,vmax=2000)

p l t . s a v e f i g ( ’ . / ’+ s t r ( channel )+’ med foc i images /’+tx+’ C3 BG sub . pdf ’ )

p l t . c l o s e ( )

#

# f i n a l l y , c o l l e c t a l l the data in a csv spreadshee t f o r p l o t t i n g in prism and

v i s u a l i z i n g the c e l l −c e l l v a r i a t i o n in the average f o cus per c e l l , as we l l as

the background−subtracted focus per c e l l .

# o f note , the background subt ra c t i on i s done on a c e l l u l a r l e v e l .

t x l i s t = os . l i s t d i r ( cwd+’/’+ s t r ( channel )+’ med f o c u s p e r c e l l / ’ )

d a t a a l l=pd . DataFrame ( columns=[ ’ Sample ’ , ’ Cel l ’ , ’ Channel ’ , ’Raw Foci S ize ’ , ’BG−sub

Foci S ize ’ ] )

f o r tx in txs :

tx sample matching = [ s f o r s in t x l i s t i f s . s t a r t sw i t h ( tx ) and ”MPS1i”

not in s ]

tx num = len ( tx sample matching )

#

f o r f i l e in tx sample matching :

#

# data c o l l e c t i o n depending on channel i d e n t i t y .

#

i f f i l e . s p l i t ( ’ ’ ) [−3]==’C2 ’ :
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data C2 = crop c en t e r (np . l oadtx t ( ’ . / ’+ s t r ( channel )+’

med f o c u s p e r c e l l /’+ f i l e ) )

background C2 = np . nanmedian ( [ np . nanmedian ( data C2 [ : 1 ] ) , np

. nanmedian ( data C2 [ −1 : ] ) , np . nanmedian ( data C2 [ : , 0 ] ) , np

. nanmedian ( data C2 [ : , −1 ] ) ] )

f i n a l da t a C2 = data C2 − background C2

i f f i l e . s p l i t ( ’ ’ ) [−3]==’C3 ’ :

data C3 = crop c en t e r (np . l oadtx t ( ’ . / ’+ s t r ( channel )+’

med f o c u s p e r c e l l /’+ f i l e ) )

background C3 = np . nanmedian ( [ np . nanmedian ( data C3 [ : 1 ] ) , np

. nanmedian ( data C3 [ −1 : ] ) , np . nanmedian ( data C3 [ : , 0 ] ) , np

. nanmedian ( data C3 [ : , −1 ] ) ] )

f i n a l da t a C3 = data C3 − background C3

i f f i l e . s p l i t ( ’ ’ ) [−3]==’C4 ’ :

data C4 = crop c en t e r (np . l oadtx t ( ’ . / ’+ s t r ( channel )+’

med f o c u s p e r c e l l /’+ f i l e ) )

background C4 = np . nanmedian ( [ np . nanmedian ( data C4 [ : 1 ] ) , np

. nanmedian ( data C4 [ −1 : ] ) , np . nanmedian ( data C4 [ : , 0 ] ) , np

. nanmedian ( data C4 [ : , −1 ] ) ] )

f i n a l da t a C4 = data C4 − background C4

#

# compile data in to one tab le , depending on channel i d e n t i t y .

#

sample data=pd . DataFrame ( columns=[ ’ Sample ’ , ’ Cel l ’ , ’ Channel ’ , ’Raw

Foci S ize ’ , ’BG−sub Foci S ize ’ ] )

#

i f f i l e . s p l i t ( ’ ’ ) [−3]==’C2 ’ :

sample data=sample data . append ({

”Sample ” : tx+’ ’+ f i l e . s p l i t ( ’ ’ ) [ −5] ,

” Ce l l ” : f i l e . s p l i t ( ’ ’ ) [ −4] ,

”Channel ” : f i l e . s p l i t ( ’ ’ ) [ −3] ,

”Raw Foci S i z e ” : sum(sum( data C2 ) ) ,

”BG−sub Foci S i z e ” : sum(sum( f i na l da t a C2 ) ) ,

} , i gno r e i ndex=True )

#

i f f i l e . s p l i t ( ’ ’ ) [−3]==’C3 ’ :

sample data=sample data . append ({

”Sample ” : tx+’ ’+ f i l e . s p l i t ( ’ ’ ) [ −5] ,
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” Ce l l ” : f i l e . s p l i t ( ’ ’ ) [ −4] ,

”Channel ” : f i l e . s p l i t ( ’ ’ ) [ −3] ,

”Raw Foci S i z e ” : sum(sum( data C3 ) ) ,

”BG−sub Foci S i z e ” : sum(sum( f i na l da t a C3 ) ) ,

} , i gno r e i ndex=True )

#

i f f i l e . s p l i t ( ’ ’ ) [−3]==’C4 ’ :

sample data=sample data . append ({

”Sample ” : tx+’ ’+ f i l e . s p l i t ( ’ ’ ) [ −5] ,

” Ce l l ” : f i l e . s p l i t ( ’ ’ ) [ −4] ,

”Channel ” : f i l e . s p l i t ( ’ ’ ) [ −3] ,

”Raw Foci S i z e ” : sum(sum( data C4 ) ) ,

”BG−sub Foci S i z e ” : sum(sum( f i na l da t a C4 ) ) ,

} , i gno r e i ndex=True )

#

da t a a l l = d a t a a l l . append ( sample data )

d a t a a l l . t o c sv ( ’ . / f inal summary / s i g n a l p e r c e l l ’+ s t r ( channel ) + ’. csv ’ )
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