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Abstract

Single particle imaging using X-ray free-electron lasers is an emerging technique that

could provide high-resolution structures of macromolecules in the gas phase. One of

the largest difficulties in realising this goal is the unknown orientation of the individual

sample molecules at the time of exposure. Pre-orientation of the molecules has been

identified as a possible solution to this problem. Using molecular dynamics simulations,

we identify a range of electric field strengths where proteins become oriented without

losing their structure. For a number of experimentally relevant cases we show that

structure determination is possible only when orientation information is included in

the orientation-recovery process. We conclude that non-destructive field orientation of

intact proteins is feasible and that it enables a range of new structural investigations

with single particle imaging.
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Traditional structural biology techniques require that all molecules are trapped in the

same state, or alternatively they report ensemble averages that obscure the rich variety of

molecular states in a sample.1 Gas-phase approaches to structural biology can bypass some of

these constraints, and inform about individual states and systems that are problematic for X-

ray crystallography or NMR. For example, mass spectrometric techniques has provided much

insight into the structure of macromolecules and their interactions and dynamics, but to a

limited structural resolution.2–4 Single particle imaging (SPI) is a set of emerging techniques

that utilise ultra-short and ultra-intense X-ray pulses to generate diffraction from single

isolated particles in vacuo.5,6 Similar techiques using nanocrystals has exploited the small

sample dimensions and short pulse durations to enable the study of systems and processes,

such as short-lived intermediates, that are problematic for crystallography.7–9 Non-crystalline

targets present additional challenges, but can in principle be used in SPI to probe even more

elusive structures.5 Recently, this approach was used to image the Mimi virus, including its

encapsulated genome.10,11 Like in crystallography, SPI diffraction patterns collectively hold

detailed 3D-information about the structure, but a fundamental and important difference lies

in the sample handling. Instead of repeatedly exposing a single crystal to subsequent pulses

from different angles, the sample particle is obliterated by the beam upon exposure in SPI,

and each diffraction pattern comes from separate but identical particles. The pulses thus need

to be sufficiently short and intense to generate diffraction before the structure is destroyed,

which happens within tens of femtoseconds. This principle has become known as “diffraction

before destruction”.12 Since the patterns each have unknown and random orientation in SPI

[Fig. 1(a)], their assembly into a complete and self-consistent 3D dataset – a process known

as ’orientation recovery’ – is very challenging, requiring advanced algorithms that are not

always able to arrive at the correct result.13

Expand, Maximize and Compress (EMC) is a state-of-the-art algorithm for this pur-

pose.14 It is an iterative algorithm where, for each pattern, EMC calculates the probability

that it represents each of the sampled orientations given the 3D Fourier volume from the pre-
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Figure 1: Orientation: weak and strong fields. (a) In SPI, controlled orientation could help
relate individual diffraction patterns, facilitating the structure determination. (b) Dipolar
molecules are randomly oriented in a weak electric field, but a strong field can in principle
orient the dipole moment µ along the field E.

vious iteration. These probabilities are then used as weights when assembling the patterns

into a new 3D Fourier volume. Incorporating additional information about the individual

particles’ orientation could be a means to reduce the complexity of this process, by reduc-

ing the ambiguity in the assembly process, enabling structure determinations that would

otherwise be impossible. Controlling the particle’s orientation is a potential strategy for ob-

taining such information. Indeed, controlled sample orientation, as illustrated in Fig. 1(a),

has been recognised as a route in need of systematic investigation by the SPI community,

and could be of utility for gas-phase biophysics and -chemistry more broadly.13,15 The terms

’alignment’ and ’orientation’ both appear in the literature. They differ in that states that

are antiparallel are considered equal in the former, but distinct in the latter. Alignment

of small molecules has, for example, been shown to facilitate X-ray imaging of 2,5-diiodo-

benzonitrile.16 Controlled orientation or alignment could also be used to help distinguish

between different conformations of macromolecules, which would be very valuable for struc-

tural biology. The idea of orienting or aligning molecules using external electric fields was

introduced over two decades ago,17 and alignment of small rather rigid molecules was also

experimentally demonstrated around the same time.18–20 Today alignment of small molecules

in vacuum using laser fields is commonly practiced.16,21,22
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Figure 2: (a) The total internal energy – not including the dipole–field energy – during the
first 2 ns of a ubquitin simulation with a 4000 kV cm−1 field. The dashed line shows the energy
at t = 0. Fig. S3(a) is based on the same simulation. (b) The degree of orientation and (c)
RMSD of the Cα over the last 5 ns of 10-ns simulations. (d) The regimes where orientation
can be achieved and where nativelike structures are preserved on the 10 ns timescale. (e)
Snapshots from a simulation of ubiquitin at 4000 kV cm−1 [same as in (a)], and one extreme
case at 30 000 kV nm−1. (f)–(h) Analogous to (b)–(d) for the 50-ns simulations (note the
logarithmic x-axis). See Figs. S5–S10; Supplemental Videos 1 and 2.
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Like small molecules, proteins often carry a net dipole.23 In the presence of an external

electric field, the interaction between the dipole and the field generates a torque that might be

used for manipulating a protein’s orientation, as illustrated in Fig. 1(b). The potential of the

dipole–field-interaction is harmonic, and thus gives rise to pendular motions. These motions

can be absorbed by a surrounding medium, such as a buffer gas, aligning the protein dipole

with the field. This has been investigated in Ref.23 Interaction with the gas lead to frictional

forces however, causing substantial heating and unfolding.24–26 In vacuum, the energy of the

pendular motions cannot readily escape the protein. Under a rigid-body assumption the

pendular motions are perpetual, but proteins are not rigid, and internal degrees of freedom

can absorbe some of the pendular energy [Fig. 2(a)].27 We hypothesise that for strong enough

fields, this process can effectively orient a protein with the field direction. The question that

follows is whether protein structures can withstand the strain and increased energy that the

field interaction entails, or if they unfold before significant orientation takes place. Here,

using molecular dynamics (MD) simulations, we first seek to test our hypothesis and see

if orientation of native structures is possible. By developing and harnessing an augmented

orientation-recovery algorithm, we then explore the potential benefit of controlled sample

orientation for SPI.

To test our hypothesis, we conducted MD simulations of four small proteins [tryptophan

cage (Trp-cage), the C-terminal fragment (Ctf) of the ribosomal protein L7/L12, ubiquitin

and lysozyme; see Supporting Information, Figs. S1(a) and (b)] exposed to a range of fields,

the latter being weak enough for ionisation to be unlikely.28 The net charges of these proteins

were all non-zero and in accordance with what can be observed with mass spectrometry.

First, we inspected the total internal energy E (not including the field–dipole interaction)

for any signs of absorption of pendular motions. We noted oscillations that decreased over

time, accompanied by an overall energy increase. This observation, exemplified in Fig. 2(a),

indicates that the pendular energy is indeed absorbed by the structure to some degree,

corroborating our hypothesis.
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Next, we asked if this repartitioning of energy is sufficient to cause significant orientation

along the field direction. To answer this question, we monitored the degree of orientation,

defined as cos(θ), θ being the angle between the dipole moment and the field direction

[Fig. 1(b)], over the last 5 ns of the 10-ns simulations. At all non-zero field strengths (2000–

30 000 kV cm−1), the proteins’ orientations were close to unity [Figs. 2(b), S2 and S3(a)],

and the timescale of orientation ranged from nanoseconds to tens of picoseconds [Fig. S3(b)].

Root mean square deviations (RMSDs) of the Cα atoms in the protein backbone above and

below 0.5 nm indicate unfolded and structurally intact proteins, respectively (Supplemental

Material).29,30 Defining structural integrity according to this limit, we found that ubiquitin

started to lose its structure at 20 000 kV cm−1, and the other proteins did so at 25 000 kV cm−1

[Figs. 2(c), S4 and S5]. As these field strengths exceed those required for orientation, there

is a “window” up to about ≤ 15 000 kV cm−1, where dipole orientation of structurally intact

proteins is feasible [Figs. 2(d) and (e), Supplemental Videos 1 and 2].

Since field orientation is not an instantaneous process, as illustrated by Figs. 2(a) and

S3(a)–(b), the time a protein is exposed to the field might also be an important experimental

parameter. To explore this further, we started a series of longer simulations (50 ns), where

field strengths ranged down to 100 kV cm−1. Here, the larger proteins oriented with the

field to a large degree at 500 kV cm−1 and above, partially at 100 kV cm−1, while remaining

structurally intact up to about 4000 kV cm−1 [Figures 2(f)–(h), S6 and S7]. Comparing the

results from the long simulations to the shorter simulations, we find that the position of

the orientation window depends on the exposure time. Trp-cage was an exception to the

trends seen in this second round of simulations, not being readily oriented in a nativelike

state under these conditions, suggesting that dipole moment and mass might be important

parameters too, and that orientation might be more feasible for high-mass proteins. This is

promising for the analysis of larger proteins and complexes, which are more commonly the

subject for structural biology. The gas-phase dipole moment of large proteins is currently

largely unknown, and needs further investigation.
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Figure 3: Utility for orientation recovery in SPI. The correct solution is shown to the left.
Middle and right images show slices through the EMC (top) and EEMC (bottom) output.
3000 diffraction patterns and a 1.4 SP beam stop, and 10 000 patterns and a 5.6 SP beam
stop, were respectively used for the middle and right images. Only EEMC converges in these
cases. See also Figs. S2–S4.

We note that the timescales of our simulations was on par with the 10-ns high-field pulse

length and 50-ns period of miniaturized ultra-FAIMS chips used for ion mobility spectrom-

etry (albeit not in vacuum).24 Such devices furthermore reach field strengths (75 kV cm−1)

that are comparable to the lower end of our range (100 kV cm−1).24,31 Even stronger fields

are used for gas-phase separation of ortho- and para-forms of water, for manipulation of

molecular beams, and for inducing dynamics in crystalline proteins.32–34 These commen-

surate timescales and field strengths show that existing technology operates near a regime

where our results indicate that field orientation of native protein structures can be achieved

in vacuo. The boundaries of the orientation window depend on the exposure times, and

native structures might be oriented under longer exposures at lower field strengths than

those investigated here. This would be desirable, as fields approaching 1000 kV cm−1 are

not readily produced in the laboratory, and may for other reasons be impractical for the

application at hand.33 To optimize the process of orientation and manipulation of proteins

in vacuum, it is possible that a combination of static and oscillating fields is more suitable.

This idea has been explored for small molecules, for example by Friedrich et al., but to the

best of our knowledge no such studies focusing on proteins are available.35,36 We have inves-

tigated proteins with a non-zero net charge, which would enable a range of manipulations

in an experiment. While the acceleration of charged proteins has no impact on our results,

the orientation timescales have practical consequences as they place geometric constraints on
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any instrumentation, as the latter must accomodate the proteins’ flight path sufficiently long

for orientation to occur. The dislocation of small proteins, such as the ones studied herein,

in static fields of 500 kV cm would be on the order of one or a few centimeters over 50 ns,

which is still within laboratory length scales. For electrosprayed proteins, the net charge is

determined by the surface area, whereas the mass scales with the volume.37 The balancing

of inertia and electrostatic force can thus be expected to yield shorter flight paths for larger

proteins and complexes, which are normally of greater interest for structural biology.

Having established the feasibility of field orientation of native protein structures, we ask

how useful it is for SPI. Here, in order to explore the value of field orientation in this context,

we develop and benchmark an enhanced EMC (EEMC) that harness the 1D orientation

information from field orientation of single proteins [Fig. S1(c)]. EMC searches for the

optimal distribution of diffraction patterns in a given orientation space. In every iteration,

each pattern is distributed over all iterations with a respective weight that corresponds to

how well the pattern fits in that orientation given the previous iterate. This means that each

pattern is not assigned a single orientation but many. Provided good signal strength and

large enough number of patterns, this distribution over orientations will narrow to contain

only the correct one.

In EEMC, we incorporate the information that we receive from field orientation as a prior

used to modulate the distribution of each diffraction pattern. This will guide the algorithm

to the correct orientation without enforcing it beyond the proper accuracy. In particular

for the first iterations, where EMC often struggle to break the uniform distribution, this

can significantly aid the algorithm. EEMC is in this way not restricted to field orientation

but can utilize any prior information about the orientation. Notably, the orientation in-

formation is in this case not complete, as the orientation of the protein around the dipole

axis remains unknown. Compounding this, the degree of orientation along the field may be

off-unity, as shown in Fig. 2. These uncertainties have both been taken into account in our

implementation.
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Whenever EMC converged in our tests, EEMC did so between 25% and 50% faster

(Fig. S8). We also find two situations where only EEMC converged to the correct solution

(Fig. 3). I) when diffraction patterns are scarce: EMC only converged when having access to

all 10 000 patterns, whereas EEMC converged with 3000 (Figure S9). This is reflected in the

average angular error φ of the recovered orientations, which for 3000 patterns was 120.7◦ for

EMC and 3.6◦ for EEMC. These numbers of images are on par with the 1000–20 000 useful

diffraction patterns collected during 48-h beamtimes at the Linac Coherent Light Source. II)

when the shadow of the beamstop, used to protect the center of the detector from the direct

beam, is large: With 10 000 diffraction patterns, EMC converged for beamstop diameters up

to 4.2 Shannon pixels (SP), whereas EEMC always found the correct solutions (Fig. S10).

φ, for the largest tested beamstop, was 124.0◦ for EMC and 3.5◦ for EEMC.

The fact that the EEMC algorithm can utilise this type of incomplete orientational infor-

mation is very promising and potentially makes it more robust when faced with challenges

not investigated here, such as background noise or sample heterogeneity. Beamtime is cur-

rently very scarce. Being able to do successful reconstructions from a limited data volume

is thus an important result from this work. Our findings could also have implications for

other applications. For example, it was suggested that field orientation could prove useful

for ion mobility spectrometry, giving access to information about the structural anisotropy,

unreachable with the weak fields commonly used today.23 Interactions with the buffer gas

at high fields precludes orientation of native structures under the current principles for ion

mobility spectrometry, but we hope that our study can inspire development of new concepts

and technology to make orientation in high fields possible also in the presence of a buffer

gas. We also imagine that field orientation can provide information about the dipole mo-

ments of proteins, hence their internal charge distributions, which is pertinent for native

mass spectrometry.38

Using MD we demonstrated the possibility of orienting protein molecules in vacuo using

static electric fields. We found a window where this is achieved in a nondestructive manner.
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The bounds of this window depend on the time a protein is exposed to the field, and non-

destructive orientation is achieved at, or near, timescales and fields strengths where existing

technology operates. We showed that orientation of native protein structures makes a large

impact for SPI. Besides this specific application, these findings can be transformative for

gas-phase methods for protein chemistry and biophysics more broadly.

Computational Methods

Gas-phase structures and molecular topologies for Trp-cage, Ctf, ubiquitin, and lysozyme

were taken from earlier MD simulations.30 These were simulated with Gromacs for 10

or 50 ns in electric fields ranging from 0 to 30 000 kV cm−1.39 Each combination of protein

and field strength was simulated 10 times with different random starting orientations. See

Supporting Information for a full description of the MD simulations.

Diffraction patterns of lysozyme were simulated using the Condor package.40 These were

then assembled using EMC and EEMC, using a range of different beam stops and including

a range of differently sized sets of diffraction patterns. See Supporting Information for a full

description of the orientation recovery.
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(32) Horke, D. A.; Chang, Y.-P.; Długołȩcki, K.; Küpper, J. Separating Para and Ortho

Water. Angew. Chem. Int. Ed. 2014, 53, 11965–11968.

(33) van de Meerakker, S. Y. T.; Bethlem, H. L.; Vanhaecke, N.; Meijer, G. Manipulation

and Control of Molecular Beams. Chem. Rev. 2012, 112, 4828–4878.

(34) Hekstra, D. R.; White, K. I.; Socolichclose, M. A.; Henning, R. W.; Šrajer, V.; Ran-

ganathan, R. Electric-field-stimulated protein mechanics. Nature 2016, 540, 400–405.

(35) Friedrich, B.; Herschbach, D. Manipulating molecules via combined static and laser

fields. J. Phys. Chem. A 1999, 103, 10280–10288.

(36) Friedrich, B.; Herschbach, D. Enhanced orientation of polar molecules by combined

electrostatic and nonresonant induced dipole forces. J. Chem. Phys. 1999, 111, 6157–

6160.

(37) Kaltashov, I.; Mohimen, A. Estimates of protein surface areas in solution by electro-

spray ionization mass spectrometry. Anal. Chem. 2005, 77, 5370–5379.

(38) Li, J.; Santambrogio, C.; Brocca, S.; Rossetti, G.; Carloni, P.; Grandori, R. Confor-

mational effects in protein electrospray-ionization mass spectrometry. Mass Spectrom.

Rev. 2016, 35, 111–122.

(39) Hess, B.; Kutzner, C.; van der Spoel, D.; Lindahl, E. GROMACS 4: Algorithms for

highly efficient, load-balanced, and scalable molecular simulation. J. Chem. Theory

Comput. 2008, 4, 435–447.

(40) Hantke, M. F.; Ekeberg, T.; Maia, F. R. N. C. Condor: A simulation tool for flash

X-ray imaging. J. App. Cryst. 2016, 49, 1356–1362.

16


