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Abstract

Nucleic acid nanotechnology has emerged as a promising frontier for artificial molecular

machines, owing to the intrinsic programmability of nucleic acids. However, its poten-

tial is constrained by the slow kinetics of strand displacement reactions, which typically

occur over minutes. In contrast, ATP hydrolysis-powered biological motors operate on

millisecond timescales. Inspired by the efficient chemomechanical cycles of nature, this

thesis aims to develop nucleic acid-based motors that allosterically bind to their fuel,

catalyse its chemical conversion, and autonomously repeat this cycle until fuel depletion.

The primary strategy used was in vitro selection to develop nucleic acid-based mecha-

nocatalysts that couple the chemical reactions of small-molecule fuels with the mechan-

ical cycles of nucleic acid nanostructures. GTP was chosen as the fuel and covalently

attached to a library containing an integrated triphosphate-specific aptamer. After eight

rounds of selection and high-throughput sequencing, ten enriched sequences were iden-

tified. The most active sequence exhibited activity comparable to that of RNA 5′ pyro-

phosphohydrolase, which converts the 5′ triphosphate of RNA into a 5′ monophosphate.

Truncation experiments identified a minimal 77-nucleotide ribozyme that retained cata-

lytic activity. Kinetic analysis revealed an observed rate constant of kobs = 0.08min−1.

However, under multiple-turnover conditions (with free GTP), no significant catalytic

activity was observed. Another strategy attempted to replace the adenine-specific aptamer

in a catalyst-aptamer conjugate with a triphosphate-recognising aptamer. However, this

design was hindered by difficulties in synthesising the organic catalytic centre.

This work explores a new approach to enhancing nucleic acid-based molecular ma-

chines. Although sustained catalytic activity was not achieved under multiple-turnover

conditions, this thesis provides insight into the feasibility and challenges of developing

enzyme-like autonomous molecular machines and informs future developments.
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Chapter 1

Background

1.1 Introduction and motivation

All living organisms are sustained by nanoscale molecular machines, with adenosine tri-

phosphate (ATP) being the most prevalent energy source in biological systems. ATP is

generated through oxidative phosphorylation during respiration or photosynthesis, and its

hydrolysis serves as a source of energy to various molecular machines, including biosyn-

thetic machinery, transmembrane pumps, and intracellular transport systems. The concept

of artificial molecular machines dates back more than 150 years to Maxwell’s thought ex-

periments [1]. Objects on the nanometre scale experience constant Brownian motion, and

energy is required to rectify these motions rather than to overcome inertia to initiate move-

ment [2]. Research in artificial molecular machines has flourished, leading to the award of

the Nobel Prize in Chemistry in 2016 [3–5].

It has been widely acknowledged that biological molecular machines operate as mech-

anocatalysts whose mechanical cycles are coupled to the hydrolysis of ATP through

Brownian ratchets [6, 7]. Thus, the development of kinetic asymmetric chemomechan-

ical cycles driven by the catalysis of exergonic chemical reactions has become a crucial

step in the creation of autonomous molecular machines [8].

The Leigh group reported the first autonomous chemically fuelled synthetic motor in

2016 [9]. Meanwhile, eight years earlier, the Turberfield group introduced an autonomous

bipedal DNA walker that operates by catalysing the hybridisation of inert hairpin fuels

[10]. As information-coded molecules, nucleic acids provide unparalleled levels of control,
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precision, and modularity in nanotechnology. However, this DNA walker operates at

very slow speeds due to slow strand displacement reactions. Furthermore, protein motors

exhibit various motility behaviours, but their mechanical cycles are universally coupled

to ATP hydrolysis and share a similar ATP binding pocket [11–14].

Inspired by this, we hypothesised that molecular machines made from oligonucleotides

might also be able to operate in a similar manner by coupling programmable nucleic acid

reactions with energy dissipating processes of small-molecule fuels [15]. These machines

could be driven by a universal small-molecule fuel and would possess a common fuel-

interacting module. Nucleic acids exhibit properties similar to those of proteins, includ-

ing specific binding, catalytic activity, and allosteric regulation [16–18]. Hence, in theory, it

should be possible to create an oligonucleotide-based mechanocatalyst in which its mech-

anical state is coupled to a catalysed chemical reaction of a small-molecule fuel. The

reconfiguration resulting from the binding and release of small molecules following the

catalysed reaction is faster than strand displacement reactions between large molecules

(oligonucleotides) by branch migration. Small-molecule fuels could also be used at much

higher concentrations (millimolar) compared to the typical concentrations used for DNA

fuels (nano- to micromolar), which generally yields faster kinetics [19].

In this chapter, I will begin by exploring the Brownian ratchet mechanisms in mo-

lecular machines. Following this, I will discuss the use of nucleic acids as a construction

material and provide a brief review of DNA-based molecular machines, highlighting the

underlying Brownian ratchet mechanisms. The feasibility of the hypothesised concept

will then be discussed through a brief review of the structural, chemical, and kinetic prop-

erties of functional nucleic acids. Finally, I will introduce methods for developing nucleic

acids with desired functions, including in vitro selection and engineering techniques. Our

proposed optimised mechanism, which involves the development of a nucleic acid-based

mechanocatalyst powered by a small-molecule fuel will be presented in the next chapter.

1.2 Artificial molecular machines

Since the famous "Maxwell’s demon" proposed by James Clerk Maxwell over one and

a half centuries ago, artificial molecular machines have been one of the end goals in the
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field of nanotechnology [20, 21]. Motions are governed by different physical principles at

different length scales. In contrast to the macroscopic world where energy is required

to overcome inertia to make objects move, molecular-scale objects constantly experience

random Brownian motion and operate under low Reynolds number conditions [2]. In

order to make directional movements, they must either "swim in molasses and walk in a

hurricane" [22] or find ways to harness random Brownian motion [23]. It is widely accepted

that the latter is a more plausible scenario, and strategies to bias Brownian motion are

called Brownian ratchets [24–26].

In Maxwell’s thought experiment, the demon would extract directed motion from ran-

dom Brownian motion by controlling a tiny door between two chambers containing gas

[1]. It would allow fast-moving (high-energy) molecules to go to one chamber and slow-

moving (low-energy) molecules to go to the other, thereby decreasing the total entropy

of the system at no energy cost. However, a real-life Maxwell’s demon must adhere to

the second law of thermodynamics. Consequently, it expends more energy gauging the

speed of each molecule approaching the door than it gains from the resulting net decrease

in entropy. Feynman’s ratchet and pawl device also illustrated that energy is required to

harness Brownian motion [27]. The device consists of two main parts mechanically con-

nected by a rod: a paddle wheel in one chamber and a ratchet with a pawl in another

chamber, each filled with gas at different temperatures, T1 and T2, respectively. Feynman

demonstrated that the ratchet would rotate continuously in one direction only when the

whole system is out of equilibrium (T1 ̸= T2). This is because the pawl itself undergoes

Brownian motion and when T1 = T2, the failure rate equals the forward ratcheting rate,

and thus the device would not produce any net work.

Nature has evolved a wide range of biological molecular machines that sustain the life

of organisms [28]. For example, intracellular vesicle transport and muscle contraction are

performed by linear motor proteins walking along polar and periodic tracks (such as actin

or microtubule filaments) [29–31], and the conversion of energy stored in the proton gradi-

ent into ATP is carried out by the rotary motor F0F1-ATP synthase, which operates across

the membrane by making 360° rotations [32]. Despite differing in structure and function,

they all consume energy (most commonly from ATP hydrolysis, ion gradients, or redox
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reactions) and make repetitive and directional movements [33]. Over the past three dec-

ades, research into molecular machines has flourished, attracting widespread interest from

chemists, physicists, and biologists alike. This growing field explores how external energy

drives controllable mechanical motion, as well as the underlying principles for designing

artificial molecular machines [8]. Several Brownian ratchet mechanisms have been pro-

posed, generally categorised into two groups: energy ratchets based on Feynman’s ratchet

and pawl, and information ratchets based on “Maxwell’s demon” [6, 7].

(a) (b)

Figure 1.1: (a) Maxwell’s demon. The demon standing on the chambers sorts the high-
energy molecules (red dots) from the low-energy molecules (blue dots) by selectively
opening the door. Image adapted from ref. [7]. (b) Feynman’s ratchet and pawl device.
Image adapted from ref. [34].

1.2.1 Energy ratchets

A Brownian ratchet system consists of three components [24]: a Brownian object, an

anisotropic medium, and an energy input that drives the system out of equilibrium. In

energy ratchets, input energy is provided through changes in external conditions, which

in turn alter the relative depths of the energy wells and barriers on the potential energy

surface [7]. This leads to a net directional bias in molecular motion. A classic energy

profile for an energy ratchet is shown in Figure 1.2a. A system in which motion occurs

has a periodic series of two different minima and two different maxima on the potential

energy surface. Initially, the system is in equilibrium, and the Brownian object is in

one of the lowest-energy minima. An energy input changes the conditions, disrupting

the balance, raising the object’s energy, and lowering the energy barrier for a forward
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movement. The object then undergoes directional relaxation (power stroke) to the new

energy minimum. A second energy input returns the energy profile to its original state

and repeats this cycle, driving the object to move directionally along the track.

The molecular walker that can walk directionally along a track shown in Figure 1.2b

is an example of an energy ratchet. This walker features two dynamic orthogonal feet:

a hydrazone foot, which hydrolyses under acidic conditions and locks under basic con-

ditions, and a disulfide foot, which locks under acidic conditions and hydrolyses under

basic conditions [35]. The direction in which the walker travels depends on a sequence

of four stimuli [35]: basic or acidic conditions to selectively dissociate or associate the

feet, and 500 nm (hv1) or 365 nm (hv2) light to induce or release ring strain between the

walker and the track through an E-Z isomerisation of a stilbene unit located between the

aldehyde and disulfide footholds on the track. In Figure 1.2b, the walker travels from left

to right. Initially, the rear foot (disulfide) breaks under the basic condition. Then, the ap-

plication of hv1 disrupts the balance of the system by driving the isomerisation of stilbene

from E to Z. This creates an energetic preference for forming the 2,3-macrocycle over

the 1,2-macrocycle in a neutral pH medium, resulting in a forward step through a power

stroke. The following application of hv2 restores the ring strain between the walker and

the track. Under acidic conditions, the rear foot (hydrazone) breaks, preparing the walker

for a second forward step.

(a)

(b)

Figure 1.2: (a) A typical energy profile for an energy ratchet. For a detailed explanation of
its operation, refer to the text. (b)A light and pH driven molecular walker. For a detailed
explanation of its operation, refer to the text. Images and captions adapted from ref. [8].

Numerous energy ratchets have been recorded in the literature. Despite their varied

designs and the different fluctuations in external conditions that drive them - such as
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changes in pH [36, 37], temperature [38, 39], or electrochemical potential [40, 41] - all rely

on switching energy profiles in response to fluctuations in external conditions to achieve

directional movement [8]. However, this mechanism is fundamentally different from the

Brownian ratchets of biological molecular motors. Biomolecular motors are driven by

chemical fuels and operate autonomously until the fuel is depleted [33].

1.2.2 Information ratchets

ATP is the most common energy source for biomolecular motors. For example, the motor

protein kinesin consumes one ATP molecule for each 8-nm walking step along the micro-

tubule, producing around 40pN · nm work (around 10kBT ) which is roughly half of the

free energy released from the hydrolysis of each ATP molecule [42]. Stepping occurs on

the microsecond to millisecond timescale, whereas the local temperature gradient gener-

ated by the thermal energy released during ATP hydrolysis dissipates within picoseconds

to nanoseconds over the nanometre-scale stepping distance. Thus, the energy ratchet

model does not adequately explain the mechanism of operation, as the energy from ATP

hydrolysis is not used to alter the overall energy profile or directly drive mechanical mo-

tion [43]. Instead, it is widely recognised that they operate through information ratchet

mechanisms, where the Brownian object acts as a catalyst for the chemical fuel, and its

mechanical cycle is coupled to the chemical fuel-to-waste conversion [6, 7, 44].

A typical chemomechanical cycle [45] of a chemically fuelled molecular information

ratchet operates as illustrated in Figure 1.3a. The Brownian object (the catalyst) inter-

converts between mechanical states A and B. Both states A and B can bind to the fuel,

forming intermediate complexes A’ and B’, respectively, which also interconvert dynam-

ically. The relative rate constants for the fuel-catalyst association and the waste-forming

reaction depend on the mechanical state of the catalyst, creating a chemical gating mech-

anism. Simultaneously, the relative rates of mechanical transitions between A and A’ and

between B and B’ depend on the chemical state of the fuel, creating a mechanical gat-

ing mechanism. The combination of chemical and mechanical gating results in kinetic

asymmetry, which biases the direction of movement [8].

Amano and colleagues [46] highlighted the close relationship between kinetic asym-
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metry in Brownian information ratchets and the well-established Curtin–Hammett prin-

ciple in organic chemistry. The Curtin–Hammett principle states that for two interconvert-

ing substrates reacting with the same reagent to produce two different products (kinetic

resolution), the product ratio is determined by the equilibrium constant between the inter-

converting starting materials and the relative activation energies of the reactions [47, 48].

The authors pointed out that the main difference between a traditional kinetic resolution

and a Brownian ratchet is that the latter operates through a cyclic process. The two paths

(fuel-catalyst association and waste formation reaction) that make up the information

ratchet can be presented separately using the Curtin–Hammett principle ( Figure 1.3b).

The difference in the transition state energies (∆∆G‡) creates the kinetic asymmetry in

each step.

The overall directionality is determined by the Curtin−Hammett asymmetry factor

(FC-H):

FC-H =
Forward coupled cycles

Backward coupled cycles
= e(

∆∆G‡
fuelling+∆∆G‡

waste forming
RT ) (1.1)

or alternatively by the ratcheting constant Kr
[49]:

Kr =
FC-H · e(−

∆µ

RT )+1+ γ

FC-H + e(−
∆µ

RT )+ γ

(1.2)

where R is the gas constant and T is the absolute temperature, and ∆µ is the difference

in the chemical potential between the fuel and the waste and γ is an uncoupling constant

that describes the relative likelihood of slip cycles:

γ =
Slip cycles

Backward coupled cycles
(1.3)

For an out-of-equilibrium system (∆µ > 0), the system has a forward direction when

FC-H > 1 or Kr > 1, a backward direction when FC-H < 1 or Kr < 1, and no net direction-

ality when FC-H = 1 or Kr = 1.

The Curtin–Hammett principle can also be applied to reactions associated with bio-

molecular motors to visualise the underlying mechanism of biased motion [46]. For ex-

ample, consider the kinesin discussed above. Kinesin is considered to have two identical
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feet that carry cargo and walk along a microtubule [50]. It is powered by catalysing the

conversion of ATP to ADP and inorganic phosphate (Pi). As shown in Figure 1.3d, each

foot undergoes three different reactions, resulting in three distinct mechanical states with

different standard chemical potentials: ATP-bound (T), ADP-bound (D), and empty (E).

When ATP is bound, the foot catalyses its hydrolysis, and then the ADP-bound head de-

taches from the microtubule track. The empty foot binds to the track again once the bound

ADP is released, making it available for another ATP. The ADP release reaction involves

two interconverting mechanical states with an equilibrium constant Ks: the detached foot

can be trailing or leading. The overall Curtin–Hammett asymmetry factor Fkinesin is [46]:

Fkinesin =
kF
+T kB

+hkF
−D

kB
+T kF

+hkB
−D

Ks (1.4)

There is a continuing debate about whether the directionality of biomolecular motors

originates from biased diffusion (Brownian ratchet) or a mechanical mechanism through a

spring-like element (power stroke) [42, 51, 52]. Nevertheless, it is reasonable to consider the

Brownian ratchet mechanism as the fundamental principle underlying chemically driven

molecular motors, with the power stroke being one of the elements that contribute to

the directionality of Brownian ratchets [46]. When the two interconverting mechanical

states have different standard chemical potentials, a conformational change (power stroke)

occurs along that downhill free energy gradient. In this scenario, Ks ̸= 1, contributing to

the overall directionality as shown in equation 1.4. This concept is illustrated intuitively

in Figure 1.3d, where the standard chemical potential difference, denoted as ∆G◦
s , is

highlighted in the kinetic resolution of the ADP release step.

The first autonomous chemically-fuelled motor ( Figure 1.3c) designed based on the

information ratchet mechanism was reported by the Leigh group in 2016 [9]. This motor

system features a small molecular ring (macrocycle) that continuously rotates direction-

ally around a cyclic molecular track, driven by the chemical fuel 9-fluorenylmethoxycarbonyl

chloride (Fmoc-Cl).There are two reaction sites for the fuel on the cyclic molecular track.

A pyridine-based catalyst promotes carbonate-forming reactions between Fmoc-Cl and

the track, blocking the passage of the macrocycle. Fmoc groups are then cleaved by

triethylamine (NEt3) independently of the location of the macrocycle. The key to kin-
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etic asymmetry in the system is that the Fmoc attachment rate varies depending on the

macrocycle’s position. Due to steric interactions between the macrocycle and the bulky

catalyst, the attachment is faster when the macrocycle is far from the reactive site than

when it is near. This motor achieved an approximately 4:1 ratio of forward to backward

directionality.

(a) (b)

(c) (d)

Figure 1.3: (a) Reaction diagram of a chemically fuelled molecular information ratchet.
State A and State B interconvert and both react with the fuel, with State A reacting more
rapidly. Similarly, State A’ and State B’ interconvert, with State B’ undergoing a faster
waste release reaction. This dynamic asymmetry drives a clockwise cycle progression.
Image and caption adapted from ref. [8] (b) Curtin–Hammett diagram showing the fuelling
reaction (left) and the waste-forming reaction (right) within the chemomechanical cycle.
The direction of mechanical motion is biased by differences in the energy of transition
states. Image and caption adapted from ref. [8] (c) An autonomous Fmoc-Cl fuelled motor.
For a detailed explanation of its operation, refer to the text. Image and caption adapted
from ref. [8] (d) The three different reactions that kinesin feet undergo are shown on the
top left. The bottom left presents a Curtin–Hammett diagram of the ADP release. The
chemomechanical cycle for kinesin is illustrated on the right.For a detailed explanation of
its operation, refer to the text. Image and caption adapted from ref. [46]

More autonomous chemically-fuelled molecular motors have been documented in re-

cent years. These motors exhibit various designs and modes of motion, such as pump-

ing [53] and rotation [54], and are driven by catalysing different chemical reactions [44].

While these small-molecule systems are impressive, they need to be built from scratch,
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often requiring complex chemistry and custom synthetic routes [55]. Meanwhile, in the

interdisciplinary field of DNA nanotechnology [56], the concept of oligonucleotide-based

molecular machines has pioneered new frontiers in the development of artificial molecu-

lar machines, providing unparalleled levels of control, precision, and modularity. In the

next section, I will introduce nucleic acids as a building material for complex structures

and molecular machines, and discuss the underlying Brownian ratchets in their operation

mechanisms.

1.3 DNA nanotechnology

1.3.1 Nucleic acids as building materials

Nucleic acids, including ribonucleic acid (RNA) and deoxyribonucleic acid (DNA), are

essential molecules in biology. These biomolecules are linear polymers composed of

nucleotide (nt) monomers (ribonucleotide for RNA and deoxyribonucleotide for DNA).

Each monomer consists of a 5-carbon sugar (ribose in RNA and deoxyribose in DNA),

a phosphate group, and a nitrogenous base ( Figure 1.4a). The sugar in DNA lacks a

hydroxyl group at the 2′ carbon. Nucleotides are joined through phosphodiester bonds

formed between the hydroxyl group at the 3′ carbon of the sugar ring and the phosphate

group of the next nucleotide, resulting in a sugar-phosphate backbone ( Figure 1.4c).

There are five types of bases: adenine (A), guanine (G), cytosine (C), thymine (T), and

uracil (U). A, G, and C are common to both RNA and DNA, while T is found only in DNA,

and U is exclusive to RNA. A and G are purines; C, T, and U are pyrimidines. Nucleic

acids are known as carriers of genetic information, which is encoded in the sequence of

the nitrogenous base attached to the sugar-phosphate backbone. The sequence is denoted

by single-letter base abbreviations and is read from the 5′ to the 3′ end, corresponding to

the direction of strand growth during biological synthesis.

Nucleotides with different bases can form specific base pairs through hydrogen bonds

following the rules proposed by James Watson and Francis Crick [57]: a purine pairs with

a pyrimidine; A pairs with T (or U in RNA); C pairs with G ( Figure 1.4b). Through

hydrogen bonds, a nucleic acid strand can adhere to another strand with a reverse com-
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plementary sequence to form a double helix. This process is called hybridisation. In

biology, DNA is typically found as an antiparallel double-stranded (dsDNA) helix with

a complementary strand. The most common type of dsDNA is the B-form double helix

(B-DNA) ( Figure 1.4d). B-DNA is a right-handed double helix with two antiparallel

ribose-phosphate backbones on the outside and planar base pairs (bp) in the middle [58]

The aromatic bases stack closely on top of each other with no space for the solvent [59].

Base stacking and backbone constraints give rise to a helical structure. The combina-

tion of hydrogen bonding and stacking makes the double helix a stable and stiff structure.

Under physiological conditions, the persistence length, which quantifies the bending stiff-

ness, is roughly 50 nm for dsDNA [60]. An RNA molecule is usually single-stranded in

nature. When in its double-stranded form (dsRNA), it is usually an A-form double helix

(A-RNA) with a persistence length of around 62 nm [61]. In contrast to B-DNA, which

features a broad major groove and a narrow minor groove with 10 base pairs per turn

and an average helical rise of 3.4 Å, A-RNA has a narrow and deep major groove and a

wide and shallow minor groove with 11 base pairs per turn and a typical rise of 2.5 Å[62].

Although persistence length is influenced by factors such as sequence, ionic strength, and

temperature, single-stranded nucleic acids are generally much more flexible compared to

their double-stranded versions, with significantly shorter persistence lengths, approxim-

ately 2 nm for single-stranded DNA (ssDNA) and 1 nm for single-stranded RNA (ssRNA)

[63–65].

The melting temperature TM is defined as the temperature at which half of the duplexes

are denatured. It can be calculated using the following equation:

TM =
∆H◦

∆S◦+R lnCT
(1.5)

where ∆S◦ is the standard entropy change, ∆H◦ is the standard enthalpy change, R is

the gas constant, and CT is the total concentration of oligonucleotide strands.

Pioneered by Tinoco [66] and Zimm [67] more than 60 years ago, the Nearest-Neighbor

(NN) model has been the most widely used method for TM prediction [68]. In the NN

model, the thermodynamic parameters ∆H◦, ∆S◦, and ∆G◦ for a base pair in a duplex

depend on the identities of its neighbouring base pairs. The overall ∆H◦, ∆S◦, and ∆G◦
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for the duplex are the sums of the corresponding parameters for each pair of neighbouring

base pairs within the duplex.

For example, for a duplex with sequence 5′CCGTA/3′GGCAT:

∆G◦(predicted) = ∆G◦(CC/GG)+∆G◦(CG/GC)

+∆G◦(GT/CA)+∆G◦(TA/AT)

+∆G◦(Init)+∆G◦(Sym) (1.6)

where ∆G◦ denotes the standard free-energy change, ∆G◦(Sym) is an additional en-

tropic penalty when the duplex is self-complementary, and ∆G◦(Init) is the terminal base

pair-dependent initiation parameter [69, 70].

∆G◦ can also be calculated from the NN parameters ∆H◦ and ∆S◦:

∆G◦ = ∆H◦−T ∆S◦ (1.7)
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(a)

(b)

(c)

(d)

Figure 1.4: (a) Molecular structures of (b)
Watson-Crick base parings. (c) The connection of nucleotides in a single-stranded RNA.
(d) B-form DNA helix and A-form RNA helix. Image and caption adapted from ref. [71].
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The programmable base-pairing interactions, together with their controllable flexib-

ility and rigidity, make nucleic acids an ideal material for building nanostructures with

precise control. Between the two types of nucleic acids, DNA has been studied more

intensively than RNA. This is mainly because RNA has more complex molecular inter-

actions and is more prone to hydrolysis due to the presence of the 2′-hydroxyl group

in ribose sugar [72, 73], and also because DNA production is more cost-effective [74]. In

1982, Nadrian Seeman’s landmark paper laid the theoretical foundation for the field of

DNA nanotechnology by proposing the design of specific oligonucleotide sequences to

form stable junctions instead of the usual linear duplexes [75].

Since then, numerous intricate 2D and 3D self-assembled DNA nanostructures have

been created [56, 76]. These nanostructures can be roughly classified into two categories:

unscaffolded and scaffolded structures[77]. Unscaffolded structures can be constructed

by organising rigid duplexes and flexible branched junctions through the annealing of

multiple oligonucleotides [78]. This method has been used to generate a diverse range of

DNA polyhedra with varying sizes and geometries [79–81]. The DNA tetrahedron depicted

in Figure 1.5a is an example [80]. Another strategy for creating unscaffolded structures

is using DNA tiles [82–85]. DNA tiles are simple and symmetric motifs assembled from

DNA strands with designed sequences. Figure 1.5b shows a three-arm-junction DNA tile

and a variety of polyhedra assembled by hybridising their sticky ends [86]. LEGO®-like

DNA bricks have been developed to construct larger and more intricate 3D structures

(Figure 1.5c) [87, 88]. These modular units, made of a single strand, form the rigid ele-

ments of the desired structure through hybridisation of their four interaction domains dur-

ing simple one-step annealing reactions. Consequently, brick-based assembly does not

require the precise adjustments to strand stoichiometry that are often required in hierarch-

ical tile-based assembly [76]. Scaffolded structures are formed using a technique called

DNA origami, where a long ssDNA strand serves as a scaffold, and hundreds of short

staple strands are annealed to specific regions of the scaffold strand to fold it into the

desired 2D or 3D shape [89]. The M13 virus genome (a 7249-nt-long circular ssDNA) is

the most common choice for scaffolding due to its well-defined sequence and widespread

commercial availability [90]. Different structures can be created using the same scaffold
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and different staple strands. Each scaffold recruits a single complete set of staples, without

the need to control the relative stoichiometry of hundreds of staple strands. The smiley

face and the nanoscale box with a lid shown in Figure 1.5d are early examples of DNA

origami[89, 91].

During the past decade, advances in understanding the intermolecular and intramolecu-

lar interactions of RNA molecules, coupled with the decreasing cost of RNA production

through biological and chemical synthesis, have propelled rapid progress in the field of

RNA nanotechnology [92, 93]. Its increasing popularity is mainly due to the demonstrated

advantages in nanomedicine, notably its minimal genotoxic effects within the body com-

pared to DNA [94–96]. Although RNA and DNA exhibit slightly different folding prop-

erties, the basic principles of DNA nanotechnology are readily applicable to their RNA

counterparts [97, 98].
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(a) (b)

(c) (d)

Figure 1.5: Self-assembly of 2D and 3D nanoscale architectures from oligonucleotides.
(a) Design and atomic force microscope images of the self-assembly of a DNA tetrahed-
ron through annealing four oligonucleotides. Regions with the same colour complement
each other. Image and caption adapted from ref. [80]. (b) A three-arm-junction DNA tile
was used to assemble a tetrahedron, a dodecahedron, and a buckyball. This assembly was
achieved by controlling both the strand stoichiometry and the length of the flexible linkage
(highlighted in red) within the DNA tiles. Image and caption adapted from ref. [86, 99]. (c)
3D structures assembled using DNA bricks. Each DNA brick contains four 8-nt domains
and is able to connect four neighbouring bricks. The bricks resemble LEGO®-like blocks
, and form 90° dihedral angles with neighbouring bricks. This geometry arises from the
approximately 3/4 right-handed helical twist of 8 base pairs of DNA. Intricate 3D shapes
are designed using a "3D canvas", with each voxel representing 8 base pairs (2.5 nm x 2.5
nm x 2.7 nm). Image and caption adapted from ref. [87]. (d) A DNA origami smiley face
and a single-layer DNA origami box created using a biological m13 scaffold strand and
hundreds of synthetic staple strands. Image and caption adapted from ref. [89, 91]
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1.3.2 Oligonucleotide-based molecular machines

Toehold-mediated strand displacement reactions

A strand in a duplex can be displaced by another homologous strand, resulting in the

formation of a new duplex. This spontaneous process can occur via two pathways de-

pending on the temperature [100]. When the temperature is near TM, the first pathway

dominates. In this pathway, the original duplex completely dissociates before the invad-

ing strand hybridises. At lower temperatures, the second pathway is more likely. Here,

the invading strand starts hybridising from one end as the original duplex frays (the ends

of the duplex partially unzips). This hybridisation then displaces the old strand through a

random walk of the branch point [101]. The random walk is commonly referred to as the

three-way branch migration. Both of the two pathways rely on complete or partial disso-

ciation of the duplex. Morrison and Stols [102] used fluorescence measurement to study

the thermodynamic and kinetic behaviours of DNA hybridisation in solution. Under typ-

ical reaction conditions, the dissociation rate constant for a 10-bp dsDNA was measured

at approximately 1×10−2 s−1, and the rate for a 20-bp dsDNA was around 1×10−10 s−1.

This implies that spontaneous dissociation is negligible on the common length scale (a

few tens of bp) used in DNA nanotechnology. Nevertheless, it was noted in the paper that

a nucleation site for the invading strand, such as a mismatch or a single-stranded region

on the duplex, could promote the rate of strand displacement [102].

In 2000, Yurke and coworkers [103] first used this strategy to speed up strand dis-

placement reactions by introducing a single-stranded overhang to a duplex, now known

as a "toehold". They constructed a dynamic pair of DNA tweezers ( Figure 1.6a). The

tweezers have two stiff double-stranded arms connected by a flexible 4-nt single-stranded

hinge. Each arm has a single-stranded sticky end (toehold). In the open state, the two

arms move freely around the hinge with a mean distance between the ends of around 6

nm. The addition of a single-stranded DNA "fuel" (F) pulls the arms together, bringing

the tweezers to the closed state through hybridisation with the two toeholds. The new

sticky end of F then serves as another toehold for the "antifuel" (F) to open the tweezers

by toehold-mediated strand displacement (TMSD), generating a double-stranded waste

product. Since then, TMSD has been commonly used as a powerful mechanism in dy-
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namic DNA nanotechnology [104].

Figure 1.6b illustrates a typical TMSD process. First, the invading strand (F) binds to

the substrate through hybridisation with the toehold (T). This docking step is reversible

due to the potential fraying of the toehold. Once the toehold is bound, the invading strand

competes with the incumbent strand (I) for binding to the substrate. There is no significant

thermodynamic bias for the branch point to move in either direction since the free energy

difference for both processes is roughly zero.

The TMSD reaction shown in Figure 1.6b can be simply represented using the fol-

lowing equation:

D1 + F
k1

k2
D2 + I (1.8)

where k1 and k2 are forward and reverse rate constants.

In stoichiometric conditions, the equilibrium concentration ratio of [D1] (the incum-

bent strand paired with the substrate) to [D2] (the substrate strand paired with the fuel) is

[105]:

[D1]
[D2]

=

√
k2

k1
=
√

e∆G/kT (1.9)

where ∆G is the Gibbs free energy change due to the duplex formation of the toehold, k

is Boltzmann constant, and T is absolute temperature measured in Kelvin.

The formation of each base pair releases an average free energy of approximately

1.4kcal ·mol−1 [68], which indicates that a 3-nt toehold can drive the reaction to near

100% completion. Zhang and Winfree [106], observed that the rate of strand displace-

ment reactions increases exponentially with the toehold length and plateaus around 6

nucleotides, and it can be controlled by varying the toehold length and sequence compos-

ition. Figure 1.6c shows that these kinetics can be modeled based on the characteristics

of the toehold, with the rate constant of strand invasion at room temperature ranging from

1M−1 s−1 to 6×106 M−1 s−1.
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(a)

(b) (c)

Figure 1.6: (a) Construction and operation of the molecular tweezers. For a detailed
explanation of its operation, refer to the text. Image adapted from ref. [103]. (b) Toehold-
mediated strand displacement reaction. For a detailed explanation of its operation, refer
to the text. Image adapted from ref. [107]. (c) Dependence of reaction rate on toehold
length and composition. The green trace represents the kinetics of a toehold made only of
G/C nucleotides, the red trace represents a toehold made only of A/T nucleotides, and the
black traces show a toehold with a mix of all four nucleotides. The gray area between the
green and red traces indicates the range of possible kinetics based on the toehold length.
Image and caption adapted from ref. [108].
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Non-autonomous DNA-based molecular machines

In 2004, Sherman and Seeman [109] reported the first DNA walker driven by TMSD ( Fig-

ure 1.7a). The walker has two double-stranded legs and two single-stranded feet, named

A and B. These legs are connected by three flexible linker strands. The rigid triple cros-

sover (TX) track features three single-stranded footholds, numbered 1, 2, and 3 from left

to right. Initially, the walker attaches to footholds 1 and 2 through hybridisation with two

anchor strands, 1A and 2B. The 1A strand is complementary to both foot A and foothold

1, while the 2B strand is complementary to both foot B and foothold 2. Fuel strand 2B

competes with foot B and foothold 2 for binding to anchor strand 2B. This competition

eventually lifts foot B from the track through toehold (purple)-mediated strand displace-

ment. Next, the addition of a new anchor strand, 3B (complementary to both foot B and

foothold 3), allows foot B to step forward to foothold 3. In the same way, fuel strand 1A

lifts foot A, while anchor strand 2A attaches foot A to foothold 2. The walker moves one

step to the right after each cycle of adding four sequential fuel and anchor strands.

Using a similar mechanism of sequential addition of fuel and anchor strands, the See-

man group built a programmable DNA nanoscale assembly line ( Figure 1.7c) in 2010

[110]. The system operates on an approximately 300 nm-wide 2D DNA origami with 18

protruding single-stranded footholds and three DNA cargo delivery machines carrying

different DNA-bound gold nanoparticles (C1, C2, and C3). The worker on the assembly

line is a DNA walker with four feet (F) and three hands (H). Sequential additions of fuel

and anchor strands control the movement of the walker on the DNA origami track. When

the walker is in proximity to a cargo delivery machine, the gold cargo handover happens

through competitive hybridisation between the hand and the cargo delivery machines to

capture the strand attached to the gold particle. The handover of cargo can be programmed

to be either "on" or "off", and there are 8 different combinations in total. The behaviour of

the system was investigated by using polyacrylamide gel electrophoresis (PAGE), atomic

force microscopy (AFM), and scanning electron microscopy (SEM). The authors demon-

strated that the expected products of the walker-cargo complex were formed in yields

greater than 75% in each of the 8 scenarios.

Both of the above systems work non-autonomously through Brownian energy ratchet
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mechanisms, as shown in Figure 1.7b. The introduction of fuel strands changes the whole

energy landscape of the system, causing the walker to move towards new energy minima

by diffusion. Each step involves external intervention, and the source of energy is the free

energy from the formation of extra base pairs in the stable duplex waste.

(a)

(b) (c)

Figure 1.7: (a) The first DNA walker that is driven by TMSD [109]. For a detailed explan-
ation of its operation, refer to the text. Image adapted from ref. [55]. (b) A typical energy
profile for non-autonomous DNA-based machines driven by TMSD. (c) The construction
of the DNA nanoscale assembly line reported by the Seeman group. For a detailed ex-
planation of its operation, refer to the text. Image adapted from ref. [110].

Autonomous DNA-based molecular machines

Shortly after the report of the first stepwise DNA walker in 2004, an autonomous DNA

walker that moves unidirectionally along a double-stranded track was published by the

Reif group and the Turberfield group [111]. In this paper, directed movement is coupled

with enzymatic reactions that involve three enzymes. In this process, first, the walker

covalently binds to the first foothold. Then, the walker attaches to the next foothold

through toehold hybridisation. Next, a ligase (T4 ligase) ligates the nicks between the

walker and the new foothold, creating a recognition site for one of two restriction enzymes

(PfIM I and BstAP), which then perform a selective cleavage reaction. In 2005, Bath and

colleagues introduced a different system, reducing the number of enzymes required from
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three to one [112]. The linear motor operates via a “burnt bridges” mechanism, using a

nicking enzyme that cuts the single-stranded stator on the track where the single-stranded

motor is bound. The short stand cut from the stator then dissociates from the motor due to

its reduced melting temperature, revealing a toehold region. The motor can relocate to the

next neighbouring single-stranded stator via TMSD. The motor is prevented from moving

backwards because the toehold region of the previous stator is removed by the nicking

enzyme. In the same year, Tian and co-workers reported an autonomous DNA nanodevice

that operates without protein enzymes [113]. They adopted a mechanism similar to that

of Bath’s motor, with the key difference being that the walker itself is a catalytic DNA

(DNAzyme) that cleaves the track. Observing the autonomous movement of early DNA

nanodevices is challenging due to the short length of the tracks [114]. To address this,

Wickham and coworkers [115] assembled a 100-nm-long DNA track on a 2D DNA origami

and used real-time AFM to directly observe the movements of a motor driven by a nicking

enzyme [112] ( Figure 1.8a). Cha and coworkers published a DNAzyme-based walker that

transports a gold nanoparticle over 3 µm on a carbon nanotube track ( Figure 1.8b) in 2014

[116]. The motor’s movement and precise positioning of the motor relative to the nanotube

track were tracked in real time with fluorescence microscopy and AFM.

In recent years, more enzymes that act on nucleic acids, such as RNase H [117] and

RNase A [118], have been introduced into autonomous nucleic-acid-based systems using

mechanisms similar to those discussed above. Although these systems demonstrate re-

markable autonomy and controllability [115, 119] and high processivity over micrometer

distances [116], enzyme-driven burnt bridge mechanisms have limitations. The biochem-

ical activity of protein enzymes requires more delicate environmental conditions, and

most tracks can be used only once by a single motor [120].

22



(a) (b)

Figure 1.8: (a) An autonomous DNA motor driven by a nicking enzyme on DNA ori-
gami tile. The DNA origami tile (grey) contains the single-stranded stators of the track
(green). A nicking enzyme cuts the stator bound to the motor, exposing a toehold region
on the motor (magenta). This toehold allows the motor to move to the adjacent intact
stator through TMSD. Image and caption adapted from ref. [115]. (b) A DNAzyme motor
that move along carbon nanotubes. The DNAzyme motor has a catalytic region (green)
flanked by two recognition arms (red) that are complementary to the DNA stator strands
(blue) decorated on the surface of carbon nanotubes (black). Each gold nanoparticle cargo
is decorated with multiple DNAzyme motors. Image and caption adapted from ref. [116].

A catalysis-driven DNA walker

In 2008, the Turberfield group developed a clever design of a purely DNA-based autonom-

ous motor with a reusable track [10]. The system consists of a single-stranded track with

three binding regions (1, 2, and 3) and a walker with two single-stranded legs connected

through hybridization at their 5′ ends. Each leg has an identical foot (foot A and foot B)

at its 3′ end (Figure 1.9a). The walker is driven by two hairpin fuels (H1 and H2). The

autonomous movement is based on the concept of using DNA loops as fuel, a mechanism

proposed by Turberfield and colleagues in 2003 [121]. As depicted in Figure 1.9b, spon-

taneous hybridisation between two complementary strands is inhibited when the ends of

each strand are complementary and hybridised to form a hairpin structure. This inhibition

occurs in two ways [121]: first, the stem of the hairpin makes the single-stranded loop less

flexible and prevents the formation of a helix if the loop is small and the stem is stable

enough; second, to form a full duplex, the base pairs in the two stems must be disrupted to

open the loops. This hybridization process can be made over 1000 times faster by using

a catalyst strand that hybridises with the stem region and opens the loop through strand

displacement [122].

As illustrated in Figure 1.9a, in the initial state, the walker is attached to the track

through partial hybridisation with the foot-binding regions 1 and 2. There is an overlap-

23



ping binding site on the track indicated by a green arrow (i). Foot B acts as a catalyst to

open the loop of foot A, revealing a toehold for hairpin fuel H1 (ii). H1 then lifts foot A

from the track (iii), and foot A acts as a catalyst to open the loop of H1 (iv), revealing

a toehold that allows H1 to be removed from foot A by H2 through strand displacement

(v). Once released (vi), foot A can return to position 1 or move forward to position 3

(vii). Although the rebinding step is not directionally biased, the lifting of the left foot is

designed to be kinetically preferred.

(a)

(b)

Figure 1.9: (a) Design of the catalysis-driven DNA walker. For a detailed explanation of
its operation, refer to the text. Image adapted from ref. [10]. (b) Hairpin loops as a fuel.
Image adapted from ref. [123].

This motor system can be considered as a catalysis-driven information ratchet. The

mechanical cycle of the motor is coupled with the hybridisation reaction of the hairpin

fuels H1 and H2, and the walker is the catalyst for the reaction. The overall directionality

is biased by the left and right feet having different rate constants for binding to H1. The

energy input that drives the system out of equilibrium is the free energy released from the
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hybridisation of H1 and H2.

However, this autonomous walker suffers from low speed. Its stepping rate is limited

by the rate of hybridisation of opened hairpin fuel H1 and hairpin fuel H2, which occurs

at a typical rate of 104 M−1s−1 [122]. In the presence of 100 nM H2, the expected mean

velocity is 0.006nm/s with a step size of 6nm, which is remarkably slow compared to

protein motors, which exhibit speeds ranging from 0.02 to 60 µm/s [124]. Nevertheless, this

speed is similar to the speeds observed in other TMSD-based autonomous DNA walkers

[115, 116], with the exception of one that achieved speeds up to nanometers per second,

driven by a burnt-bridges mechanism using RNase H [117].

In addition to TMSD reactions, stimuli such as pH change [125], photonic signals [126],

and oscillating electric current [127] have been used in dynamic DNA nanotechnology.

However, these systems generally operate in stepwise mode through energy ratchet mech-

anisms.

1.4 Functional nucleic acids

Compared to DNA, RNA is a more versatile molecule in nature. There are three main

types of RNA in the cell: messenger RNA (mRNA), transfer RNA (tRNA), and ribosomal

RNA (rRNA). mRNAs carry the genetic code transcribed from DNA and instruct ri-

bosomes to assemble amino acids into the primary structures of the encoded proteins.

In the non-coding regions of mRNA, riboswitches regulate gene expression by binding

specific metabolites [128]. These regulatory elements consist of an aptamer domain and an

expression platform, connected by a switching sequence. Aptamers are oligonucleotides

that bind ligands with high affinities and specificities. When a ligand binds to the aptamer,

the switching sequence undergoes a conformational change, altering the structure of the

downstream expression platform and regulating the expression of the associated gene

[129, 130]. tRNA decodes the mRNA sequence and transfers the appropriate amino acid to

the growing amino acid chain. The ribosome, the protein-synthesis factory, is composed

of rRNA and its bound proteins. It is believed that the ribosome is essentially a ribozyme

(ribonucleic acid enzyme), where the specific catalytic activity is provided solely by RNA

molecules [131–133].
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The reservoir of functional nucleic acids has expanded significantly since the advent of

in vitro selection, or systematic evolution of ligands by exponential enrichment (SELEX)

in 1990 [134–136]. This method has proven that DNA molecules can have functions and led

to the discovery of DNA aptamers and DNAzymes [137, 138]. Aptamers against a broad

spectrum of targets, ranging from small metal ions [139] to micrometre-sized cells, have

been identified by in vitro selection, together with a number of catalytic nucleic acids for

different types of reactions [140, 141].

1.4.1 Hierarchical folding of functional nucleic acids

In 1948, Pauling [142] proposed that the specific binding and catalysis observed in antigen-

antibody and enzyme-substrate reactions result from structural complementarity, which

maximises interactions between the folded polypeptide chain and the ligand or substrate.

Similarly, as nucleic acid counterparts to protein antibodies and enzymes, the various

functions and specific activities of aptamers and catalytic nucleic acids are largely de-

pendent on their ability to fold into complex 3D structures [141].

The organisation of nucleic acid is classified into three levels: primary, secondary, and

tertiary [143]. The primary structure refers to the sequence of bases along the linear poly-

nucleotide chain. The secondary structure refers to the two-dimensional configuration

that emerges when the strand folds onto itself by base pairing and forms double-stranded

regions joined by unpaired single-stranded region. As depicted in Figure 1.10a, com-

plementary regions within a strand form double helices through hybridisation, with the

connecting single-stranded regions appearing as hairpins, loops, bulges, internal loops,

and three-way junctions [143].
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(a) (b)

Figure 1.10: (a) Common 2D structural elements. Image and caption adapted from Ref.
[143]. (b) Upper panel: edges available for Hydrogen bonding. Lower panel: possible
interaction sites around the standard Watson–Crick pairs and the wobble G-U pair. Images
and caption adapted from ref. [144, 145]

In addition to conventional base pairs, non-Watson–Crick (nWC) pairs are widespread

in RNA structures, playing a crucial role in RNA folding and specific interactions. In fact,

nWC pairs account for about 30% of all base pairs in structured RNAs [146]. As illustrated

in Figure 1.10b, each base has three edges. One edge of one base can form at least two

hydrogen bonds with any of the three edges of another base, either in the cis or trans

orientation relative to the glycosidic bonds. This leads to twelve basic geometric families

of base pairs, with sheared G-A, G-A imino, A-U reverse Hoogsteen, A-C wobble, and

G-U wobble being the five most prevalent nWC pairs [144, 147]. The geometry of nWC

pairs differs from that of WC pairs. For example, in regular A-form RNA, all base pairs

are strongly isosteric and share a similar glycosidic angle (∼ 54◦) with respect to the

phosphodiester backbone [145]. However, in a G-U pair, the U slightly shifts towards

the deep groove, altering the local helical twist angles and disrupting the alignment of

the structure [148]. G-U base pairs also have three hydrophilic acceptor sites in the deep

major groove but do not have any hydrophilic donor site ( Figure 1.10b) [149]. The nWC

pairs are important in the formation of 3D structures [150], and the distinctive structural

characteristics of the nWC pairs are potential targets for specific interactions [151].
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Figure 1.11: Common 3D structural elements. Image and caption adapted from ref.[152].

Higher-order organisation in nucleic acids is achieved through interactions among

secondary structure elements, as shown in Figure 1.11. Doudna and colleagues [143]

divided the common tertiary structural motifs into three categories: interactions between

two double-stranded regions, between two single-stranded regions, and between a double-

stranded region and a single-stranded region. One key motif is the coaxial stacking of two

duplexes, which form a single pseudocontinuous helix [153]. Another common conforma-

tion is parallel packing, typically induced by the tetraloop-receptor motif. This involves a

terminal tetraloop that interacts with a distant helix, often featuring GNRA sequences (N

is any nucleotide, R a purine), and receptors usually are minor grooves or internal loops

within helices [154]. The kink-turn (k-turn) motif introduces a sharp kink into a helix and

is a common structural element. A canonical k-turn has a 3-nt purine-rich bulge on its

3′ side flanked by the A-G and G-A base pairs [155]. Both the k-turn and the tetraloop-
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receptor motifs involve minor groove triples, where an unpaired nucleotide and a base

pair in a helix form hydrogen bonds in the minor groove [153]. The unpaired nucleotide is

usually adenine (A-minor interactions), with G-C being the preferred base pair [156]. Vari-

ous A-minor motifs, distinguished by different hydrogen bonding schemes, are shown

in Figure 1.11 [157]. The loop-loop "kissing" complex is generated by the hybridising

the loops of two hairpins. The pseudoknot motif results from long-distance base-pairing

between a hairpin loop and an extended single-stranded region [158]. In addition, guanine-

rich sequences can form four-stranded 3D structures stabilised by potassium ions, called

G-quadruplexes [159].

Metal ions play a crucial role in the folding of nucleic acids. They facilitate and

stabilise complex structural arrangements by shielding electrostatic repulsion between

phosphate groups on the backbone [160, 161]. Nucleic acids interact with metal cations

in two modes: diffusive binding and site-specific binding [162]. In aqueous solutions,

most metal ions bind diffusively. They remain hydrated and accumulate near the negat-

ively charged backbone due to nonspecific electrostatic attraction [163]. In the site-specific

binding mode, metal ions are dehydrated or partially dehydrated and directly interact with

the nucleic acids, leading to stronger interactions and increased compactness of the folded

structures. This specific interaction is selective and depends on the ions’ charge density,

volume exclusion, and hydration status [164]. The folding process is rapid. The accumula-

tion of metal ions, which occurs in microseconds, reduces electrostatic barriers to folding

and drives the formation of tertiary structures in milliseconds. Site-specific binding trig-

gers further structural rearrangement, resulting in a stable tertiary structure [165]. Divalent

cations are much more effective in site-specific binding-induced structural rearrangement

than monovalent cations, since they have an entropic advantage in stabilising compact

structures [166].

1.4.2 Aptamers

Thermodynamics and kinetics of aptamer–ligand binding

The interactions between an aptamer (A) and its ligand (L) can be simply described as

follows:
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A+L
kon−−⇀↽−−
koff

AL (1.10)

where AL represents the aptamer–ligand complex, kon is the association rate constant

that describes the rate at which the aptamer and the ligand bind to form the complex, and

koff (often written as kd) is the dissociation rate constant that describes the rate at which

the bound complex dissociates into its free components.

The affinity between an aptamer and its target can be characterised by the equilibrium

dissociation constant Kd

Kd =
[A][L]
[AL]

=
koff

kon
(1.11)

where [A], [L], and [AL] represent the equilibrium concentrations of the aptamer,

ligand, and associated complex (in units M), respectively. Kd is the concentration of the

ligand at which half of the binding sites on the aptamer are occupied. A lower Kd indicates

a higher affinity between the aptamer and the ligand, meaning that there is a higher chance

that the two molecules are bound at any given moment and vice versa.

Within an aptamer–ligand–solvent system, complex interactions and heat exchanges

occur among the components, including aptamers, ligands, water, and buffer ions [167].

Like any spontaneous process, aptamer–ligand binding happens only when it results in a

negative change in the Gibbs free energy (∆G) of the system. The relationship between

∆G and Kd is expressed as follows:

∆G = RT lnKd (1.12)

where R is the gas constant, and T is the temperature in Kelvin.

∆G can be decomposed into its enthalpic and entropic contributions using the follow-

ing equation:

∆G = ∆H −T ∆S (1.13)

where ∆H is the change in enthalpy and ∆S is the change in entropy of the system

upon ligand binding.
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Binding models

The investigation of protein–ligand binding mechanisms began long before the discovery

of aptamers. The lock-and-key model proposed by Emil Fischer in 1894 is one of the first

models for studying protein–ligand interactions [168]. This model ( Figure 1.12a) assumes

that both receptors and ligands are rigid structures, where only a ligand of the correct

size and shape (the key) can fit into the active site of the receptor (the lock). Experi-

mental and theoretical studies on geometrically complementary colloidal particles have

shown that lock-and-key binding is predominantly entropically driven [169–173]. The ef-

fect of exclusion volume or the maximisation of solvent entropy is concluded to be the

governing influence on the forces that act between the colloidal particles [167]. This pro-

cess is highly dependent on the size, shape, and surface roughness of the particles but is

independent of the composition or surface chemistry. The complete displacement of the

constrained solvent molecules during the binding process significantly increases solvent

entropy, which makes entropic contributions dominant in the lock-and-key binding mech-

anism.

(a) (b)

Figure 1.12: Schematic illustrations of ligand binding models. (a) The three proposed
protein-ligand binding pathways. (b) Ligand binding through conformational selection or
induced fit in duplexed aptamers. Images adapted from ref. [174].

However, it cannot explain all scenarios, particularly in which proteins bind to lig-

ands without an exact initial shape match. To overcome this, Daniel Koshland proposed

the induced fit theory ( Figure 1.12a) in 1958 [175]. This model takes into account the

flexibility of receptors, suggesting that the binding sites change their conformation upon

interaction with the ligand. In the induced fit model, initial contacts between the ligand

and the protein, driven by collisions, must be strong enough and have a sufficient lifetime

to drive the conformational changes needed to form a fully bound complex [176]. There is
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an entropy gain from the release of solvent molecules, but the large negative change in the

enthalpy of newly formed noncovalent interactions dominates, making induced fit binding

an enthalpy-dominated process [177]. The conformational selection model ( Figure 1.12a)

proposed in 1965 integrates features of both the lock-and-key and induced fit models

[178]. In this model, the receptor protein adopts various interconvertible conformations in

its unbound state, and the ligand selectively binds to the pre-existing conformation that

best matches the ligand, which is followed by conformational adjustments in the protein

to form strong noncovalent interactions. The binding is driven by both the gain in the

solvent entropy and the decrease in the enthalpy of the system, and they dominate se-

quentially [167]. Regarding which is the governing mechanism, studies have shown that it

depends on the concentration of ligands and the timescale of receptor dynamics [179–181].

Due to the limited nucleoside diversity and charged backbone of nucleic acids, fit-

ting ligands into the binding sites of aptamers generally displays suboptimal shape com-

plementarity. Therefore, aptamers commonly undergo ligand-induced adaptive folding

around the ligand [182]. High binding affinities (nM to µM) and specificities can be

achieved through hydrogen bonding, van der Waals forces, stacking interactions, and elec-

trostatic interactions between the ligand and the aptamer [182, 183]. The adaptive binding

nature of aptamers has been used for ligand-responsive biosensing, often in the form of

a duplexed aptamer that is partially hybridised to a complementary oligo [184]. The bind-

ing of aptamer and ligand in these biosensors operates through two mechanisms ( Fig-

ure 1.12b): conformational selection [185] and induced fit [174]. In the former mechanism,

the duplex dissociates before the aptamer binds to the ligand, and the ligand-induced

conformational change is localised to the binding pocket. Ligand binding disrupts the

equilibrium between the duplexed and dissociated aptamer, producing a concentration-

dependent signal for ligand sensing. In the latter mechanism, the duplexed aptamer can

bind to a ligand while in the duplex state. The ligand induces a conformational change in

the global architecture, releasing the complementary strand.

32



(a) (b)

Figure 1.13: (a) The switching mechanism of a TPP-dependent riboswitch. The ri-
boswitch comprises an aptamer domain (blue), a switching sequence (highlighted in yel-
low), and an expression platform (black). In the absence of TPP, the transducer sequence
(grey) interacts with the switching sequence within the aptamer domain to keep the ex-
pression platform (SD sequence) exposed. When TPP binds, it induces a conformational
change in the aptamer domain, disrupting strand hybridisation. As a result, the transducer
sequence detaches from the switching sequence and turns off the translation through hy-
bridisation with the SD sequence. Image and caption adapted from ref. [186]. (b) TPP
recognition by the TPP riboswitch. TPP is recognised through base stacking, base pair-
ing, and metal ion–mediated binding. Image and caption adapted from ref. [187].

As highlighted earlier, riboswitches serve as prime examples in demonstrating the

concept of allosteric aptamers. Thiamine pyrophosphate (TPP) riboswitches ( Figure 1.13a)

are among the most studied natural riboswitch classes. They are widespread and are found

in all three domains of life [188]. The conformational change induced by TPP binding in

the aptamer region impacts the downstream structure, regulating gene expression [189].

As depicted in Figure 1.13b, the TPP is recognised by the aptamer region through base

stacking, hydrogen bonding, and metal ion-mediated binding. The pyrimidine ring of

TPP is recognised through stacking and a pseudo-base pair interaction with the sugar

edge of G40. The central thiazole ring of TPP interacts with the RNA via van der Waals

forces. The pyrophosphate is indirectly recognised by forming a chelate complex with

two partially hydrated divalent cations [190].

However, not all aptamers undergo significant conformational changes upon ligand

binding. To investigate factors and characteristics that allow an aptamer to act as an

effective regulatory element within a riboswitch, Kaiser and colleagues conducted a com-

parative analysis of the ligand-binding kinetics of three different ciprofloxacin-binding

aptamers (A, prePS, and RS), only two (preRS and RS) of which exhibit significant struc-

tural switching [191]. Despite the differences in both the sequence and the secondary struc-

ture, the three aptamers have very similar Kd values [192]. Time-resolved stopped-flow
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fluorescence experiments showed that all three aptamers underwent a two-step binding

process. In the first step, driven by nonspecific electrostatic interactions, the aptamer and

the ligand form an intermediate bound complex. In the second step, the aptamer under-

goes a conformational change to create a tightly binding pocket. Compared to aptamer A,

the other two aptamers exhibited lower k1 (association rate in step 1), higher k−1 (dissoci-

ation rate in step 1), lower k2 (forward rate in step 2) and significantly lower k−2 (reverse

rate in step 2), resulting in a virtually irreversible binding step. Therefore, the authors

suggested that a strongly preferred structural adaptation of the RNA to the ligand during

the final binding step with low dissociation rates is crucial for the allostery of an aptamer.

Nevertheless, using aptamer-complementary element scanning, Munzar and coworkers

generated comprehensive binding kinetic landscapes of duplexed aptamers, revealing a

widespread induced-fit mechanism [193].

1.4.3 Catalytic nucleic acids

Nucleic acids also leverage their intricate structures for chemical catalysis. According

to the transition state theory, the observed rate constant kobs agrees with the following

equation 1.14:

kobs =

(
kBT

h

)
κe−

∆G‡
RT (1.14)

where the prefactor
(

kBT
h

)
κ includes kB (Boltzmann constant), T (temperature), h (Planck’s

constant), and κ (transmission coefficient). The exponential term e−
∆G‡
RT represents the

fraction of molecules that have enough energy to overcome the activation barrier ∆G‡,

where R is the gas constant.

Catalytic nucleic acids reduce the activation barrier and enhance reaction rates through

various strategies, such as substrate binding, which facilitates the proper orientation and

proximity of the reactant, thereby stabilising the transition state. Metal ions, whether dif-

fused or specifically bound to the negatively charged polyelectrolyte, are essential for both

structure formation and catalysis. Additionally, the aromatic heterocyclic bases exhibit

varying levels of basicity and acidity, allowing them to participate directly in catalytic

reactions [194].
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With the exception of rRNA, which catalyses peptidyl transfer, all known natural ri-

bozymes catalyse cleavage or ligation of nucleic acids. Despite its chemical instability,

RNA can exhibit a half-life exceeding one year under near-physiological conditions, with

a rate constant of about 10−7min−1 [195]. Ribozymes can accelerate reactions by at least a

million-fold, reaching rates of about 1min−1. They typically use general acid-base cata-

lysis ( Figure 1.14a) or metal ion catalysis ( Figure 1.14b), or a combination of both [196].

Nucleolytic ribozymes, a family of nine small ribozymes (70-150 nt), catalyse site-

specific cleavage through the nucleophilic attack of the 2′-oxyanion on the neighbouring

[197].

Some can also catalyse reverse ligation if the cleaved products are aligned [194]. Of the

eight nucleolytic ribozymes with known structures, six use guanine as a general base [197].

The N1 of guanine deprotonates the 2′-hydroxyl, generating a 2′-oxyanion, a superior

nucleophile compared to hydroxyl, with an enhancement factor up to 1010 [73]. Guanine’s

pKa (approximately 9.2 at N1) can shift towards neutrality through electrostatic stabil-

isation and hydrogen bonding in the microenvironment of folded nucleic acid [198, 199].

For the other two nucleolytic ribozymes, the general base is a deprotonated inner-sphere

water molecule associated with a hydrated metal ion [200, 201]. Compared with the general

base, the general acid varies more. In hairpin and VS ribozymes, adenine N1 proton-

ates O5’, improving its leaving group ability [202, 203]. In twister ribozyme, adenine’s N3

donates the proton [204]. In HDV and TS ribozymes, a cytosine nucleobase likely acts

as the general acid [205, 206]. The pKa values of adenine and cytosine can shift towards

neutrality in the electronegative environment of folded structures [207]. The 2′-OH group

of a guanine nucleoside, possibly activated by a metal ion, functions as a general acid in

the hammerhead ribozyme, while the pistol ribozyme uses a hydrated metal ion [208].

RNase P ribozymes and self-splicing introns represent the other two groups of nat-

ural ribozymes that catalyse P-O bond chemistry in RNA backbones. Unlike nucleolytic

ribozymes, which use adjacent 2′ -OH and produce a cyclic 2′,3′-phosphate, these ri-

bozymes use an external nucleophile and direct metal coordination, forming a 3′-OH

terminus [209]. RNase P ribozymes remove the 5′ leader sequence of tRNA precursors

through phosphodiester bond hydrolysis via a two-metal ion mechanism [210]. Here, a
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metal-bound hydroxide acts as the nucleophile, while another metal ion coordinates a

water molecule to protonate the 3′-oxyanion leaving group [211]. Self-splicing introns

remove noncoding regions from precursor RNAs through a two-step transesterification

mechanism [209]. The 5′-splice site is attacked by the 3′-OH of an external guanosine

for the Group I introns, while the 2′-OH of an adenosine within the intron is the nucleo-

phile for Group II introns. Divalent metal ions coordinate the phosphoryl oxygen, making

the phosphorus centre more susceptible to nucleophilic attack and stabilising the negat-

ive charge of the leaving group [212, 213]. Atomic mutagenesis suggests that a third metal

ion in Group I introns may activate the nucleophile by interacting with the 3′-OH of the

attacking guanosine [214]. Figure 1.14b depicts the proposed mechanism of three metal

ions. The second exon ligation and intron release step is completed by the 3′-OH of the

5′-exon attacking the 3′-splice site.

The rRNA facilitates the nucleophilic attack of an amine in a carbonyl centre, and the

catalysis does not depend on nucleobases or metal ions [215]. Instead, rRNA contributes

to the 107-fold acceleration of peptide bond formation by providing correct geometry and

a desolvated environment, facilitating substrate positioning and alignment, and reducing

activation entropy [216, 217]. The A76 2′ -OH of the tRNA plays an important role in a

proton shuttle mechanism ( Figure 1.14c), where a proton shuttles between the attacking

amine and the carbonyl centre through the 2′ -O of the terminal A76 [218].
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(a) (b) (c)

Figure 1.14: Proposed mechanisms of chemical catalysis in natural ribozymes. (a) Gen-
eral acid–base catalysis in self-cleavage reactions, with B serving as a general base and
A as a general acid. (b) RNA metalloenzymes. The transition state of the group I intron
stabilised by three metal ions. (c) A possible mechanism of peptidyl transfer. The A-site
tRNA’s terminal amino group, aided by the 2′-oxyanion group, attacks the carbonyl centre
of the P-site tRNA, resulting in the formation of a new peptide bond. Images and caption
adapted from ref. [215].

In addition to P-O bond (phosphoryl transfer reactions) and P-N bond (peptide bond

formation) chemistries, in vitro selection has led to the development of artificial catalytic

nucleic acids capable of catalysing a wider array of chemical reactions in a laboratory

setting [219–223]. Examples of other chemistries catalysed by in vitro-selected ribozymes

are listed in Figure 1.15.

Figure 1.15: Examples of chemistries catalysed by in vitro-selected ribozymes. The rel-
evant chemical bonds are in red. Image and caption adapted from ref. [224]

Catalytic capabilities of nucleic acids

Figure 1.16 is a simple kinetic model for a typical enzyme-catalysed reaction. The re-

action started from the formation of the enzyme-substrate complex (ES), followed by the
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rapid transformation to the transition state (E’S’) and the formation of the enzyme-product

complex (EP), and finally the release of the product (P) and regeneration of the enzyme

(E).

Figure 1.16: A simple kinetic model for a typical enzyme-catalysed reaction. Image and
caption adapted from ref. [225].

For kinetic studies of ribozymes and DNAzymes, rate constants are usually obtained

from assays under single- and multiple-turnover conditions [225]. Single-turnover kinetics

is also referred to as pre-steady-state kinetics. The experiments are set with an excess of

the enzyme (E) relative to the substrate (S), and the observed rate constant kobs is meas-

ured. Under optimal conditions, kmax (the maximum kobs) reflects the chemical conversion

of the catalysis ((ES −−⇀↽−− EP). The rate constant for a specific reaction is determined by

plotting the fraction product formed versus time, using Equation 1.15.

[P]t
[P]t +[S]t

= A(1− e−kt) (1.15)

where A is the maximum fraction, k is the rate constant, and [P]t and [S]t are the concen-

trations of each at time t. kmax is obtained by plotting kobs versus enzyme concentration

or other conditions, such as pH and metal ion concentration.

Multiple-turnover assays are performed under saturating substrate conditions ([S] ≫

[E]), which are often called steady-state conditions. The rate of the reaction is determined

by the Michaelis–Menten Equation 1.16:

v =
d[P]
dt

=
Vmax[S]
KM +[S]

=
kcat[E][S]
KM +[S]

(1.16)

where v is the initial rate measured as the slope of the linear region of the product versus

time plot; Vmax represents the maximum rate under a specific enzyme concentration; Kcat,

also called turnover number, reports on all steps including substrate release along the
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pathway after [ES]; KM is the Michaelis–Menten constant and it is equal to the [S] required

to give a 1/2Vmax. KM

is different from Kd.

To investigate the catalytic power of nucleic acids, Breaker and coworkers [196] stud-

ied the kinetics of 14 in vitro selected artificial ribozymes and DNAzymes that catalyse

site-specific cleavage of RNA. All the assays were conducted under single-turnover condi-

tions, ignoring potential rate-limiting steps of substrate binding and product dissociation.

The authors proposed four possible strategies (named α,β ,γ , and θ ) that could be used in-

dividually or together to accelerate the internal phosphorus transfer reaction. They found

half of the ribozymes and DNAzymes fell within the αγ speed limit of ∼ 2 min−1, while

it is proposed that ribonuclease A uses all four strategies and has a kobs of ∼ 8000 min−1.

The authors concluded that, given the ability of some ribozymes and DNAzymes to ex-

ceed this limit, nucleic acids could potentially exhibit catalytic efficiency comparable to

their protein counterparts, provided that similar strategies are employed and this can be

biased during in vitro evolution. Furthermore, better catalytic power can be achieved by

engineering the available sequences and optimising reaction conditions to increase the

fraction of active species. For example, a VS ribozyme with a kobs of approximately

600 min−1 has been identified from a pool of mutants [226]; a kobs of 870 min−1 of a nat-

ural hammerhead ribozyme was reported under optimal pH and Mg2+ concentration [227],

and a tertiary-stabilized hammerhead ribozyme was measured to have a cleavage rate of

3000 min−1 in 1 mM Mn2+ [228]. Therefore, nucleic acid enzymes are not intrinsically

less capable than protein enzymes in terms of chemical rate enhancement.
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(a) (b)

(c)

Figure 1.17: (a) The 10-23 DNA enzyme (E) and its RNA substrate (S). Image and cap-
tion adapted from ref. [229]. (b) Pathway for an RNA cleavage catalysed by the L-21
Scal ribozyme. Image and caption adapted from ref. [230]. (c) Ribozyme catalysed
Diels–Alder cycloaddition of biotin-maleimide (1) and 9-anthracenylmethyl hexaethyl-
ene glycol (AHEG) (2) covalently coupled to the gene. Image and caption are adapted
from ref. [231].

The catalytic efficiency is determined by kcat/KM. It represents how effectively the

enzyme captures the substrate for catalytic turnover. It also reflects the step to the highest

transition state along the reaction pathway in the reaction free energy diagram [232]. When

the ratio kcat/KM reaches the diffusion-controlled limit of 108–109 M−1 s−1, indicating that

every collision between the enzyme and the substrate leads to a catalysed reaction and

the chemical step is faster than diffusion, the enzyme is called a "perfect enzyme" [233].

For oligonucleotide substrates, most collisions between the substrate and the ribozyme or

DNAzyme during diffusion are ineffective. This is because the formation of the substrate-

enzyme complex requires the initiation of two or three base pairs so that the association

occurs faster than the dissociation [234]. Therefore, the kcat/KM value is determined mostly

by the kinetics of the association between the enzyme and the nucleic acid substrate (106–

107 M−1 s−1) [234, 235]. The 10–23 DNAzyme is an RNA-cleaving enzyme with a 15-nt

catalytic domain, flanked by two 8-nt substrate-recognition domains (as shown in Fig-

ure 1.17a) [236]. The catalytic efficiency of the 10–23 DNAzyme is approximately the

same (around 109 M−1 min−1) under both multiple-turnover and single-turnover condi-

tions, indicating that substrate binding (hybridisation) rather than product release is the
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rate-limiting step for turnover. The L-21 scal ribozyme is an engineered version of the

group I intron of Tetrahymena thermophila [237]. It binds to its RNA substrate at rates

of 106-107 M−1 s−1 and recruits an external GTP to act as a nucleophile, as illustrated

in Figure 1.17b. Studies of its kinetics reveal that the binding of GTP and the oligonuc-

leotide substrate are mutually independent. In the presence of 10 mM Mg2+, the value

kcat/KM is 9× 107 M−1 s−1. In the absence of GTP, the ribozyme still exhibits activity if

the 5′ end is a guanine nucleotide. Although the chemical catalysis rate is significantly

slower under these conditions, the kcat/KM value was only slightly reduced, measured at

6× 107 M−1s−1. This finding suggests that hybridisation with the substrate oligonuc-

leotide, rather than the binding of GTP, is the rate-limiting step [230].

A true catalyst must be able to act in trans and catalyse successive reactions without

itself being changed. RNase P is the only natural ribozyme identified so far that turns

over in vivo [238]. Nucleic acid enzymes that act on themselves can usually be converted

to work in trans and are capable of multiple turnovers, typically by separating the catalytic

and substrate domains [239]. For nucleic acid substrates, stable Watson–Crick base pair-

ing between the enzyme and the substrate makes catalytic turnover inherently difficult

for ribozymes and DNAzymes [240]. Nevertheless, the 10–23 DNAzyme can reach kcat

of 3.4min−1, depending on the substrate sequence and the buffer conditions [236]. This

DNAzyme can be tailored to target and cleave nearly any RNA molecule containing a

purine–pyrimidine cleavage site and the product-release step is not rate-limiting until the

substrate-recognition domain exceeds 10 nt with a high GC content [229].

For small-molecule substrates, trans-acting ribozymes and DNAzymes can be evolved

directly through in vitro selection under multi-turnover conditions [241]. Sometimes, en-

zymes selected under single-turnover conditions are also capable of turnover, but this oc-

curs fortuitously [242]. Agresti and coworkers developed ribozymes that catalyse Diels–Alder

cycloadditions in trans with multiple turnovers ( Figure 1.17c) [231]. The selection pro-

cess began with five rounds of low-barrier selection for species catalysing intramolecu-

lar single-turnover reaction, which enriched the library to a manageable size for sub-

sequent rounds of in vitro compartmentalization selection for multiple-turnover species.

Although selected under single-turnover conditions, the library showed detectable trans-
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acting activity after the first 5 rounds of selection. The most active ribozyme from the

final round exhibited multiple-turnover kinetics with kcat of ∼ 6 min−1. While the value

is not particularly impressive, they are comparable to those of their natural protein coun-

terparts. The rates are limited by the slow product release, which is proposed to be due to

its similarity to the transition state of the substrate complex.

1.4.4 Applications of functional nucleic acids in dynamic

oligonucleotide-based systems

Aptamers have been used as reconfigurable elements in dynamic nucleic acid nanostruc-

tures, commonly through overhang hybridisation, sequence extension, or modular se-

quence integration [243, 244]. Figure 1.18a illustrates an RNA-based Förster resonance en-

ergy transfer (FRET) system [245]. This system consists of two fluorescent RNA aptamers

and an allosteric aptamer specific to S-adenosylmethionine (SAM) between them on an

RNA origami scaffold. Upon binding of SAM, a new fluorophore is detected because it

brings the two fluorescent aptamers into close proximity, which enables FRET. In addition

to fluorescence, ligand binding can also induce other signal changes, such as plasmonic

circular dichroism (CD) signals in the biosensor depicted in Figure 1.18c. This device

consists of two 10-helix bundles, each carrying a gold nanorod and decorated with two dif-

ferent thrombin-binding aptamers. Thrombin binding alters the chiral state of the device,

leading to changes in the CD spectra. Aptamers can be used to create smart DNA nano-

structures that respond to chemical cues. An example is the multilayered DNA nanocage

shown in Figure 1.18b [246]. These multilayered DNA tetrahedra self-assemble through

the hybridisation of ATP aptamers and complementary strands. Upon ATP binding, the

structure-switching of the aptamer induces dehybridisation and disassembly of the nanoc-

age. Muscat and coworkers [247] leveraged the structure-switching properties of aptamers

to direct the route of a molecular cargo. Figure 1.18d illustrates a junction on the DNA

track where the cargo chooses directions. This junction is regulated by reciprocally act-

ing aptamers (red) that bind adenosine, alternately obstructing and exposing the toehold

binding region (black) on different branches of the track.
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Figure 1.18: Applications of aptamers in dynamic nucleic acid structures. (a) SAM–
induced FRET between fluorescent aptamers on an RNA origami scaffold. Image and
caption adapted from ref. [245]. (b) ATP-activated layer separation of a multilayered DNA
tetrahedrons. Image and caption adapted from ref. [246]. (c) A thrombin sensor with the
plasmonic metamolecule. Image and caption adapted from ref. [248]. (d) The sensor-
controlled junction. Image and caption adapted from ref. [247].

The off-rate constants of aptamer-bound small molecules are typically in the range

of 10−2–10−5 s−1, corresponding to dwell times from minutes to hours [249]. There-

fore, aptamers in DNA nanotechnology function more like single-use "molecular fuses"

[250]. Various DNAzyme- or ribozyme-aptamer conjugates have been reported, in which

the aptamer domain regulates the activity of the catalytic domain. These artificial ri-

boswitches are called aptazymes [251, 252]. Figure 1.19a depicts an aptazyme system which

consists of an aptamer domain (red), a peroxidase-mimicking DNAzyme (blue), and a

blocking strand (green) [253]. In the absence of ligands, the DNAzyme is partially blocked

and inactive. The binding of the ligand (AMP or lysozyme) to its aptamer leads to the de-

tachment of the aptamer region from the blocking strand, resulting in the thermal melting

of the duplexed DNAzyme. The free DNAzyme quickly forms the active G-quadruplex

structure with a hemin-docking site, which serves as a cofactor in catalysing the oxidation

of ABTS− to the coloured ABTS− by H2O2.

The applications of catalytic nucleic acids in dynamic oligonucleotide-based systems

have mostly focused on oligonucleotide-cleaving DNAzymes and ribozymes. They have

been used to power the mechanic motions of DNA devices ( Figure 1.19b), such as the

open-close motors and burnt-bridges-type walkers discussed above [254]. They can be
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used for amplified biosensing under non-PCR conditions [255–258]. Figure 1.19c illustrates

a designed target-assisted self-cleavage (TASC) probe, consisting of a target-binding site

(red), a DNAzyme (blue), and a substrate oligo with a linker (black) [259]. The probe un-

dergoes TASC when activated via hybridisation with a target strand, separating a FRET

pair positioned on either side of the cleavage site. Unlike molecular beacons that produce

a stoichiometric signal from the target, this system employs the target strand as a catalyst

for the probe’s cleavage, allowing it to be reused after the cleaved products dissociate.

They can also be used to construct logic gates for molecular computing [260–262]. Fig-

ure 1.19d shows an Or and an And gates using an RNA-cleaving DNAzyme and TMSD

[263].

Figure 1.19: Applications of catalytic nucleic acids. (a) An AMP/lysozyme-dependent
aptazyme that produces colorimetric or chemiluminescence readout signals. Image and
caption adapted from ref. [253] (b) DNAzyme (green)-based open-close motor and walker.
Image and caption adapted from ref. [254]. (c) DNAzyme for amplified target oligonuc-
leotide sensing. Image and caption adapted from ref. [255]. (d)DNAzyme-based logic
gates. Image and caption adapted from ref. [263].

The turnover rates of such systems are generally slow because they rely on the hybrid-

isation and dehybridisation of oligonucleotide strands. For example, the target-assisted

self-cleavage probe, which theoretically produces amplified signals through catalytic turnover,
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exhibited only four turnovers within 90 minutes, even with a 10-fold excess of the probe

[255]. For catalytic nucleic acids using small-molecule substrates, the predominant applic-

ation has been as the catalytic component of biosensors, such as the apazyme shown in

Figure 1.19a [253, 264].

Most of the research on small-molecule ribozymes has focused on reactions of meta-

bolic relevance, supporting the RNA world theory [224]. This widely accepted theory of

the origin of life suggests that an RNA-based metabolism may have existed before the

DNA-RNA-protein system seen in modern biology [265, 266].

1.5 Creating functional nucleic acids by selection and en-

gineering

In 1990, three groups independently reported on the technique of in vitro selection to de-

velop nucleic acids with novel functions. The Szostak lab coined the word "aptamer"

(from Latin "aptus" and Greek "meros”, which means "to fit" and “region", respect-

ively) to refer to nucleic acids that specifically bind to targets [134]. They selected RNA

aptamers against several organic dyes by in vitro selection. The Gold lab coined the word

SELEX (Systematic Evolution of Ligands by Exponential Enrichment) and selected RNA

aptamers against T4 DNA polymerase [135]. In the same year, the Joyce lab reported a ri-

bozyme that cleaves ssDNA [136]. These three papers marked the beginning of the field of

artificial functional nucleic acids. Today, in vitro selection or SELEX remains the most

common method to produce new functional nucleic acids.

Figure 1.20 illustrates the general procedure for in vitro selection. The process begins

with a pool of chemically synthesised DNA molecules, each containing a T7 promoter for

transcription, two constant regions as primer binding sites for amplification, and a random

region in the middle. The initial RNA library is usually biologically synthesised from the

DNA library by in vitro transcription. Lorsch and Szostak performed experiments to es-

timate the likelihood of finding a functional RNA within a random pool. They found that

around 1 in 1013 RNA could catalyse phosphoryl transfer reactions, and about 1 in 1010

RNA could bind specifically to a particular organic dye [267]. Typically, the starting lib-
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rary has about 1015 different species. The molecules in the library are then partitioned

according to whether they exhibit the desired property. The concentration of function-

ally active molecules increases by 100- to 1000-fold after each cycle of selection and

partitioning due to nonspecific selection [268]. The selected species are then reverse tran-

scribed and amplified using polymerase chain reaction (PCR) to yield a practical amount

of material. These PCR products are then transcribed back to RNA for the next round

of selection. This selection cycle is typically repeated 5-15 times until a pool predom-

inantly containing species with the desired functions is generated. The selection process

can be monitored either by assessing the bulk activity of each sub-library or by assessing

enrichment through the complexity of each sub-library [269].

Figure 1.20: Illustration of a typical in vitro selection process for functional RNA mo-
lecules. For DNA-based selections, the transcription and reverse transcription steps are
omitted, and an additional step for generating ssDNA is included after PCR.

1.5.1 In vitro selection of aptamers

Aptamers are typically selected by affinity chromatography. As the library flows through

the affinity column with covalently immobilised ligands, species that bind to the ligand

are retained in the column, while the flowthrough containing non-binding species is dis-

carded. The bound sequences are then eluted using buffers with high concentrations of

ligands. Figure 1.21a illustrates the selection process of an aptamer that recognises the

α and γ phosphate groups of ATP [270]. Phosphate discrimination is achieved by incor-

porating a negative selection step. In this step, a column with immobilised AMP is used

to remove species that bind to the adenosine moiety. Without a negative selection step,
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all previously evolved ATP aptamers have been found to recognise the adenosine moiety.

The authors suggested that this is because aptamers that recognise the adenosine moiety

tend to have simpler secondary structures and are therefore more abundant in random

sequence pools.

(a) (b)

Figure 1.21: Illustrations of the SELEX procedure for aptamers. (a) Selection process of
an aptamer that recognises the triphosphate moiety of ATP. Image adapted from ref. [270].
(b) Selection process of structure-switching aptamers. Image adapted from ref. [271].

Aptamers that undergo significant structural changes upon binding to ligands can be

generated through "capture-SELEX", a method in which the ligands are typically not

immobilised [271–273]. As illustrated in Figure 1.21b [271], the library design consists

of a docking site (red) flanked by two random regions (green) and two primer binding

sites (black). The docking site is complementary to a biotinylated strand, which can be

captured using avidin-coated magnetic beads. When the target molecule is present, the

allosteric binders detach from the capture strand, allowing separation from the inactive

ones using a magnet. However, this selection strategy inevitably favours mutated docking

sites that occurred during PCR amplification, as they tend to detach more easily from the

capture strand [271].

Many aptamers that were selected without specific emphasis on allostery have also

demonstrated the ability to undergo structural switching upon binding to their target,

producing signals such as FRET, fluorescence, and colorimetry [184, 274, 275]. In fact,

most switching aptamers were created through post-selection engineering [276, 277]. Fig-

ure 1.22a [184] illustrates two common engineering strategies for creating a ligand-specific
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biosensor. One strategy involves splitting the aptamer into two oligos that reassemble only

in the presence of the ligand. The other strategy involves making the aptamer partially

duplex with a complementary strand, which dehybridises from the aptamer upon the ad-

dition of the ligand. Two examples of engineering an ATP aptamer based on these two

several other aptamers that are commonly engineered to be biosensors are shown in the

lower panel of Figure 1.22b.

(a) (b)

Figure 1.22: Engineering aptamers to create biosensors (a) Common strategies for en-
gineering aptamers. Images adapted from ref. [184]. (b) Upper panel: Two examples of
using an ATP aptamer engineered as biosensors; lower panel: Secondary structures of
several other aptamers commonly engineered to be biosensors. Images adapted from ref.
[184, 278, 279].

1.5.2 In vitro selection of catalytic nucleic acids

Catalytic nucleic acids are considered more complex than aptamers, because while both

can bind to targets, catalytic nucleic acids also facilitate catalysis [140]. For catalytic

nucleic acids that have nucleic acids as substrates, both the binding and selection steps

are straightforward: recognition is achieved through base pairing, and separation can be

accomplished by PAGE purification or attachment to beads modified with sequence tags.

Figure 1.23a illustrates the selection and separation steps involved in selecting the first

RNA ligase ribozymes [280]. One of the nucleic acid substrates is covalently attached to

the 220-nt random library oligonucleotide, while the other substrate has a tag and a primer
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binding site. Active species ligate the substrate with a tag, and then they can be captured

using modified agarose beads by hybridisation.

For small-molecule substrates, one way to produce catalytic nucleic acids is to se-

lect aptamers that bind to a transition state analogue of a reaction and then screen these

aptamers for catalytic activity [219]. However, this approach for catalytic nucleic acids has

been less successful compared to catalytic antibodies and is constrained by the availability

of transition state analogues [281]. Another common method involves attaching the sub-

strate molecule to the library via a linker [282], as illustrated in Figure 1.23a. Catalytically

active species modify themselves and can then be isolated through various chemistries,

depending on the desired reaction.

(a) (b)

Figure 1.23: Methods to identify catalytically active nucleic acids. (a) Separation of
active ribozymes from oligonucleotide substrates through hybridisation. For a detailed
explanation of the procedure, refer to the text. Image adapted from ref. [280]. (b) Two
methods for selecting catalytic nucleic acids for small-molecule substrates: (left) selection
of aptamers that bind to a transition state analogue of the reaction; (right) tethering the
substrate to the library and fishing out the species tethered with the product. Images
adapted from ref. [281].

Due to the lack of selection pressure for substrate binding and product release, ri-

bozymes and DNAzymes evolved using tethered substrates typically exhibit limited or no

turnover abilities [281]. Griffiths and Tawfik developed a method called in vitro compart-

mentalisation (IVC) that enables selection for all enzymatic properties: substrate binding,

catalysis, and turnover [283]. Originally developed to generate "artificial cells" for se-
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lecting protein enzymes, this method creates small reaction compartments for individual

genes using a water-in-oil (w/o) emulsion with aqueous droplets. Each droplet contains

the components necessary for transcription, translation, and fewer than one gene with

tethered substrates. After the reaction, the genes encoding the active species, now tethered

with products, are isolated and amplified for further rounds of selection [241]. This method

has been used to select catalytic nucleic acids, resulting in the production of several ri-

bozymes [33-36]. A schematic diagram for the selection of multiple-turnover (kcat ≈ 0.3/s)

Diels–Alderase ribozymes using IVC is illustrated in Figure 1.24a [231]. First, attach

one of the substrates to a DNA library (1). Then, create a water-in-oil emulsion to com-

partmentalise DNA molecules in aqueous droplets with components for transcription (2).

After the RNA library is generated in each droplet through in vitro transcription (3), add

the other substrate labelled with biotin to the emulsion (4) and allow it to diffuse into the

compartments (5). Finally, break the emulsion (6) and recover the active ribozymes by

fishing out their corresponding DNA molecules with the biotin tag (7).

However, a major disadvantage of IVC is the restriction on the number of species

in the starting pool, limited to 108 to 1011, since there are approximately 1010 aqueous

droplets per ml of emulsion [241]. In addition, both the transcription and the catalysed

reactions occur in the same environment, which may not always be compatible. Creating

water-in-oil emulsions with uniform compartmentalisation and maintaining stable emul-

sions throughout the selection process can be technically challenging. There is also a risk

of cross-contamination between compartments, especially during emulsion formation and

breaking.
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(a)

(b)

Figure 1.24: Creating multiple-turnover catalytic nucleic acids. (a) Schematic diagram
of the selection procedure of multiple-turnover Diels–Alderase ribozymes by using IVC.
For a detailed explanation of its operation, refer to the text. Image and caption adapted
from ref. [231]. (b) Left: Secondary structure showing the interaction between 10DM24
and the oligonucleotide substrates P1-P2 and P3. Right: Engineering a GTP binding site
into 10DM24. Image and caption adapted from ref. [284].

Hobartner and Silverman reported a multiple-turnover DNAzyme by engineering a

small-molecule substrate binding site into a previously selected single-turnover DNAzyme

10DM24 [284]. The original 10DM24 DNAzyme catalyzes the nucleophilic attack of an

internal 2′-hydroxy group of an RNA oligonucleotide (P1-P2) at the 5′-triphosphate of an-

other RNA (P3), resulting in the production of 2′, 5′-branched RNA [285]. As illustrated in

Figure 1.24b, 10DM24 binds to the two substrates through base pairing. Like most other

catalytic nucleic acids that act on oligonucleotide substrates, 10DM24 exhibits single-

turnover ligation activity due to product inhibition [286]. To reduce product inhibition, the

authors engineered the substrate by removing the terminal GTP from P3 and using free

GTP as the substrate. Despite the low turnover rate caused by extensive Watson–Crick
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interactions between P1-P2 and 10DM24, the authors observed five turnovers over five

hours of incubation with excess GTP and the other oligonucleotide substrate P1-P2 [284].

1.5.3 Modular nucleic acid catalysts

Inspired by the fact that many natural protein enzymes have discrete substrate recognition

and catalyst domains [287], Dokukin and Silverman [288] explored a modular approach to

evolve new catalytic nucleic acids for small-molecule substrates. As illustrated in Fig-

ure 1.25a, they integrated a predetermined ATP aptamer module adjacent to a random

region to identify new DNAzymes for tyrosine side chain phosphorylation of a CAAYAA

hexapeptide substrate tethered to the anchor DNA, using ATP as a phosphoryl donor

through in vitro selection. Active species are then captured using 8VP1 [289], a DNAzyme

that catalyses covalent attachment of an RNA tag (capture oligo) to a phosphotyrosine.

After 14 rounds of selection, they identified an active sequence named 14JS101 from the

library containing 40 random nucleotides. To determine whether the ATP aptamer con-

tributed to the activity, they conducted a mutational analysis. The results indicated that

14JS101 is indeed a modular tyrosine kinase DNAzyme, where the ATP aptamer domain

binds ATP and the domain evolved from the initially random region is responsible for

catalysis.

The Willner group introduced a concept of the construction of modular nucleic acid-

based catalysts for small-molecule substrates using existing components [290]. This concept,

termed "nucleoapzyme", involves the conjugation of an aptamer to a catalytic centre,

which could be a ribozyme, a DNAzyme, or a metal-ligand complex with correspond-

ing catalytic activity. The idea is that the aptamer domain brings the substrate in close

proximity to the catalytic centre, increasing the local concentration of the substrate and

thereby enhancing the catalytic activity [291]. Hemin/G-quadruplex (hGQ) is a DNAzyme

that catalyses H2O2-stimulated oxidation of dopamine to aminochrome [292]. Golub and

coworkers constructed a series of hGQ and dopamine aptamer conjugates with differ-

ent configurations ( Figure 1.25b, upper panel). They found that linking the dopamine

aptamer to the 3′ end of hGQ through a TATA spacer led to a 20-fold increase in activity

compared to the separated hGQ and aptamer domains [290]. Similarly, Biniuri and col-
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leagues developed ATPase-mimicking nucleoapzymes by linking an ATP aptamer with

a bis-Zn2+-pyridyl-salen-type catalyst ( Figure 1.25b, lower panel) [293]. While the indi-

vidual ATP aptamer and bis-Zn2+-pyridyl-salen-type catalyst were not catalytically act-

ive, all conjugates demonstrated catalytic activity. The configuration with the complex

attached to the 3′ end of the aptamer via a TT linker achieved a kcat of 6.88min−1.

(a) (b)

Figure 1.25: (a) Design of the in vitro selection process for modular tyrosine kinase
DNAzyme. For a detailed explanation of the procedure, refer to the text. Image and
caption adapted from ref. [288]. (b) Upper panel: schematic representation of a nucle-
oapzyme consisting of a dopamine aptamer and hemin/G-quadruplex for H2O2-stimulated
oxidation of dopamine to aminochrome. Lower panel: schematic representation of a nuc-
leoapzyme consisting of an ATP aptamer and a bis-Zn2+-pyridyl-salen-type catalyst for
the hydrolysis of ATP to ADP. Images and captions adapted from ref. [294].
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Chapter 2

A proposed optimised mechanism for

autonomous molecular machines made

from nucleic acids

Despite being chemically less diverse, nucleic acids are biomolecules comparable to func-

tional proteins found in nature when it comes to ligand binding and chemical catalysis.

Additionally, nucleic acids offer several advantages, including better stability, ease of pro-

duction, programmability and modularity. In vitro evolution and engineering techniques

enable the development of new functional species with virtually any desired function.

Furthermore, with negatively charged sugar-phosphate backbones and aromatic bases,

nucleic acids can easily be adsorbed onto various materials, such as gold nanoparticles

and graphene oxide, through interactions such as aromatic stacking and hydrogen bond-

ing, which allows operations on surfaces and at interfaces [295]. These properties make

nucleic acids a promising material for creating artificial molecular machines that mimic

the mechanocatalysis cycles found in protein molecular machines.

This mechanism has been realised in a DNA walker by coupling its mechanical cycle

with the catalysed hybridisation reaction of hairpin fuels [10]. However, the inherently

slow hybridisation and dehybridisation of oligonucleotides make it rather primitive com-

pared to the highly efficient protein motors. The various functions of nucleic acids depend

on complex multistep conformational changes in response to external signals. Compared

to oligonucleotides, small molecules can trigger more rapid responses. As shown in the
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summarised time chart of RNA in Figure 2.1 [296], the small-molecule ligand binding,

catalysis, and allosteric processes are all within a timescale of 10−7 to 1 s. This makes it

possible for a cycle of allosteric binding of small-molecule fuel, catalysis of its chemical

reaction, and release of the waste product in seconds.

Figure 2.1: Time-chart of dynamic processes in RNA and corresponding biophysical char-
acterisation techniques. Timescales for ligand binding, catalysis and allosterics are high-
lited. Image and caption adapted from ref. [296].

2.1 An optimised mechanism

Using the autonomous two-footed walker depicted in Figure 1.9a [10] as a model system,

we proposed an optimised mechanism by integrating a mechanocatalyst oligonucleotide

as the "feet", where their mechanical states are directly coupled to the chemical catalysis

of the small-molecule substrate ( Figure 2.2a). We chose nucleoside triphosphates (NTPs)

as the substrate, given their prevalence in biological systems and extensive research into

functional nucleic acids that interact with them [297–302]. Instead of TMSD, in this system,

foot lifting and freeing are driven by allosteric binding of the oligonucleotide to NTP (state

0 to state 1), followed by product (NMP) release after catalysed hydrolysis (state 1 to state

55



2).

The free energy profiles for the Curtin-Hammett-like step in each coordinated chem-

omechanical cycle are shown in Figure 2.2b. In state 0, the two feet, A and B, are bound

to positions m− 1 and m, respectively, through hybridisation. The competition between

the two feet for binding to the overlapping hybridisation site on the track favours the right

foot (B), revealing the substrate binding site on the left foot (A). This leads to a higher

ground-state energy for A in the substrate binding step (from state 0 to state 1), resulting

in a lower activation energy for the formation of an oligo-NTP complex (A’). Upon NTP

binding, the catalytic site in the oligo is activated and brought closer to the bound NTP,

catalysing its hydrolysis (state 1). The product is subsequently released (state 2) because

the affinity of the NMP to the oligo is significantly lowered. The newly freed foot L can

rebind to the track (state 0), which can either idle by rebinding to m-1 (A1) or take a

forward step to bind to m+1 (A3). In this system, NTP hydrolysis is coupled to the mech-

anical cycle of the walker, and the feet are used as the catalyst. The competition between

the feet and the overlapping binding site on the track is responsible for the directionality.

Compared to the original system, the foot-lifting step remains the only determinant of

directionality. However, the slow branch migration reactions involved in foot-lifting and

product release are replaced by more rapid small-molecule binding and product release.
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(a)

(b)

Figure 2.2: (a) Design of the proposed small molecule-driven oligonucleotde walker. For
a detailed explanation of its operation, refer to the text. Image adapted from ref. [10]. (b)
The coordinated chemomechanical cycle and free energy profiles of Curtin-Hammett-like
step in each cycle, with green arrows indicating the preferred reaction pathway. For a
detailed explanation of its operation, refer to the text.

One may wonder why the free foot would rebind to the track rather than capture an-

other NTP and oscillate between state 1 and state 2 ( Figure 2.3a). In reality, the preference

can be biased by the engineering and design of the sequence. Wilson and colleagues [303]

studied the thermodynamic and kinetic behaviour of a common class of aptamer switches

designed using an intramolecular strand-displacement strategy. The aptamer switch they

investigated was a DNA aptamer for ATP, tethered via a flexible poly-T linker and a short

displacement strand (DS) that closed the loop through hybridisation ( Figure 2.3b). The

authors showed that, by adjusting the length of the DS and the linker between the aptamer

and the DS, the thermodynamic and kinetic properties of the aptamer switch can be inde-

pendently and systematically tuned over a broad range. They showed that an increase in
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loop length Lloop led to a higher effective concentration, which could increase the on-rate

of the displacement strand kDS
on , while the off-rate kDS

off was negligibly affected. Similarly,

foot A ( Figure 2.3a) and the track form a hairpin-shaped structure, and the rate of rebind-

ing to the track kT
on is also tunable through the design of the loop length and also the length

of the single-stranded linker in grey, without impacting the off rate kT
off. Furthermore, the

free energy differences between the two feet in state 0 and the ATP-bound state in state

1 can be adjusted by changing the lengths of the overlapping binding site and the total

binding length for each foot on the track.

Figure 2.3: (a) Kinetic scheme depicting possible reaction pathways of the free foot.
Image adapted from ref. [10]. (b) Design of an intramolecular strand-displacement ATP
switch with independent control of its thermodynamic and kinetic properties. Image and
caption adapted from ref.[303].

2.2 Two strategies to create the mechanocatalyst

Catalytic nucleic acids for small molecules typically exhibit more structurally complex

conformations compared to aptamers, as they must not only bind to the substrate but also

catalyse its chemical reaction [140]. While the induced-fit ligand binding model is wide-

spread in aptamers, ribozymes and DNAzymes often have preformed active conforma-

tions or only undergo localised structural changes [187, 304–306]. The successful selection

of the tyrosine kinase DNAzyme [288], which has discrete aptamer and catalyst domains,
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and various nucleoapzymes [290] developed by the Willner group, demonstrated that ex-

plicitly modular catalytic nucleic acids are possible.

Nutiu and Li [307] reported a hybrid DNA–enzyme nanoengine system that operates

under a mechanism that also involves allosteric ligand-aptamer interactions and catalysis.

Their nanoengine ( Figure 2.4c) consists of an ATP aptamer and an antisense DNA strand

as the output. They are modified with a FRET pair and are in hybridised duplex form at

first. The addition of the input adenosine molecules triggers rapid structural changes of

the aptamer strand, producing a free output and an aptamer-input complex. To recycle the

aptamer and allow cyclic operations, they used adenosine deaminase, which converts free

adenosines in the environment into inosines not bound by the aptamer, thus accelerating

the dissociation of the aptamer-adenosine complexes. Each cycle takes about 15 minutes.

This system is fundamentally different from the desired mechanism, as the catalysis is

performed by an external protein enzyme.

Figure 2.4: (a) The 2D structure of the classic adenosine-binding DNA aptamer with the
two bound adenines in red. The recognised moiety of the ATP molecule is highlighted
in red. Image adapted from ref. [308]. (b) The 2D structure of the RNA aptamer that
recognises the triphosphate moiety of ATP. The coloured nucleotides indicate conserved
sites among the selected clones from the final round of selection. The recognised moiety
of the ATP molecule is highlighted in red. Image adapted from ref. [270] (c) A hybrid
DNA–enzyme nanoengine. For a detailed explanation of its operation, refer to the text.
Image and caption adapted from ref. [307]. (d) The modular construction of a fluorescent
sensor that discriminates between ATP and ADP. Image and caption adapted from ref.
[309].
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The aptamer used in the nanoengine is a 27-nt DNA aptamer (DH25.42) ( Figure 2.4a)

that recognises ATP and its adenosine derivatives [310]. Since its development in the Szos-

tak laboratory in 1995, it has become one of the most studied aptamers and has been

extensively used as a structural-switching element in DNA nanotechnology [308, 311–313].

One way to avoid using a protein enzyme is to incorporate an adenosine deaminase-

mimicking catalytic module. However, to the best of my knowledge, such a ribozyme

or DNAzyme has not yet been reported in the literature. Moreover, designing a selection

strategy for nucleobase-modifying ribozymes or DNAzymes is quite a challenge.

In 2003, the Szostak lab reported another ATP aptamer (1-1min), this time composed

of RNA, which demonstrates strong and specific binding to the triphosphate moiety of

ATP [270]. Its affinity for ATP was measured to be 64-fold higher than for ADP and 1100-

fold higher than that of AMP. Compared with the adenosine aptamer, this one has received

fluorescent ribonucleopeptide sensor reported by Nakano and co-workers ( Figure 2.4d)

[309]. They developed a universal rational modular design of ribonucleopeptide (RNP)

sensors by fusing a fluorophore-modified Rev-binding RNA sequence (RRE) to the RNA

aptamer of interest. Upon ligand binding, the global structural change in the aptamer mod-

ule is transduced into changes in fluorescence intensity. By replacing the non-consensus

stem-loop regions (SL1 and SL2) in the ATP aptamer with the RRE RNA, they were able

to detect differentiable fluorescence intensity changes in response to ATP and ADP.

We devised two strategies for creating the desired mechanocatalyst. The first ap-

proach involved enhancing Willner’s ATPase-mimicking nucleoapzyme ( Figure 1.25b,

lower panel) [293] by substituting the adenosine-binding aptamer with the triphosphate-

binding one. A turnover rate of 6.88 min−1 was reported using the adenosine aptamer.

However, the ligand-bound and unbound states of this aptamer are independent of the

chemical catalysis because its affinities for ATP and ADP are nearly identical. By incor-

porating the triphosphate-binding aptamer, our aim was not only to improve the turnover

rate, but also to establish a coupling between the mechanical state of the aptamer and

the chemical catalysis ( Figure 2.5a). The second approach involved in vitro selection.

We constructed a partially scaffolded library that incorporates the triphosphate-binding
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aptamer and selected species that facilitate the conversion of NTP to NMP. We hypothes-

ised that the aptamer would serve as the allosteric binding site, bringing a catalytic site

into close proximity with the NTP. Following catalysis, the product would be released due

to a significantly reduced affinity ( Figure 2.5b).

(a)

(b)

Figure 2.5: Simplified chemomechanical cycles of the two strategies. The competition for
a common binding site on the track (not shown) always exposes a single-stranded region
on the trailing foot (state 0), which facilitates foot-lifting by the fuel (NTP). Allosteric
binding positions either a catalyst or the catalytic site on the foot near the NTP (state 1).
Following the conversion of NTP to NMP, the NMP is released (state 2), allowing the free
foot to rebind to the track. (a) Operational scheme of a mechanocatalyst comprising an
aptamer and a tethered catalyst. (b) Operational scheme of a mechanocatalyst featuring
an integrated aptamer and a catalytic oligonucleotide region.
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Chapter 3

Tethered catalyst approach

3.1 Introduction

The use of prosthetic molecular catalysts offers an attractive solution because it bypasses

the complexities and limitations of in vitro selection. The Willner group constructed a

nucleoapzyme, consisting of an ATP aptamer linked to a bis-Zn2+-pyridyl-salen complex

that catalyses ATP hydrolysis with a turnover rate of 6.88 min−1 [293]. Although this

is much slower than the rate for natural ATPases like F1-ATPase (9720 min−1) [314], is

considerably higher than the fastest reported synthetic ATPase activity, which was only

0.032 min−1 [315]. In this system (Figure 3.1), the carboxylic-acid-functionalised catalyst

is covalently attached to an amino-modified ATP aptamer. Upon binding to ATP, the

aptamer captures the substrate and positions it within 18Å of the catalytic site, allowing

the reaction to occur. Neither component is catalytically active on its own.

However, the ligand-bound and unbound states of the aptamer are independent of

the chemical catalysis because its affinities for ATP and ADP are nearly identical. We

hypothesised that replacing the adenosine-binding aptamer with a triphosphate-binding

aptamer may establish a coupling between the mechanical state of the aptamer and the

chemical catalysis and could also improve the turnover rate. Since the catalytic complex

was not commercially available, it was necessary to synthesise it.

Organic syntheses were performed under the supervision of Dr Rana Abdul Razzak,

who also helped greatly in experimental design and NMR data analysis.
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Figure 3.1: Left: Schematic of a nucleoapzyme with bis-Zn2+-pyridyl-salen-
functionalised ATP aptamer catalysing ATP hydrolysis to ADP. Right: Molecular dy-
namics simulation of the ATP/nucleoapzyme complex, with the catalyst (green) linked to
the aptamer’s 3’-end (ATP ligand in yellow). Arrows indicate the shortest distances (18Å)
between the catalytic and ATP-binding sites. Images and captions adapted from ref. [293].

The synthesis of the Pyridyl-Salen-Type ligand was successfully reproduced. How-

ever, synthesis attempts of the Zn(II) complex yielded inconsistent results. During the

initial attempt, we observed a subtle shift in the 1H NMR resonances, accompanied by

line broadening, which is characteristic of Zn-complexes, as reported in the literature.

In the second attempt, the shift in the 1H resonances was even smaller, with reduced

line broadening. After leaving the sample in DMSO-d6 for 24 hours and subsequently

acquiring a 1H NMR spectrum, new peaks began to emerge, potentially indicating hydro-

lysis. This raised uncertainty as to whether the Zn-complex was formed or whether it was

formed but remained unstable.

In this chapter, I will present the experimental details and data obtained from these

attempts. However, due to COVID-19 restrictions and limited access to laboratory space,

along with the reduced availability of the supervising postdoctoral researcher, further in-

vestigation into this project was discontinued and I then redirected my efforts towards the

in vitro selection approach.

3.2 Materials and Methods

All reagents and solvents were obtained from Sigma-Aldrich and used without further

purification unless otherwise stated. All reactions were performed under a nitrogen at-

mosphere using standard Schlenk techniques. Methanol was dried over calcium hydride

followed by distillation under nitrogen. Acetonitrile and dichloromethane were purified

by passing them through two columns of alumina, the MBRAUN SPS-800 purification
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system.

A two-step synthesis procedure was developed (Figure 3.2) based on methods from

the literature [316–318]. The first step involved the synthesis of the 3,5-bis((pyridin-2-

ylmethylene)amino)benzoic acid ligand. Given the water sensitivity of the imine product,

the process was conducted under strictly anhydrous conditions. In the second step, tri-

phenylphosphine (PPh3) was used to form the precursor complex [Zn(PPh3)2Cl2]. This

complexation facilitates the solubilisation of ZnCl2 in the organic solvent and stabilises

the transition state during the ligand exchange process, thereby enhancing the efficiency

of the desired formation of the zinc-ligand complex.

Figure 3.2: Two-step synthesis process of the bis-Zn2+-pyridyl-salen-type complex. Step
1: Synthesis of the ligand 3,5-bis((pyridin-2-ylmethylene)amino)benzoic acid via the con-
densation of 3,5-diaminobenzoic acid with 2 equivalents of pyridine-2-carbaldehyde un-
der anhydrous conditions. Step 2: Formation of the bis-Zn2+-pyridyl-salen-type complex

Synthesis of the ligand 3,5-bis((pyridin-2 ylmethylene)amino)benzoic

acid

A three-neck round-bottom flask (100 mL) fitted with a reflux condenser was charged

with 0.50 g of freshly ground 3,5-diaminobenzoic acid (98%, powder with small lumps).

64

through the precursor complex [Zn(PPh3)2Cl2].



Dry methanol (40.00 mL) was added by syringe, followed by the dropwise addition of

0.77 g of 2-pyridinecarboxaldehyde (99%, liquid) at room temperature. Upon complete

addition of 2-pyridinecarboxaldehyde, the suspension became a clear amber-colored solu-

tion, and an off-white precipitate began to form. The reaction mixture was stirred at reflux

temperature (65◦C) for four hours, then allowed to cool to room temperature. The precip-

itate was filtered under nitrogen using a custom filter cannula made from filter paper and

a syringe needle, washed with dry MeOH (3 × 20 mL) and dried under vacuum to obtain

the product as an off-white powder (0.85 g, 83.3%). The solid product was stored in a

glovebox.

Synthesis of the Bis-Zn2+-Pyridyl-Salen-Type Complex

A round-bottom flask (50 mL) was charged with anhydrous ZnCl2 (1 equiv., 1.69 mmol,

0.23 g; ≥97%, anhydrous) and triphenylphosphine (PPh3; 2.2 equiv., 3.73 mmol, 0.97

g; ≥99.0%, solid). Dry acetonitrile (12.00 mL) was added by a syringe, after which the

suspension was heated at 60◦C for 20 minutes. After allowing the reaction mixture to

cool to room temperature, a suspension of the ligand (0.5 equiv., 0.85 mmol, 0.23 g)

in dry DCM (12.00 mL; obtained from the MBraun SPS800 solvent drying system at

the Department of Chemistry, University of Oxford) was added in a single portion. The

reaction mixture suddenly turned into a bright yellow solution, after which a pale yellow

precipitate started to form. The resulting reaction mixture was stirred overnight, then

filtered using an in-house made filter cannula, washed with DCM (3× 20 mL) followed

by methanol (3× 20 mL), and dried under high vacuum to obtain a pale yellow powder

(quant. 0.54 g).

3.3 Synthesis outcomes and discussion

Synthesis outcomes and discussion of the ligand

The synthesised product was dissolved in anhydrous DMSO-d6, and 1H NMR spectra

were recorded within 15 minutes of solution preparation (Figure 3.3). The 1H NMR

spectrum (400 MHz, DMSO-d6) displayed the following chemical shifts: δ 13.25 (s,
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1H, H8), 8.76 (ddd, J = 4.89,1.74,0.97 Hz, 2H, H4), 8.73 (s, 2H, H5), 8.20 (ddd, J =

8.01,1.17 Hz, 2H, H1), 7.99 (ddd, J = 7.83,7.76,1.79 Hz, 2H), 7.74 (d, J = 1.97 Hz,

2H, H6), 7.61–7.52 (m, 3H). The reaction was repeated three times with slight variations

in the experimental conditions, including adjustments to the ratio of 3,5-diaminobenzoic

acid to 2-pyridinecarbo-xaldehyde and the volume of MeOH, with the aim of maximising

the yield of the diimine ligand while minimising the formation of the monoimine ligand.

Trial 2 produced the highest purity (83.3%) and the reaction conditions are recorded in

the Materials and Methods section.

Figure 3.3: 1H NMR spectra of the ligand 3,5-bis((pyridin-2-ylmethylene)amino)benzoic
acid.

Synthesis outcomes and discussion of the complex

The 1H NMR spectra of the product, after washing with DCM and MeOH, were recorded

separately in anhydrous DMSO-d6. As highlighted in Figure 3.4, the observed NMR

shifts for the highlighted protons are subtle. The 1H NMR spectrum was compared with

those of several Zn(II) complexes reported in the literature [318, 319] to see whether these

shifts are typical. The chemical shifts were in agreement with the values in the literature.

The spectrum profile changed after washing with MeOH. It is not clear whether washing

with MeOH is detrimental to the integrity of the structure of the complex.

The 1H NMR spectrum exhibits line broadening, a phenomenon that has been pre-
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viously observed in Zn(II) complexes (ZnL) reported in the literature [320]. This line

broadening in ZnL is suggested to result from aggregation which was shown to be ligand

dependent.[321] Salen ligands, which feature a di-imine bridge, constrain the metal centre

in a planar geometry. Consequently, ZnL are coordinatively unsaturated and tend to ag-

gregate. In contrast, ZnL complexes with bidentate Schiff base ligands adopt a tetrahedral

geometry around the metal centre, making them more likely to remain as discrete units

rather than forming aggregates.

Figure 3.4: Stacked 1H NMR spectra of the ligand and Zn(II) complex following DCM
and MeOH washes.

The reaction was repeated under the same conditions. However, the resulting product

exhibited a different 1H NMR spectral profile (Figure 3.5). The product was then left

in anhydrous DMSO-d6 for one day in a desiccator, after which the NMR data revealed

significant changes. The emergence of characteristic peaks of the monoimine ligand in-

dicated a tendency towards hydrolysis of the Zn(II) complex. This raises concerns about

the stability of the Zn(II) complex in solution because the subsequent attachment reaction

to the oligonucleotides is performed in solution. Due to COVID-related restrictions on

laboratory access and collaboration, no further work on this synthesis was performed.
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Figure 3.5: 1H NMR spectra illustrating the variability in profiles observed in reactions
involving the Zn(II) complex.
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Chapter 4

In vitro selection approach

The in vitro selection process began with a partially scaffolded library based on the

triphosphate-binding aptamer, with the objective of selecting a catalyst that facilitates

the conversion of GTP to GMP. Our hypothesis was that the aptamer would act as an

allosteric binding site, positioning a catalytic site in close proximity to the GTP. Upon

catalysis, the product would be released because of its significantly reduced binding af-

finity. For simplicity in both library construction and the selection process, we designed

the selection to target a single-turnover catalyst acting on its own 5′ GTP. There was the

possibility that the catalyst selected under single-turnover conditions could also perform

multiple-turnover catalysis, particularly if the substrate’s recognition site overlapped with

the reaction site. Even if multiple-turnover activities were not observed initially, trunca-

tion and sequence engineering could potentially enable such an activity.

In this chapter, I will present the library design and selection methodology, the meth-

ods used for monitoring selection progression, the small-scale Sanger sequencing con-

ducted on the final sub-library, and the analysis of high-throughput sequencing data from

the sub-libraries of the last four rounds of selection.

The design of the in vitro selection experiments benefited greatly from the advice of

Dr. Phil Holliger, who suggested attaching the GTP substrate to the library and selecting

the active variants by ligation. The high-throughput sequencing was performed in his lab

during my secondment at the MRC Laboratory of Molecular Biology in Cambridge. Dr.

Edoardo Gianni and Samantha Kwok provided the sequencing primers and the protocol

for library preparation and sequencing.
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4.1 Experimental design

4.1.1 Library design

The library was designed based on the 1-1min aptamer [270], which has been shown to

exhibit strong and specific interactions with the triphosphate group of ATP. As illustrated

in Figure 4.1, the nonconserved UACG nucleotides in one of the aptamer’s loops were

replaced with a 20-nt random region. Another 20-nt random region was added to the 3′

end of the aptamer. The entire construct was flanked by 20-nt primer binding sites at both

ends, using established sequences from the literature [192, 322].

Figure 4.1: Left: Secondary structure of the 1-1min aptamer with conserved nucleotides
highlighted in colour. Image and caption adapted from ref. [270]. Right: Library construc-
tion with the two inserted random regions in green and the primer binding sites in orange.

There have been some investigations and discussions on the influence of the length

of the random region on the success of selection [323–326]. A library comprising approx-

imately 1015 different species is generally considered both practical and sufficient for

successful in vitro selection in a test tube [327, 328]. Such a library can cover the sequence

space of a random region of around 25 nt (425 ≈ 1.12× 1015). When the length of the

random region increases to 50 nt, the theoretical sequence space expands by 1015, re-

quiring around 6× 105 kg of oligonucleotides to cover it [326]. Although shorter regions

can sample the sequence space more thoroughly, longer regions can allow the formation

of more complex structures and increase the likelihood of selecting small active motifs

[329]. However, the risks of misfolding and masking of active motifs also increase with in-

creased length, while the replication efficiency decreases [323]. Short and long random re-
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gions present distinct advantages and disadvantages, and successful selections have been

reported from libraries with random regions ranging from 12 to over 200 nt [280, 330–332].

The two independent 20-nt random regions in my library offer a good balance between

sequence space sampling and structural diversity. Each 20-nt region individually has a se-

quence space of 1.1× 1012, which allows thorough sampling with a typical pool size of

1015. The combined sequence space remains large at 1.2× 1024. By using two separate

random regions, the likelihood of undesired intramolecular misfolding in longer random

regions is reduced, while promoting the formation of a broader range of secondary and

tertiary structures. Additionally, shorter random regions are more likely to interact with

the conserved regions of the aptamer, encouraging cooperative interactions within a mod-

ular ribozyme.

4.1.2 Selection design

The RNA library was generated via in vitro transcription (IVT) from a chemically syn-

thesised DNA library (ordered from IDT) using T7 RNA polymerase. The preference of

T7 RNA polymerase for initiating transcription with two guanosine triphosphates (GTP),

which results in the formation of a 5′ pppGpG structure [333, 334], and the analysis of 1-

1min binding to other nucleotides, which demonstrated that the aptamer had the highest

affinity for GTP with only a 19-fold reduction compared to ATP [270], led us to consider

GTP as substrate. This allowed the IVT process to naturally and conveniently link the

phenotype to the genotype during selection.
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Figure 4.2: Selection workflow. For a detailed explanation of the procedure, refer to the
text.

The overview of the selection workflow is illustrated in Figure 4.2. The selection star-

ted with an RNA library consisting of approximately 1015 different species, each with a

GTP at the 5′ end. The library was incubated in a customised buffer containing mono-

valent and divalent metal ions as potential cofactors. After incubation, active species that

catalysed the conversion of their 5′ GTP to 5′ GMP became substrates for T4 RNA ligase

2 [335–338]. Subsequently, these species were isolated via ligation to an acceptor RNA,

followed by gel purification. The acceptor RNA provided a new primer binding site for

the following reverse transcription and PCR steps, thereby introducing a secondary selec-

tion pressure within a single selection round. The amplified species were then transcribed

back into RNA for the next round of selection. The incubation duration was progressively

reduced after each selection round to intensify the selection pressure. The procedure was

repeated eight times, with progression monitored by various methods, including com-

parison of the bulk activity of sublibraries and melting curve analysis. Following the

final round of selection, the PCR products were cloned into plasmids and subjected to

Sanger sequencing. The sublibraries from rounds 5, 6, 7, and 8 were analysed using

high-throughput sequencing, and the top 10 most enriched sequences were identified.
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4.2 Selection procedure

All single-stranded DNA strands were ordered from Integrated DNA Technologies (IDT).

The sequences of the oligonucleotides are provided in the

stocks were ordered from the Media Glassware Sterilisation Lab at the Department of

Biochemistry, University of Oxford, unless otherwise noted. The water used in the exper-

iments was purified using the Millipore Milli-Q laboratory water system.

4.2.1 Library preparation

The initial RNA library was transcribed from a double-stranded DNA (dsDNA) library,

which was generated by filling in a single-stranded DNA (ssDNA) library and Primer1

containing a T7 promoter. A total of 2.5 nmol (≈ 1.5 × 1015 species) of the ssDNA

library and 5 nmol of Primer1 were combined in a 10 mL PCR reaction, prepared with

1X OneTaq® Master Mix (NEB) in 96-well PCR plates (Eppendorf). The reaction was

then subjected to the following programme in a thermal cycler (Eppendorf): 94°C for

2 minutes, 50°C for 2 minutes, and 68°C for 15 minutes. After filling in, the double-

stranded DNA library was mixed with 0.1 volume of 3 M sodium acetate (pH 5.2) and 2.5

volumes of ethanol. The mixture was incubated at -25°C for 2 hours and then centrifuged

at 4°C for 1 hour at 13,000 × g. The supernatant was removed and the pellets were

washed twice with cold 75% ethanol and then air dried for 20 minutes. All precipitated

fill-in products were used as templates in a 5 mL in vitro transcription reaction (final

concentration: 5,000 U/mL T7 RNA Polymerase (NEB), 1X T7 RNA polymerase buffer

(NEB) supplemented with 25 mM MgCl2, 15 mM DTT, and 6 mM of each NTP). The

reaction was incubated at 37°C for 4 hours. Subsequently, TURBO® DNase (Invitrogen)

was added (2 U per 2 µg of DNA) and incubated at 37°C for 1 hour to remove DNA

templates. The transcripts were purified using Monarch® RNA Cleanup Columns (500 µg,

NEB) following the manufacturer’s instructions. RNA concentration was measured and

calculated based on A260 absorption (Agilent Cary uv-vis spectrophotometer), adjusted to

20 µM, and then stored at -25°C.
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4.2.2 In vitro selection

Incubation

For the first round of selection, 15 nmoles of RNA transcripts were incubated in reaction

buffer (Buffer1) containing 25 mM HEPES (pH 7.4), 300 mM KCl, 30 mM MgCl2, and

5 mM MnCl2. The buffer was freshly prepared using stock solutions of 1 M HEPES (pH

7.4) and 3 M KCl, ordered from the Media Glassware Sterilisation Lab of the Department

of Biochemistry, and standard solutions of 1 M MgCl2 and 1 M MnCl2 from Sigma.

This buffer was designed based on the aptamer buffer [270] which consists of 25 mM

Tris (pH 7.8), 300 mM NaCl, and 30 mM MgCl2. Tris in Buffer1 was replaced with

HEPES due to its better temperature stability [339], and the pH was slightly reduced to

a more physiological value (7.4). KCl replaced NaCl because it is particularly effective

in stabilising functional structures, such as G-quadruplexes [340]. MnCl2 was included

because Mn2+, compared to Mg2+, can coordinate more ligands within the RNA molecule,

including ribonucleotide oxygens and ring nitrogens of the bases [341]. In addition, several

Mn2+-dependent ribozymes and DNAzymes have been reported [342, 343]. The incubation

temperature was alternated between 25°C (30 minutes) and 37°C (30 minutes) for 6 hours

to promote structural changes in each RNA molecule, and then left at 25°C for a total

incubation time of 24 hours. The duration of incubation was gradually reduced, and the

conditions for each round of selection are listed in the table below (Figure 4.3).

Figure 4.3: Incubation conditions for each round of selection.

After incubation, the salts in the reaction were removed and the RNA was concentrated

using Monarch® RNA Cleanup Columns (500 µg, NEB) following the manufacturer’s

instructions. RNA concentration was measured and calculated based on A260 absorption.
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Ligation and gel purification

The species (133 nt) that catalysed the conversion of 5′ GTP to 5′ GMP were fished out by

ligation to another RNA strand, Acceptor1 (36 nt), containing a T7 promoter and a new

primer binding site. The mixture of purified RNA, splint DNA Splint1, and Acceptor1

(library : Splint1 : Acceptor1 = 10 µM : 15 µM : 22.5 µM) was heated in annealing buffer

(25 mM Tris-HCl pH 7.4, 250 mM NaCl, 1 mM EDTA) at 65°C for 5 minutes, followed

by cooling on ice for 10 minutes to form nicked structures. The annealing reaction was

subsequently used to set up the ligation reaction as follows: T4 RNA Ligase 2 (NEB) 2.5

U/20 µL, nicked RNA library 2 µM, 1X T4 Rnl2 Reaction Buffer (NEB; 50 mM Tris-HCl

pH 7.5, 2 mM MgCl2, 1 mM DTT, 400 µM ATP), MgCl2 8 mM. The ligation reaction

was incubated at 25°C for 2 hours and at 16°C for 16 hours. The mixture was precipitated

with ethanol, and the pellets were resuspended in a small amount of water.

Figure 4.4: Gel images of ligation products from round 1 (left) and round 8 (right) of
the selection process. The ligated products (169 nt) migrated to the same position as the
169-nt reference generated by IVT and were excised for further steps.

The resuspended oligonucleotides were run on 8% TBE-urea polyacrylamide gels (de-

tails of gel preparation, running conditions, and visualisation are presented in Appendix

A.2). The bands corresponding to the ligated products (at the same position as the 169-

nt reference RNA) were excised and then eluted in the elution buffer (1 mM EDTA, 0.3

M sodium acetate pH 5.2) through three cycles of freeze-thawing (-25°C for 30 minutes

and 37°C for 30 minutes) and then left overnight at room temperature. Subsequently, the

eluted RNA in the supernatant was precipitated with ethanol and resuspended in water as

described in the above procedure. Figure 4.4 shows the gel images of the ligation reaction

after round 1 and round 8 of selection, respectively, demonstrating a significant increase

in the bulk activity of the library after 8 rounds of selection. The gel images after ligation
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of other rounds are available in the Appendix A.3.

Reverse transcription and PCR

The ligation products were reverse transcribed using M-MuLV reverse transcriptase (NEB).

RNA templates (10 µM) and the primer Primer2 (20 µM) in water were first denatured at

65°C for 5 minutes and then placed on ice for 2 minutes. The cooled solution was used to

set up the reverse transcription reaction as follows: 1X M-MuLV Reverse Transcriptase

Reaction Buffer (NEB; 50 mM Tris-HCl pH 8.3, 75 mM KCl, 3 mM MgCl2, 10 mM

DTT), 10 U/µL M-MuLV Reverse Transcriptase, 1 mM dNTP, 0.5 µM RNA template, 1

µM Primer2. The reaction was incubated at 42°C for 2 hours and then heat inactivated at

65°C for 20 minutes. The reaction mixture was precipitated with ethanol and resuspended

in water for the following polymerase chain reaction (PCR).

The PCR reaction after the first round was set as follows: 1X OneTaq® Master Mix

(NEB), 0.5 µM Primer2 (from the reverse transcription reaction), 0.5 µM Primer3, and

around 0.25 µM complementary DNA (cDNA). The reaction was subjected to the follow-

ing programme in a thermal cycler: 94°C for 2 minutes, optimised cycles (94°C for 30

seconds, 52°C for 30 seconds, and 68°C for 1 minute), followed by 68°C for 10 minutes.

Figure 4.5: Optimisation of PCR cycle number.

To minimise the unavoidable bias of PCR [344–346], the number of PCR cycles was

optimised by small-scale PCR reactions and kept minimal for each round of selection. In

a test PCR reaction, an aliquot was taken after every two cycles of PCR, and the samples

were run on a 15% native polyacrylamide gel along with a reference band of the same

length as the target product. The sample that first showed a clear and single band determ-
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ined the optimal cycle number. For example, Figure 4.5 shows the gel image of the test

PCR for Round 4, where the optimal cycle number was determined to be 6. The PCR

product was purified using the Monarch® PCR & DNA Cleanup Kit (NEB) following the

manufacturer’s instructions. The concentration of the PCR product was measured and

calculated based on A260 absorption.

Regeneration of RNA library

As acceptor RNA contains a T7 promoter at the 3′ end, the species that were ligated,

successfully reverse transcribed, and amplified to dsDNA could be regenerated and amp-

lified by in vitro transcription. The T7 transcription reaction was set up as follows: 400

nM dsDNA, 5,000 U/mL T7 RNA Polymerase (NEB), 1X T7 RNA Polymerase buffer

(NEB) supplemented with 25 mM MgCl2, 15 mM DTT, and 6 mM of each NTP. The

reaction was incubated at 37°C for 4 hours, treated with TURBO® DNase (Invitrogen),

and purified as described in the library preparation section above. RNA concentration was

measured and calculated based on A260 absorption, adjusted to 20 µM, and then stored at

-25°C.

4.3 Evaluation of selection progression

4.3.1 Input-to-Output ratio analysis across selection rounds

The ligation product bands on the gel were quantified using the Fiji software (details of

the gel quantification are provided in the Appendix A.2), and the percentage of RNA

that was successfully ligated was calculated. The RNA output/input ratios are plotted in

Figure 4.6 showing the progression of RNA selection across eight rounds. Despite the

gradually increasing stringency of the selection process, the percentage of surviving RNA

increased five times after the first round of selection, and the percentage of surviving RNA

consistently increased throughout the selection course (although there was a noticeable

drop after the fourth round), eventually increasing from less than 1% in the first round

to nearly 7% in the eighth round. This progression profile is typical and consistent with

those reported in the literature [297, 347].
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Figure 4.6: Progress of the selection over 8 rounds. Bars represent the percentage of RNA
that was ligated after incubation.

4.3.2 Bulk ligation activity of sub-libraries

The bulk ligation activity of each regenerated sublibrary was assessed. In this experiment,

T4 RNA Ligase 1 (NEB) was used instead of the T4 RNA Ligase 2 used during the se-

lection process. The primary difference between the two ligases is that T4 RNA Ligase

2 requires a splint oligonucleotide with two regions complementary to the 3′ end of the

acceptor RNA and the 5′ end of the library, respectively, forming a nicked structure. T4

RNA Ligase 2 operates exclusively on perfect nicks (without gaps or bulges), whereas T4

RNA Ligase 1 ligates a 5′ monophosphate to any RNA with a 3′ OH group. Figure 4.7a

illustrates this difference. The use of T4 RNA Ligase 2 during the selection process sim-

plified the gel purification, reverse transcription, and PCR steps, as all ligation products

were of the same length. However, there was a risk of losing active species due to poor

nick formation. In contrast, T4 RNA Ligase 1 increases the likelihood of an active strand

being ligated, as there could be multiple pathways to ligation, leading to the production

of several different ligation bands in the gel, as shown in Figure 4.7b.
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(a)

(b)

Figure 4.7: (a) Schematic representation of the different mechanisms of T4 RNA Ligase
1 and T4 RNA Ligase 2. T4 RNA Ligase 1 ligates any 3′ OH to a 5′ GMP, resulting in
ligation products of varying lengths. In contrast, T4 RNA Ligase 2 only acts on perfect
nicks, producing ligation products of uniform length. (b) Left: Gel image showing the
ligation products of sub-libraries after incubation. Bands within the purple squares rep-
resent ligation products. Right: Plot illustrating the percentage of RNA ligated in each
sub-library.
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Incubation reactions were set up for each sub-library (200 µL, 100 pmol library RNA,

25 mM HEPES pH 7.4, 300 mM KCl, 30 mM MgCl2, 5 mM MnCl2) and were incubated

at 25°C for 1 hour. After this, the salts were removed and the RNA was concentrated

using Monarch® RNA Cleanup Columns (10 µg, NEB) following the manufacturer’s in-

structions. The incubated sublibraries were then tested for ligation activity (10 µL, 1X

Reaction Buffer [50 mM Tris-HCl, pH 7.8, 10 mM MgCl2, 1 mM DTT], 10% DMSO,

10 units RNase Inhibitor [Murine; NEB], 5 units T4 RNA Ligase 1 [NEB], 1 mM ATP,

15% PEG 8000, 50 pmol Acceptor1, 5 pmol RNA library). The ligation reactions were

incubated at 25°C for 2 hours and the products were visualised on an 8% denaturing

urea-polyacrylamide gel.

The relative catalytic activity of each sublibrary is proportional to the ligation effi-

ciencies of the incubated samples. Ignoring the contribution of the additional molecular

weight from the adaptor in some ligation products, the apparent percentage of ligated

RNA of each sample was calculated according to the equation below:

Apparent percentage of ligated RNA (%) =

Intensity of ligated products
Intensity of ligated products+ Intensity of unligated material

×100

As shown in the plot, the percentage of ligated RNA increases consistently over the

selection rounds, indicating the enrichment of active species. Despite the use of the same

acceptor strand throughout the 8 selection rounds, the appearance of multiple ligation

products suggests that the selection was not biased by the acceptor sequence or the ligase.

4.3.3 Melting curve analysis of sublibraries

Melting Curve Analysis (MCA) following a brief reannealing step after PCR can provide

valuable information on changes in sequence diversity changes within the library through-

out the selection process [348, 349]. RT-PCR reactions were performed in a total volume of

20 µL in optically clear strip tubes (Thermo Scientific). The reaction mixture included 1X

Platinum™ SuperFi™ RT-PCR Master Mix (SuperScript™ IV One-Step RT-PCR Sys-

tem, Invitrogen), 0.5 µL SuperScript™ IV RT Mix (SuperScript™ IV One-Step RT-PCR
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System, Invitrogen), 0.5 µM of Primer1, 0.5 µM of Primer2, , 10 pM RNA sub-library

(approximately 107 RNA strands), and 1 µM EvaGreen® Fluorescent DNA dye (Jena

Bioscience). The cycling conditions on the real-time PCR system (Agilent Technolo-

gies, Mx3005P) were as follows: reverse transcription at 50◦C for 20 minutes, followed

by an initial denaturation at 98◦C for 2 minutes, then 30 cycles of PCR amplification

comprising 10 seconds at 98◦C, 15 seconds at 55◦C, and 15 seconds at 72◦C. After a

final elongation step at 72◦C for 5 minutes, the reactions were reannealed at 55◦C for 15

seconds and then heated to 95◦C at a rate of 0.1◦C s−1. shown in Figure 4.8. The peaks

in the −R′(T ) plot (Figure 4.8) correspond to the temperatures at which the most rapid

changes in fluorescence occur, indicating the points at which the DNA strands denature

most rapidly. Given that all strands in the libraries contain constant regions, two distinct

melting peaks can be expected when there is a certain degree of heterogeneity: one peak

at a lower temperature, representing imperfectly formed heterogeneous duplexes, and an-

other at a higher temperature, representing more homogeneous duplexes [350]. The relative

height of these two peaks reflects the proportion of heterogeneous versus homogeneous

duplexes in the pool. To facilitate comparison, the melting curves of each sublibrary (red)

are plotted (Figure 4.8) alongside the starting library (blue). The starting library exhibited

a prominent peak (A) at around 78◦C and a smaller peak (B) approximately at 83◦C.

In a progressively enriched library, the dominant peak is expected to gradually shift to a

higher temperature as selection advances. However, in this experiment, the ratio of the

heights of the two peaks (FB/FA) did not increase consistently over the selection rounds,

and the final library still showed a relatively stronger peak (A), indicating a significant

proportion of heteroduplexes. This unexpected result may be attributed to overamplific-

ation during PCR, leading to the introduction of artifacts when the primers are depleted

and the concentration of the PCR product is high. Despite this, previous bulk ligation

activity experiments have provided evidence for the progression of the selection process.
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Figure 4.8: Melting curve analysis of sublibraries. Upper panel: Melting curves for the
starting library (blue curve) and individual sub-libraries (red curves). -R’(T) represents
the negative derivative of fluorescence (R) with respect to temperature (T), which meas-
ures the rate of change in fluorescence as the temperature increases. Two distinct peaks
indicate the melting of heterogeneous (lower temperature) and homogeneous (higher tem-
perature) duplexes. Lower Panel: A plot of the ratio of the peak heights (FB/FA) in the
melting curves of sub-libraries across selection rounds, illustrating changes in sequence
diversity. The increase or decrease in (FB/FA) indicates the increase or decrease in the
proportion of homogeneous versus heterogeneous sequences in the library.
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4.4 Sanger sequencing

4.4.1 Cloning and sequencing

The sublibrary following the eighth round of selection was reverse transcribed, PCR amp-

lified, and subsequently inserted into a vector using the Zero Blunt™ TOPO™ PCR Clon-

ing Kit for Sanger sequencing (Invitrogen). 2.4 pmol RNA from the eighth sublibrary

was reverse transcribed in a 30 ul reaction under conditions described previously. Sub-

sequently, 2 µl of the reverse transcription reaction was used for a 40 µl PCR reaction

(1X Q5® High-Fidelity Master Mix (NEB), 0.5 µM Primer2, and 0.5 µM Primer3) to

determine the optimal cycle number. Aliquots of 5 µl were taken after every 2 cycles and

analysed on a native 15% polyacrylamide gel. The aliquot after 8 cycles of PCR, display-

ing a strong and sharp band at the expected length, was identified as the optimal cycle

number. Following this, an 80 µl PCR reaction was performed using 4 µl of the reverse

transcription product. The PCR conditions were as follows: initial denaturation at 98°C

for 30 seconds, followed by 8 cycles of 10 seconds at 98°C, 20 seconds at 64°C and 20

seconds at 70°C. The resulting PCR product was purified using Monarch® DNA Cleanup

Columns (NEB) according to the manufacturer’s instructions. The concentration of the

purified PCR product was quantified based on its A260 absorption.

50 ng of the purified PCR product was inserted into M13 vectors using the Zero

Blunt™ TOPO™ PCR Cloning Kit for Sequencing (Invitrogen) in a 5 µl reaction, and

2 µl of the ligation reaction was transformed into One Shot™ TOP10 Chemically Com-

petent E. coli (Invitrogen) following the manufacturer’s instructions. The transformed

cells in serial dilutions were plated in 6 LB agar petri dishes containing kanamycin and

incubated for 16 hours at 37°C. After incubation, 10 colonies were randomly selected

and cultured overnight at 37°C in 10 Corning® Falcon® round bottom tubes, each con-

taining 2 ml LB medium supplemented with 50 µg/ml kanamycin. The plasmid DNA

was subsequently extracted using the QIAprep Spin Miniprep Kit (QIAGEN) following

the provided protocol. The purified plasmid DNA samples were submitted for Sanger

sequencing at Source BioScience.
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(a)

(b)

Figure 4.9: (a) Six sequences obtained from Sanger sequencing, with common motifs
coloured, and insertions highlighted in red. Only the random domains are displayed. (b)
Activity analysis of three sequences.
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Sequencing data were analysed using the Benchling platform. Among the 10 samples,

6 were determined to be of high quality, despite some containing insertions. The se-

quences corresponding to their random regions are presented in Figure 4.9a. Despite the

extremely small sample size, several motifs (highlighted in colour) were identified, par-

ticularly within random domain 1 (Domain1).

4.4.2 Activity analysis

Three representative sequences (S2, S3, S4) were synthesised by PCR and in vitro tran-

scription (IVT) and subsequently their activity was tested. Synthesis and purification were

performed according to the previously described protocols. Incubation reactions were set

for each sequence in a 200 µL mixture containing 100 pmol of RNA, 25 mM HEPES (pH

7.4), 300 mM KCl, 30 mM MgCl2, and 5 mM MnCl2. The reactions were incubated at

25◦C for 1 hour. In parallel, 50 pmol of RNA was treated with RNA 5′ pyrophospho-

hydrolase (RppH, NEB) to remove pyrophosphate from the 5′ end of triphosphorylated

RNA, producing 5′ monophosphate RNA. The RppH reaction was carried out in 1x NEB-

uffer 2 (50 mM NaCl, 10 mM Tris-HCl, 10 mM MgCl2, 1 mM DTT) with 10 units of

RppH and incubated at 37◦C for 1 hour. Following treatment, RNA samples were puri-

fied and concentrated using Monarch® RNA Cleanup Columns (10 µg, NEB) according to

the manufacturer’s instructions. RNA concentrations were quantified by measuring A260

absorption. The purified and treated RNA samples were then tested for ligation activity

using T4 RNA Ligase 1 (NEB). Ligation reactions (10 µL) were prepared in 1x Reac-

tion Buffer (50 mM Tris-HCl, pH 7.8, 10 mM MgCl2, 1 mM DTT) with 10% DMSO,

10 units of RNase Inhibitor (Murine; NEB), 5 units of T4 RNA Ligase 1 (NEB), 1 mM

ATP, 15% PEG 8000, and 5 pmol of treated RNA. The reactions were incubated at 25◦C

for 2 hours and the products were analysed by electrophoresis on an 8% denaturing urea-

polyacrylamide gel.

As shown in the gel image (Figure 4.9b), the three sequences generated less intense

but similar ligation patterns (bands above the original 133-nt length) after incubation in

selection buffer (lanes 2, 5, and 6) compared to samples treated with RppH (lanes 7, 8,

and 9). In contrast, samples without any treatment before ligation (lanes 10, 11, and 12)
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did not show ligation activity. These observations suggest that the three sequences func-

tion as ribozymes, performing the same catalytic function as the protein enzyme RppH:

removing pyrophosphate from 5′ GTP and leaving a monophosphate group suitable for

ligation. Furthermore, the catalysed reaction occurred in the selection buffer. Lanes 1, 2,

and 3 contain samples loaded after incubation in selection buffer and subsequent column

purification. The absence of noticeable ligation activity in these samples indicates that the

ligation reaction was not self-catalysed by these sequences in the selection buffer.

(a) (b)

Figure 4.10: (a) Ligation activity analysis of S3 and S4 sequences in various ligation con-
ditions. (b) Ligation activity analysis of S3 and S4 sequences in various buffer conditions.

To further confirm that the selection was not biased towards ligases, another exper-

iment was carried out with three groups of tests using the sequences S3 and S4 (Fig-

ure 4.10a. Lane 1, lane 2, lane 3, and lane 4 correspond to samples treated in the same

manner as lanes 5, 6, 8, and 9, respectively, in Figure 4.9b. Lanes 5 and 6 were incubated

in selection buffer, purified, and subjected to the ligation reaction; however, no ligase was

added. The absence of ligated bands in these lanes suggests that the ligation reaction was

not self-catalysed by these sequences in the ligation buffer either.

All observations so far indicate that the three sequences catalyse the conversion of 5′

GTP to 5′ GMP, and this reaction occurs exclusively in the selection buffer. To identify

the essential components of the selection buffer for catalysis, an additional experiment

was conducted with samples S3 and S4. Each sample was incubated in buffers in which
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one component was omitted. The ligation activity of each sample was assessed by gel

electrophoresis (Figure 4.10b). Notably, the two samples incubated without MnCl2 had a

greatly decreased ligation activity compared to the other samples.

4.5 High-throughput sequencing

To better understand the selection process, sublibraries from the final four rounds were

analysed using high-throughput sequencing (HTS) by MiSeq (Illumina).

4.5.1 Preparation of sequencing templates

6×1011 molecules) of RNA from each sub-library, after 5, 6, 7,

and 8 rounds of selection, was reverse transcribed and PCR amplified using the Super-

Script™ III One-Step RT-PCR System with Platinum™ Taq DNA Polymerase (Invitro-

gen, Thermo Scientific) in 50 µL reactions. Each reaction contained 1X reaction mix, 2

µL SuperScript™ III RT/Platinum™ Taq Mix, 0.5 µM forward primer (qianF), and 0.5

µM reverse primer (qianR). The thermocycler was programmed as follows: reverse tran-

scription at 50◦C for 45 minutes, initial denaturation at 94◦C for 2 minutes, followed by

9 cycles of 94◦C for 20 seconds, 52◦C for 20 seconds, and 68◦C for 1 minute, with a final

extension at 68◦C for 5 minutes. The PCR products were run on a 4% agarose gel (150

V for 1 hour), and the correct bands were excised and extracted using the QIAquick Gel

Extraction Kit (Qiagen) according to the manufacturer’s instructions. The concentration

of the purified PCR products was measured using a Nanodrop spectrophotometer.

Subsequently, PCR products was used for a second PCR to add

Illumina adapters and barcodes. This was carried out in 50 µL reactions containing 1X

Green GoTaq® Flexi buffer, 2 mM MgCl2, 0.2 mM of each dNTP, 0.25 µL GoTaq® Hot

Start Polymerase, 0.5 µM primer P7, and 0.5 µM primer P5 with barcodes. Thermocycler

conditions were as follows: 95◦C for 2 minutes, followed by 12 cycles of 95◦C for 30

seconds, 52◦C for 30 seconds, and 72◦C for 1 minute, with a final extension at 72◦C for

5 minutes. The products were then purified and quantified as described above.

Each individual library member was diluted to approximately 100 nM, as measured
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using a Nanodrop spectrophotometer. To optimise reagent usage, 0.4 pmol of my bar-

coded sample was combined with samples from other researchers to form a pooled library

totalling 4 pmol at an approximate concentration of 10 nM. The more accurate concentra-

tion of the pooled solution was then determined using a Qubit fluorometer (Thermo Sci-

entific). A 1.6 pM sequencing solution was prepared, into which 0.48 µL of 10 nM PhiX

control (Illumina) was added to comprise 15% of the total molar content. Subsequently,

5 µL of this mixture was combined with 5 µL of 0.2 N NaOH and incubated at room tem-

perature for 5 minutes to denature the DNA. After incubation, 990 µL of chilled HT1

hybridisation buffer (Illumina) was added. Finally, 900 µL of the resulting solution was

loaded into the reagent cartridge (MiSeq Reagent Micro Kit v2, Illumina) for sequencing.

4.5.2 Sequencing data analysis
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Raw FASTQ reads were first processed using BBDuk and then converted to FASTA

format using Reformat.sh from the BBTools suite. The sequences were subsequently

demultiplexed based on barcode sequences provided in a separate barcode file. The

resulting demultiplexed FASTA files were analysed using a custom Python script, which

is included in Appendix A.4 for reference.
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perature for 5 minutes to denature the DNA. After incubation, 990 µL of chilled HT1

hybridisation buffer (Illumina) was added. Finally, 900 µL of the resulting solution was

loaded into the reagent cartridge (MiSeq Reagent Micro Kit v2, Illumina) for sequencing.

4.5.2 Sequencing data analysis

A custom Python script was used to preprocess and analyse HTS data. This script is

included in Appendix A.4 for reference. Raw FASTQ reads were first processed using

BBDuk, with the first three bases trimmed from the 5’ end, quality trimming performed

from the 3’ end, and a minimum base quality threshold of 10. The trimmed sequences

were then converted to FASTA format using BBMap. Finally, the script demultiplexed

the sequences based on the barcode sequences provided in a separate barcode file.

Sequences which were identical in each sublibrary were grouped into "clusters". Then

these clusters were divided into three categories according to size: those with more than

50 sequences, those containing between 5 and 50 sequences, and those with fewer than

5 sequences. The clusters in each of the size categories were calculated as a percentage

of sublibraries as shown in Figure 4.11a. In the earlier rounds (R5 and R6), most of

the clusters consisted of less than 5 sequences (blue bars). As selection progressed, a

rise in mid-sized clusters (5–50 sequences, orange bars) was observed in R6 and R7,

with larger clusters (>50 sequences, green bars) emerging in R7 and R8. The increasing

dominance of larger clusters in later rounds suggests an enrichment of specific sequence

populations over successive rounds. When the two domains are analysed individually

(Figure 4.11b and Figure 4.11c), Domain1 (the random region close to the 5′ end) shows

a more significant increase in larger clusters (>50 sequences) than Domain2 (the random
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region close to the 3′ end), where most clusters remain small or mid-sized throughout

the selection process. This indicates that Domain1 contributes more significantly to the

enrichment of sequences.

Figure 4.11: Cluster size distribution across selection rounds 5 to 8. (a) Cluster size
distribution for both random regions (Domain1 and Domain2 combined). (b) and (c)
depict the individual contributions of Domain1 and Domain2, respectively.
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independently analysed, and their respective k-mer distributions are plotted side by side for
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Figure 4.12: (a) k-mer analysis of sequence complexity. (b) Enrichment profile of the top
5 sequences across selection rounds. (c) Sequence Logo of the top 10 Sequences.

The line graph in Figure 4.12b illustrates the enrichment profile of the top five most

abundant sequences across selection rounds 5 to 8. In rounds 5 and 6, all five sequences

display relatively low abundance. However, a significant increase is observed between

rounds 6 and 7, with rapid enrichment continuing into rounds 7 and 8. The most enriched

sequence (Rank 1) demonstrates the highest increase, reaching more than 0.6% of the total

population by round 8. The remaining four sequences also show substantial enrichment,

each exceeding 0.2% by the final round.

The top 10 sequences from the final sublibrary were extracted and used to generate

sequence logos (Figure 4.12c for each random region using WebLogo. Each logo consists

of stacks of letters, with one stack representing each position in the sequence. The height

of each letter within a stack reflects the probability that a specific nucleotide appears at

that specific position [354]. In Domain1, the sequence logo reveals a relatively balanced

nucleotide composition, with a GC content of 45% in the sequence composed of the
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decreased in both regions. In particular, the prevalence of the most enriched 10-, 14-, and

18-mers was consistently higher in Random1 than in Random2, suggesting greater sequence

convergence and homogeneity in Domain1 than in Domain2.



most frequent nucleotide at each position. This indicates a certain level of structural

stability due to the presence of GC base pairs. In contrast, the sequence logo for Domain2

demonstrates a strong enrichment of A and U nucleotides at almost all positions, leading

to a GC content of only 5%. This suggests that selection in Domain2 favoured sequences

that are predominantly A/U-rich. This composition likely contributes to weaker secondary

structure formation, as the AU base pairs are less stable than the GC base pairs. The

clear difference in nucleotide distributions between the two domains suggests different

selection pressures or functional requirements.

4.5.3 Activity analysis of the top 10 sequences

The relative catalytic activity of the top 10 sequences from the final sub-library was com-

pared. Since the aptamer scaffold of the initial library has the highest affinity for ATP,

sequences beginning with 5′ ATP were also synthesised and tested. The 20 sequences

were synthesised via PCR and IVT as described above. For transcription of sequences

starting with ATP, the T7 class III promoter φ6.5 (TAATACGACTCACTATA) in the DNA

of the transcription template was replaced with the T7 φ2.5 promoter (TAATACGACT-

CACTATT) using Primer4 [355]. Incubation reactions were prepared for each sequence in

a 200 µL mixture containing 100 pmol of RNA and either the selection buffer (Buffer 1) or

the original aptamer buffer with 5 mM MnCl2 (Buffer 2). The reactions were incubated at

25◦C for 1 hour. Incubated samples were purified and concentrated using Monarch® RNA

Cleanup Columns (10 µg, NEB) following the manufacturer’s instructions and quantified.

The treated RNA samples were then tested for ligation activity using T4 RNA Ligase 1

(NEB) in 10 µL ligation reactions containing 50 pmol of Acceptor1 and 5 pmol of treated

RNA. The reactions were incubated at 25◦C for 2 hours, and the products were analysed

by gel electrophoresis on an 8% denaturing urea-polyacrylamide gel.

The two gel images in Figure 4.13a show the ligation products of the top 10 sequences

with a 5′ GTP, incubated in selection buffer (left) and the original aptamer buffer with 5

mM MnCl2 (right), as MnCl2 has been shown to be essential for ribozyme activity as

demonstrated in Figure 4.10b. Similarly, the two gel images in Figure 4.13b show the

ligation products of the top 10 sequences with a 5′ ATP, incubated in selection buffer
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(left) and the original aptamer buffer with 5 mM MnCl2 (right). The bands at the bottom

correspond to the unligated RNA (133 nt), while all bands above represent the ligation

products. As illustrated in Figure 4.7a, multiple products of different lengths can be

generated using T4 RNA ligase 1.

The apparent ligation efficiency of each sample was calculated as previously de-

scribed. As shown in the bar chart (Figure 4.13c), it is unexpected that the most enriched

sequence (H1) did not exhibit the highest ribozyme activity. In addition, the second most

enriched sequence (H2) demonstrated background activity similar to that of the random

library. H1 displayed similar activity with both 5′ GTP and 5′ ATP, while the other se-

quences exhibited significantly higher activity with 5′ GTP. Among the two incubation

conditions, Buffer2 yielded higher apparent ligation efficiencies for all samples, with the

exception of the generally less active samples (the library, H2, and H6). The two buffers

differ in pH and monovalent ion composition. Buffer1 contains 25 mM HEPES at pH

7.4 and 300 mM KCl, while Buffer2 contains 25 mM Tris at pH 7.8 and 300 mM NaCl.

Based on the ligation results (Figure 4.10b) of a sample incubated in Buffer1 without KCl,

it appears that KCl does not significantly affect ligation activity. Therefore, the observed

increase in activity is more likely attributed to the higher pH in Buffer2.

The sequences were subsequently re-ranked based on their apparent ligation efficien-

cies with 5′ GTP after incubation in Buffer2. As shown in Figure 4.14a, the tenth most

enriched sequence (H10) emerged as the most active among the top ten sequences, while

the most enriched sequence (H1) was re-ranked to seventh place. The sequences ranked

second (H2) and sixth (H6) were the least active, with H2 showing activity comparable to

that of the random library (Figure 4.13c).
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(a)

(b)

(c)

Figure 4.13: (a) Ligation activity analysis of the top 10 sequences with 5′ GTP from the
final sub-library after incubation in Buffer1 (left) and Buffer2 (right). Buffer1 consists
of 25 mM HEPES (pH 7.4), 300 mM KCl, 30 mM MgCl2, and 5 mM MnCl2; Buffer2
consists of 25 mM Tris (pH 7.8), 300 mM NaCl, 30 mM MgCl2, and 5 mM MnCl2. (b)
Ligation activity analysis of the top 10 sequences with 5′ ATP from the final sub-library
after incubation in Buffer1 (left) and Buffer2 (right). (c) Bar chart of the apparent ligation
efficiency of each sequence in different incubation buffers.
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The 10 sequences were analysed using the MEME Suite for motif discovery, and two

sequence logos (Figure 4.14b) were generated corresponding to motifs in Domain 1 and

Domain 2, respectively. The sequence logos visually represent the conservation at each

position and the frequency of each nucleotide. The total height of the stack at each posi-

tion reflects the level of conservation, with higher stacks indicating greater conservation.

The height of each individual letter within the stack is proportional to the frequency of that

nucleotide at the given position. Both motifs are highly conserved across the sequences,

appearing in all except H6 and H2, which rank lowest in activity. This suggests that these

motifs are essential contributors to ribozyme activity. The motif in Domain 1 was also

found in sequences obtained by Sanger sequencing, while the motif in Domain 2 remains

low in GC content (approximately 20%).

Given the high enrichment of H2 and H6 in the library, an additional test was con-

ducted to rule out the possibility of ligation bias contributing to the low levels of ligation

products. H2, H6, the starting library, and two highly active sequences (H10 and H4)

were tested. Each was treated by incubation in Buffer2 or with the RppH enzyme before

being used as substrates for ligation. The ligation products were visualised using gel elec-

trophoresis. As shown in Figure 4.15, the bottom bands represent the unligated material

(133 nt), and the above bands correspond to the ligation products. Following RppH treat-

ment, all samples produced strong bands corresponding to ligation products, indicating

that there was no significant ligation bias due to sequence or secondary structure. H2

(lane 2), H6 (lane 11), and the starting library (lane 8 and lane 17) displayed undetect-

able or very low levels of ribozyme activity, while H4 and H10 demonstrated activity for

ligation comparable to RppH.
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(a)

(b)

Figure 4.14: (a) The top 10 most enriched sequences from the final sub-library, with
common motifs highlighted in colour. Only the two randomised domains are shown. (b)
Sequence logos representing the motifs in Domain1 and Domain2. The height of each
letter in a stack is proportional to the sequence conservation (measured in bits) at that
position. Bit (also known as shannon) is a unit of information content, and for nucleic
acid, the maximum value is 2 [356].
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(b)

Figure 4.15: (a) Ligation activity analysis of H2, H4, and the starting library after incub-
ation in Buffer2 or with RppH. (b) Ligation activity analysis of H6, H10, and the starting
library after incubation in Buffer2 or with RppH. H2 (lane 2), H6 (lane 11), and the start-
ing library (lanes 8 and 17) exhibited either undetectable or minimal ribozyme activity.
In contrast, H4 and H10 demonstrated ligation activities of 0.75 and 0.83, respectively,
compared to RppH.
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(b)

Figure 4.16: (a) Ligation activity analysis of H10 in Buffer1 containing different concen-
trations of MnCl2. (b) Bar chart of the percentage of ligated RNA of each sample.
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Since Mn2+ was shown to be important for ribozyme activity, as demonstrated in Fig-

ure 4.10b, it was worthwhile to investigate how its concentration influences activity. H10

was incubated for 1 hour at 25◦C in a series of Buffer1 solutions containing MnCl2 con-

centrations ranging from 0 to 10 mM. The incubated and purified samples were then used

as substrates for ligation using T4 RNA ligase 1, following the same reaction conditions

as previously described but without the adaptor. All bands above the bottom band at 133

nt (Figure 4.16a) were considered ligation products. The percentage of ligated RNA of

each sample was calculated on the basis of band intensity using the same method de-

scribed above. The results are presented in the bar chart (Figure 4.16b) below. As shown

in the chart, the samples exhibited background-level ligation activity when the MnCl2

concentration was between 0 and 100 µM. A dramatic increase in ligation products was

observed as the MnCl2 concentration increased from 100 µM to 1 mM, with a peak ob-

served between 1 mM and 5 mM, where approximately 65% of the RNA was ligated. At

higher concentrations, a slight inhibitory effect was observed. Interestingly, the percent-

age of ligated RNA was reduced by only 6% in the absence of MgCl2, when the sample

contained 5 mM MnCl2. This implied that MgCl2 might help stabilise certain secondary

or tertiary structures, but was not essential.
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Chapter 5

Post-selection engineering and analysis

After eight rounds of selection, the sublibrary exhibited high bulk ligation activity fol-

lowing incubation in the selection buffer. High-throughput sequencing identified the ten

most abundant sequences in the final sublibrary, with ligation-based activity analysis re-

vealing H10 as the most catalytically active. In this chapter, a series of truncation and

mutation experiments on H10 were conducted to gain insight into its catalytic mechanism

and to eliminate redundant regions for easier manipulation. Then kinetic analyses were

performed using the shortest ribozyme H10-10. For multiple-turnover kinetic analyses,

Dr. James Attwater suggested removing one 5′ GTP to create space for free GTP.

5.1 Sequence engineering

The top 10 sequences were uploaded to the RNAalifold Web server, part of ViennaRNA

Web Services, to predict a consensus secondary structure under default conditions (37◦C,

1 M NaCl) [357–359]. The resulting structure is shown in Figure 5.1a (left), with the sec-

ondary structure of the aptamer scaffold (1-1min) on the right. The two constant regions

(C1 and C2) of the aptamer are highlighted in blue, the central stem is shown in black, the

primer binding sites (P1 and P2) are highlighted in orange, and the two selected random

regions (D1 and D2) are highlighted in green. The loop in pink within the aptamer was

replaced by D1 in the selection library. In the consensus secondary structure, the con-

stant regions from the aptamer retained their original secondary structure, while the two

random regions lack defined secondary structures. These findings suggest that the selec-
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ted ribozymes may be modular, with the aptamer moiety acting as a binding domain that

captures the triphosphate, positioning it to interact with the catalytic D1 or D2 regions.

(a)

(b)

Figure 5.1: (a) Predicted consensus secondary structure of the top 10 sequences (left).
The secondary structure of the aptamer scaffold (right). (b) Predicted secondary structure
of H10. Constant regions from the aptamer are highlighted in blue (C1 and C2) or shown
in black, the two random regions (D1 and D2) are highlighted in green, and the primer
binding sites (P1 and P2) are highlighted in orange.

The secondary structure of H10 was predicted using mFold under default conditions

(37◦C, 1 M NaCl) [360]. The structure with the minimum ∆G (-39.6 kcal/mol) is shown

in Figure 5.1b (left). The two constant regions, C1 and C2, retain their original stem-loop

structures, while the central stem forms partial duplexes with the primer binding sites. The

random region D1 hybridises with the primer binding sites at both ends, and D2 forms a
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stem-loop structure. In the structure with the second lowest ∆G, D1 forms a small loop

and the primer binding sites create a longer stem.

A series of truncation experiments were conducted to identify the minimal functional

sequence. These studies revealed which regions of the molecule are essential for activ-

ity and which are redundant, providing valuable insights into its mechanism of action.

Moreover, shorter sequences are easier to manipulate for subsequent applications, and

they may also exhibit enhanced catalytic activity, because they are less prone to misfold-

ing and can adopt their active configuration more rapidly.

Several truncated versions of H10 were synthesised by T7 transcription, and their

catalytic activities were tested by incubation in Buffer2 followed by ligation. The HTS

results indicated that D2 might not be able to form the stable and complex secondary or

tertiary structures required for catalytic function due to its low GC content. Therefore,

the D1 region was of primary interest. It was replaced with a 20-nt polyA sequence

(H10-6) or truncated (H10-7). The tests revealed that both constructs remained active and

exhibited catalytic activity comparable to that of H10 (Figure A.1). When the D1 region

of H10-7 was replaced with the longest (16 nt) common motif (CAGUACUAACUCGA),

identified using the MEME Suite of the D1 regions of the top 10 sequences, the resulting

variant, H10-12, showed significantly reduced activity(Figure A.4). Further truncation of

the primer binding sites was performed in H10-2 (D1 and P1 deletion), H10-4 (D1 and P2

deletion) and H10-5 (D1, P1, and P2 deletion); however, none of these variants showed

detectable activity (Figure A.1). Primer truncation was also performed on H10 (H10-1

and H10-3), but these constructs did not demonstrate catalytic activity either.

Following the truncation of D2, D1 was also deleted and the loop in pink (Figure 5.1a)

was added back in 1-1min-1, leaving the original aptamer and the two primer binding

sites. As expected, this construct did not show detectable activity (Figure A.2). The

aptamer 1-1min was also tested but showed no catalytic activity (Figure A.2), further

demonstrating that D1 is essential for catalysis. In H10-8, the constant regions (shown in

black) and part of P2 were truncated (with deleted regions highlighted in purple boxes),

and in H10-9, an additional truncation was made (highlighted in the grey box). Both con-

structs remained highly active (Figure A.2). Then, C1 and C2 were tested (Figure A.4).
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It was found that C2 was essential (H10-11), while C1 could be deleted without loss of

catalytic activity (H10-10).

By comparing the sequences of the 77-nt H10-10 and the aptamer 1-1min in the black

box (Figure 5.2), it can be easily noticed that the four conserved nucleotides in C1 (marked

with purple dots) are indeed retained within D1, and the six nucleotides at the 5′ end of

C1 (highlighted by red dots) appear at the 5′ end of P1. These two regions may interact as

they do in the aptamer structure, positioning the 5′-triphosphate proximal to the catalytic

site in D1. Thus, H10-10 may be a modular ribozyme with a more compact structure.
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Figure 5.2: Predicted secondary structures of H10 and the truncated sequence H10-10.
Truncation sites in H10 are highlighted with square boxes. The predicted secondary struc-
ture of the aptamer 1-1min is given inside the black box. Conserved nucleotides in C1 are
indicated as coloured dots.
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The two primer binding sites, P1 and P2, both appeared to be very crucial for its activ-

ity, and are predicted to switch between two main structures: a long stem with an A-C

mismatch in the middle or a short stem near the 5′ and 3′ ends. Therefore, it is worth-

while to investigate further how these structural variations influence catalytic activity. In

the case of H10-7, the most stable secondary structure features a short stem, while the

alternative long stem structure has a ∆G increased by only 1.1 kcal/mol. Sequences re-

taining the long stem within the orange square but with different chemical compositions

were tested. For example, in H10-7-1, U was swapped with A and G with C; in H10-7-2,

U was swapped with G and A with C; and in H10-7-3, U was swapped with C and A

with G. If the long-stem structure is functional and only the structure is important, it was

expected that changes in the chemical composition would not have a significant impact on

activity. However, none of these three variants showed measurable activity (Figure A.3).

For H10-9, the most stable secondary structure contains an extended stem. Chan-

ging adenine at position 10 in P1 to guanine (H10-9-1) fixed the mismatch and further

decreased ∆G from -36.4 kcal/mol to -42.3 kcal/mol. This single mutation completely

abolished the activity of the ribozyme (Figure A.3). While substitution with cytosine

had no significant effect (H10-9-2), substitution with uracil led to a faint but detectable

activity in the case of H10-9-3, which may be explained by the formation of a weak non-

canonical U-C pair (Figure A.3) [361]. Replacement of adenine near the 5′ end with uracil

(H10-9-4) also inactivated the ribozyme (Figure A.3). This may be because the mutation

promoted the formation of two base pairs (U-A and G-C) at the 5′ end that increased ri-

gidity and prevented the 5′ GTP from accessing the catalytic site. H10-9-5 is a variant

of the sequence H10-9 in which a single guanine has been deleted at the 5′ end. This

deletion significantly reduced ribozyme activity, likely due to geometric constraints.
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(a)

(b)

Figure 5.3: (a) Predicted secondary structures of H10-7: the structure with the lowest
free energy (top) and the second-lowest free energy (bottom). The box highlights the
stem region between P1 and P2, where variations were introduced. The activity levels
of these variants (H10-7-1, H10-7-2, and H10-7-3) are indicated, where "-" indicates the
loss of activity.(b) The predicted secondary structure of H10-9, highlighting the catalytic
activities of mutations at positions A3 and A10. Mutations are labelled: "+" active, "−"
inactive, and "-+" with reduced activity.
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5.2 3D structure simulation

The 3D structure was predicted for the shortest ribozyme H10-10 (77 nt). The initial

structure was generated using RNAComposer [362], followed by energy minimisation with

divalent metal ions (Mg2+ and Mn2+) to resolve steric clashes using GROMACS [363].

The amber99sb-ildn force field and the TIP3P water model were used. The system was

equilibrated at 298 K using both NVT and NPT ensembles for 1 ns each, followed by

running the molecular dynamics simulation for 50 ns. The generated structure as shown

in Figure 5.4 was visualised using PyMOL.

Figure 5.4: Predicted 3D structure of H10-10, with Domain1 in green, C2 in blue, P1 and
P2 in orange.

The predicted 3D structure of the H10-10 ribozyme reveals a three-arm architecture,

which is consistent with the predicted 2D structure. The molecular dynamics simula-

tion was carried out with a 5′ hydroxyl (5′ OH) group, as I was unable to successfully

incorporate a 5′ triphosphate group into the PDB file in a form that could be properly re-

cognised by the simulation software. In the structure with the 5′ OH, guanine at position

1 (G1) does not form direct contacts with any residues in Domain 1 or the C2 region,

suggesting that significant structural rearrangements may occur in the presence of a 5′

triphosphate. The loop in the C2 domain bends towards the termini, with a measured
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It is hypothesised that the incorporation of a 5′ triphosphate could reduce this distance to

approximately 28.8 Å, as suggested by previous structural studies [364]. Such a reduction

in distance would facilitate the docking of the triphosphate group and may promote closer

proximity between Domain 1 and the 5′ end, potentially stabilising interactions critical

for the catalytic function of the ribozyme.

Further work should prioritise successfully incorporating the 5′ triphosphate group

into the ribozyme model, as this modification may be essential to accurately model the

5′ end, and its interactions within the ribozyme structure could provide information on

structural rearrangements and functional mechanisms. The dynamic behaviour of the

ribozyme, such as conformational shifts and allosteric changes in the presence of free

GTP could also be explored.

5.3 Kinetic analysis

5.3.1 Single-turnover kinetics

Differentiating between the monophosphorylated and triphosphorylated states of H10-10

by direct gel electrophoresis proved to be highly challenging. The test was carried out

using a 15% denaturing PAGE gel containing 8 M urea on a 40 × 20 cm plate (Cambridge

expected, as the phosphorylation state of the 5′ end has minimal influence on the charge-

to-mass ratio of a 77-nt RNA. The difference between a monophosphate (~80 Da) and a

triphosphate (~240 Da) is negligible compared to the overall molecular weight (~25,000

Da), introducing only two additional negative charges without inducing a large structural

change.

The single-turnover rate was determined indirectly via ligation. A time-course in-

cubation of H10-10 in Buffer3 was performed at 25◦C, ranging from 0 to 70 minutes.

quenched by the addition of 10 µL of 500 mM EDTA and subsequently purified using the
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distance of 34.9 Å between the unpaired adenine (A51) and the 5′ hydroxyl group of G1.

Electrophoresis), run at constant power (32 W) for 6 hours. Even under these conditions,

the two bands remained difficult to distinguish (Figure A.5). This result was not un-



Monarch™ RNA Cleanup Kit (NEB). The concentrations of the purified samples were

calculated from their A260 absorbances. The incubated and purified samples were then

subjected to ligation using T4 RNA Ligase 1 (NEB). The RNA substrate was at a con-

centration of 1.5 µM in a 10 µL reaction volume. No additional adaptor strand was intro-

duced, so the ligation products were formed solely from the reacted RNA strands, which

retained a 5′ monophosphate after incubation. After 2 hours of incubation at 25◦C, 1 µL

of each ligation reaction was loaded onto an 8% PAGE gel containing 8 M urea. The gels

were run at 300 V for 45–60 minutes using Mini-PROTEAN Tetra Cell (Bio-Rad) and

stained with SYBR Gold (Invitrogen, Thermo Fisher Scientific). Three independent trials

were performed, and the resulting gel images are presented in Figure 5.5. The bands at

the bottom represent the unligated substrate, while the upper bands correspond to various

ligation products.

Band intensities were quantified using ImageQuant (Typhoon). Since no adaptor

strands were present in the reactions, the intensities reflect the actual amount of substrate

RNA at each specific position. Thus, the fraction of the total intensity of the upper bands

in each lane represents the actual fraction of ligated RNA. However, the fraction ligated is

usually lower than the fraction of molecules available for ligation and is sensitive to reac-

tion conditions [365–368]. A parallel reaction was conducted using RppH, an enzyme that

removes pyrophosphate from the 5′ triphosphate group. The RppH reaction was incubated

at 37◦C for 1 hour, double the time recommended in the protocol, to ensure complete re-

moval of pyrophosphate. RppH is a highly effective pyrophosphatase, particularly active

on 5′ GTP [369]. Consequently, the RppH-treated sample was considered 100% ligatable,

and the ligated fraction for each sample was normalised against the RppH-treated control,

resulting in a value representing the fraction reacted.

The average fraction reacted for each time point was determined and standard devi-

ations were calculated to account for variability between trials. The data was fit to an

exponential association model:

FR = Fmax

(
1− e−kobst

)
(5.1)

where FR is the fraction that reacted at time t, Fmax is the maximum fraction that can
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react and kobs is the observed rate constant.

Data were processed using nonlinear least squares curve fitting with the curve_fit

function from the SciPy library in Python. The corresponding Python script is provided

in Appendix A.5. The fitting resulted in Fmax = 0.82±0.03 and kobs = 0.08±0.01min−1.

reached a plateau around 30 minutes.

Figure 5.5: Single-turnover kinetics study by ligation. The gel images show the ligation
products from three independent trials. The curve represents the data fitted to the equation
FR = Fmax(1−e−kobst), with Fmax = 0.82 and kobs = 0.08min−1. The points represent the
fraction reacted at each time point, and the error bars indicate the standard deviation.

This method is not ideal for determining the rate constant because it does not directly

measure product formation and relies on ligation efficiency, which can be influenced by

factors such as substrate concentration. When product levels are low, the ligation effi-

ciency may decrease, potentially causing the actual reaction rate to appear slower in the
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As shown in Figure 5.5, most of the reaction occurred within the first 25 minutes and

The reaction reaches a plateau at Fmax,

suggesting that 82% of the substrate is reacted under these experimental conditions.



early stages.

5.3.2 Multiple-turnover kinetics

The ability of the ribozyme to perform multiple turnovers on free GTP was assessed us-

ing the PPiLight™ Inorganic Pyrophosphate Assay (Lonza). This assay converts AMP

to ATP in the presence of pyrophosphate (PPi), and the generated ATP is then used by

luciferase to produce bioluminescence. The intensity of bioluminescence is directly pro-

portional to the amount of PPi in the reaction, within a linear detection range of 0.02 µM

to 10 µM. The presence of Mg2+ is essential for the luciferase reaction, although ex-

cessive concentrations of Mg2+ can inhibit the assay. Monovalent salts such as NaCl

are generally inhibitory to the luciferase reaction [370]. Since previous experiments have

demonstrated that monovalent salts are not essential, they were omitted from this assay.

The impact of the reaction buffer without monovalent metal ions (Buffer4, containing

25 mM Tris-HCl pH 7.8, 30 mM MgCl2 and 3 mM MnCl2) and the same buffer with

an equimolar concentration of EDTA (33 mM) was assessed. Three sets of four 40 µL

samples with increasing concentrations of PPi (0, 0.5, 1.0, and 1.5 µM) were prepared.

All samples were tested in triplicate. Group 1 samples were prepared in water, the Group

2 samples in and the Group 3 samples in with 33 mM EDTA. Relative

light units (RLU) were recorded and a plot (Figure 5.6a) was generated. All three groups

were fitted with linear regression curves. The data show a distinct trend for the three

conditions. The samples in water (Group 1) exhibited the highest luminescence in all PPi

concentrations, with a strong linear relationship (slope = 8.35 × 105 RLU/ µM PPi). In

contrast, the addition of Buffer4 (Group 2) significantly reduced the RLU signals, nearly

halving the slope (4.46 × 105 RLU/ µM PPi), indicating a substantial influence of the

divalent metal ions Mg2+ and Mn2+ on the assay signal. The most notable reduction

occurred when EDTA was introduced into the buffer system (Group 3). EDTA was tested

because it chelates divalent metal ions, effectively halting the ribozyme reaction prior to

measuring the PPi levels. The data showed that EDTA almost completely eliminated the

detectable signal, with a minimal slope of 0.10 × 105 RLU/ µM PPi. This drastic decrease

suggests that EDTA not only inhibited the ribozyme by chelating the required metal ions
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but may have also interfered with the assay itself, as the amount of added metal ions

should have been sufficient only for chelating the metal ions in the ribozyme reaction.

Figure 5.6: (a) The impact of buffer components on relative light units (RLU). (b) The
impact of RNA and GTP concentration on RLU (the effects of RNA and GTP concentra-
tions on RLU were measured separately).

Figure 5.6b shows the relationship between RNA and GTP concentrations and RLU

produced in the PPiLight™ assay. The red data points represent varying RNA concen-

trations (0, 0.25, 0.5, 1, 2 µM), while the green data points represent varying GTP con-

centrations (0, 0.25, 0.5, 1, 2 mM). All samples were prepared in triplicate in water with

1 µM PPi. The results indicate that the addition of RNA and GTP generally increased the
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signal but not linearly. In samples with 0.25 µM and 0.5 µM RNA, the signal increased

approximately 1.2 times. The sample with 1.0 µM RNA produced the highest RLU value,

approximately 3.5 × 106. However, when the RNA concentration was increased to 2 µM,

the RLU decreased to 1.7 × 106. For GTP, the signal increased linearly within the range

of 0 to 0.5 mM, with higher GTP concentrations enhancing the assay response. Interest-

ingly, at 1 mM GTP, the RLU decreased, indicating a potential inhibitory effect. When

the concentration of GTP was further increased to 2 mM, the signal recovered slightly but

did not reach the level observed at lower concentrations.

Time-course experiments were conducted for H10-10 (77 nt) and H10-10-1 (76 nt,

one G from the 5′GGG of H10-10). Detection of generated PPi was performed

in the absence (Figure 5.7a) and presence (Figure 5.8a) of EDTA. For the H10-10 ri-

bozyme, both single-turnover conditions (without free GTP) and multiple-turnover con-

ditions (with 1 mM free GTP) were assessed. The variant H10-10-1 was tested only under

multiple-turnover conditions, as its activity to catalyse the hydrolysis of its 5′ GTP was

significantly reduced as suggested by ligation, and it was hypothesised that the removal

of the terminal G could allow better recruitment of free GTP.

The reactions were set up by mixing all components except MnCl2, leading to final

concentrations of 25 mM Tris-HCl (pH 7.8), 30 mM MgCl2, and 0.5 µM RNA, with or

without 1 mM GTP. The catalytic reaction was initiated by adding 3 mM MnCl2 at the

desired time points resulting in a total reaction volume of 40 µL. After incubation for 3,

5, 10, 25, 40, 55, and 70 minutes, 20 µL of PPiLight™ converting reagent was added to

each sample to convert AMP in the reagent into ATP using the PPi generated from the

hydrolysis of 5′ GTP or free GTP. For the EDTA-treated samples, EDTA was added to

a final concentration of 33 mM to stop the reaction before the converting reagent was

introduced. After a 30-minute incubation, 20 µL of the detection reagent was added,

followed by an additional 30-minute incubation during which luciferase generated light

using the ATP produced in the previous step. For the 0-minute time point, Buffer4 and the

PPiLight™ converting reagent were added simultaneously. Standard samples containing

various concentrations of PPi were prepared in Buffer4 and tested in the same manner

(Figure 5.7b and Figure 5.8b).
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Figure 5.7: (a) RLU generated by the PPiLight™ Inorganic Pyrophosphate Assay from
a time-course experiment. The blue curve represents H10-10 under multiple-turnover
conditions with 1 mM GTP, the red curve represents H10-10-1 under multiple-turnover
conditions with 1 mM GTP, and the green curve represents H10-10 under single-turnover
conditions. (b) Standard curve with error bars. All samples were prepared using Buffer4.
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In Figure 5.7a, the blue curve represents H10-10 with free GTP, the red curve repres-

ents H10-10-1 with free GTP, and the green curve represents H10-10 without free GTP.

During the course of 70 minutes, all three samples showed a modest increase in signal.

The two samples containing GTP exhibited higher initial signals, consistent with previ-

ous findings that the addition of 1 mM GTP increases the signal by approximately 4×105

RLU. Interestingly, the standard curve of linearly fitted samples in Buffer4 showed two

distinct regions as presented in In the lower concentration range from 0

to the signal increased more rapidly. The concentration at the final time point

for the green curve was calculated to be 0.21 µM according to the lower concentration

region of the standard curve, and 0.696 µM for the higher concentration region. The two

curves for H10-10 samples, with (blue) and without (green) free GTP, ran almost parallel,

suggesting that H10-10 likely performed only single-turnover catalysis of its own 5′ GTP.

The H10-10-1 sample with GTP showed an even smaller increase in signal, suggesting

that its catalytic activity for 5′ GTP hydrolysis is significantly reduced and it is unlikely

that it had performed multiple-turnover catalysis on the free GTP.

The results of the measurements with 33 mM EDTA added to the reaction are shown

in Figure 5.8a. The blue curve represents H10-10 with free GTP, the red curve repres-

ents H10-10-1 with free GTP, and the green curve represents H10-10 without free GTP.

The curves for H10-10 in single turnover (green) and multiple turnover (blue) are nearly

parallel, showing a trend similar to the signal measured without EDTA. This observation

supports the conclusion that H10-10 did not catalyse free GTP under multiple-turnover

conditions. The amount of PPi generated showed an initial burst, with the signal plateau-

ing after about 10 minutes of incubation, faster than the 25 minutes observed in the curve

generated from ligation products. This evidence supports the earlier conjecture that the

observed rate constant (

since the ligation efficiency would be considerably reduced in the early stages where the

substrate concentration is low. The signal for H10-10-1 samples showed a very slight

increase during incubation and is therefore only barely active in catalysis. The signals of

the standard samples, compared to those without EDTA, were much lower, and the data

points could not fit into a line curve, especially at higher PPi concentrations.
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Figure 5.8: (a) RLU generated by the PPiLight™ Inorganic Pyrophosphate Assay from
a time-course experiment. The blue curve represents H10-10 under multiple-turnover
conditions with 1 mM GTP, the red curve represents H10-10-1 under multiple-turnover
conditions with 1 mM GTP, and the green curve represents H10-10 under single-turnover
conditions. (b) Plotted data points of standard samples. All samples were prepared using
Buffer4, with 33 mM EDTA added prior to the PPi conversion and detection assay.
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Chapter 6

Conclusions and future directions

6.1 Discussion and conclusions

This thesis explores the application of in vitro selection techniques for the development of

nucleic acid-based mechanocatalysts, aimed at improving autonomous nucleic acid-based

molecular machines. The introductory chapter discussed the theoretical foundations of

artificial molecular machines, structural and dynamic DNA nanotechnology, similarities

between protein-based natural molecular machines and functional nucleic acids, and the

possible role of nucleic acids as energy-transducing and coordinating elements in molecu-

lar machines driven by small-molecule fuels.

Based on the information and discussion in the first chapter, two strategies were pro-

posed. The first strategy involved the adaptation of Willner’s ATPase-mimicking nucle-

ozyme by replacing the original aptamer with a triphosphate-specific aptamer to introduce

coupling between the mechanical state of the aptamer and the chemical catalysis of the

small molecule fuel. Because the catalyst was not commercially available, the chem-

ical synthesis of the tethered catalytic center, a bis-Zn2+-pyridyl-salen complex, was

performed. However, after several attempts, the synthesis of the catalyst proved chal-

lenging due to salen ligand instability, the complexity of its coordination chemistry, and

constraints resulting from the covid pandemic. Therefore, this strategy was not pursued

further.

The second strategy, which forms the main focus of this thesis, is based on in vitro

selection. A selection scheme aimed at isolating a ribozyme capable of catalysing the
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hydrolysis of GTP under single-turnover conditions was designed. After eight rounds of

selection, the ribozymes identified by high-throughput sequencing (HTS) exhibited cata-

lytic activity comparable to RNA 5′ pyrophosphohydrolase (RppH). Ligation-based activ-

ity analysis showed that the most active ribozyme ranked 10th (H10) in abundance in the

final sub-library, while sequences ranked 2nd (H2) and 6th (H6) exhibited background-

level activity. This disparity between abundance and activity is not uncommon in in vitro

selection. The relative abundance of certain sequences could have been influenced by

factors such as compatibility with the selection mechanism rather than their catalytic ef-

ficiency. Consequently, sequences that ranked highly may have been preferentially en-

riched for traits that were not related to activity, such as ease of ligation or amplification,

rather than their true catalytic potential.

Sequence analysis of individual random regions revealed that the random region near

the 3′ end (D2) exhibited less enrichment compared to the one near the 5′ end (D1). The

enriched sequences in D2 were predominantly AU rich, which tend to be more structur-

ally flexible, reducing the likelihood of intramolecular interactions across the full-length

sequence. This flexibility may also explain the less pronounced peak shifts observed in

the melting curve analysis. An increase in AU content within one region could decrease

the overall melting temperature despite the increased sequence homogeneity in the other

random region. The D2 region was later shown to be non-essential in truncation experi-

ments (H10-7), although the activity for ligation compared to RppH decreased from 0.83

to 0.67. Replacement of the D1 region in H7 with the motif sequence detected among the

top 10 sequences in D1 (H10-12) significantly decreased its activity, to 0.23. The further

trimming of H10-7 resulted in the identification of a minimal 77 nt ribozyme (H10-10)

that exhibited 0.73-fold activity for ligation after a 60-minute incubation in reaction buffer

(Buffer2) compared to the sample treated with RppH. H10-10 maintained a predicted sec-

ondary structure similar to the original aptamer scaffold (1-1min). The C2 region retained

its stem-loop structure. Despite deletion of the C1 region, all conserved nucleotides were

preserved. This suggests that H10-10 could function as a modular ribozyme, with distinct

but cooperative substrate recognition and catalytic modules. Although the ribozyme was

selected under single-turnover conditions, it may be capable of multiple-turnover catalysis
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because the binding and reaction sites on the substrate are the same.

A time-course incubation followed by ligation was used in the single-turnover kinetic

experiment. The proportion of reacted molecules for each sample was measured by de-

termining the total intensity of the ligation product bands, normalised against that of the

RppH-treated control. By fitting the data to a curve, the observed rate constant was cal-

culated to be kobs = 0.08±0.01min−1. However, this approach is far from ideal because

it does not directly measure product formation and is dependent on ligation efficiency,

which can be affected by factors such as reaction conditions and substrate concentration.

When product levels (monophosphorylated RNA) are low, the ligation efficiency may

drop. This would appear to make the rate of reaction proceed more slowly, especially in

its early stage. This hypothesis is supported by the results of the later PPiLight™ pyro-

phosphate detection assay, where the signal plateaued about 15 minutes earlier than was

observed in the kinetic analysis by ligation. Under multiple-turnover conditions (with

free GTP present in solution), neither H10-10 nor H10-10-1 (with one 5′ GTP removed

to allow space for incoming GTP) exhibited multiple-turnover activity.

6.2 Future directions

The deletion of a 5′ GTP in H10-10 creates space for an additional free GTP molecule,

but the H10-10-1 ribozyme produced by T7 IVT still retains a 5′ triphosphate. This could

result in electrostatic repulsion, which makes it less energetically favourable for free GTP

molecules to come into close proximity. Removing 5′ triphosphate after T7 IVT may ulti-

mately enable the ribozyme to perform multiple turnover catalysis. This can be achieved

using calf intestinal alkaline phosphatase (CIP) [371].

Incubation followed by ligation can give an indication of whether a sequence is cata-

lytically active (converting 5′ triphosphate to 5′ monophosphate), and offers an intuitive

comparison of activity between sequences. However, this is not ideal for quantification,

as the efficiency of ligation depends on reaction conditions as well as the sequence and

secondary structure of the substrates. Methods including high-performance liquid chro-

matography (HPLC) [372] and radio thin layer chromatography (radio-TLC) [373] provide

more accurate quantification. The PPiLight™ kit is a convenient, fast and non-radioactive
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pyrophosphate detection assay. However, test conditions such as buffer composition and

improved sample and reagent loading in 96-well plates must be optimised for optimal

performance.

The simulated 3D structure of H10-10 with a 5′ OH group shows that the 5′ end is not

in close proximity to any specific regions within the sequence. This would suggest that

the presence of a triphosphate group may cause a significant structural rearrangement,

perhaps moving it to a position near the binding or catalytic sites. Thus, molecular dy-

namics simulations with a 5′ triphosphate or a free GTP docked at its predicted binding

site could provide insight into the functional mechanism of the ribozyme and inform fu-

ture applications. Additionally, the 3D structure presented in this thesis was derived using

a conventionally predicted 2D structure as a starting point. Recent advances in computa-

tional tools, such as AlphaFold 3 [374], allow the direct prediction of 3D structures from

primary nucleotide sequences with potentially improved accuracy.

Although the triphosphate-specific aptamer scaffold used here was designed to pre-

dispose ribozymes to multi-turnover activity, such behaviour could not be guaranteed.

The selection process was conducted under single-turnover conditions, meaning that the

emergence of multiple-turnover behaviour may occur more by chance than by design.

A more effective strategy could be to integrate all the desired functions into the se-

lection pressure. For example, Figure 6.1 illustrates a three-step selection procedure for

mechanocatalysts that respond to ATP. A library is prepared with a constant docking re-

gion in the middle flanked by two random regions and constant primer binding sites. The

first step of selection involves immobilisation of the library onto streptavidin-coated mag-

netic beads by hybridisation with a biotinylated oligonucleotide [272]. Upon the addition

of ATP, sequences that undergo significant structural changes, disrupting the hybridisa-

tion, are released into the incubation buffer. These sequences are then separated from the

rest of the library on the beads using a magnet. The collected sequences are subsequently

amplified by RT-PCR and IVT for RNA libraries, or directly by PCR for DNA libraries.

For DNA libraries, an ssDNA sublibrary can be prepared using methods such as asym-

metric PCR, biotin–streptavidin separation, and lambda exonuclease digestion [375–377].

This process can be repeated multiple times to enrich the pool with sequences that ex-
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hibit structural changes upon ATP binding. These sequences may include weak binders

to the biotinylated oligo, allosteric aptamers for ATP, or catalytic aptamers that had first

engaged in allosteric binding. In the second step of selection, the library enriched with

allosteric functionality is loaded onto a non-hydrolysable ATPγS-agarose column. High-

affinity aptamers or ribozymes for ATP remain in the column and are subsequently eluted

with high concentrations of ATP before being amplified. After these two steps, sequences

with both high affinity for ATP and substantial structural switching upon binding should

have been enriched. In the last step, the sublibrary is incubated with the ATP-modified

agarose column. The flow-through, now containing catalytic aptamers, is collected and

the sequences are amplified. Cycling in each step or cycling through all three steps can

be done in order to further refine the selection.

The intricate molecular machines made from proteins are the products of approxim-

ately 4 billion years of evolution. Countless of these molecular machines, including motor

proteins and enzymes, operate within a human body, transforming us into efficient biolo-

gical factories. These biological machines are essentially mechanocatalysts as they couple

their mechanical cycles to the catalysis of ATP hydrolysis. They work repeatedly and effi-

ciently without external regulation. Such autonomy and efficiency are highly desirable in

nanotechnology. Autonomy, in particular, avoids the need for complex control systems,

which would be impractical in large-scale applications. In addition, autonomy allows

molecular machines to function in environments where external stimuli are unavailable

or undesirable, such as within living organisms. With their unparalleled programmability,

nucleic acids are the ideal material for the engineering of man-made autonomous molecu-

lar machines. However, the autonomous nucleic acid-based molecular machines reported

so far either rely on protein enzymes or depend on slow strand displacement reactions.

We hypothesised that integrating a nucleic acid-based mechanocatalyst capable of acting

on small molecules within a motor system could greatly enhance efficiency.
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Figure 6.1: Schematic representation of a three-step selection procedure for ATP-
responsive allosteric ribozymes or DNAzymes. For a detailed explanation of the pro-
cedure, refer to the text.

Although the work presented in this thesis is still far from the creation of the desired

nucleic acid-based molecular machine that we proposed, it underlined that nucleic acids

can be as functionally versatile and efficient as proteins. This research highlights the po-

tential of nucleic acid-based mechanocatalysts for molecular machines. While the in vitro

selection technique is currently the primary route to the discovery of nucleic acids with

novel functions, with continuously improved computational tools and predictive model-

ling, de novo design of functional nucleic acids might be possible in the future.

121



Appendix A

Appendix

A.1 Lists of oligonucleotides

Name Sequence 5’- 3’

DNA library GTGACGCGACTAGTTACGGANNNNNNNNNNNNNNNNNNNN

ACACATGGACTCCTTCCATGTAGCTCCNNNNNNNNNNNNNN

NNNNNNAGAGCCCTGAGATCCGTAGATCTCCCTTCATTCAGT

TGCGTCTCCC

Primer1 GTATAATACGACTCACTATAGGGAGACGCAACTGAATGAA

Acceptor1 GGACAGCGCGUGUAGAAAUUAAUACGACUCACUAUA

Primer-169 GTATAATACGACTCACTATAGGACAGCGCGUGUAGAAAUU

AAUACGACUCACUAUAGGGAGACGCAACTGAATGAA

Primer-153 GTATAATACGACTCACTATAGGACAGCGCGTGTAGAAAT

TGGGAGACGCAACTGAATGAA

Splint1 CATTCAGTTGCGTCTCCCTATAGTGAGTCGTAT

Primer2 GTGACGCGACTAGTTACGGA

Primer3 GGACAGCGCGTGTAG

P51_Qian_F AATGATACGGCGACCACCGAGATCTACACTCTTTTCCCCTACA

CGACGCTCTTCCGATCTNNNATCACCGGGGAGACGCAACTGA

ATG
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Name Sequence 5’- 3’

P52_Qian_F AATGATACGGCGACCACCGAGATCTACACTCTTTTCCCCTACA

CGACGCTCTTCCGATCTNNNCGATGTGGGGAGACGCAACTGA

ATG

P53_Qian_F AATGATACGGCGACCACCGAGATCTACACTCTTTTCCCCTACA

CGACGCTCTTCCGATCTNNNTTAGGCGGGGAGACGCAACTG

AATG

P54_Qian_F AATGATACGGCGACCACCGAGATCTACACTCTTTTCCCCTACA

CGACGCTCTTCCGATCTNNNTGACCAGGGGAGACGCAACTGA

ATG

P7_Qian_R CAAGCAGAAGACGGCATACGAGATGTGACTGGAGTTCAGAC

GTGTGCTCTTCCGATCTNNNGTGACGCGACTAGTTACGG

S1(template) GTGACGCGACTAGTTACGGAACATGGGGCGTTCTTCGTGAA

CACATGGACTCCTTCCATGTAGCTCCTCAGGCGGGACCGTA

ACTTTAGAGCCCTGAGATCCGTAGATCTCCCTTCATTCAGT

TGCGTCTCCC

S2(template) GTGACGCGACTAGTTACGGAGAAGCTGAATGCTTAGAAAGA

CACATGGACTCCTTCCATGTTGCTCCAGGACCGGTGCTCAA

AAAACAAGAGCCCTGAGATCCGTAGATCTCCCTTCATTCAGT

TGCGTCTCCC

S3(template) GTGACGCGACTAGTTACGGACGTTATATTCTTCGAGTCAGA

CACATGGACTCCTTCCATGTAGCTCCGCTTTCGAGTTAGTA

CACTGAGAGCCCTGAGATCCGTAGATCTCCCTTCATTCAGT

TGCGTCTCCC

S4(template) GTGACGCGACTAGTTACGGAACTTTAGTGAAAATTGGGTAG

ACACATGGACTCCTCCATGTAGCTCCGTTTCTCGAGTTAGT

ACTGAAGAGCCCTGAGATCCGTAGATCTCCCTTCATTCAGT

TGCGTCTCCC
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Name Sequence 5’- 3’

S5(template) GTGACGCGACTAGTTACGGATACATTCTAGTGTCACGCACT

ACACATGGACTCCTTCCATGTAGCTCCGTAATTCGAGTTAG

TACCGAAGAGCCCTGAGATCCGTAGATCTCCCTTCATTCAGT

TGCGTCTCCC

S6(template) TTGACGCGACTAGTTACGGAACTACATGTGTTTCGAGAGGT

ACACATGGACTCCTTACATGTAGCTCCGGAACGTCGAGTTA

GTACTGAGAGCCCTGAGATCCGTAGATCTCCCTTCATTCAGT

TGCGTCTCCC

H1(template) GTGACGCGACTAGTTACGGAACATTTTTTTGAGTCAATGTA

CACATGGACTCCTTCCATGTAGCTCCGCTTTCGAGTTAGTA

CTGAGAGAGCCCTGAGATCCGTAGATCTCCCTTCATTCAGT

TGCGTCTCCC

H2(template) GTGACGCGACTAGTTACGGAAAGCTGAATGAACTTTAGAGA

CACATGGACTCCTTCCATGTAGCTCCCGTGTGGCGGCCGCA

TTTCTAGAGCCCTGAGATCCGTAGATCTCCCTTCATTCAGT

TGCGTCTCCC

H3(template) GTGACGCGACTAGTTACGGACCTGTAATTTATTTGCTTACA

CACATGGACTCCTTCCATGTAGCTCCCGCTTTCGAGTTAGT

ACTGAAGAGCCCTGAGATCCGTAGATCTCCCTTCATTCAGT

TGCGTCTCCC

H4(template) GTGACGCGACTAGTTACGGATACTAGTACTTTGTTTTTTTA

CACATGGACTCCTTCCATGTAGCTCCCGTCTTCGAGTTAGT

ACTGAAGAGCCCTGAGATCCGTAGATCTCCCTTCATTCAGT

TGCGTCTCCC

H5(template) GTGACGCGACTAGTTACGGAACATTTTTTTTGAGTCAATGA

CACATGGACTCCTTCCATGTAGCTCCTGCTTTCGAGTTAGT

ACTGAAGAGCCCTGAGATCCGTAGATCTCCCTTCATTCAGT

TGCGTCTCCC
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Name Sequence 5’- 3’

H6(template) GTGACGCGACTAGTTACGGATAGTTTTTTCCTATTCGTAAA

CACATGGACTCCTTCCATGTAGCTCCTCATACGGGATTTGA

ATGATAGAGCCCTGAGATCCGTAGATCTCCCTTCATTCAGT

TGCGTCTCCC

H7(template) GTGACGCGACTAGTTACGGACATTTTTTTTTGAGTCAATGA

CACATGGACTCCTTCCATGTAGCTCCTGCTTTCGAGTTAGT

ACTGAAGAGCCCTGAGATCCGTAGATCTCCCTTCATTCAGT

TGCGTCTCCC

H8(template) GTGACGCGACTAGTTACGGAACATTTTTTTTTGAGTCAATA

CACATGGACTCCTTCCATGTAGCTCCGTGCTTTCGAGTTAG

TACTGAGAGCCCTGAGATCCGTAGATCTCCCTTCATTCAGT

TGCGTCTCCC

H9(template) GTGACGCGACTAGTTACGGACATTTTTTTTGAGTCAATGTA

CACATGGACTCCTTCCATGTAGCTCCGCTTTCGAGTTAGTA

CTGAGAGAGCCCTGAGATCCGTAGATCTCCCTTCATTCAGT

TGCGTCTCCC

H10(template) GTGACGCGACTAGTTACGGATGAAAAGTTTTTTTCTCTAGA

CACATGGACTCCTTCCATGTAGCTCCGTAAATCGAGTTAGTA

CTGAAGAGCCCTGAGATCCGTAGATCTCCCTTCATTCAGT

TGCGTCTCCC

Primer4 GTATAATACGACTCACTATTGGGAGACGCAACTGAATGAA

H10-1(template) TGAAAAGTTTTTTTCTCTAGACACATGGACTCCTTCCATGT

AGCTCCGTAAATCGAGTTAGTACTGAAGAGCCCTGAGATCCG

TAGATCTCCCTTCATTCAGTTGCGTCTCCC

H10-2(template) ACACATGGACTCCTTCCATGTAGCTCCGTAAATCGAGTTAG

TACTGAAGAGCCCTGAGATCCGTAGATCTCCCTTCATTCAGT

TGCGTCTCCC
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Name Sequence 5’- 3’

H10-6(template) GTGACGCGACTAGTTACGGATTTTTTTTTTTTTTTTTTTTA

CACATGGACTCCTTCCATGTAGCTCCGTAAATCGAGTTAGTA

CTGAAGAGCCCTGAGATCCGTAGATCTCCCTTCATTCAGT

TGCGTCTCCC

H10-7(template) GTGACGCGACTAGTTACGGAACACATGGACTCCTTCCATGT

AGCTCCGTAAATCGAGTTAGTACTGAAGAGCCCTGAGATCCG

TAGATCTCCCTTCATTCAGTTGCGTCTCCC

H10-8(template) GTGACGCGACTAGTTACACATGGACTCCTTCCATGTAGTAA

ATCGAGTTAGTACTGAAGAGCCCTGAGATCCGTAGATCTCCC

TTCATTCAGTTGCGTCTCCC

H10-9(template) GTGACGCGACTAGTTACACATGGACTCCTTCCATGTAGTAA

ATCGAGTTAGTACTGACTGAGATCCGTAGATCTCCCTTCATT

CAGTTGCGTCTCCC

H10-10(template) GTGACGCGACTAGTTACACATGGACTCCTTCCATGTAGTAA

ATCGAGTTAGTACTGATTCATTCAGTTGCGTCTCCC

H10-10-1(template) GTGACGCGACTAGTTACACATGGACTCCTTCCATGTAGTAA

ATCGAGTTAGTACTGATTCATTCAGTTGCGTCTCC

H10-11(template) GTGACGCGACTAGTTGTAAATCGAGTTAGTACTGACTGAGA

TCCGTAGATCTCCCTTCATTCAGTTGCGTCTCCC

H10-12(Fwd) GTATAATACGACTCACTATAGGGACTGCGCTGATAATGAAG

GGAGATCTACGGATCTCAGGGCTCTCAGTACTAACTCG

H10-12(Rev) GTGACGCGACTAGTTACGGAACACATGGACTCCTTCCATGT

AGCTCCTTCGAGTTAGTACTGAGAGCCC

H10-11-1(template) GTGACGCGACTAGTTGTAAATCGAGTTAGTACTGACTGAGA

TCCGTAGATCTCCCTTCATTCAGTTGCGTCTCC

1-1min-1(template) GTGACGCGACTAGTTACGGAACACATGGACTCCTTCCATGT

AGCTCCCGTAAGAGCCCTGAGATCCGTAGATCTCCCTTCATT

CAGTTGCGTCTCCC

Primer5 GTATAATACGACTCACTATAGGGAGAUCUACGGAUCUCAGGG

126



Name Sequence 5’- 3’

H10-3(template) GTGACGCGACTAGTTACGGATGAAAAGTTTTTTTCTCTAGA

CACATGGACTCCTTCCATGTAGCTCCGTAAATCGAGTTAGTA

CTGAAGAGCCCTGAGATCCGTAGATCTCCC

H10-4(template) GTGACGCGACTAGTTACGGAACACATGGACTCCTTCCATGT

AGCTCCGTAAATCGAGTTAGTACTGAAGAGCCCTGAGATCCG

TAGATCTCCC

H10-5(template) ACACATGGACTCCTTCCATGTAGCTCCGTAAATCGAGTTAG

TACTGAAGAGCCCTGAGATCCGTAGATCTCCC

1-1min(template) ACACATGGACTCCTTCCATGTAGCTCCCGTAAGAGCCCTGA

GATCCGTAGATCTCCC

Primer6 GTATAATACGACTCACTATAGGAGACGCAACTGAATGAA

H10-7-1(Fwd) GTATAATACGACTCACTATAGGGACTGCGCTGATAATGAAG

GGAGATCTACGGATCTCAGGGCTCTTCAGTACTAACTCGATT

H10-7-1(Rev) GTCTGCGTTGACGTTACGGAACACATGGACTCCTTCCATGT

AGCTCCGTAAATCGAGTTAGTACTGAAGAGC

H10-7-2(Fwd) GTATAATACGACTCACTATAGGGATCATACCAGTAATGAAG

GGAGATCTACGGATCTCAGGGCTCTTCAGTACTAACTCGATT

H10-7-2(Rev) GTTCATATCAGCGTTACGGAACACATGGACTCCTTCCATGT

AGCTCCGTAAATCGAGTTAGTACTGAAGAGC

H10-7-3(Fwd) GTATAATACGACTCACTATAGGGAAGTATAGTCGAATGAAG

GGAGATCTACGGATCTCAGGGCTCTTCAGTACTAACTCGATT

H10-7-3(Rev) GTAGTATGGTCAGTTACGGAACACATGGACTCCTTCCATGT

AGCTCCGTAAATCGAGTTAGTACTGAAGAG

H10-9-N(template) GTGACGCGACTAGTTACACATGGACTCCTTCCATGTAGTAA

ATCGAGTTAGTACTGAGAGATCCGTAGATCTCCC

H10-9-1(Fwd) GTATAATACGACTCACTATAGGGAGACGCGACTGAATGAAG

GGAGATCTACGGATCTC

H10-9-2(Fwd) GTATAATACGACTCACTATAGGGAGACGCCACTGAATGAAG

GGAGATCTACGGATCTC

H10-9-3(Fwd) GTATAATACGACTCACTATAGGGAGACGCTACTGAATGAAG

GGAGATCTACGGATCTC
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Name Sequence 5’- 3’

H10-9-4(Fwd) GTATAATACGACTCACTATAGGGTGACGCAACTGAATGAAG

GGAGATCTACGGATCTC

Table A.1: Sequences of oligonucleotides ordered from IDT. T7 promoters are underlined.
Sequencing barcodes are shown in blue.

Name Sequence 5’- 3’

RNA library GGGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCA

GGGCUCUNNNNNNNNNNNNNNNNNNNNGGAGCUACAUG

GAAGGAGUCCAUGUGU NNNNNNNNNNNNNNNNNNNNUC

CGUAACUAGUCGCGUCAC

169 nt GGACAGCGCGUGUAGAAAUUAAUACGACUCACUAUAGGG

AGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCAGGG

CUCUNNNNNNNNNNNNNNNNNNNNGGAGCUACAUGGAA

GGAGUCCAUGUGUNNNNNNNNNNNNNNNNNNNNUCCGU

AACUAGUCGCGUCAC

153 nt GGACAGCGCGUGUAGAAAUUGGGAGACGCAACUGAAUGA

AGGGAGAUCUACGGAUCUCAGGGCUCUNNNNNNNNNNNN

NNNNNNNNGGAGCUACAUGGAAGGAGUCCAUGUGUNNN

NNNNNNNNNNNNNNNNNUCCGUAACUAGUCGCGUCAC

S1 GGGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCAG

GGCUCUAAAGUUACGGUCCCGCCUGAGGAGCUACAUGGAA

GGAGUCCAUGUGUUCACGAAGAACGCCCCAUGUUCCGUAA

CUAGUCGCGUCAC

S2 GGGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCAG

GGCUCUUGUUUUUUGAGCACCGGUCCUGGAGCAACAUGGA

AGGAGUCCAUGUGUCUUUCUAAGCAUUCAGCUUCUCCGUA

ACUAGUCGCGUCAC
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Name Sequence 5’- 3’

S3 GGGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCAG

GGCUCUCAGUGUACUAACUCGAAAGCGGAGCUACAUGGAA

GGAGUCCAUGUGUCUGACUCGAAGAAUAUAACGUCCGUAA

CUAGUCGCGUCAC

S4 GGGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCAG

GGCUCUUCAGUACUAACUCGAGAAACGGAGCUACAUGGAG

GAGUCCAUGUGUCUACCCAAUUUUCACUAAAGUUCCGUAA

CUAGUCGCGUCAC

S5 GGGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCAG

GGCUCUUCGGUACUAACUCGAAUUACGGAGCUACAUGGAA

GGAGUCCAUGUGUAGUGCGUGACACUAGAAUGUAUCCGUA

ACUAGUCGCGUCAC

S6 GGGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCAG

GGCUCUCAGUACUAACUCGACGUUCCGGAGCUACAUGUAA

GGAGUCCAUGUGUACCUCUCGAAACACAUGUAGUUCCGUA

ACUAGUCGCGUCAA

H1 GGGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCAG

GGCUCUCUCAGUACUAACUCGAAAGCGGAGCUACAUGGAA

GGAGUCCAUGUGUACAUUGACUCAAAAAAAUGUUCCGUAA

CUAGUCGCGUCAC

H2 GGGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCAG

GGCUCUAGAAAUGCGGCCGCCACACGGGAGCUACAUGGAA

GGAGUCCAUGUGUCUCUAAAGUUCAUUCAGCUUUCCGUAA

CUAGUCGCGUCAC

H3 GGGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCAG

GGCUCUUCAGUACUAACUCGAAAGCGGGAGCUACAUGGAA

GGAGUCCAUGUGUGUAAGCAAAUAAAUUACAGGUCCGUAA

CUAGUCGCGUCAC
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Name Sequence 5’- 3’

H4 GGGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCAG

GGCUCUUCAGUACUAACUCGAAGACGGGAGCUACAUGGAA

GGAGUCCAUGUGUAAAAAAACAAAGUACUAGUAUCCGUAA

CUAGUCGCGUCAC

H5 GGGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCAG

GGCUCUUCAGUACUAACUCGAAAGCAGGAGCUACAUGGAA

GGAGUCCAUGUGUCAUUGACUCAAAAAAAAUGUUCCGUAA

CUAGUCGCGUCAC

H6 GGGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCAG

GGCUCUAUCAUUCAAAUCCCGUAUGAGGAGCUACAUGGAA

GGAGUCCAUGUGUUUACGAAUAGGAAAAAACUAUCCGUAA

CUAGUCGCGUCAC

H7 GGGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCAG

GGCUCUUCAGUACUAACUCGAAAGCAGGAGCUACAUGGAA

GGAGUCCAUGUGUCAUUGACUCAAAAAAAAAUGUCCGUAA

CUAGUCGCGUCAC

H8 GGGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCAG

GGCUCUCAGUACUAACUCGAAAGCACGGAGCUACAUGGAA

GGAGUCCAUGUGUAUUGACUCAAAAAAAAAUGUUCCGUAA

CUAGUCGCGUCAC

H9 GGGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCAG

GGCUCUCUCAGUACUAACUCGAAAGCGGAGCUACAUGGAA

GGAGUCCAUGUGUACAUUGACUCAAAAAAAAUGUCCGUAA

CUAGUCGCGUCAC

H10 GGGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCAG

GGCUCUUCAGUACUAACUCGAUUUACGGAGCUACAUGGAA

GGAGUCCAUGUGUCUAGAGAAAAAAACUUUUCAUCCGUAA

CUAGUCGCGUCAC
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Name Sequence 5’- 3’

H10-1 GGGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCAG

GGCUCUUCAGUACUAACUCGAUUUACGGAGCUACAUGGAA

GGAGUCCAUGUGUCUAGAGAAAAAAACUUUUCA

H10-2 GGGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCAG

GGCUCUUCAGUACUAACUCGAUUUACGGAGCUACAUGGAA

GGAGUCCAUGUGU

H10-3 GGGAGAUCUACGGAUCUCAGGGCUCUUCAGUACUAACUCG

AUUUACGGAGCUACAUGGAAGGAGUCCAUGUGUCUAGAGA

AAAAAACUUUUCAUCCGUAACUAGUCGCGUCAC

H10-4 GGGAGAUCUACGGAUCUCAGGGCUCUUCAGUACUAACUCG

AUUUACGGAGCUACAUGGAAGGAGUCCAUGUGUUCCGUAA

CUAGUCGCGUCAC

H10-5 GGGAGAUCUACGGAUCUCAGGGCUCUUCAGUACUAACUCG

AUUUACGGAGCUACAUGGAAGGAGUCCAUGUGU

H10-6 GGGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCAG

GGCUCUUCAGUACUAACUCGAUUUACGGAGCUACAUGGAA

GGAGUCCAUGUGUAAAAAAAAAAAAAAAAAAAAUCCGUA

ACUAGUCGCGUCAC

H10-7 GGGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCAG

GGCUCUUCAGUACUAACUCGAUUUACGGAGCUACAUGGAA

GGAGUCCAUGUGUUCCGUAACUAGUCGCGUCAC

Apt GGGAGAUCUACGGAUCUCAGGGCUCUUACGGGAGCUAC

AUGGAAGGAGUCCAUGUGU

Apt-1 GGGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUC

AGGGCUCUUACGGGAGCUACAUGGAAGGAGUCCAUGUG

UUCCGUAACUAGUCGCGUCAC

H10-7-1 GGGACUGCGCUGAUAAUGAAGGGAGAUCUACGGAUCUC

AGGGCUCUUCAGUACUAACUCGAUUUACGGAGCUACAUGG

AAGGAGUCCAUGUGUUCCGUAACGUCAACGCAGAC
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Name Sequence 5’- 3’

H10-7-2 GGGAUCAUACCAGUAAUGAAGGGAGAUCUACGGAUCUC

AGGGCUCUUCAGUACUAACUCGAUUUACGGAGCUACAUGG

AAGGAGUCCAUGUGUUCCGUAACGCUGAUAUGAAC

H10-7-3 GGGAAGUAUAGUCGAAUGAAGGGAGAUCUACGGAUCUC

AGGGCUCUUCAGUACUAACUCGAUUUACGGAGCUACAUGG

AAGGAGUCCAUGUGUUCCGUAACUGACCAUACUAC

H10-8 GGGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCAG

GGCUCUUCAGUACUAACUCGAUUUACUACAUGGAAGGAGU

CCAUGUGUAACUAGUCGCGUCAC

H10-9 GGGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCAG

UCAGUACUAACUCGAUUUACUACAUGGAAGGAGUCCAUGU

GUAACUAGUCGCGUCAC

H10-10 GGGAGACGCAACUGAAUGAAUCAGUACUAACUCGAUUUAC

UACAUGGAAGGAGUCCAUGUGUAACUAGUCGCGUCAC

H10-10-1 GGAGACGCAACUGAAUGAAUCAGUACUAACUCGAUUUAC

UACAUGGAAGGAGUCCAUGUGUAACUAGUCGCGUCAC

H10-11 GGGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCA

GUCAGUACUAACUCGAUUUACAACUAGUCGCGUCAC

H10-12 GGGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCA

GCAGUACUAACUCGAAAACUAGUCGCGUCAC

H10-11-1 GGAGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCA

GUCAGUACUAACUCGAUUUACAACUAGUCGCGUCAC

H10-9-1 GGGAGACGCGACUGAAUGAAGGGAGAUCUACGGAUCUCAG

UCAGUACUAACUCGAUUUACUACAUGGAAGGAGUCCAUGU

GUAACUAGUCGCGUCAC

H10-9-2 GGGAGACGCCACUGAAUGAAGGGAGAUCUACGGAUCUCAG

UCAGUACUAACUCGAUUUACUACAUGGAAGGAGUCCAUGU

GUAACUAGUCGCGUCAC

H10-9-3 GGGAGACGCUACUGAAUGAAGGGAGAUCUACGGAUCUCAG

UCAGUACUAACUCGAUUUACUACAUGGAAGGAGUCCAUGU

GUAACUAGUCGCGUCAC
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Name Sequence 5’- 3’

H10-9-4 GGGUGACGCAACUGAAUGAAGGGAGAUCUACGGAUCUCAG

UCAGUACUAACUCGAUUUACUACAUGGAAGGAGUCCAUGU

GUAACUAGUCGCGUCAC

Table A.2:

A.2 Gel Electrophoresis

Native polyacrylamide gel electrophoresis

For electrophoresis of native polyacrylamide gel, a 10 mL mixture (sufficient for two gels)

was prepared by combining 30% 29:1 acrylamide:bis-acrylamide stock solution (Sigma-

Aldrich) with Tris-acetate-EDTA (TAE; Thermo Scientific) buffer and water to achieve

a final 1× buffer concentration and 15% acrylamide. To this mixture, 100 µL of 10%

ammonium persulphate (APS; Sigma-Aldrich) and 10 µL of tetramethylethylenediamine

(TEMED; Sigma-Aldrich) were added, and the solution was briefly vortexed. The res-

ulting mixture was poured between two glass plates with a 0.75 mm spacer, a gel comb

was inserted, and the gel was left to polymerise for 15 minutes. After polymerisation,

the outside of the plates was rinsed with water to remove excess gel, and the comb was

carefully removed. The gels were then placed in a Mini-PROTEAN Tetra Cell vertical

gel electrophoresis system (Bio-Rad), and the chamber was filled with 1× TAE buffer.

Samples (with 1× loading dye; New England Biolabs) were pipetted into each well. The

gels were run at 180 V for 45 minutes at room temperature.

Denaturing polyacrylamide gel electrophoresis

For denaturing polyacrylamide gel electrophoresis, a 10 mL mixture (for two gels) was

prepared by combining 4.8 g urea (Sigma-Aldrich), 1 mL 10× Tris-Borate-EDTA (TBE;

Thermo Scientific), 2.67 mL 30% 19:1 acrylamide:bis-acrylamide stock solution (Sigma-

Aldrich), and water to achieve a final buffer concentration of 1×, with 8% acrylamide
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and 8 M urea. To this mixture, 100 µL of 10% APS and 10 µL of TEMED were added,

followed by a brief vortex. The gel casting procedure was the same as that used for

the native gel preparation. The gel electrophoresis tank was filled with 1× TBE buffer.

Before loading, the samples were mixed with an equal volume of 2× denaturing buffer

(95% formamide, 0.02% SDS, 0.02% bromophenol blue, 0.01% xylene cyanol, and 100

mM EDTA) and denatured at 90°C for 3 minutes. RNA samples were then loaded into

each well. The gels were run at 300 V for 45 to 75 minutes depending on the fragment

length at room temperature.

Agarose gel electrophoresis

100 mL of 1× TBE was added to 3 g of UltraPure™ agarose (Invitrogen, ThermoFisher

Scientific) and the mixture was heated in a microwave oven on low power to minimise

bubble formation. Once the agarose was fully dissolved, the solution was allowed to

cool on the bench to approximately 50°C. Then, 5 µL of SYBR Safe DNA Gel Stain

(Invitrogen, ThermoFisher Scientific) was added and gently mixed using a pipette tip. The

mixture was poured into an agarose gel tray and a gel comb was inserted. The gel required

approximately 1 hour to fully solidify. Samples (with 1× loading dye) were pipetted into

each well. The gels were run in 1x TBE buffer in a horizontal electrophoresis mini-sub

cell (Bio-Rad) at 85 V for 45 minutes.

Gel visualisation

Each gel was soaked in 50 mL of the corresponding running buffer containing 2 µL of

SYBR Gold (Invitrogen, Thermo Fisher Scientific) and gently shaken on a shaker for

at least 5 minutes. The gel was then rinsed in water and scanned using an Amersham

Typhoon laser scanner. Scanning was performed with a pixel size of 50 µm, using a

PMT voltage determined by pre-scanning. Gel slicing was carried out using a Blue Light

Transilluminator (Invitrogen, Thermo Fisher Scientific).

A.3 Supplementary Figures
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Figure A.1: Gel image showing the ligation products of truncated H10 variants, both
incubated and unincubated. H10-1 is H10 with the truncation of P1, while H10-3 has P2
deleted. H10-6 contains a replacement of the D2 region with a 20-nt polyA sequence,
and H10-7 has the D2 region truncated. H10-2 has deletions of both D1 and P1, H10-4
involves deletions of D1 and P2, and H10-5 has deletions of D1, P1, and P2. Of these
variants, only H10-6 and H10-7 demonstrated significant catalytic activity.
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Figure A.2: Gel images showing the ligation products of truncated H10-7 variants (H10-8
and H10-9) and the aptamer with (1-1min-1) and without (1-1min) the two primer binding
sites, both incubated and unincubated. In the left gel, the 1-1min aptamer samples ran off
due to their short length, so they were re-analysed on the right gel with a shorter run
time. The images reveal that neither the aptamer alone nor the aptamer with the primer
binding sites exhibited catalytic activity, whereas H10-8 and H10-9 displayed significant
and comparable catalytic activity.
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Figure A.3: Left: Gel image showing the ligation products of H10-7 with variations in the
primer binding sites, both incubated and unincubated. In H10-7-1, U was substituted with
A and G with C; in H10-7-2, U was substituted with G and A with C; and in H10-7-3, U
was substituted with C and A with G. None of these three variants exhibited detectable
catalytic activity. Right: Gel image showing the ligation products of H10-9 with vari-
ations in the primer binding sites, both incubated and unincubated. The ribozyme was
deactivated when A10 was replaced with guanine (H10-9-1). It remained active though
with reduced activity, when A10 was replaced with cytosine (H10-9-2) or uracil (H10-9-
3). When A4 was replaced with uracil (H10-9-4), the ribozyme became inactive.
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Figure A.4: Left: Gel image comparing the ligation activity of H10-7 and its minimal D1
variant (H10-12) after incubation in Buffer2 or treatment with RppH. H10-7 incubated in
Buffer2 displayed 0.67-fold ligation activity compared to the RppH-treated sample, while
H10-12 exhibited only 0.23-fold of the ligated product. Middle and Right: Gel images
comparing the ligation activity of H10-9 with C1 deleted (H10-10), H10-10 with a 5’ G
deleted (H10-10-1), and H10-9 with C2 deleted (H10-11). H10-10 incubated in Buffer2
showed 0.73-fold ligation activity compared to the RppH-treated sample, while H10-10-1
and H10-11 displayed reduced ligation activity with 0.036 and 0.038-fold, respectively.

Figure A.5: Gel image of time-course incubation of H10-10 on 15% denaturing PAGE
gel after running at constant power (32 W) for 6 hours. Even under these conditions, the
two bands remained difficult to distinguish.
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A.4 High-throughput sequencing data analysis script
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The following Python script was used to analyse demultiplexed HTS data, extract the

two random domains, calculate cluster-size distributions and k-mer prevalence, and track

enriched sequences across selection rounds.

1 #!/usr/bin/env python3

2 """High-throughput sequencing analysis for SELEX rounds 5-8.

3

4 The script starts from one demultiplexed FASTA file per round and generates:

5 1. filtered Domain1 and Domain2 FASTA files;

6 2. cluster-size distributions for Domain1, Domain2, and the D1+D2 pair;

7 3. R8 prevalence of the most common 10-, 14-, and 18-mer in each domain;

8 4. enrichment profiles for the five most abundant R8 variants; and

9 5. the ten most abundant R8 variants printed to the terminal.

10

11 Raw FASTQ quality trimming, FASTQ-to-FASTA conversion, and barcode

12 demultiplexing were performed before this analysis as described in the Methods.

13 """

14

15 from collections import Counter

16 from pathlib import Path

17

18 import matplotlib.pyplot as plt

19 import numpy as np

20

21

22 INPUT_DIR = Path("path/to/demultiplexed_fasta")

23 OUTPUT_DIR = Path("path/to/output")

24 ROUND_NAMES = ["r5", "r6", "r7", "r8"]

25

26 QIAN_F = "GGGAGACGCAACTGAAT"

27 QIAN_R = "CCGTAACTAGTCGCGTCAC"

28 CONSTANT_LEFT = "GGGAGATCTACGGATCTCAGGGCTCT"

29 CONSTANT_MIDDLE = "GAGCTACATGGAAGGAGTCCATGTGT"

30

31 DOMAIN_LENGTH = 20

32 DOMAIN2_OFFSET = 0  # Change to 1 only if one known fixed base precedes Domain2.

33 KMER_LENGTHS = [10, 14, 18]

34 VALID_BASES = set("ACGT")

35

36

37 def read_fasta(fasta_file):

38     """Yield (header, sequence) records from a FASTA file."""

39     header = None

40     sequence_parts = []

41

42     with open(fasta_file, "r", encoding="utf-8") as handle:

43         for line in handle:

44             line = line.strip()

45             if not line:

46                 continue

47             if line.startswith(">"):

48                 if header is not None:

49                     yield header, "".join(sequence_parts).upper()

50                 header = line[1:]

51                 sequence_parts = []

52             else:

53                 sequence_parts.append(line)

54
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55     if header is not None:

56         yield header, "".join(sequence_parts).upper()

57

58

59 def write_fasta(records, fasta_file):

60     """Write (header, sequence) records to a FASTA file."""

61     with open(fasta_file, "w", encoding="utf-8") as handle:

62         for header, sequence in records:

63             handle.write(f">{header}\n{sequence}\n")

64

65

66 def extract_domains(sequence):

67     """Return the two 20-nt random domains, or None if the read is invalid."""

68     qian_f_start = sequence.find(QIAN_F)

69     if qian_f_start == -1:

70         return None

71

72     left_start = sequence.find(CONSTANT_LEFT, qian_f_start + len(QIAN_F))

73     if left_start == -1:

74         return None

75     domain1_start = left_start + len(CONSTANT_LEFT)

76

77     middle_start = sequence.find(CONSTANT_MIDDLE, domain1_start)

78     if middle_start == -1:

79         return None

80     domain1 = sequence[domain1_start:middle_start]

81

82     domain2_start = middle_start + len(CONSTANT_MIDDLE) + DOMAIN2_OFFSET

83     qian_r_start = sequence.find(QIAN_R, domain2_start)

84     if qian_r_start == -1:

85         return None

86     domain2 = sequence[domain2_start:qian_r_start]

87

88     if len(domain1) != DOMAIN_LENGTH or len(domain2) != DOMAIN_LENGTH:

89         return None

90     if not set(domain1).issubset(VALID_BASES):

91         return None

92     if not set(domain2).issubset(VALID_BASES):

93         return None

94

95     return domain1, domain2

96

97

98 def extract_all_domains():

99     """Extract and save valid Domain1 and Domain2 sequences for every round."""

100     OUTPUT_DIR.mkdir(parents=True, exist_ok=True)

101     domains_by_round = {}

102

103     for round_name in ROUND_NAMES:

104         domain1_records = []

105         domain2_records = []

106         both_records = []

107         total_reads = 0

108

109         input_fasta = INPUT_DIR / f"{round_name}.fasta"

110         for header, sequence in read_fasta(input_fasta):

111             total_reads += 1

112             domains = extract_domains(sequence)

113             if domains is None:

114                 continue

115

116             domain1, domain2 = domains

117             domain1_records.append((header, domain1))

118             domain2_records.append((header, domain2))
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119             both_records.append((header, domain1 + domain2))

120

121         write_fasta(domain1_records, OUTPUT_DIR / f"domain1_{round_name}.fasta")

122         write_fasta(domain2_records, OUTPUT_DIR / f"domain2_{round_name}.fasta")

123         write_fasta(both_records, OUTPUT_DIR / f"both_domains_{round_name}.fasta")

124

125         domains_by_round[round_name] = {

126             "domain1": [seq for _, seq in domain1_records],

127             "domain2": [seq for _, seq in domain2_records],

128             "both": [(d1, d2) for (_, d1), (_, d2) in zip(

129                 domain1_records, domain2_records

130             )],

131         }

132

133         print(

134             f"{round_name.upper()}: {len(domain1_records)} valid reads "

135             f"of {total_reads} total reads"

136         )

137

138     return domains_by_round

139

140

141 def cluster_size_distribution(sequences):

142     """Return percentages of unique clusters with <5, 5-50, or >50 reads."""

143     cluster_sizes = list(Counter(sequences).values())

144     total_clusters = len(cluster_sizes)

145     if total_clusters == 0:

146         return {"<5": 0.0, "5-50": 0.0, ">50": 0.0}

147

148     return {

149         "<5": sum(size < 5 for size in cluster_sizes) / total_clusters * 100,

150         "5-50": sum(5 <= size <= 50 for size in cluster_sizes) /

151         total_clusters * 100,

152         ">50": sum(size > 50 for size in cluster_sizes) / total_clusters * 100,

153     }

154

155

156 def plot_cluster_size_distributions(domains_by_round):

157     """Plot cluster-size distributions for D1+D2, Domain1, and Domain2."""

158     datasets = {

159         "Domain1 + Domain2": "both",

160         "Domain1": "domain1",

161         "Domain2": "domain2",

162     }

163     categories = ["<5", "5-50", ">50"]

164

165     fig, axes = plt.subplots(1, 3, figsize=(15, 5), sharey=True)

166

167     for ax, (title, domain_key) in zip(axes, datasets.items()):

168         values = {category: [] for category in categories}

169         for round_name in ROUND_NAMES:

170             distribution = cluster_size_distribution(

171                 domains_by_round[round_name][domain_key]

172             )

173             for category in categories:

174                 values[category].append(distribution[category])

175

176         bottom = np.zeros(len(ROUND_NAMES))

177         for category in categories:

178             heights = np.asarray(values[category], dtype=float)

179             ax.bar(ROUND_NAMES, heights, bottom=bottom, label=category)

180             bottom += heights

181

182         ax.set_title(title, fontsize=14)
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183         ax.set_ylim(0, 100)

184         ax.set_xlabel("SELEX rounds", fontsize=12)

185         ax.legend(title="Cluster size", fontsize=10)

186

187     axes[0].set_ylabel("Fraction of unique clusters (%)", fontsize=12)

188     plt.tight_layout()

189     plt.savefig(

190         OUTPUT_DIR / "cluster_size_distribution.pdf",

191         bbox_inches="tight",

192         dpi=300,

193     )

194     plt.close()

195

196

197 def most_prevalent_kmer(sequences, kmer_length):

198     """Return the top k-mer and the percentage of reads containing it."""

199     if not sequences:

200         return None, 0.0

201

202     reads_containing = Counter()

203     for sequence in sequences:

204         kmers_in_read = {

205             sequence[i:i + kmer_length]

206             for i in range(len(sequence) - kmer_length + 1)

207         }

208         reads_containing.update(kmers_in_read)

209

210     if not reads_containing:

211         return None, 0.0

212

213     top_kmer, supporting_reads = reads_containing.most_common(1)[0]

214     prevalence = supporting_reads / len(sequences) * 100

215     return top_kmer, prevalence

216

217

218 def plot_r8_kmer_prevalence(domains_by_round):

219     """Compare top-k-mer prevalence between Domain1 and Domain2 in R8."""

220     r8_domains = {

221         "Domain1": domains_by_round["r8"]["domain1"],

222         "Domain2": domains_by_round["r8"]["domain2"],

223     }

224     fractions = {domain: [] for domain in r8_domains}

225

226     for domain, sequences in r8_domains.items():

227         for kmer_length in KMER_LENGTHS:

228             top_kmer, prevalence = most_prevalent_kmer(sequences, kmer_length)

229             fractions[domain].append(prevalence)

230             print(

231                 f"R8 {domain}, {kmer_length}-mer: {top_kmer}, "

232                 f"{prevalence:.3f}% of valid reads"

233             )

234

235     x = np.arange(2)

236     width = 0.22

237     fig, ax = plt.subplots(figsize=(8, 5))

238

239     for index, kmer_length in enumerate(KMER_LENGTHS):

240         values = [fractions["Domain1"][index], fractions["Domain2"][index]]

241         offset = (index - (len(KMER_LENGTHS) - 1) / 2) * width

242         ax.bar(x + offset, values, width, label=f"{kmer_length}-mer")

243

244     ax.set_ylabel("Reads containing the most prevalent k-mer (%)", fontsize=12)

245     ax.set_xticks(x)

246     ax.set_xticklabels(["Domain1", "Domain2"], fontsize=12)
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247     ax.legend(title="k-mer length", fontsize=10)

248     plt.tight_layout()

249     plt.savefig(

250         OUTPUT_DIR / "r8_top_kmer_prevalence.pdf",

251         bbox_inches="tight",

252         dpi=300,

253     )

254     plt.close()

255

256

257 def variant_percentages(domains_by_round):

258     """Calculate D1+D2 variant percentages in each selection round."""

259     counts_by_round = {

260         round_name: Counter(domains_by_round[round_name]["both"])

261         for round_name in ROUND_NAMES

262     }

263     all_variants = set().union(*(counts.keys() for counts in counts_by_round.values()))

264

265     percentages = {}

266     for variant in all_variants:

267         percentages[variant] = {}

268         for round_name in ROUND_NAMES:

269             total_reads = sum(counts_by_round[round_name].values())

270             count = counts_by_round[round_name].get(variant, 0)

271             percentages[variant][round_name] = (

272                 count / total_reads * 100 if total_reads else 0.0

273             )

274

275     return percentages

276

277

278 def plot_top_five_enrichment(percentages):

279     """Plot R5-R8 abundance of the five most abundant R8 variants."""

280     top_five = sorted(

281         percentages.items(),

282         key=lambda item: item[1]["r8"],

283         reverse=True,

284     )[:5]

285

286     x = np.arange(len(ROUND_NAMES))

287     fig, ax = plt.subplots(figsize=(6, 4))

288

289     for rank, (_, values) in enumerate(top_five, start=1):

290         y = [values[round_name] for round_name in ROUND_NAMES]

291         ax.plot(x, y, label=f"Rank {rank}", linewidth=2)

292

293     ax.set_xticks(x)

294     ax.set_xticklabels(["R5", "R6", "R7", "R8"])

295     ax.set_xlabel("SELEX rounds", fontsize=12)

296     ax.set_ylabel("Abundance in sublibrary (%)", fontsize=12)

297     ax.legend(title="R8 rank", fontsize=10)

298     plt.tight_layout()

299     plt.savefig(

300         OUTPUT_DIR / "top_5_r8_variants_across_rounds.pdf",

301         bbox_inches="tight",

302         dpi=300,

303     )

304     plt.close()

305

306

307 def print_top_ten_r8(percentages):

308     """Print the ten most abundant D1+D2 variants in R8."""

309     top_ten = sorted(

310         percentages.items(),



Listing A.1: High-throughput sequencing data analysis script

A.5 Single-turnover kinetics analysis script

The following script was used to analyse the single-turnover kinetics of the ribozyme. The

script fits the experimental data to a kinetic model and generates plots showing the frac-

tion reacted over time along with error bars representing the standard deviation between

experimental replicates:

1

2 import numpy as np

3 import matplotlib.pyplot as plt

4 from scipy.optimize import curve_fit

5

6 time = np.array ([0, 1, 3, 5, 10, 25, 40, 55, 70])

7

8 fraction_reacted_trial1 = np.array ([0.00 , 0.03, 0.10, 0.25, 0.55, 0.71, 0.72, 0.84,

0.91])

9 fraction_reacted_trial2 = np.array ([0.00 , 0.06, 0.11, 0.11, 0.52, 0.76, 0.72, 0.85,

0.90])

10 fraction_reacted_trial3 = np.array ([0.00 , 0.19, 0.26, 0.31, 0.44, 0.64, 0.70, 0.76,

0.76])
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311         key=lambda item: item[1]["r8"],

312         reverse=True,

313     )[:10]

314

315     print("Top 10 variants in R8:")

316     for rank, (variant, values) in enumerate(top_ten, start=1):

317         domain1, domain2 = variant

318         print(

319             f"Rank {rank}: {values['r8']:.4f}% | "

320             f"D1={domain1} | D2={domain2}"

321         )

322

323

324 def main():

325     domains_by_round = extract_all_domains()

326     plot_cluster_size_distributions(domains_by_round)

327     plot_r8_kmer_prevalence(domains_by_round)

328

329     percentages = variant_percentages(domains_by_round)

330     plot_top_five_enrichment(percentages)

331     print_top_ten_r8(percentages)

332

333

334 if __name__ == "__main__":

335     main()



11

12 fraction_reacted_avg = (fraction_reacted_trial1 + fraction_reacted_trial2 +

fraction_reacted_trial3) / 3

13 fraction_reacted_std = np.std([ fraction_reacted_trial1 , fraction_reacted_trial2 ,

fraction_reacted_trial3], axis =0)

14

15 def fit_func(t, Fmax , k_obs):

16 return Fmax * (1 - np.exp(-k_obs * t))

17

18 popt , pcov = curve_fit(fit_func , time , fraction_reacted_avg , p0=[1, 0.1])

19 t_fit = np.linspace(0, 70, 100)

20 fitted_curve = fit_func(t_fit , *popt)

21

22 plt.errorbar(time , fraction_reacted_avg , yerr=fraction_reacted_std , fmt=’o’, label=

’Data with error bars’)

23 plt.plot(t_fit , fitted_curve , label=f’Fitted curve: Fmax={popt [0]:.2f}, k_obs ={popt

[1]:.2f}’, color=’red’)

24 plt.xlabel(’Time (min)’)

25 plt.ylabel(’Fraction reacted ’)

26 plt.title(’Single -turnover kinetics of ribozyme ’)

27 plt.legend ()

28 plt.show()

29 Fmax , k_obs = popt

30 print(f"Fmax: {Fmax :.2f}, k_obs: {k_obs :.2f}")

Listing A.2: Single-turnover kinetics analysis script
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